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Preface to “DNA Replication Controls” 
The conditions for DNA replication are not ideal owing to endogenous and exogenous replication 

stresses that lead to arrest of the replication fork. Arrested forks are among the most serious threats to 
genomic integrity because they can break or rearrange, leading to genomic instability which is a hallmark 
of cancers and aging-related disorders. Thus, it is important to understand the cellular programs that 
preserve genomic integrity during DNA replication. Indeed, the most common cancer therapies use 
agents that block DNA replication, or cause DNA damage, during replication. Therefore, without a 
precise understanding of the DNA replication program, development of anticancer therapeutics is limited. 

This volume, DNA Replication Controls, consists of a series of new reviews and original research 
articles, and provides a comprehensive guide to theoretical advancements in the field of DNA replication 
research in both prokaryotic and eukaryotic systems. The topics include DNA polymerases and 
helicases; replication initiation; replication timing; replication-associated DNA repair; and replication 
of difficult-to-replicate genomic regions, including telomeres, centromeres and highly-transcribed 
regions. We will also provide recent advancements in studies of cellular processes that are coordinated 
with DNA replication and how defects in the DNA replication program can result in genetic disorders, 
including cancer. We believe that this volume will be an important resource for a wide variety of 
audiences, including junior graduate students and established investigators who are interested in DNA 
replication and genome maintenance mechanisms. 
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Abstract: Successful cell proliferation requires efficient and precise genome duplication followed by
accurate chromosome segregation. The Cdc10-dependent transcript 1 protein (Cdt1) is required for
the first step in DNA replication, and in human cells Cdt1 is also required during mitosis. Tight cell
cycle controls over Cdt1 abundance and activity are critical to normal development and genome
stability. We review here recent advances in elucidating Cdt1 molecular functions in both origin
licensing and kinetochore–microtubule attachment, and we describe the current understanding of
human Cdt1 regulation.

Keywords: cell cycle; DNA replication; genome instability; pre-RC; re-replication; ubiquitylation;
cyclin-dependent kinase; geminin; Origin Recognition Complex (ORC); Minichromosome
Maintenance (MCM)

1. Introduction

Origin licensing, the loading of replicative DNA helicases onto origin DNA, is the first committed
step of DNA replication and is essential for cell proliferation. Numerous control mechanisms in
eukaryotic cells regulate both origin licensing and subsequent replication initiation to ensure complete
and precise genome duplication [1–6]. Perturbations to origin licensing and replication initiation
can result in cell death or in genome instability leading to oncogenesis [1,7,8]. For these reasons,
origin licensing control is intimately coordinated with mechanisms that govern cell cycle progression.
In this review, we focus specifically on current understanding of the regulation and function of the
Cdt1 protein (Cdc10-dependent transcript 1). Unlike other essential licensing proteins, Cdt1 lacks
enzymatic activity and shares little resemblance to any other protein of known molecular function, yet
it is essential for origin licensing in all eukaryotes tested. In mammalian cells, small changes in Cdt1
control can lead to catastrophic consequences for genome stability, suggesting that Cdt1 regulation
is unusually important. Moreover, the recent finding that Cdt1 has a second essential role in the cell
cycle during mitosis underscores the importance of fully understanding its function [9]. These features
make Cdt1 unique among the core licensing factors and warrant a thorough up-to-date synthesis of the
current knowledge about Cdt1 function, structure, regulation, and how its dysregulation contributes
to disease. In this review, we focus on understanding mammalian Cdt1, and we are informed by key
mechanistic insights gleaned from model experimental systems including Saccharomyces cerevisiae,
Schizosaccharomyces pombe, Xenopus laevis, Drosophila melanogaster, and cultured mammalian cells.

Genes 2017, 8, 2 1 www.mdpi.com/journal/genes
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2. Cdt1 Function

Mammalian cells replicate billions of DNA base pairs with high fidelity and then accurately
segregate duplicated genomes to daughter cells each cell cycle. These incredible feats are under strict
regulation and are tightly linked to cell cycle progression. Cdt1 is required for both DNA replication and
chromosome segregation, and although these functions are not yet fully elucidated, recent advances
inspire increasingly detailed models of Cdt1’s role.

2.1. Origin Licensing

The first step in eukaryotic DNA replication occurs in G1 and is the sequential loading of
replication factors at numerous sites in the genome, known as origins of replication. Origins are
sites where DNA replication initiates during S phase. A typical eukaryotic cell contains between
400 (yeasts) and as many as >350,000 (human) potential origins [10–12]. Broad distribution of origins on
chromosomes ensures complete genome duplication within the time allotted for S phase. Replication
factor loading at origins, known as origin licensing, was first described nearly three decades ago
using X. laevis egg extracts to determine what factors can induce unscheduled DNA re-replication
in vitro [13]. The study concluded that DNA replication requires the recruitment of a “Licensing
Factor” to DNA during mitosis, thereby setting the stage for DNA synthesis in the subsequent S phase.
Furthermore, DNA that was replicated cannot replicate again until the following cell cycle because
of the inability of the factor(s) to access chromatin. These results provided the first model for the
control of DNA replication where a Licensing Factor binds DNA, is required for the initiation of DNA
replication, and becomes deactivated until the following mitosis [13]. Since then, numerous studies
have provided experimental support for the now-established “replication licensing system” to control
precise genome duplication once-and-only-once per cell cycle [2,14]. The core licensing factors have
since been identified, and they assemble into a chromatin-bound macromolecular complex, known
as the pre-replication complex (pre-RC). Pre-RC assembly is a highly cell cycle-regulated process
governed in part by the cyclical fluctuation of cyclins and the activity of the Cyclin-Dependent Kinases
(CDKs) they activate.

The assembly of pre-RCs occurs during a period of low CDK activity in late mitosis and G1
phase. Biochemical and genetic studies in yeast, Xenopus, and mammalian cells identified the minimal
licensing factors essential for pre-RC assembly [15–19]. These factors are Origin Recognition Complex
(ORC), Cell Division Cycle 6 (Cdc6), Minichromosome Maintenance (MCM), and Cdt1. Eukaryotic
ORC is a heterohexamer composed of six distinct subunits, Orc1 through Orc6. ORC is the only
licensing component that directly binds origin DNA, and it is required for the nucleation of the
pre-RC. Cdc6 is a monomeric protein that is recruited to DNA by protein–protein interactions with
ORC [16,20,21]. Cdc6 and the Orc1–Orc5 subunits are members of the AAA+ family of ATPases which
are prevalent in many DNA metabolic processes [22–24]. The MCM complex is the core component of
the replicative DNA helicase, and its successful loading onto origin DNA is synonymous with origin
licensing. Like ORC, MCM is a heterohexamer composed of six distinct subunits, Mcm2 through
Mcm7, which are also AAA+ proteins. In this review, we will specifically discuss Cdt1 regulation and
function; for in-depth reviews of ORC, Cdc6, and MCM, the reader is referred to excellent contributions
by others in the field [14,23–25].

Our understanding of the molecular events in origin licensing (illustrated in Figure 1) comes
primarily from pioneering work using both X. laevis egg extracts and purified budding yeast licensing
proteins [2,5]. Importantly, the strong conservation of origin licensing proteins throughout eukaryotic
evolution, combined with many corroborating studies in mammalian cells, gives confidence that
licensing functions elucidated in model systems are applicable to human cells; though aspects of their
regulation vary by species. Pre-RC assembly begins with ORC loading onto presumptive origin DNA.
Interestingly, ORC DNA binding—particularly in metazoan genomes—is largely independent of DNA
sequence, but is highly influenced by local chromatin characteristics [26–28]. ORC recruits the Cdc6
protein to chromatin to await the arrival of Cdt1 bound to the MCM complex to form a pre-RC [2,5].
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In a process not yet fully understood [29,30], the concerted action of ORC, Cdc6 and Cdt1 results in
topological loading of an MCM heterohexamer onto DNA with double-stranded DNA passing through
the MCM central channel [18,19]. Cdc6 and then Cdt1 are released, followed by a second round of Cdc6
and Cdt1-MCM recruitment [31]. The second MCM complex is loaded such that the MCM N-termini
face one another to create double hexameric rings. This arrangement sets each MCM complex in the
correct orientation to establish bidirectional forks upon origin firing [32,33]. Only the correct loading
of MCM double hexamers renders a locus competent for subsequent replication initiation, or “firing”,
during S phase. MCM loaded in G1 is not active as a helicase, and origin DNA is thought to remain
double-stranded until origin firing. Origin firing requires phosphorylation events from CDKs and a
replication-specific kinase, Dbf4-dependent kinase (DDK). These kinases promote the recruitment of
additional essential helicase components, Cdc45 and GINS, to activate DNA unwinding [34–36].

Figure 1. Origin Licensing. Minichromosome Maintenance (MCM) hexamers are loaded by Cdt1, Cdc6,
and Origin Recognition Complex (ORC) at presumptive chromosomal origins during G1 phase.
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Origin licensing can begin as early as telophase, as soon as nuclear envelopes have formed around
the segregated mitotic chromosomes, though it is not clear if licensing begins this early in all species
or cell types [37–39]. Licensing continues throughout G1 and ceases at the G1/S phase transition.
Somewhat surprisingly, eukaryotic cells load many more MCM double hexamers than the number
of DNA-bound ORCs [40]. At least 10-fold more origins can be licensed than are strictly required for
complete replication under normal circumstances, though the degree of origin licensing likely varies
among cells, tissues, and species [41–43]. In vitro, loaded MCM double hexamers can slide along DNA
away from ORC, leaving space near ORC for another round of MCM loading [18,19], and recent results
suggest that MCMs may also slide in vivo [42,44]. In a typical S phase, some MCM complexes that
had been loaded in G1 are activated as part of the regular replication program, whereas others initiate
replication in response to nearby stalled or damaged replication forks to ensure replication completion.
Origins that are only utilized under the latter conditions of replication stress are termed “dormant”
origins, and they safeguard the genome against under-replication. [45–47].

Notably, Cdt1 is essential for MCM loading in all eukaryotes in which it has been tested, but its
precise molecular function in origin licensing is not fully clear [48–50]. Cdt1 interacts directly
with the MCM complex in solution and with both ORC and Cdc6 [51–55]. In the absence of Cdt1,
MCM complexes are never recruited to DNA [48,56,57]. In that regard, one likely role for Cdt1 in
licensing is as a molecular bridge or “courier” to deliver soluble MCM complexes to DNA-bound
ORC/Cdc6. In support of that model, recent single molecule studies using purified yeast licensing
proteins discovered that Cdt1 is rapidly released upon successful loading of each MCM complex [31].
By following individual labeled proteins, Ticau et al. showed Cdt1 and Cdc6 release between the two
rounds of MCM loading. This rapid shuttling between the bound and soluble states for both Cdt1
and Cdc6 suggests that each molecule could participate in many origin licensing events. Perhaps for
this reason, the levels of both Cdc6 and Cdt1 are highly regulated during the cell cycle to prevent
inappropriate origin licensing.

The MCM complex is a hexameric ring even in solution before it is loaded [18,36,58]. MCM
loading is therefore not a process of assembling the heterohexamers on DNA from their component
subunits, but rather, loading pre-assembled hexamers onto DNA. DNA passes through a side “gate”
between the Mcm2 and Mcm5 subunits, and much speculation currently swirls around the mechanism
and dynamics of MCM gate opening and closing [59,60]. Moreover, the MCM double hexamer central
channels contain double-stranded DNA in G1 but the active MCM helicase at replication forks encircles
single-stranded DNA and displaces the second strand [35,61,62]. At least in vitro, yeast Cdt1 is not
released from the complex until MCM is successfully loaded [31]. Its persistence during the actual
loading reaction suggests that Cdt1 does more than simply hand MCM off to ORC and Cdc6. Cdt1
may be required to maintain MCM in the proper orientation or conformation for successful DNA
loading. If so, then how Cdt1—or ORC and Cdc6 for that matter—load the two MCM complexes in
opposite orientations remains to be discovered [14,30].

2.2. De-Regulated Origin Licensing

The requirement that normal DNA replication produce exactly one copy of each chromosome puts
important constraints on origin utilization. Specifically, each origin that fires, must fire no more than
once per cell cycle. Origin re-firing results from re-licensing DNA that has already been duplicated.
A second round of initiation from the re-licensed origins leads to duplicating sequences more than
once, a phenomenon known as re-replication. Interestingly, re-replication is induced in the final cell
cycles of some tissues to increase DNA copy number, most notably in D. melanogaster, but such cells are
not normally destined to divide again. Re-replication is distinct from scheduled genome re-duplication
which results from skipping cytokinesis; re-duplication typically produces quantile increases in ploidy
whereas developmentally programmed re-replication targets only some loci [63–65]. In contrast to
developmentally programmed re-replication, unscheduled re-replication is an aberrant phenomenon
associated with genome instability [3,6]. Indeed, re-replication can be the initiating event for gene
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amplification [66], a frequent observation in cancer cells. Partial re-replication can be experimentally
induced by deregulating MCM loading factors, and in human cells, re-replicated sequences are
detectable essentially randomly throughout the genome [67]. Re-replication is typically associated
with markers of replication stress and evidence of DNA damage response pathway activation [68–71].

To avoid re-replication, all origin licensing activity ends once S phase begins. There is no known
means to directly reverse inappropriate origin licensing, so a network of overlapping inhibitory
mechanisms is needed to prevent all origin licensing outside of G1 phase. These licensing controls
target each member of the pre-RC from the onset of S phase through mitosis. Mammalian Cdt1
is inhibited by at least four distinct pathways, suggesting that it is among the most important to
inhibit; we discuss each of these mechanisms in more detail in Section 4. Many licensing factors are
inactivated by phosphorylation via the same CDK activity that triggers origin firing (in human cells
primarily cyclin A/Cdk2). Interestingly, the outcomes of these phosphorylations may vary depending
on the licensing factor being targeted and in which organism, though the end result is always to
inhibit origin relicensing. For example, in S. cerevisiae, Cdc6 phosphorylation by CDK targets it for
ubiquitin-mediated proteolysis, whereas phosphorylation of human and Xenopus Cdc6 induces nuclear
export [20,72–74]. On the other hand, in S. cerevisiae, MCM and Cdt1 are subjected to CDK-mediated
nuclear export [56,75]. In S. cerevisiae, ORC subunits are inhibited by CDK-dependent phosphorylation
by disrupting their ATPase activity [76] and blocking interaction with Cdt1 [77], whereas in human
and Xenopus, CDK-dependent ORC phosphorylation induces release from origins and/or degradation
of the Orc1 subunit [78–80]. Regardless of the species-specific details, the aggregate result is inhibiting
pre-RC assembly by neutralizing interactions or triggering licensing factor degradation.

Incomplete origin licensing in G1 can also be a source of genome instability. In untransformed
human cells, significantly slowing origin licensing induces a delay in S phase onset by delaying the
activation of Cdk2 [81–83]. This “origin licensing checkpoint” requires p53, meaning that p53-deficient
cells can enter S phase with severely underlicensed chromosomes which renders them susceptible to
S phase failure [81–83]. Despite extensive documentation of the licensing checkpoint phenomenon
in several labs and in multiple cell lines, precisely how licensed or unlicensed DNA is detected to
affect Cdk2 activity is still unclear. Moreover, “sufficient” origin licensing is not simply a matter
of the total number of loaded MCM hexamers per genome since their distribution is also critical.
A recent study by Moreno et al. found that moderate licensing inhibition that does not cause a cell
cycle delay, nonetheless increases the likelihood that regions of unreplicated DNA persist through
mitosis [84]. Thus, Cdt1 activity and origin licensing must be efficiently blocked in S phase and G2
to prevent re-replication but must be fully induced in G1 to ensure sufficient origin licensing and
complete genome duplication.

2.3. Cdt1-Associated Chromatin Modifiers

Licensing factors must have local access to origin DNA to assemble and load MCM helicases.
The chromatin environment at origins thus has a large impact on origin licensing. Post-translational
histone modifications, such as methylation and acetylation, can greatly affect DNA accessibility which
may facilitate ORC binding, MCM loading, and/or origin firing. In addition, at S. cerevisiae origins
which have been mapped with high resolution, nucleosome positioning also plays a role in determining
ORC localization and activity (reviewed in [10,27,85]). In the majority of eukaryotic genomes, DNA
sequence is a minor determinant of origin location. The model that has emerged is that ORC is recruited
to DNA not by a specific nucleotide sequence, but rather by aspects of local chromatin structure and
DNA accessibility. Some evidence supporting this model is the presence of a BAH (Bromo Adjacent
Homology) domain in Orc1, the largest subunit of ORC. The BAH domain specifically recognizes
histone post-translational modifications (PTMs) enriched at replication origins, and is required for
proper ORC DNA loading [86,87].

Once ORC has bound, the local chromatin environment may require additional modifications
to permit efficient origin licensing. Several histone-modifying enzymes associate with licensing
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components and are predicted to modify nucleosomes to promote DNA accessibility; some of these
enzymes have been identified as Cdt1 partners. One such chromatin modifier is histone acetyltransferase
bound to Orc1 (Hbo1), which as its name implies, was first discovered as an Orc1-binding protein
and later shown to bind the Mcm2 subunit of MCM, and Cdt1 [88–90]. Hbo1 is highly conserved,
and orthologs in D. melanogaster and S. cerevisiae have also been linked to DNA replication [91,92].
In human cells, Hbo1 is responsible for the bulk of histone H4 acetylation genome-wide [93]. Since
histone H4 acetylation generally correlates with active chromatin and accessible DNA, increased local
histone acetylation could promote origin licensing. In addition, Hbo1 was specifically detected at
several known human replication origins during G1 coincident with Cdt1 origin association [90].
Further studies found that Cdt1 promoted chromatin openness in association with Hbo1 during G1,
likely increasing local chromatin accessibility and facilitating MCM loading [94]. In addition to Hbo1,
early proteomic screens for Cdt1-interacting proteins discovered the GRWD1 protein (glutamate-rich
WD40 repeat containing 1), a histone binding protein [95]. Follow up studies suggested that GRWD1
regulates chromatin openness during MCM loading at replication origins [95] and may cooperate with
a chromatin remodeler, SNF2H [96]. On the other hand, during S phase and G2 Cdt1 may contribute to
inhibiting origin licensing by recruiting the HDAC11 histone deacetylase. Local histone deacetylation
would presumably reduce chromatin accessibility and inhibit origin relicensing [94,97]. Interestingly,
association of the inhibitor protein geminin with Cdt1 during S phase enhanced the recruitment of
HDAC11 to origins to further inhibit origin licensing [94].

2.4. Cdt1 in Chromosome Segregation

Surprisingly, human Cdt1 is required not only for origin licensing but also for mitosis. As a
consequence, asynchronously-growing cells, depleted of Cdt1, accumulate in both G1 phase and G2 phase
because they can neither license origins, nor progress through the metaphase-to-anaphase transition. This
essential mitotic function was first discovered in a screen for Cdt1-interacting proteins that identified
human Hec1 (Highly Expressed in Cancer 1), a component of the NDC80 kinetochore–microtubule
attachment complex [9]. Hec1 is conserved from yeast to mammals, but the mitotic Cdt1 function is
not evident in either budding or fission yeast [57,98]; more work is required to determine if Cdt1 has
mitotic functions in invertebrates such as D. melanogaster or Caenorhabditis. elegans or in non-mammalian
vertebrates such as X. laevis.

A fraction of human Cdt1 molecules localize to kinetochores in mitosis, and this localization
requires Hec1; Hec1 localization is unaffected by Cdt1 depletion. Cdt1 interacts with and is recruited to
kinetochores via a unique “loop” domain in Hec1 that interrupts an otherwise long coiled-coil central
span. Both depletion of Cdt1 prior to mitosis or mutationally altering the Hec1 loop domain to block
Cdt1 binding and recruitment resulted in prometaphase arrest with an unsatisfied spindle assembly
checkpoint [9]. Importantly, the mitotic defect in Cdt1-depleted cells can be separated from potential
indirect effects of incomplete DNA replication by depleting Cdt1 after origin licensing is complete and
S phase has already begun [9].

It is not yet clear precisely how Cdt1 promotes stable kinetochore–microtubule attachments since
it is not required for the localization of any other kinetochore proteins tested thus far. One clue to its
function came from analysis of the conformation of the NDC80 complex in vivo using super-resolution
microscopy. The structure of the NDC80 complex (Hec1/Nuf2/Spc24/Spc25) indicates that the loop
region of Hec1 where Cdt1 binds is a point of flexibility in an otherwise long and rigid coiled-coil
domain. Prior work by Wang et al. supported the notion that the loop region corresponds to a hinge
or joint in the complex [99]. The N-terminal domains of Hec1 and Nuf2 directly contact kinetochore
microtubules, whereas the Spc24 and Spc25 subunits connect the complex to other kinetochore
proteins [100,101]. In prometaphase, prior to attachment, the two ends of the NDC80 complex are
relatively close together, whereas at stably-attached kinetochores in metaphase, the two ends of the
complex are considerably further apart [101]. Mutation of the loop domain or depletion of Cdt1
prevented this extended NDC80 conformation [9]. Thus, Cdt1 supports a microtubule-dependent
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conformational extension in its partner, the NDC80 complex, by interaction with the major point of
flexibility conferred by the loop region of Hec1.

Many important questions about Cdt1 mitotic function remain: what other (if any)
microtubule-associated or kinetochore partners bind Cdt1? The Hec1-interacting domain on Cdt1 is
not yet known, but identifying this region is a first step towards generating separation-of-function
alleles that are impaired for only origin licensing or only kinetochore–microtubule attachment. How,
precisely, does Cdt1 affect the conformation of NDC80? Moreover, as described below (see Section 4.4),
Cdt1 is heavily phosphorylated during G2 phase and mitosis. What role does Cdt1 phosphorylation
play in its intermolecular interactions and function at kinetochores? Clearly, much remains to be
learned about this novel role for Cdt1 and how it relates to the more famous origin licensing function.

3. Cdt1 Structure

In most species, Cdt1 is a ~60–70 kDa protein; S. pombe Cdt1 is somewhat smaller at ~50 kDa
whereas the D. melanogaster Cdt1 is ~82 kDa. (D. melanogaster Cdt1 is named “double-parked”,
abbreviated Dup, but nearly all other species use “Cdt1” as the protein and gene name). Although
each subunit of ORC and MCM, Cdc6 and Cdt1 are conserved in all eukaryotic genomes examined,
the degree of sequence conservation is lowest for Cdt1 compared to the other licensing proteins.
Indeed, the low sequence similarity between human and S. cerevisiae Cdt1 coupled with the unusual
history of metazoan Cdt1 being identified first, led to a brief period in the field when it was not
clear if budding yeast had a Cdt1 ortholog. Focused sequence searches coupled with functional tests
ultimately identified the yeast Cdt1 ortholog [57]. Unlike nearly all other licensing components which
are homologous to AAA+ ATPases, Cdt1 is not an enzyme, and the Cdt1 protein sequence bears
little similarity to other proteins of known molecular activity. Although the Cdt1 sequence gives little
insight into its function, some information about interacting regions, post-translational modifications,
and domain structures is available which we describe here.

3.1. Functional Domains

Multispecies Cdt1 protein sequence alignments reveal regions that are relatively well-conserved
and regions which share considerably less conservation. Not surprisingly, the regions of low
conservation are particularly prominent in comparisons of mammalian and fungal Cdt1 species.
Using human Cdt1 as a reference, Figure 2 includes pairwise sequence comparisons between human
Cdt1 and Cdt1 sequences from several model organisms in four Cdt1 domains, the N-terminus
(amino acids [aa] 1–166), the central domain (aa 167–374), a short “linker” region (aa 375–406), and the
MCM binding domain (aa 407–546). Sites of protein–protein interactions and phosphorylations are
also marked. The N-terminal sequences of both model yeast Cdt1 sequences are generally quite short
and they bear little resemblance relative to their metazoan counterparts. On the other hand, sections of
higher relative homology suggest regions important for functions that are conserved in all species,
such as interaction with other origin licensing components.

Traditional truncation and mutagenesis approaches identified Cdt1 domains required for protein
interactions and for specific aspects of origin licensing function [54,102,103]. The most comprehensive
of these studies by Ferenbach et al. validated and/or delineated the MCM binding domain, geminin
binding domain, and minimal licensing activity domain using recombinant fragments of X. laevis
Cdt1 added to oocyte lysates. The shortest fragment that complemented Cdt1-depleted lysates for
licensing corresponds to human Cdt1 aa 243–546 [54]. The finding that the N-terminal 242 amino acids
(corresponding to human aa 1–170) are dispensable for licensing activity, plus the fact that this region
is the least-well-conserved is consistent with the notion that the N-terminal region is the target of
species-specific regulation rather than essential for Cdt1 function.
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Figure 2. Human Cdt1 structure. Diagram of Cdt1 divided into four segments based on alignments
and structural studies. Pairwise comparisons to the human sequence for representative eukaryotic
Cdt1 orthologs within each segment are reported as % identity/% similarity; NR indicates regions
in fungal sequences too short or dissimilar for comparison. Regions responsible for recognition by
E3 ubiquitin ligases (degrons), a region enriched in proline, glutamic acid, serine, and threonines
(PEST domain), geminin binding, MCM) binding, and a putative linker domain (enriched in
phosphorylation sites) are marked. Phosphorylation sites in human Cdt1 that are conserved in at least
one other vertebrate sequence are marked as ball-and-stick icons: green = Cyclin-Dependent Kinases
(CDK)/Mitogen-Activated Protein Kinases (MAPK) sites validated by mutagenesis and functional
studies, dark gray = putative CDK/MAPK sites (serine-proline or threonine-proline) identified by
mass spectrometry [104], light gray = conserved sites detected by mass spectrometry distinct from the
CDK/MAPK substrate consensus. Ribbon diagrams of the two segments for which structures have
been determined are shown; central domain PDB 2WVR (human) and C-terminal domain PDB 3A4C
(mouse) [105,106]. A diagram of the yeast MCM2-7 complex bound to full-length Cdt1 derived from
tracing the single-particle analysis results from Sun et al. 2013 is also shown.

3.2. Crystal Structures/Cryo-EM Structures

Currently, no atomic structure for full-length Cdt1 from any species is available. One challenge
for structure studies of Cdt1 is that both the N-terminal domain and part of the linker domain are
predicted to be intrinsically disordered. Using two different prediction tools, the N-terminal 166
amino acids of human Cdt1 has a probability of disorder at each position greater than 65% [107,108].
The linker is relatively short, but it also contains a region of high predicted disorder. Trimming these
regions to isolate the central domain or the C-terminal domain yielded fragments that were compatible
with crystallography, and their exclusion from the structural studies is consistent with the notion
that they are flexible. The atomic structure of the central domain was first solved for mouse Cdt1
(aa 172–368) in complex with the geminin inhibitor protein [105], and the corresponding human Cdt1
protein fragment (aa 166–353) was later crystallized [106]. A recent search of a database of protein
structures for nearest neighbors to this central domain identified some similarity to winged-helix
domains [109]. Otherwise, the central domain structure is relatively unique.

The C-terminal domain (human 408–546) interacts with the MCM complex. This isolated fragment
can directly bind a C-terminal fragment from the Mcm6 subunit suggesting that this interaction is
one of the direct contacts between Cdt1 and the MCM complex in vivo [110]. This protein fragment
was characterized by both X-ray crystallography and Nuclear Magnetic Resonance as a winged
helix domain [102,103,111]. Interestingly, this winged-helix shows some structural similarity to the
central domain of Cdt1 itself [102]. Although winged helices are most well-known for roles in
nucleic acid binding, the C-terminal Cdt1 winged-helix is unlikely to form stable interactions with
DNA. Positions of key alpha helices are incompatible with DNA binding compared to winged-helix
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domains in canonical DNA binding proteins, and Cdt1 lacks charged patches that would stabilize
DNA binding [102]. Moreover, Cdt1 chromatin association in cells requires ORC [48,77], and purified
yeast Cdt1 does not bind origin DNA in the absence of ORC [19]. It is most likely therefore that the
C-terminal Cdt1 winged-helix is of the type that mediates protein–protein rather than protein-nucleic
acid interactions. In support of that model, mutational alteration of a subset of charged surface residues
of the C-terminal domain impaired MCM binding in vitro [102,111], and several of the corresponding
mutations to budding yeast Cdt1 impaired cell growth [102]. These biochemical data corroborated
findings from a separate co-crystallographic study which demonstrated a direct Cdt1–Mcm6 interaction
conferred by the Cdt1 C-terminal domain [103].

Although these studies provide important structural information, key aspects of Cdt1 structure
are still not known. Yeast Cdt1 can directly bind the Orc6 subunit of ORC [55], but the Cdt1 domain
responsible is not known nor are potential Cdt1 regions that bind other subunits of MCM. As-yet
uncharacterized Cdt1 interactions with ORC and MCM are likely required for origin licensing and/or
regulating Cdt1 function. In that regard, a recent paper described a novel and still uncharacterized
“PEST” (rich in proline [P], glutamic acid [E], serine [S], and threonine [T]) domain in mouse Cdt1
(Figure 2) [112]. Cdt1 is abundant during G2 phase but is poorly associated with chromatin [38,112,113].
Truncating the PEST domain caused premature re-association of Cdt1 with chromatin during G2 and
increased the likelihood of re-replication [112]. Given that Cdt1 chromatin binding requires ORC
interaction [48], this PEST domain may indicate a region required for ORC binding.

Several studies using single particle electron microscopy coupled with labeling strategies have
suggested how full-length budding yeast Cdt1 interacts with the MCM complex and in a licensing
intermediate containing ORC, Cdc6, Cdt1 and MCM [29,32]. These models are consistent with the
biochemical studies detecting Cdt1 in direct contact with Mcm6 [77]. In addition to this contact
with Mcm6, Cdt1 appears to contact additional MCM subunits, especially extensive interaction with
Mcm2 (Figure 2). This location is relatively close to the interface of Mcm2 with Mcm5 through which
DNA passes during the loading reaction [59,60]. In this position, Cdt1 is well-placed to affect the
conformation of the MCM complex during loading in ways that may stabilize either the open or closed
MCM conformation.

4. Cdt1 Regulation

To properly license origins for DNA replication in G1 and block origin licensing from the onset
of S phase through mitosis, multiple independent mechanisms control human Cdt1 abundance and
function (illustrated in Figure 3). Although other licensing proteins are also under cell cycle control,
Cdt1 is subject to the most extensive regulation in human cells, suggesting that it is perhaps the
most important licensing factor to regulate in mammalian cells. The ultimate outcome is a collection
of cell cycle-dependent regulatory mechanisms that allow Cdt1 to function efficiently in its origin
licensing role during G1, prevent origin relicensing in S and G2 phase, and permit Cdt1 participation
in kinetochore microtubule attachment during mitosis.

4.1. Transcriptional Control

The first Cdt1 ortholog was cloned 20 years ago in a screen for fission yeast transcripts that
are upregulated at the G1 to S transition [98]. In fission yeast, the transcription factor driving Cdt1
expression is Cell Division Cycle 10 (Cdc10), which is responsible for transcriptional induction of many
genes important for the G1 to S phase transition [114]. The analogous function in metazoans is the
responsibility of the E2F family of transcription factors, though the protein sequences of Cdc10 and E2F
themselves are unrelated [115,116]. The human CDT1 gene has three putative E2F responsive elements
in its promoter region, is activated by E2F with peak expression in late G1, and is inhibited by the Rb
tumor suppressor [117]. Other studies have suggested that Cdt1 is also under the transcriptional control
of the c-Myc proto-oncoprotein and the Gli1 component of the hedgehog signaling pathway [118,119].
Of note, Cdt1 protein abundance in proliferating cells peaks in G1 and G2 rather than S phase (Figure 3),
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but the transcriptional upregulation generally supports Cdt1 expression during proliferation. Aside
from the documented regulation by E2F and possibly c-myc and Gli1, little else is known about how
the production of Cdt1 is regulated. For instance, no evidence for alternative splicing, regulation by
microRNAs or translational control has yet emerged, though such possibilities should be explored.

Figure 3. Human Cdt1 regulation during a single cell cycle. The blue line indicates relative Cdt1
protein abundance. (A). Cdt1 is dephosphorylated in early G1 by an unknown phosphatase; (B) Cdt1
participates with ORC and Cdc6 to load MCM hexamers onto DNA; (C) Proliferating Cell Nuclear
Antigen (PCNA) loaded at DNA replication forks is bound by the Cdt1 PCNA-Interacting Protein (PIP)
degron, and the complex is recognized for ubiquitylation and subsequent proteasome-mediated
destruction by CRL4Cdt2; (D) Cdt1 is phosphorylated at Thr29 by cyclin A/Cdk2 to create a
phosphodegron recognized for ubiquitylation by CRL1Skp2. The combined action of two E3 ubiquitin
ligases drives Cdt1 degradation in S phase; (E) The geminin protein begins to accumulate in early
S phase, and peaks in late S phase and G2. Geminin binding blocks Cdt1 origin licensing function;
(F) During late S phase and G2, mitotic kinases—especially cyclin A/Cdk1 and the stress-activated
MAP kinases p38 and c-Jun N-terminal Kinase (JNK)—phosphorylate Cdt1; Cdk1 also inactivates
CRL4Cdt2; (G) A subset of Cdt1 molecules is recruited to kinetochores in mitosis through interaction
with the loop domain of Hec1. Cdt1 is required for stable kinetochore–microtubule attachment.

4.2. Ubiquitin Mediated Proteolysis in S Phase

A key aspect of re-replication control in metazoans is ubiquitin-mediated Cdt1 degradation during
S phase. This regulation occurs in all eukaryotes except for budding yeast in which a Cdt1-MCM
complex is exported from the nucleus to the cytoplasm during S phase [56,75]. In mammalian cells,
Cdt1 degradation in S phase is mediated by two independent E3 ubiquitin ligase complexes, CRL1Skp2

(also known as SCF; reviewed in [120]) and CRL4Cdt2 [121,122]. Like many substrates of CRL1Skp2, Cdt1
is only bound for productive ubiquitylation once it is phosphorylated by CDK. In human Cdt1, this
“phosphodegron” is created by Cdk2-mediated phosphorylation at threonine 29. Thr29 phosphorylation
is then recognized by Skp2, a substrate adaptor, to trigger ubiquitylation [123–125]. A nearby serine at
position 31 that matches the minimal CDK substrate consensus is also phosphorylated in cells, but it
plays a minor role in recruiting Cdt1 to CRL1Skp2.

Although manipulations that block Cdt1 Thr29 phosphorylation prevent ubiquitylation by
CRL1Skp2, such manipulations do not substantially stabilize Cdt1 during S phase. Even in the absence of
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CRL1Skp2 targeting, Cdt1 is ubiquitylated and degraded by a second E3 ubiquitin ligase, CRL4Cdt2 [126]
(Cdt2 was identified in the same screen that discovered Cdt1, but the Cdt1 and Cdt2 sequences are
unrelated [98]). Unlike targeting by CRL1Skp2, Cdt1 ubiquitylation by CRL4Cdt2 is not stimulated by
Cdt1 phosphorylation, but instead requires a ternary interaction among Cdt1, the substrate adapter
Cdt2, and DNA-loaded Proliferating Cell Nuclear Antigen (PCNA). PCNA is a homotrimer that is
loaded by Replication Factor C at replication forks and serves as the processivity factor for DNA
polymerase during DNA replication. DNA-bound PCNA is also a platform for a host of proteins
that bind PCNA through short linear motifs known as PCNA-Interacting Protein (PIP) boxes [127].
The Cdt1 PIP box is special in that it not only binds PCNA but also triggers degradation and is
thus termed a “PIP degron.” PCNA is only loaded during DNA synthesis, and this loading event
is required for Cdt1 recognition by CRL4Cdt2; thus this mode of Cdt1 degradation has been termed
“replication-coupled destruction” [127]. Since the trigger for CRL4Cdt2-mediated degradation is PCNA
DNA loading, PIP degron-containing Cdt1 proteins are also degraded after DNA damage because
PCNA is loaded during DNA repair [128].

Mutations to the human Cdt1 PIP degron alone have only modest effects on S phase degradation in
otherwise unperturbed cells. On the other hand, a combination of PIP degron mutations with mutations
that block Cdt1 phosphorylation at Thr29 stabilizes Cdt1 during S phase and induces substantial
re-replication [129]. Near the end of S phase, human Cdt1 re-accumulates, but this re-accumulation
is not strictly because PCNA is no longer DNA loaded. CRL4Cdt2 is globally inhibited as cells
approach G2, leading to re-accumulation of all of its substrates [130]. Cdt1 is clearly not targeted
by CRL1Skp2 in G2 phase either, although cyclin A-dependent activity is still high. The mechanism
preventing CRL1Skp2-mediated Cdt1 degradation in G2 is still unknown. One potential addition to
Cdt1 stability control is the recent report that Cdt1 abundance is sensitive to the deubiquitylating
enzyme, Usp37 [131]. Thus, Cdt1 re-accumulation could be as much a consequence of increased
deubiquitylation as it is a result of decreased ubiquitylation.

Somewhat surprisingly and despite being a particularly potent inducer of S phase destruction [132],
the PIP degron is not conserved in all Cdt1 proteins—not even among all mammalian Cdt1 sequences.
PIP degron sequences are not evident in the cow, pig, sheep, or rabbit Cdt1 sequences, though Cdt1 PIP
degrons are found in nematode, fruit fly, zebrafish, chicken, rat, mouse, baboon and many other species
(J.G.C. unpublished observation and [121]). Moreover, CRL1Skp2-mediated degradation to reinforce
CRL4Cdt2-mediated degradation may not be universal among metazoans (e.g., X. laevis Cdt1). In species
where it appears that only one E3 ligase targets Cdt1 during S phase, the presence of stronger licensing
inhibitory mechanisms that target other pre-RC components may have allowed the second E3 pathway
to be lost.

4.3. Inhibition by Geminin

Unlike nearly all components of the replication licensing system, human Cdt1 was not cloned
strictly on the basis of sequence homology to a yeast ortholog. In fact, the fission yeast Cdt1 was not
directly investigated as a licensing protein until after the metazoan Cdt1 proteins were functionally
characterized. Human Cdt1 was isolated both by sequence similarity to D. melanogaster and X. laevis
orthologs and as the target of a re-replication inhibitor protein, geminin [48,133,134]. Geminin itself
was cloned from biochemical screens for X. laevis proteins that are degraded in mitosis [135]. Of note,
neither budding nor fission yeast harbor a geminin ortholog. Human geminin is abundant during
S phase and G2, is degraded at anaphase, and is least abundant during G1 phase. Geminin is a
substrate of the APC/C (Anaphase-Promoting Complex/Cyclosome) [135], an E3 ubiquitin ligase
which promotes geminin degradation from late mitosis and throughout G1 phase [136,137].

Artificially elevating geminin concentration in G1 blocks MCM loading, but the mechanism of that
inhibition was not known at the time geminin was first characterized [135]. An effort to gain insight
into how geminin inhibits licensing by identifying partners yielded a tight-binding partner in human
lysates, human Cdt1. Moreover, supplementing geminin-inhibited X. laevis lysates with additional
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human Cdt1 reversed the inhibitory effects of geminin on origin licensing and DNA replication [134].
Mutations in Cdt1 that alter geminin binding also have higher licensing activity in vitro compared to
wild-type Cdt1 [138]. Like Cdt1, geminin has at least one alternative function outside the licensing
system; geminin regulates gene expression during development [139–141].

Geminin is a dimer that forms a stable 2:1 complex with monomeric Cdt1 both on chromatin and in
the nucleoplasm. Geminin binds the central region of Cdt1 (Figure 2), and indeed both high-resolution
structures of this Cdt1 domain are in complex with geminin; possibly because the tight binding
facilitated crystallization [105,106]. Interestingly, the human crystal structure consists of a Cdt1 and
geminin heterohexamer composed of two Cdt1 and four geminin polypeptides; this structure is
essentially a dimer of the trimer observed in the mouse structure. Based on this and other observations,
De Marco et al. suggested that the trimer is permissive for licensing, whereas the hexamer corresponds
to the inhibited form [106]. If true, then only high concentrations of geminin, such as those found in
mid-to-late S phase and G2, would be effective for forming hexamers and preventing re-replication.
In this scenario, re-replication control in early S phase should rely more heavily on Cdt1 degradation
and mechanisms that target ORC, Cdc6, and MCM than on geminin because geminin is less abundant
in early S phase.

How does geminin inhibit Cdt1 activity? In vitro, geminin prevents the association of Cdt1 with
MCM complexes [51,142] and also blocks Cdt1 binding to Cdc6 [51]. A simple stearic occlusion model
seems unlikely however, if the primary binding site for MCM is the Cdt1 C-terminal domain but
geminin binds the central domain. Nonetheless, geminin dimers bound to the Cdt1 central domain
could conceivably project far enough towards the C-terminal domain to interfere with stable MCM
binding. Alternatively, geminin binding may induce a conformational change in the Cdt1 central
domain that propagates to the C-terminal domain. It may also be that Cdt1 forms multiple contacts
with the MCM ring, and that geminin interferes with MCM binding sites in Cdt1 that are separate from
those at the C-terminal Cdt1–Mcm6 interface (e.g., the diagram based on Sun et al. 2013 in Figure 2).
Testing these ideas directly will ultimately require a structure including both the Cdt1 central and
C-terminal domains with and without geminin.

4.4. Cdt1 Phosphorylation

Cdt1 is phosphorylated at many serine and threonine (but not tyrosine) sites at different times
during the cell cycle and in response to different cues. Phosphoproteomic analyses have identified
dozens of phosphorylation sites detectable in proliferating human cells. Figure 2 marks only those
human Cdt1 phosphorylation sites from the PhosphoSite Plus database [104] that are conserved in
at least one other mammalian Cdt1. Those marked in dark grey are Ser-Pro or Thr-Pro sites which
conform to the minimal recognition sequence for both CDKs and MAP kinases (mitogen-activated
protein kinases). The green symbols mark Ser-Pro and Thr-Pro sites that have been identified in
proteomics screens and also tested for functional consequences.

As discussed above (Section 4.2), phosphorylation at Thr29 targets Cdt1 for ubiquitylation by the
CRL1Skp2 E3 ubiquitin ligase. Which kinase (or kinases) is most responsible for Thr29 phosphorylation?
In vitro, Cdt1 can be phosphorylated by Cdk4 (activated in G1 by cyclin D), Cdk2 (activated in S
by cyclin E and cyclin A) and Cdk1 (activated by cyclin A and cyclin B) [124,125]. Moreover, Cdt1
isolated from cell lysates co-precipitates cyclin A, but not cyclin E or cyclin B. CDK interaction depends
on a cyclin binding motif known as a Cy motif in Cdt1 (aa 68–70) [125]. It is most likely that Thr29
phosphorylation to induce Cdt1 ubiquitylation by CRL1Skp2 is carried out by cyclin A/Cdk2 in early
S phase, and Cdt1 phosphorylation in late S and G2 is carried out by cyclin A/Cdk1.

Interestingly, Thr29 can also be phosphorylated in vitro by the MAP kinase, Jnk1 (Jun kinase) [143].
Miotto and Struhl noted that treating cells to activate the stress kinase, Jnk1, also blocks Hbo1
recruitment to several selected origins [143]. Mutating Thr29 enhanced Hbo1 residence at origins,
suggesting that Jnk1-mediated Cdt1 phosphorylation at Thr29 inhibits Hbo1 recruitment. Despite the
ability of Jnk1 to phosphorylate Thr29, conditions that activate Jnk1 in cells (without causing DNA
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damage) had no effect on Cdt1 stability; the stability of Thr29-phosphorylated Cdt1 could indicate
Jnk1-mediated inhibition of CRL1Skp2 or some other mechanism to prevent Cdt1 degradation [90].
In that study, the authors mapped multiple Cdt1 phosphorylation sites and determined which sites are
sensitive to Jnk1 inhibitors. In addition to Thr29, at least two other phosphorylation sites showed the
same Jnk1-sensitive pattern as Thr29: Ser93 and Ser318, but the outcomes of these phosphorylations
have yet to be determined [143].

A concurrent study of Cdt1 phosphorylation by stress-activated MAP kinases focused on distinct
sites in the linker domain and C-terminus. Chandrasekaran et al. mapped a collection of five sites that
can be phosphorylated by either JNK or p38 MAPK isoforms: amino acids 372, 402, 406, 411 and 491
(Figure 2) [144]. Functional tests of phosphomimetic substitutions at these five positions led to the
inference that Cdt1 phosphorylation not only inhibits its licensing activity in cells, but surprisingly,
also blocks binding to the CRL4Cdt2 E3 ubiquitin ligase. As a result, this phospho-isoform of Cdt1 is
resistant to degradation by CRL4Cdt2, though it is still sensitive to CRL1Skp2 [144,145]. The molecular
mechanism of licensing inhibition is not yet known, but the concentration of phosphorylation sites in
the linker domain hints that phosphorylation could affect the positioning of the central and C-terminal
domains relative to one another. Another possibility is that the N- and C-termini are in close proximity
to each other to allow phosphorylation in the linker to disrupt CRL4Cdt2 binding to the PIP degron.

Unlike Thr29 (and Ser31), these more C-terminally located phosphorylation positions are responsible
for the commonly-observed mitotic Cdt1 gel mobility shift by sodium dodecyl sulphate-polyacrylamide
gel electrophoresis (SDS-PAGE). This gel shift is evident not only in response to cellular stresses that
activate p38 and JNK, but also during G2 and mitosis in unperturbed cell cycles and in quiescent
cells [9,112,129,144]. Cdt1 is robustly phosphorylated in mitotic cells and dephosphorylated in early
G1, though the phosphatase responsible is not known. Both p38 and JNK are active during mitosis
alongside Cdk1 [146]. Since the phosphorylation sites match the consensus sequence for both classes of
proline-directed kinases, it is currently impossible to know which kinase(s) are truly responsible for Cdt1
mitotic phosphorylation. Regardless of how many kinases target these sites, the result is that beginning
in late S phase, Cdt1 re-accumulates in a form that is not active for origin licensing and is no longer
subject to rapid degradation (Figure 3). A potential role for geminin in Cdt1 protection from CRL1Skp2

during G2 has also been reported [113,147], but attempts to definitively confirm this relationship
have utilized geminin and Cdt1 manipulation which frequently induces DNA damage. Separating
potential geminin-mediated direct effects on Cdt1 stability from established indirect effects related
to re-replication dependent DNA damage (and subsequent CRL4Cdt2-mediated Cdt1 degradation)
requires careful interpretation [148]. Nonetheless, the Cdt1 stabilization in G2 may serve the dual
purposes of allowing Cdt1 to function with the NDC80 complex at kinetochores and providing a large
pool of Cdt1 in the subsequent G1 to license origins in the next cell cycle.

Finally, the majority of detectable phosphorylation sites in human Cdt1 remain unstudied. Several
of these match the consensus for CDK-mediated (or MAPK-mediated) phosphorylation. Are there
additional CDK sites, and if so, are they dependent on the same Cy motif that directs phosphorylation
at the N-terminus? Is there a MAPK docking site in Cdt1 that facilitates phosphorylation by p38 or
JNK? The N-terminal PEST domain is in close proximity to several candidate sites which may function
to inhibit Cdt1 chromatin binding in G2, though this idea has not been explicitly tested [112]. Of further
note, all of the consequences of phosphorylation thus far lead to Cdt1 inhibition or changes in stability.
It remains equally possible that phosphorylation at one or more novel sites promotes Cdt1 function in
either licensing or mitosis.

5. Cdt1 in Disease

Although numerous mechanisms restrain Cdt1 function, pathological dysregulation of Cdt1
can still occur, particularly in cells whose control mechanisms have been compromised. Moreover,
mutations in Cdt1 itself can cause pathological consequences.
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5.1. Overexpression and Oncogenesis

Cdt1 overexpression can result in genotoxic stress leading to aberrant cell proliferation and
predisposition to oncogenic transformation. Experimentally increased Cdt1 abundance outside of G1
phase promotes re-replication and genome instability [68,149,150]. Therefore, it is quite possible that
more moderate overexpression from spontaneously deregulated transcriptional controls has the same
effect on genome stability in vivo [7,151]. Over time, higher-than-normal levels of Cdt1 protein may
not be fully restrained during S phase and G2 by the ubiquitin ligases, kinases, and geminin inhibition
described in Section 4. This means that at some low frequency, Cdt1 may promote origin re-licensing
and re-replication. Interestingly, cells expressing higher than normal Cdt1 exhibit a more aggressive
and chemoresistant phenotype [152]. In addition, the genome instability from Cdt1 likely includes
not only gene amplification and chromosome damage from re-replication [66], but also changes in
chromosome number which may reflect Cdt1’s role in chromosome segregation [7,9].

Cdt1 transcription is driven by the E2F family of transcription factors (see Section 4.1), and one
of the most frequently-mutated regulatory pathways in cancers is the Rb-E2F pathway [153,154].
In fact, many cancer-derived cell lines exhibit higher-than-normal expression of Cdt1 [117]. Cdt1
overexpression could also lead to rapid origin licensing and shorter G1, thus proliferate more rapidly
but with less fidelity. To our knowledge, a direct and quantitative correlation between Cdt1 abundance
and the extent of genome instability in cancers has not yet been investigated. It may be that Cdt1
expression levels will identify particular cancers that are most likely to progress or are more or less
susceptible to specific therapeutic interventions [155].

5.2. Meier-Gorlin Syndrome

Avoiding either over- or under-licensing origins is critical for successful cell proliferation during
development. The need for not only effective licensing inhibition after S phase but also efficient origin
licensing in G1 is most apparent in the phenotypes associated with a rare primordial dwarfism syndrome,
Meier-Gorlin Syndrome (MGS). MGS patients harbor hypomorphic mutations in genes encoding pre-RC
components, including Cdt1, some ORC subunits, and Cdc6. These patients have extremely short stature,
small external ears, and focal hypoplasias, likely due to slow cell proliferation [156–158]. Furthermore,
de novo mutations in the gene encoding geminin, have also been described in MGS patients [159]. In these
instances, the mutations disrupt protein motifs required for normal geminin degradation in G1 phase [159].
As a result, geminin could inappropriately inhibit Cdt1 and result in slow origin licensing and G1 delay.
The Cdt1 MGS patient genotypes are compound heterozygous missense mutations combined with
nonsense mutations (presumed null alleles) [156,158]. In addition, the CDT1 mutations are present
across most of the CDT1 gene and translate to amino acid substitutions located in regions that are
presumably important for Cdt1 regulation and activity. Cdt1 is an essential gene, so these alleles are
likely hypomorphic rather than null.

Although origin licensing defects appear to be one molecular underpinning of MGS, not all MGS
patients have mutations in origin licensing components. Recently, hypomorphic mutations in the
CDC45 gene that encodes one of the helicase activating subunits were identified in an additional
cohort of MGS patients [160]. Cdc45 is not required for origin licensing in G1, but rather it is required
for origin firing and replication fork progression during S-phase as part of the fully-active helicase
(Cdc45-MCM2-7-GINS). These CDC45 mutations result in splicing defects leading to a significant
reduction in Cdc45 protein [160]. The change in Cdc45 protein abundance likely impairs DNA
synthesis, thus hindering cell proliferation and genome stability in early development.

Interestingly, the pre-RC proteins affected in MGS include Cdt1, Cdc6, and subunits of ORC,
but not MCM subunits. Do mutations in MCM lead to MGS phenotypes? Analyses of a spontaneous
mutation in the mouse Mcm4 subunit suggests that dwarfism is not a universal outcome of licensing
disruption. In these studies, hypomorphic Mcm4 mutations resulted in mice with increased micronuclei
(a sign of chromosome instability) and increased tumor incidence, but otherwise grew to normal
size [161]. Mouse embryonic fibroblasts from crosses between the hypomorphic and null alleles
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proliferate normally but are sensitive to replication stress [161]. These findings are in contrast to cells
bearing MGS alleles in other licensing proteins that proliferate slowly [157,162]. These differences could
reflect the degree of impairment by the different mutations, or they could reflect qualitative differences
in the roles of the altered proteins. Such complexity certainly creates challenges for predicting the
precise phenotypes of any newly-identified Cdt1 mutations, but the general expectation is impaired
cell proliferation and/or genome instability.

6. Summary

Metazoan Cdt1 is regulated by a large number of independent mechanisms including inhibitor
binding, phosphorylation, and ubiquitylation. It is likely that even more regulatory mechanisms will
continue to be discovered, perhaps from follow-up studies to the proteomic detection of Cdt1 acetylation
or sumoylation [104]. The need for such extensive regulation may be because Cdt1 is an integral player
in both DNA replication and chromosome segregation, meaning Cdt1 deregulation has potent effects
on genome stability and cell proliferation. The mitotic Cdt1 function clearly arose in eukaryotic
evolution after the split between unicellular and multicellular species, so the presumed ancestral
function was origin licensing. Why would Cdt1 evolve to have a role in kinetochore–microtubule
attachment, a function that does not involve loading proteins onto DNA? It is becoming increasingly
common to discover second cell cycle functions for origin licensing proteins, such as non-licensing
roles for individual ORC subunits or geminin [139–141,163–165]. Perhaps it is generally useful to
re-purpose proteins that are already under cell cycle-dependent control for a second cell cycle function.
Alternatively, it may be that Cdt1 has biophysical properties that are uniquely suited to its molecular
roles in both origin licensing and kinetochore–microtubule attachment. Based on our limited current
knowledge, we can attempt to draw parallels between Cdt1’s two targets: the MCM and NDC80
complexes. In both cases, a multisubunit complex undergoes important conformational changes.
For NDC80, the change manifests as a molecular extension in vivo, and for MCM it is the presumed
opening and closing of the Mcm2–Mcm5 gate. It is thus tempting to speculate that Cdt1 stabilizes a
particular (extended?) conformation in the MCM complex, and that its two cell cycle roles are in fact
related. We look forward to future developments in the field that will continue to shed light on the
regulation and function of this unique protein.
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Abstract: The human primosome is a 340-kilodalton complex of primase (DNA-dependent RNA
polymerase) and DNA polymerase α, which initiates genome replication by synthesizing chimeric
RNA-DNA primers for DNA polymerases δ and ε. Accumulated biochemical and structural data
reveal the complex mechanism of concerted primer synthesis by two catalytic centers. First, primase
generates an RNA primer through three steps: initiation, consisting of dinucleotide synthesis from
two nucleotide triphosphates; elongation, resulting in dinucleotide extension; and termination, owing
to primase inhibition by a mature 9-mer primer. Then Polα, which works equally well on DNA:RNA
and DNA:DNA double helices, intramolecularly catches the template primed by a 9-mer RNA and
extends the primer with dNTPs. All primosome transactions are highly coordinated by autoregulation
through the alternating activation/inhibition of the catalytic centers. This coordination is mediated
by the small C-terminal domain of the primase accessory subunit, which forms a tight complex with
the template:primer, shuttles between the primase and DNA polymerase active sites, and determines
their access to the substrate.

Keywords: DNA replication; human; primosome; primase; DNA polymerase α; protein-DNA
interaction; RNA synthesis; initiation; termination; steric hindrance

1. Introduction

In all eukaryotic organisms, genome replication depends on activity of the primosome, a four-subunit
complex of DNA primase and DNA polymerase α (Polα) [1]. The primosome initiates synthesis of
both the leading and lagging strands by making chimeric RNA-DNA primers, which are required for
the loading of replication factor C (RFC), proliferating cell nuclear antigen (PCNA), and replicative
DNA polymerases δ and ε [2,3]. At each origin, the primosome is involved only once for leading
strand initiation, while it starts every Okazaki fragment on the discontinuously synthesized lagging
strand. Given the sizes of Okazaki fragments (165-bp) and chimeric primers (30–35 nucleotides), the
primosome synthesizes up to 20% of the lagging strand and, therefore, approximately 10% of the
genome [4,5]. During maturation of the Okazaki fragments, both the RNA and a significant portion
of the DNA track of a chimeric primer are being deleted [6]. As a result, DNA synthesized by Polα
comprises approximately 1.5% of the mature genome [7]. These regions are mutation hotspots because
Polα has relatively low fidelity due to the absence of proofreading activity. Thus, despite low retention
of Polα-synthesized DNA tracks in the mature genome, the primosome has a large impact on genome
stability and evolution. Recently, it has been shown that the primosome is responsible for generation
of RNA-DNA fragments in the cytosol and that it regulates the activation of type I interferons [8].

The primosome synthesizes chimeric primers in a highly coordinated fashion. RNA primer
synthesis by primase involves three steps: initiation, elongation, and termination [9,10]. During the
initiation step, primase binds the DNA template and two cognate rNTPs (one at the initiation site
and the other at the elongation [catalytic] site) and catalyzes the formation of a dinucleotide [11,12].
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Extension of the RNA is restricted due to the intrinsic property of primase to terminate synthesis
at a strictly defined point [13]. Then Polα intramolecularly captures the mature RNA primer for
subsequent extension by dNTPs [11,14,15]. Recent breakthroughs in structural studies of the human
primosome [13] and its components [16–22] (Table 1) allow for accurate modeling of the primosome
conformations during all stages of chimeric primer synthesis.

Table 1. List of the high-resolution structures of the human primosome and its domains.

PDB
ID

Resolution,
(Å) Protein Construct Structural

Metals Cofactors Deposition Date Reference

3L9Q 1.7 p58(272–464) 4Fe-4S 5 January 2010 [21]

3Q36 2.5 p58(266–457) 4Fe-4S 21 December 2010 [22]

4BPU 2.7 p49 a/p58(1–253) Zn 28 May 2013 [16]

4BPW 3.0 p49 a/p58(1–253) Zn UTP, Mg 28 May 2013 [16]

4BPX 3.4 p49 a/p58(19–253) b/
p180(1445–1462)

Zn 28 May 2013 [16]

4LIK 1.7 p49(1–390) c Zn 2 July 2013 [23]

4LIL 2.6 p49(1–390) c Zn UTP, Mn 2 July 2013 [23]

4MHQ 2.2 p49 Zn 30 August 2013

4QCL 2.2 p180(335–1257) d Zn DNA:RNA,
dCTP, Mg 12 May 2014 [17]

4Q5V 2.52 p180(335–1257) d DNA:RNA,
aphidicolin 17 April 2014 [17]

4RR2 2.65 p49/p58 Zn, 4Fe-4S 5 November 2014 [18]

4Y97 2.51 p180(1265–1444)/p70 Zn 17 February 2015 [19]

5DQO 2.3 p58(272–464) e 4Fe-4S 15 September 2015

5EXR 3.6 p49/p58/p180 d/p70 Zn, 4Fe-4S 24 November 2015 [13]

5F0Q 2.2 p58(266–456) 4Fe-4S DNA:RNA,
Mg 28 November 2015 [13]

5F0S 3.0 p58(266–456) 4Fe-4S DNA:RNA,
Mn 28 November 2015 [13]

5IUD 3.3 p180(338–1255) DNA:DNA 17 March 2016 [20]
a Mutations Lys-72-Ala and Met-73-Ala; b N-terminus of p58 is fused to the primase-binding peptide of p180 via
a 15 amino acid linker; c Residues 360–379 and 409–420 are deleted; d Mutation Val-516-Ala; e Mutation Tyr-347-Phe.

2. Organization of the Human Primosome

Human Polα belongs to the B family of DNA Pols and is comprised of a 166-kDa catalytic subunit
(p180) and a 66-kDa accessory subunit (p70). The catalytic domain of p180 (p180core) possesses
DNA-polymerizing activity but has no proofreading exonuclease activity, in contrast to other replicative
DNA Pols, δ and ε. The C-terminal domain of p180 (p180C) is flexibly connected to a catalytic core by
a 15-residue-long linker, and it contains two conserved zinc-binding modules, Zn1 and Zn2 (Figure 1),
where each zinc is coordinated by four cysteines [19,24]. Zn2 and the helical region between the two
zinc-binding modules provide the extended interaction interface (~4000 Å2) with p70, while the short
peptide (1447–1455) mediates the interaction between Polα and primase [13,19]. The N-terminus of
p180 is predicted to be poorly folded and has no conserved motifs required for primosome function.
The structural information for this region is limited to a small peptide in the catalytic subunit of yeast
Polα (residues 140–147) that mediates interaction with the replisome [25]. The accessory B subunit
(p70; also known as p68) consists of a globular N-terminal domain (NTD or p70N), a catalytically
dead phosphodiesterase domain (PDE), and an oligonucleotide/oligosaccharide-binding (OB) domain.
The OB domain is embedded into the PDE domain, representing the common feature of B-family DNA
Pols [19,26]. The globular NTD is attached to the PDE via a long flexible linker and participates in
interactions with other DNA replication proteins [19,27,28].
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Figure 1. Schematic representation of the domain organization in the human primosome. The borders
of the regions participating in intersubunit interactions are designated by dotted lines. Positions of the
conserved cysteines coordinating zinc or [4Fe-4S] cluster are indicated by orange lines. The linkers
responsible for flexible connections between domains are colored gray.

Human primase consists of a 50-kda catalytic subunit (p49; also known as p48, PRIM1,
Pri1, and PriS) and a 59-kDa regulatory subunit (p58; also known as PRIM2, Pri2, and PriL)
(Figure 1). Eukaryotic and archaeal primases have a similar structural organization, which indicates
a common evolutionary ancestor [29]. In contrast to prokaryotic primases, the zinc-binding motif of
eukaryotic/archaeal primases is integrated into the “prim” fold of the catalytic subunit and probably
plays only a structural role [16,18,30–32]. p58 has two distinct domains: the N-terminal domain (p58N)
with a mixed α/β-fold and the all-helical C-terminal domain (p58C), connected by an 18-residue linker
(253–270) [18]. Similar to yeast primase [33], four cysteines of p58C coordinate an iron-sulfur cluster
([4Fe-4S]) which is buried inside of the domain and is important for p58C folding [21,22,34,35].

There was one report claiming that all four Saccharomyces cerevisiae B-family DNA polymerases
coordinate the [4Fe-4S] cluster at the second cysteine-rich module (referred to here as Zn2) of the
C-terminal domain of the catalytic subunits (CTD, analog of p180C) [36]. However, the provided
experimental evidence was uncertain for Polα. For example, Polα CTD purified under anaerobic
conditions contained only 0.1 mol non-heme iron and acid-labile sulfide per mol CTD, while CTDs of
other B-family DNA polymerases (δ, ε, and ζ) contained 2.0 to 2.6 Fe and S per monomer. Coordination
of the [4Fe-4S] cluster by Polα CTD has not been confirmed in subsequent studies where high-purity
stoichiometric Polα complexes have been obtained [37,38]. Structural studies of yeast and human Polα
do not support the presence of an iron-sulfur cluster in Polα CTD; only two zinc ions coordinated by
Zn1 and Zn2 modules were seen [13,19,39]. Zn2 is important for interaction between Polα subunits and
snugly fits the docking site on the OB domain. Coordination of an [4Fe-4S] cluster by the Zn2 module
would certainly change its shape and disrupt the interaction between the catalytic and B subunits.
It was also shown that partially purified Polε CTD contained significant levels of iron, whereas its
complex with the B subunit was iron-free [37]. These data support the idea that the CTDs of Polα
and Polε with an inadvertently misincorporated iron-sulfur cluster cannot form stable complexes
with the corresponding B subunits. It is worth noting, that placing an affinity tag on the B subunit is
crucial for obtaining stoichiometric complexes of B-family DNA polymerases, because it prevents the
contamination of preparations with a free catalytic subunit.

Substantial conformational changes in the primosome are essential for seamlessly carrying out
the entire cycle of RNA-DNA primer synthesis. The primosome has three functional centers: the RNA-
and DNA-polymerizing centers, located on p49 and p180core, respectively [11,40,41], and regulatory
p58C, which is responsible for template:primer binding and translocation from primase to Polα [42,43].
The structure of the human primosome reveals an elongated platform p49-p58N-p180C-p70 (Figure 2)
that can hold p180core and p58C either stationary, by docking in inactive form, or flexibly, by linkers
during various stages of primer synthesis [13]. Interestingly, the points of the linker’s attachment to
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the platform are fairly close despite their origination from different subunits. The platform itself has
limited flexibility because p58N subdomains were shown to oscillate by several degrees relative each
other [13,16,18]. p58N could be considered as a core of the platform; its smaller subdomain interacts
with p49, while the larger, α-helical subdomain interacts with p180C and is connected by the linker to
p58C (Figure 2). Such organization of the primosome provides significant freedom for the functional
centers in their movement relative to each other.

Figure 2. The platform of the human primosome. Coordinates of the human primosome (PDB ID 5EXR)
were used to represent the platform structure. The color scheme for domains is the same as in Figure 1.
The positions of p58C and p180core, as well as the linkers connecting them to the platform, vary
depending on the primer synthesis step. For space-saving purposes, p58C, p180core, and p70-NTD are
shown at reduced scale relative to the platform. All figures were prepared using the PyMOL Molecular
Graphics System (version 1.8, Schrödinger, LLC).

3. Interaction of Human Primase with a Template:Primer

Recent biochemical and structural studies finally unveiled the mechanism of human primase
interaction with a DNA template and an RNA primer, where p58C firmly holds the DNA:RNA duplex
while p49 catalyzes the attachment of rNTPs to the 3′-end of the primer [13,43]. p58C specifically
recognizes the junction at the 5′-end of the RNA primer, which contains the 5′-triphosphate group
(Figure 3A). The β- and γ-phosphates of the triphosphate moiety make six hydrogen bonds with p58C,
explaining the critical role of these phosphates in primase activity and their affinity for the DNA:RNA
substrate [43–45]. Moreover, recognition of the 5′-triphosphate prevents p58C rotation around the
duplex, thereby strictly determining the position and orientation of p58C relative to the platform and
p180core during all primosome transactions. Coordination of a divalent metal probably stabilizes the
conformation of the triphosphate group and its complex with p58C. Arg-306 interacts with both the β-
and γ-phosphates and is critical for primase activity, especially during dinucleotide synthesis [16,42].
There are no other contacts between p58C and the RNA primer except for stacking between His-303
and the base of the 5′-GTP (Figure 3B).
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Figure 3. Interaction of p58C with a DNA template primed by RNA. (A) p58C specifically recognizes the
DNA:RNA junction at the primer 5′-end containing the triphosphate. The p58C surface is represented
by the vacuum electrostatic potential at 20% transparency; (B) mechanism of p58C specificity to a purine
at the initiation site. The hydrogen bond is depicted by dashed blue line; (C) DNA template bends
between T3 and T4. All parts of the figure were drawn using the coordinates of the p58C/DNA:RNA
complex (PDB ID 5F0Q).

The structure of p58C/DNA:RNA revealed the location and organization of the initiation site
with bound initiating GTP which forms the 5′-end of the nascent dinucleotide [13]. The critical role
of p58C in binding the initiating nucleotide explains why p49 is able to extend RNA fragments but
cannot initiate synthesis from two rNTPs [11]. The relatively weak coordination of the initiating rNTP
by only six hydrogen bonds explains the low affinity of this site (Km(ATP) = 3 mM), which is 11-fold
lower compared to the elongation site [11]. Human primase has no obvious sequence specificity except
the well-known preference of the initiation site for GTP/ATP [9,46], which is probably due to the
cumulative effect of two factors. First, His-303 demonstrates good stacking with the initiating purine,
while its ring would only partially overlap with a pyrimidine base (Figure 2B). Secondly, Asn-348 can
use its carbonyl or amino group to form a hydrogen bond with N4 or O4 of the templating cytidine or
thymine, respectively.

p58C forms 13 hydrogen bonds with the template, the majority of which are located near the
junction. The presence of 19 hydrogen bonds between p58C and DNA:RNA results in a stable complex
with a Kd of 32.7 nM [43]. For comparison, the catalytic core domains of human Polε and Polα
bind the template:primer with 2.4-fold and 10-fold lower affinity, respectively [20,47]. The intact
human primase and p58C have similar affinities for DNA:RNA, supporting the idea that p58C is
a major DNA-binding domain in the primosome [43]. The primer 5′-triphosphate and the template
3′-overhang exhibit a synergistic effect on duplex binding by primase and its RNA-polymerizing
activity [43]. The dependence of p58C affinity on the stability of the DNA:RNA duplex explains
the abortive character of RNA synthesis at the beginning of the elongation stage and in the case of
AT-rich templates [12,18]. The structure of p58C/DNA:RNA complex explains why the His-401-Arg
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mutation in yeast primase leads to lethality [34]. The bulky side chain of the arginine in place of
His-351 (corresponds to His-401 in yeast primase) disrupts the interaction with DNA:RNA because
of steric hindrance with the template and/or the DNA-interacting loop containing residues 355–366.
p58C affects the template conformation in the DNA:RNA duplex: it maintains the B-DNA conformation
of the template deoxyriboses that are in contact with p58C (T1–T3), while three nucleotides at the
5′-end (T4–T5) are in the A-DNA conformation (Figure 3C).

4. Mechanisms of RNA Synthesis Initiation, Elongation, and Termination

The structure of p58C/DNA:RNA (PDB ID 5F0Q) together with the structures of p49–p58 (PDB
ID 4RR2) [18] and p49–p58(1–253)/UTP (PDB ID 4BPW) [16] allows for obtaining accurate models of
primase during all steps of RNA synthesis [13]. Structure-based modeling by superimposition of the
second nucleotide of the primer from the p58C/DNA:RNA complex with UTP bound at the elongation
site of p49 reveals the compact initiation complex (Figure 4) with good shape complementarity and
eight potential hydrogen bonds between p49 and p58C [13]. This organization of the initiation complex
where the active site is shared by p49 and p58C results in cooperative binding of four template
nucleotides and initiating rNTP (Figure 5). The active site is able to accommodate only three template
nucleotides which are placed between Tyr-54 of p49 at the 5′-end and Met-307 of p58C at the 3′-end.
p49 can make only six hydrogen bonds with a template because of its shallow DNA-binding interface
(Figure 5). The active site elements accommodated by two flanking β-sheets of p49 are adopted for the
common mechanism of nucleic acids synthesis through the coordination of two divalent metals [48].

Figure 4. The model of human primase in the initiation complex with a DNA template and two GTP
molecules. The linker between p58N and p58C colored gray is shown for reference purposes only.
The carbons of the DNA template, initiating GTP, and elongating GTP are colored gray, purple, and
yellow, respectively. The atoms of zinc, magnesium, iron, and sulfur are represented as spheres and
colored orange, magenta, red, and yellow, respectively.
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Figure 5. Interaction of human primase with a DNA template and rNTPs during RNA synthesis
initiation. The color scheme is the same as in Figure 4. The residues of p49 interacting with the DNA
template and the initiating GTP are identified from the model of the initiation complex. The asterisk
indicates that a main-chain atom of the amino acid forms a hydrogen bond with a nucleotide.
Amino acids participating in stacking interactions with nucleotides are shown in rectangular boxes.
Interactions of aspartates 109 and 111 with both rNTPs are mediated by the Mg2+ ions.

The model of the initiation complex revealed that p49 participates in pre-catalytic positioning of
the initiating GTP by making three hydrogen bonds: Arg-163 with the α-phosphate, Asp-306 with the
O2′ of a ribose, and the bond between Asp-111-coordinated Mg2+ and the O3′ of a ribose (Figure 5).
During the elongation stage of RNA synthesis, the initiation site disintegrates due to the growing
distance between its structural elements provided by both subunits: p58C continues holding the
5′-end of the primer, while p49 is establishing the above-described three hydrogen bonds with the
growing 3′-end, because during primer extension the 3′-terminal nucleotide occupies the same space
on p49 as the initiating rNTP. The interaction between the O2′ of the initiating GTP and Asp-306
of p49 explains the strict preference for ribonucleotides at the initiation step [46]. Consistently, the
primase is also sensitive to the presence of the O2′ at the primer 3′-terminus during its extension [38,49].
Replacement of Asp-306 by Ala severely affects primase activity, but to a lesser extent compared to
alanine substitutions of Asp-109 or Asp-111 which coordinate the catalytic Mg2+ ions [41]. In contrast,
the elongation site demonstrates low selectivity for rNTPs [38,49], compensated for by a 10- to 130-fold
higher cellular concentration of rNTPs versus dNTPs [50]. Therefore, the probability of dNTP insertion,
which works as a chain terminator for primase, is a rare event in vivo. Selectivity of the initiation
site to ribose, mediated by the hydrogen bond between Asp-306 and the O2′, is probably due to the
requirement for accurate positioning of the O3′, which is deprotonated by Mg2+ for the nucleophilic
attack on the α-phosphate of the incoming NTP. Moreover, such selectivity potentially prevents the
primase from extending DNA tracks made by Polα or other DNA Pols. It is quite possible that
primase binds all three substrates before formation of the initiation complex, which works as a locking
mechanism and fixes the substrates in catalytically proficient position.

Modeling [13,18] and mutational [16] studies indicate that p49 employs the same amino acids for
interactions with the DNA template during the initiation and elongation steps of primer synthesis.
The weak interaction between p49 and the template-primer [43] suggests the mechanism of primase
translocation along the template: p49 dissociates from DNA:RNA, held by p58C, after each round
of nucleotide incorporation and quickly rebinds it by placing the 3′-terminal nucleotide of the
primer at the binding site for the initiating nucleotide or, more exactly, to its section located on
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the catalytic subunit. In accordance with biochemical data [43], the model of the elongation complex
(Figure 6) revealed a lack of interaction between human primase and the emerging RNA strand,
except for the same contacts as found in the initiation complex (Figure 5). The open architecture of
the primase/DNA:RNA complex, where contacts with both the minor and major grooves are absent,
explains the ability of DNA primases to extend mispaired primer termini and perform translesion
synthesis [51,52].

Figure 6. The model of human primase in elongation complex with a DNA template, primed by
7-mer RNA, and an incoming GTP. The curved arrow shows the direction of p58C rotation relative to
p49-p58N during primer extension. The atoms of zinc, magnesium, iron, and sulfur are represented as
spheres and colored orange, magenta, red, and yellow, respectively.

Due to the tight association with the template:primer junction [43], p58C must move away from
p49 during primer extension, by following the helical path of the growing DNA:RNA duplex [13].
Probably, such spiral movement of p58C defines the mechanism of the primase counting phenomenon,
which results in primer synthesis termination [12,18,43,53]. The model of the elongation complex,
where primase is ready to generate an 8-mer primer, demonstrates that p58C is in proximity to the
helical subdomain of p58N (Figure 6). Extension of the 8-mer primer would be complicated because of
the emerging steric hindrance between the two p58 domains, which compromises the pre-catalytic
alignment of the O3′ of a primer and the α-phosphate of an incoming NTP. The plasticity of p58N

allows primase to overcome steric hindrance during synthesis of the 9-mer primer but not during
the following extension step [13]. Due to this plasticity, the intra-subunit steric hindrance works
as a molecular brake to stop primase, which results in an RNA primer with a well-defined length
optimal for utilization by Polα. The linker between p58N and p58C is not important for RNA synthesis
termination because its shortening did not reduce the size of RNA products [18]. In contrast, primase
pausing is dependent on the strength of the p58C/DNA:RNA complex; that is why its disturbance by
changes in p58C sequence [42] and the template:primer structure [43] attenuates the counting effect.
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Salt, the type of divalent metal, and the metal’s concentration affect the distribution of RNA
synthesis products [43]. Moreover, the de novo assay masks the effect of synthesis termination on
templates, forming stable duplexes with 9-mer RNA primers, due to a 6000-fold lower primase affinity
for single-stranded DNA versus a primed one [18,43]. On the other hand, 9-bp AT-rich DNA-RNA
duplexes are not stable at common reaction conditions (30–35 ◦C), which significantly reduces the
probability of RNA synthesis restart. Modeling of elongation complexes with 9 to 11-mer primers
indicates that the steric hindrance is predominant only upon synthesis of 10- and 11-mer RNA [13].
If Polα is absent in the reaction, primase occasionally bypasses this barrier, using DNA:RNA substrates
dissociated from p58C, which results in the accumulation of longer products upon extended incubation.

5. Mechanism of RNA Primer Transfer to Polα and Its Extension with dNTPs

According to biochemical data, upon completion of RNA primer synthesis p58C continues to hold
the template-primer until Polα captures it [11,12]. Recent structural data support this observation by
showing that the predominant length of RNA primers is nine nucleotides and the optimal substrate for
Polα is a 9-bp DNA:RNA duplex [17,43]. These data indicate that p58C and p180core will form a switch
complex before Polα starts an extension of the RNA primer with dNTPs. The model of this complex
revealed the concurrent binding of a 9-bp DNA:RNA duplex and shape complementarity between
both subunits (Figure 7). According to this model, p58C will not allow Polα to extend shorter duplexes
because the 3′-end of the primer does not reach the active site. Finally, biochemical experiments
confirmed the idea that Polα in the primosome extends only the mature 9-mer RNA primers [13].

Figure 7. The model of the switch complex containing p180core, p58C, a DNA template primed by
a 9-mer RNA, and incoming dCTP. p180core subdomains are shown in different colors. The carbons of
the DNA template, RNA primer, and incoming dCTP are colored gray, purple, and yellow, respectively.
This model was made using the coordinates of the p180core/DNA:RNA/dCTP complex (PDB ID
4QCL) and p58C/DNA:RNA complex (PDB ID 5F0Q).
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Similar to other B-family DNA polymerases and their prototypes from viruses, bacteriophages
and bacteria, p180core has a “right-hand” fold: an active site formed by a “palm” holding the catalytic
residues and making a set of interactions with three base pairs of the DNA double helix at the 3’-end
of a primer, a “thumb” that secures the polymerase grip onto the template-primer helix, and “fingers”
providing the induced-fit closure of the active site after binding of the cognate dNTP (Figure 7).
Polα cannot correct its own mistakes during DNA copying because of evolutionary substitution of the
catalytic amino acid residues in the exonuclease active site [54].

Polα possesses an interesting feature of binding and extending DNA:RNA and DNA:DNA
duplexes with similar efficiency [20,38,55]. Structural data for p180core in ternary complex with
DNA:RNA/dCTP and in binary complex with DNA:DNA indicate that Polα binds the DNA and
hybrid duplexes in a similar way [17,20]. There are no significant conformational changes in p180core
to accommodate different duplexes; instead, Polα imposes the A-DNA conformation on the DNA
primer [20] and bends the RNA primer [17,56] to keep the same contacts with the sugar-phosphate
backbone. It is probable that the requirement for similar binding of both types of duplexes explains
a smaller footprint of Polα on the template:primer and a less extensive network of contacts, which
results in a low affinity with a Kd of ~320 nM for the RNA:DNA helix [20]. Its relatively weak
interaction with the template:primer explains the high sensitivity of Polα to unconventional DNA
structures, which is manifested by DNA synthesis abrogation on the certain templates [38,56,57]. It is
likely that the limited Polα processivity on poly-dT templates is due to DNA bending and/or the
triplex formation between the DNA:DNA duplex and the template’s 5′-tail [57,58], rather than to the
intrinsic ability of Polα to count the amount of incorporated dNMPs [56]. Moreover, no Polα pausing
was observed on DNA templates of random sequence [38,55].

6. Polα Inhibition by Aphidicolin

Aphidicolin, an antimitotic metabolite of the mold Cephalosporium aphidicola, is a potent inhibitor
of DNA replication in a variety of organisms [59,60]. It specifically inhibits B-family DNA polymerases,
with Polα being the most sensitive to it [61]. Aphidicolin demonstrated potent growth-inhibitory
and cytotoxic activities against human tumor cell lines cultured in vitro, but the absence of structural
information hampered the improvement of its inhibitory properties [62–64]. The structure of p180core
in ternary complex with a DNA:RNA duplex and aphidicolin revealed the mechanism of Polα
inhibition and provided the structural rationale for design of a new generation of drugs with superior
solubility, stability, and inhibitory activity [17]. Aphidicolin binds Polα at the active site by occupying
the hydrophobic pocket for a nascent base pair (Figure 8). The interaction between aphidicolin and
Polα is mediated by an extensive pattern of hydrophobic contacts as well as by the hydrogen bonds
between two oxygens and the main-chain nitrogens. Accommodation of the bulky “potato” shape
of the inhibitor results in the fingers opening and syn conformation of the templating guanine due
to the base rotation by 118◦ around the N-glycosidic bond. The preference of aphidicolin for purine
at this position is due to stabilization of the syn conformation of a purine mediated by stacking with
a side chain of Arg-784, by the hydrogen bond between N7 and Oγ of Ser-955, and by several van der
Waals interactions. In contrast to the imidazole ring of a purine base, the larger pyrimidine ring would
hardly fit the pocket formed mainly by a second α-helix of the fingers domain.
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Figure 8. Close-up view of the Polα active site with bound aphidicolin and the DNA:RNA duplex.
The color scheme for p180core subdomains is same as in Figure 7. The carbons of aphidicolin
are colored wheat. Side chains of the key residues, participating in hydrophobic interactions with
aphidicolin and in stabilization of the syn conformation of the templating guanine, are shown as sticks.
RNA primer contains a dideoxy-cytidine at the 3′-end. This figure was drawn using the coordinates of
the p180core/DNA:RNA/aphidicolin complex (PDB ID 4Q5V).

7. Mechanism of Concerted RNA-DNA Primer Synthesis by the Human Primosome

The accumulated structural data allow for visualization of all key steps of the chimeric primer
synthesis (Figure 9 and movie provided in [13]). The structure of the primosome in apo-form revealed
the autoinhibited state of Polα due to p180core docking on the platform where the Zn2 module of
p180C and the OB domain of p70 are wedged into the template:primer-binding cleft of Polα [13].
During the initiation of RNA synthesis, p58C binds the template and initiating rNTP and moves
toward the active site of p49 residing on the platform. In the presence of the cognate, elongating rNTP
at the catalytic site, the initiation complex is stabilized and proceeds toward the dinucleotide formation.
While p58C is important for primosome loading on early replication origins [65], it has low affinity
for single-stranded DNA [43]. Presumably, other replication factors, like RPA, facilitate p58C loading
on the template [21]. During the RNA elongation step, p58C moves toward p180core and pushes it
to dissociate from the platform, resulting in Polα activation. The following primer extension results
in a clash between p58C and the platform that is responsible for RNA synthesis termination. At this
step the interaction of p49 with a 9-bp DNA:RNA held by p58C is compromised, leading to flotation
of p58C/DNA:RNA and its capture by p180core floating nearby that results in the template-primer
loading to the Polα active site. p58C and p180core have an additional level of freedom relative to
each other because they are independently connected with a platform by long linkers. According to
modeling studies, these linkers allow Polα to generate a DNA track up to 20 nucleotides long, with
p58C holding the 5′-end of the primer. The weak grip of Polα on the DNA double helix could facilitate
its displacement from the template:primer by RFC/PCNA or Polε.

34



Genes 2017, 8, 62

Figure 9. Schematic representation of conformational changes in the primosome during chimeric
primer synthesis. At the first step (steps are labeled by roman numerals), p58C moves toward p49
to initiate RNA synthesis. During the second step, p58C moves toward p180core and pushes it to
dissociate from the platform. Additionally, when RNA primer length is nine nucleotides, p58C makes
a steric hindrance with the platform, which prevents primer extension by p49. At the third step, p58C

rotates and loads the template:primer to the Polα active site. At the fourth step, Polα extends the RNA
primer with dNTPs. At the fifth step, the primosome is replaced by Polε or Polδ.

Structural and biochemical data indicate that p58C is a central mediator of all primosome
transactions [13,42,43]. p58C shuttles between the RNA- and DNA-polymerizing centers in the
primosome, playing the role of the universal template:primer loader and regulator of primase and
Polα. The linker between p58N and p58C allows p58C to form the initiation complex with p49 during
dinucleotide synthesis, to move away together with the 5′-end of the primer during its extension, and,
finally, to intramolecularly transfer and load the template primed by a 9-mer RNA to the Polα active
site. To perform these multiple duties, the p58C shape conforms to several topological requirements: it
is complementary to p49 during initiation and to p180core during the switch, and clashes with p58N

during RNA synthesis termination.

8. Concluding Remarks

The eukaryotic primosome was discovered more than 30 years ago [46,66–68] but its intricate
mechanism of RNA-DNA primer synthesis has become clear only recently, owing to thrilling progress
in structural studies. Comprehensive understanding of all primosome transactions, including initiation,
elongation, and accurate termination of RNA synthesis, as well as primer transfer from primase
to Polα, requires the crystal structures of the primosome in complex with a variety of substrates.
Crystallization of these complexes is extremely challenging due to the size of the primosome
and its significant flexibility. Fortunately, several key structures allowed for obtaining plausible
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three-dimensional models for all steps of chimeric primer synthesis. These structures include the
human primosome in apo-form [13], the ternary complex p180core/DNA:RNA/dCTP [17], the binary
complex p58C/DNA:RNA [13], complexes of p49–p58(19–253) or p49(1–390) with UTP [16,23], and
full-length primase in apo-form [18]. Precise regulation of the concerted action of the two catalytic
centers in the primosome is mainly based on the shape complementarity or the steric hindrance
between its three components: a platform and two mobile domains, p58C and p180core [13].

Further studies are required to understand the mechanism of primosome integration into the
replisome and its regulation by other replicative factors. Studies in yeast have shown that trimeric
Ctf4 links the N-terminal domain of the Polα catalytic subunit to the GINS complex, which is a part of
the CMG helicase also containing Cdc45 and Mcm2–7 [25,69]. The helical N-terminal domain of p70
connected with the primosome by an 80-residue-long linker is a potential candidate for interaction
with the replisome or regulatory proteins. It interacts with the hexameric helicase of SV40 large T
antigen and activates the viral replisome [27,28]. Moreover, the N-terminal domain of the B subunit of
Polε has a similar structure and interacts with the replisome [70,71]. A recent model of the replisome
organization in Saccharomyces cerevisiae obtained from electron microscopy studies indicates that Polα
is located behind the helicase, in proximity to both unwound parental strands [72]. High-resolution
structural data are needed to build accurate replisome models (human-system models are more
desirable) showing the primosome orientation and conformation during priming of the leading and
lagging strands.
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Abstract: The budding yeast Dbf4-dependent kinase (DDK) complex—comprised of cell division
cycle (Cdc7) kinase and its regulatory subunit dumbbell former 4 (Dbf4)—is required to trigger the
initiation of DNA replication through the phosphorylation of multiple minichromosome maintenance
complex subunits 2-7 (Mcm2-7). DDK is also a target of the radiation sensitive 53 (Rad53) checkpoint
kinase in response to replication stress. Numerous investigations have determined mechanistic details,
including the regions of Mcm2, Mcm4, and Mcm6 phosphorylated by DDK, and a number of DDK
docking sites. Similarly, the way in which the Rad53 forkhead-associated 1 (FHA1) domain binds to
DDK—involving both canonical and non-canonical interactions—has been elucidated. Recent work
has revealed mutual promotion of DDK and synthetic lethal with dpb11-1 3 (Sld3) roles. While DDK
phosphorylation of Mcm2-7 subunits facilitates their interaction with Sld3 at origins, Sld3 in turn
stimulates DDK phosphorylation of Mcm2. Details of a mutually antagonistic relationship between
DDK and Rap1-interacting factor 1 (Rif1) have also recently come to light. While Rif1 is able to reverse
DDK-mediated Mcm2-7 complex phosphorylation by targeting the protein phosphatase glycogen 7
(Glc7) to origins, there is evidence to suggest that DDK can counteract this activity by binding to and
phosphorylating Rif1.

Keywords: DNA replication; DDK; Dbf4; Cdc7; MCM; Rad53; cell cycle checkpoint; Rif1; Sld3

1. Introduction

In an unperturbed cell cycle, budding yeast Dbf4-dependent kinase (DDK) complex triggers the
initiation of DNA replication mainly through the phosphorylation of minichromosome maintenance
complex subunits 2-7 (Mcm2-7) (reviewed in [1]). When DNA damage or dNTP depletion results in
checkpoint activation, the normal role of DDK is opposed by radiation sensitive 53 (Rad53) kinase,
which phosphorylates DDK, leading to its dissociation from chromatin [2–6]. Recently, a much better
understanding of the way in which DDK associates with both Mcm2-7 and Rad53 (structurally and
functionally) has been gained. This review will focus on genetic and molecular studies that have
identified and characterized the subunits of Mcm2-7 which mediate the binding of DDK, and those that
are the critical targets of DDK phosphorylation. Similarly, crucial mechanistic details of both canonical
and non-canonical ways in which the Rad53 forkhead-associated 1 domain (FHA1) interacts with DDK
have been determined. Recently, roles for additional protein factors in regulating DDK stimulation have
also been uncovered. These include synthetic lethal with dpb11-1 3 (Sld3), which both stimulates DDK
phosphorylation of Mcm2 and binds to DDK-phosphorylated Mcm4 and Mcm6; and Rap1-interacting
factor 1 (Rif1), which counteracts DDK activity by recruiting the protein phosphatase glycogen 7 (Glc7)
to dephosphorylate Mcm4. Finally, evidence supporting a role for DDK in coordinating the initiation
of DNA replication with sister chromatid cohesion will be discussed.

Genes 2017, 8, 3 40 www.mdpi.com/journal/genes
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2. Insights into DDK Interactions with Mcm2-7

One of the essential players in the initiation of eukaryotic DNA replication is the DDK complex,
comprised of the serine-threonine kinase cell division cycle 7 (Cdc7), and its regulatory subunit,
dumbbell former 4 (Dbf4). In the budding yeast Saccharomyces cerevisiae, each protein is encoded by a
single gene, and deletion of either in a haploid strain is lethal [7]. Recently developed in vitro systems
which recapitulate the molecular events culminating in origin firing have further demonstrated that the
inclusion of DDK is absolutely required for the initiation of DNA replication [8–11]. The crucial function
of DDK is to phosphorylate the Mcm2-7 ring, part of the larger CMG (Cdc45-Mcm2-7-go-ichi-ni-san
(GINS)) replicative DNA helicase complex formed at origins of DNA replication (reviewed in [1]).
The onset of these events is triggered by a rise in Dbf4 levels at the end of G1-phase, which fall after
mitosis as Dbf4 is degraded in an anaphase promoting complex (APC)-dependent manner [12–15].
The high levels of active DDK at the end of G1-phase are also important for overcoming Rif1-Glc7
activity (discussed below) [16,17]. In recent years, a much higher-resolution understanding of these
mechanisms has been obtained (summarized in Figure 1).

It has been known for some time that DDK is essential for DNA replication in vivo, likely due
to its phosphorylation of Mcm2-7 inducing a conformational change, thereby favoring interaction
with other firing factors. A P83L mutation in Mcm5 encoded by the mcm5-bob1 allele can bypass
DDK’s requirement for viability, presumably mimicking a conformational change that facilitates DNA
replication [18,19]. Similarly, some initial insight as to which residues of the Mcm2-7 subunits are the
critical DDK targets was provided through a report that pointed to the N-terminal serine/threonine-rich
domain (NSD) of Mcm4 as being a target of DDK as well as being required for cell growth and S-phase
progression [20]. To test the hypothesis that the NSD is inhibitory to the activation of origins, an allele
of MCM4 lacking the NSD was transformed into temperature-sensitive cdc7-4 and dbf4-1 budding yeast
strains and—reminiscent of mcm5-bob1—found to complement the growth defects at non-permissive
temperatures [21]. Further examination of the NSD revealed that it could be functionally divided into
overlapping proximal (amino acids 74–174) and distal (amino acids 2–145) regions. The proximal region
inhibits origin activation, as demonstrated by a comparison of wild-type MCM4 and mcm4Δ74-174
strains. When both were exposed to the ribonucleotide reductase inhibitor hydroxyurea (HU, which
synchronizes cells in early S-phase by provoking a checkpoint response), the MCM4 cells only allowed
origins that are normally active in early S-phase to fire, whereas with the mcm4Δ74-174 strain, both
early- and late-firing origins were activated. In contrast, the distal region was found to restrict the rate
of replication fork progression [22,23].

Mcm2 has also been identified as an important DDK target, and is phosphorylated at serines 164
and 170 [24–26]. Plasmid-based expression of an allele where sequences encoding the two serines
were changed to specify alanines, mcm2-2A, acted in a dominant negative fashion in an MCM2
wild-type strain, resulting in severe growth defects. When the same mcm2-2A mutant was expressed at
wild-type levels from a plasmid in a temperature-activated degron (td)-tagged mcm2 strain at 37 ◦C (a
temperature at which the td-tagged Mcm2 is degraded), again severe growth defects were observed, and
fluorescence-activated cell sorting (FACS) analysis revealed impaired S-phase progression. Interestingly,
in both cases, the defects could be partially suppressed by the mcm5-bob1 mutation [26]. Mcm2 and
Mcm5 lie adjacent to one another in the Mcm2-7 ring, and disruption of the interaction between the two
of them leads to an opening, which allows for loading onto double-stranded DNA [27–29]. Insight as
to the possible biological role of Mcm2 modification by DDK was provided by the observation that
DDK-phosphorylated Mcm2 dissociates from Mcm5 and triggers opening of the Mcm2-7 ring [26] to
allow extrusion of single-stranded DNA generated from origin melting. Electron microscopy analysis
of Drosophila melanogaster Mcm2-7 suggests that the Mcm2-Mcm5 gap is later sealed through the
interaction of the Mcm2-7 ring with Cdc45 and GINS [30]. As is the case for Mcm2 and Mcm4, Mcm6
has an unstructured N-terminal domain including several DDK target sites [29], and is phosphorylated
by this kinase complex in vitro [31,32]. Recently, both DDK-phosphorylated Mcm4 and Mcm6 were
shown to bind Sld3, which in turn recruits Cdc45 to origins (discussed below).
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Figure 1. Model of DNA replication initiation. DNA replication is initiated by the assembly of the
pre-Replicative Complex (pre-RC) at G1 phase, which is then followed by a series of phosphorylation
events carried out by Dbf4-dependent kinase (DDK) and cyclin-dependent kinase (CDK) to generate
the active form of the CMG (Cdc45-Mcm2-7-go-ichi-ni-san(GINS)) helicase. Normally, DDK activity is
low until the end of G1 phase, as Dbf4—the regulatory subunit of DDK—is degraded in an anaphase
promoting complex (APC)-dependent manner [12–15]. However, some Dbf4 that has escaped this
process can provide residual DDK activity, contributing to potential premature Mcm2-7 complex
phosphorylation. To avoid this, Rif1 recruits the protein phosphatase Glc7 to dephosphorylate the
DDK targets. High activity of DDK in late G1 phase is proposed as a mechanism to inhibit Rif1-Glc7
activity [16,17]. DDK activity is also inhibited by the S-phase checkpoint kinase, Rad53, during exposure
to genotoxic agents or dNTP depletion. Rad53 binds to and phosphorylates Dbf4 to remove DDK from
chromatin and prevent subsequent origin firing [2–6]. Rad53 also phosphorylates an essential target
of CDK, Sld3, to ensure the inhibition of DNA replication during replication stress [3,4], ORC: Origin
Recognition Complex.
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In addition to characterizing the regions of MCM subunits that are phosphorylated, insight
has been gained regarding the way in which the DDK complex is targeted to Mcm2-7. Sequential
analysis of each MCM subunit’s ability to bind the DDK components through both two-hybrid
assays and co-immunoprecipitation analysis revealed that Dbf4 and Cdc7 bind to Mcm2 and Mcm4,
respectively [33], and DDK docking regions have been uncovered in these two MCM subunits [20,24,33].
In the case of Mcm4, a region comprising amino acids 175–333 was found to mediate binding by
DDK [20], while two different regions on Mcm2 are required, including amino acids 2–63 [33] and
204–278 [24]. Interestingly, while structural studies have shown that Mcm2 and Mcm4 are not in
close proximity in a single Mcm2-7 hexamer, the situation is different with the double hexameric
form known to be loaded onto origins of DNA replication, where these subunits lie adjacent to one
another, forming a bipartite DDK binding site, consistent with the finding that the double hexamer
is a preferred DDK substrate over the single hexamer [34,35]. Previous work has revealed that DDK
interacts with Mcm2 through the conserved Dbf4 N- and C-motifs [36,37], however little is known
about the Cdc7 region that interacts with Mcm4.

While Mcm10 does not share sequence homology with Mcm2-7 [38] and is not included in the
Mcm2-7 ring, it is nevertheless indispensable for DNA replication [11,38]. A recent study showed
that both DDK subunits associate with Mcm10 in vitro, with Dbf4 binding more strongly than
Cdc7 [39], which is consistent with an earlier finding that Cdc23 (homolog of Mcm10 in fission
yeast Schizosaccharomyces pombe) binds to Dfp1 (homolog of Dbf4 in fission yeast) [40]. Mcm10 also
interacts with Mcm2-7 [38,41–44], and the strength of this interaction is increased in the presence of
DDK and cyclin-dependent kinase (CDK) [45], which may facilitate double hexamer separation [46].
Moreover, Mcm10 increases DDK phosphorylation of Mcm2 [39,40] and the Mcm2-7 complex as a
whole [40] in vitro.

3. Regulation of DDK Activity by Rad53

The ability of DDK to phosphorylate MCM subunits can be impeded by the checkpoint kinase
Rad53, which is known to bind Dbf4 primarily through its FHA1 domain [47]. Under conditions
where DNA is damaged or cellular dNTP pools are depleted, Dbf4 is a target of Rad53, which results
in removal of the DDK complex from chromatin [2], thereby inhibiting further origin firing [3–6].
Furthermore, in vitro phosphorylation of the DDK complex by Rad53 has been found to inhibit the
phosphorylation of Mcm2 by DDK [48]. Numerous Rad53 phosphorylation sites have been identified
in Dbf4, and mutation of four of these to alanines in a strain for which Rad53 phosphorylation sites in
Sld3 were similarly mutated resulted in late origin firing, despite exposure to HU [3]. More recently,
characterization of the Dbf4 region required for binding Rad53 revealed that a stretch including
amino acid residues 105–221 is both necessary and sufficient for the interaction of Dbf4 and Rad53.
A crystal structure was subsequently obtained, confirming a BRCA1 C terminus (BRCT)fold, but with
an additional N-terminal alpha-helix required for FHA1 binding, and was therefore designated the
H-BRCT domain [49]. As FHA domains are known to bind phosphothreonine-containing motifs, each
H-BRCT threonine was systematically mutated, but none of these changes resulted in an abrogation
of the interaction with FHA1. Subsequently, a combination of bioinformatics, nuclear magnetic
resonance (NMR) spectroscopy, and two-hybrid analysis uncovered a non-canonical lateral surface
patch on Rad53 FHA1 that binds to Dbf4 H-BRCT, distinct from its phosphothreonine epitope-binding
domain [50]. Importantly, the Rad53 FHA1 domain is able to simultaneously engage Dbf4 H-BRCT
and a Cdc7 phosphoepitope known to be recognized by Rad53 [50,51], suggesting a bipartite mode
of interaction with the DDK complex. Indeed, this has now been confirmed through the elucidation
of the crystal structure of Rad53 FHA1 simultaneously bound to Dbf4 and the phosphorylated Cdc7
peptide [52]. A requirement for FHA1 interaction with both DDK subunits may serve to simultaneously
ensure that this only occurs during a checkpoint response (canonical phosphothreonine interaction
with Cdc7), and exhibits substrate specificity (non-canonical interaction with Dbf4).
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4. Mutual Promotion of Sld3 and DDK Activities

Sld3 is a key factor in the initiation of DNA replication and represents an essential target of CDK
at this point in the cell cycle [53–55]. Sld3 associates with early-firing origins in G1 phase and late-firing
origins in late S-phase [56], consistent with it being one of the limiting factors that differentiate early
and late origins [55,57]. It binds to both Mcm2-7 and Cdc45, thus serving to recruit the latter to
origins [56,58]. In recruiting Cdc45, Sld3 forms a complex with Sld7 [55], which acts to reduce Sld3’s
affinity to Cdc45 [59], likely helping Sld3 to dissociate from the origin while Cdc45 remains and
eventually moves with the replication fork as a part of the CMG helicase. GINS may also help to
displace Sld3 from origins, as they compete with each other for Mcm2-7 binding [58]. Like Dbf4, Sld3
is targeted by Rad53 phosphorylation as a mechanism to inhibit origin firing in response to DNA
damage [3,4].

For some time, it has been known that Sld3’s association with origins of DNA replication is
DDK-dependent [55,60], but the molecular mechanisms involved have been uncovered more recently.
Sld3 binds to Mcm2-7 [58], which facilitates its recruitment to origins. An in vitro replication system
comprised of origin DNA attached to magnetic beads supplemented with purified budding yeast
replication proteins was used to show that Sld3 binds loaded Mcm2-7 in a manner dependent upon
DDK [61]. Further analysis revealed that Sld3 amino acids 510–545 mediate this interaction [61].
Interestingly, this region includes many of the sites that Rad53 phosphorylates to inhibit origin
firing [3], and preincubation of Sld3 with Rad53 prevented it from binding MCM in the presence
of DDK [61], in much the same way as Rad53 phosphorylation prevents Sld3 from interacting with
scaffold protein Dpb11 (see Figure 1) [3]. This same system was further used to examine MCM subunit
binding, and revealed that Sld3 specifically interacts with DDK-phosphorylated Mcm4 and Mcm6 [61].
To test whether the binding of Sld3 to Mcm4 and Mcm6 represents the essential function of DDK,
Mcm4 and Mcm6 phosphomimic mutants were generated for which N-terminal DDK-targeted serine
and threonine residues were substituted with negatively charged aspartate residues (Mcm4-25D,
Mcm6-25D), and were able to support roughly 60% the wild-type level of DNA replication in the
absence of DDK. Two recent studies have also reported DDK-dependent interactions between Sld3
and Mcm2 through pull-down, co-immunoprecipitation, and two hybrid assays [10,62]. Intriguingly,
the crystal structure of Sld3 uncovered two conserved basic patches close to one another with the
potential of mediating interactions with phosphorylated Mcm2-7 subunits [63]. One of these (amino
acids 301–330) has been found to act as a Cdc45-binding interface [63], while mutation of the second
patch for the sld3-4E mutant (K188E, R192E, K404E, K405E) resulted in disrupted interactions with
Mcm2 and Mcm6, but not Cdc45 [62]. Importantly, a similar mutation of this region (K181E, R186E,
R192E, K404E, K405E) also maintained an interaction with Cdc45, but displayed a severe growth
inhibition phenotype, and this was mirrored by a failure of sld3-4E to support growth in place of the
wild-type SLD3 allele [62,63]. As with Mcm4 and Mcm6, the N-terminus of Mcm2 has proven to be
crucial for Sld3 binding, as Mcm2 amino acids 1–390 are sufficient for this interaction, but amino
acids 1–299 are not [62]. Confirmation of the physiological importance of Sld3 interactions with the
Mcm2 and Mcm6 N-termini, was obtained through in vivo complementation assays, in which deletion
mutants with disrupted Sld3 binding for Mcm2 (Δ300–390) or Mcm6 (Δ1–122) failed to support growth
or S-phase progression in the absence of wild-type Mcm2 or Mcm6 expression, respectively [62].
Furthermore, quantitative PCR analysis of chromatin immunoprecipitation samples (ChIP-qPCR)
revealed that the mcm6Δ1-122 mutant is deficient in recruiting both Sld3 and the single-stranded DNA
binding protein replication protein A (RPA) to early-firing origin ARS607, consistent with a defect in
replication initiation [62].

Interestingly, there is some evidence to suggest that—in addition to DDK facilitating the
association of Sld3 with origins of DNA replication—Sld3 in turn may aid DDK in carrying out one
of its roles. As mentioned above, DDK phosphorylates Mcm2 at serines 164 and 170 [24–26]. In vitro,
the addition of either full-length Sld3 or its C-terminus alone was able to substantially enhance DDK
phosphorylation of Mcm2 [64]. Further evidence for the importance of this stimulatory role was
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obtained by generating a SLD3 mutant, sld3-m16 (Sld3-S556A, H557A, S558A, T559A), defective in
aiding DDK with Mcm2 phosphorylation, but competent with respect to other functions, including
binding to Dpb11, Mcm2-7, Cdc45, and T-rich single-stranded origin DNA. Reminiscent of the mcm2-2A
mutant, expression of sld3-m16 resulted in a dominant-negative growth defect phenotype, and a
decrease in association between Mcm2-7 and GINS was observed, pointing to a defect in CMG
helicase assembly [64]. This mutually stimulatory relationship between DDK and Sld3 activities likely
represents an important positive feedback loop that helps push origins past the threshold of CMG
formation required for origin firing.

5. Opposing Activities of SUMOylation, Rif1, and DDK

Rif1 was initially identified as a regulator of telomeric length [65], but has more recently been
implicated in the regulation of DNA replication in budding yeast, fission yeast, and mammalian
cells [66–70]. More specifically, several lines of evidence point towards an important role for Rif1 in
opposing the MCM phosphorylation activity of DDK. For example, temperature-sensitive cdc7-1
cells can typically be synchronized at the G1-S boundary at 37 ◦C, yet failed to arrest at this
temperature in a cdc7-1 rif1Δ strain [16]. Furthermore, deletion of RIF1 was found to increase
the proportion of hyperphosphorylated Mcm4 in budding yeast whole cell extracts, as judged
by slower mobility in sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE)
immunoblots [16,17,71]. To promote dephosphorylation, Rif1 possesses two conserved motifs for
the docking of Glc7—the sole budding yeast protein phosphatase 1 [16,17,71]. Mutation of the Rif1
Glc7 docking domains was able to suppress cdc7-4 and dbf4-1 growth defects, consistent with it
normally reversing the MCM phosphorylation carried out by DDK [17]. Further evidence for such a
role was provided by the observation that a Rif1 Glc7 docking domain mutant resulted in increased
Mcm4 phosphorylation, which could be reduced or prevented altogether in a cdc7-1 background at
permissive and non-permissive temperatures, respectively [71]. The idea of Rif1 targeting protein
phosphatases to origin-bound MCM complexes is further supported by ChIP analysis carried out in
both S. cerevisiae and the fission yeast S. pombe, which showed a reduction of Glc7 and S. pombe protein
phosphatase 1 Sds21 and Dis2 at late-firing origins in the absence of Rif1 or with mutation of its protein
phosphatase 1-binding motifs [71].

Intriguingly, a hint of another mechanistic layer in the opposing actions of Rif1 and Dbf4 has
been provided by the key finding that Dbf4 can itself bind to Rif1 through the latter’s C terminus
(amino acids 1790–1916) [16,17]. It is tempting to speculate that Rif1 may thus directly counteract DDK
activity, however, the ability of DDK to phosphorylate Mcm4 in vitro was not inhibited by the addition
of the purified Rif1 C terminus [16]. The inverse may also be true—namely, that DDK binding and
potential phosphorylation of Rif1 hinders the latter’s ability to target Glc7 to origins. Indeed, putative
conserved DDK and CDK phosphorylation sites are found adjacent to the protein phosphatase 1
docking domains in both S. cerevisiae and S. pombe Rif1. A S. cerevisiae Rif1 mutant for which nine of
these serines were changed to alanine enhanced the temperature-sensitivity of cdc7-1, while changing
them to aspartic acid as a phosphomimic had the opposite effect, reminiscent of what was observed
when the docking sites themselves were mutated, and equivalent results were observed with similar
S. pombe mutants [16,71].

Bringing things full circle, one further role of Rif1 is to potentially counteract DDK phosphorylation
of Sld3. Although it has been clearly established that Sld3 is a crucial target for CDK phosphorylation, a
significant phos-tag gel mobility shift has been observed for Sld3 in G1 phase rif1Δ cells, consistent with
phosphorylation, and this shift is prevented in cdc7-4 cells at non-permissive (37 ◦C) temperature [17].

Interestingly, a recent report has uncovered a potential additional mechanism for DDK-mediated
promotion of MCM phosphorylation [72]. SUMOylation of chromatin-bound Mcm2-6 subunits was
detected, peaking in G1 phase after MCM loading, declining during S-phase, then rising again in
M phase. Mcm7 showed a slightly different pattern, with SUMOylation persisting through most
of S-phase, before declining at the end of S-phase. SUMOylation of Mcm6 was shown to increase
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its interaction with Glc7 [72], promoting the dephosphorylation of Mcm2-7 [16,17,71]. When DDK
was inactivated, Mcm2-6 SUMOylation was no longer lost as cells transitioned from G1 to S-phase,
suggesting that DDK mediates this process. As SUMOylated forms of Mcm4 did not appear to be
phosphorylated by DDK, the authors speculated that DDK might instead act on deSUMOylation
enzymes, although this remains to be investigated [72].

6. Targeting of DDK to Early Replicating Centromeric Origins of DNA Replication

Initiation events at budding yeast origins of DNA replication are temporally regulated, with
individual origins characteristically firing in early, mid, or late S-phase [73]. DDK activity is limiting
for DNA replication, as Dbf4 is present at low abundance and is required throughout S-phase to
promote new initiation events [57]. DDK is therefore one of the determinants of which origins fire
first in S-phase; however, only recently have some of the underlying mechanistic details been uncovered.
Among the earliest origins to fire in S-phase are those associated with the 16 centromeric regions of
S. cerevisiae chromosomes [73]. Similar findings have been obtained with other yeast species [74–76],
Trypanosoma brucei [77], and D. melanogaster [78], suggesting that this is a conserved aspect of eukaryotic
cell cycles. Interestingly, live cell imaging in S. cerevisiae has revealed that both Dbf4 and Cdc7 accumulate
near spindle pole bodies and kinetochores in late M and early G1 phase [79]. The centromeric localization
of Dbf4 was confirmed by ChIP-qPCR for cells arrested in G1 phase, but was strongly impaired
when the genes encoding either chromosome transmission fidelity 19 (Ctf19) or chromomsome loss
4 (Chl4) (both kinetochore constituents) were deleted. This effect was specific for Dbf4 association
at centromeres, as Dbf4 association with early-firing origins ARS606 and ARS607 was not altered in
ctf19Δ or chl4Δ cells. The discovery that Dbf4 Myc-tagged at its C terminus is impaired for association
with centromeres, but not with replication origins allowed researchers to determine that abrogation of
DDK targeting results in a specific reduction in Sld3-Sld7 origin association and a delay in replication
timing at centromeric regions [79]. Importantly, the recruitment of DDK to kinetochores also appears
to promote sister chromatid cohesion by targeting the sister chromatid cohesion protein 2 (Scc2)-Scc4
cohesin loader to centromeres in G1 phase, which has also been observed in Xenopus laevis [80]. Thus,
DDK likely plays a central role in coordinating S-phase onset with sister chromatid cohesion. Recently,
Dbf4 localization at centromeres has also been observed in human cells, and DDK was implicated
in regulating the recruitment of topoisomerase 2-alpha (TOP2A), which is required for chromosome
condensation and sister chromatid separation [81]. Although the timing of Dbf4 centromere association
was not coincident with the onset of DNA replication, this study involved the overexpression of tagged
Dbf4. Thus, it would be interesting to observe if a stronger correlation is found with normal levels of
Dbf4 expression.

7. Conclusions and Perspectives

To initiate DNA replication, DDK binds to and phosphorylates its essential target—the Mcm2-7
ring. This phosphorylation leads to gate opening between Mcm2 and Mcm5, allowing extrusion of single
stranded DNA generated by origin melting. DDK also facilitates the association of one of the essential
firing factors, Sld3, with origin DNA. A key feature of this DDK-dependent recruitment is that Sld3
interacts with DDK targets Mcm2, 4, and 6. Sld3 in turn targets Cdc45 to origins, thereby facilitating the
formation of the CMG replicative helicase. As many of these mechanistic details have been determined
through the use of in vitro systems, the additional construction of mutant strains will be required to
confirm that they hold true in vivo. The recruitment of DDK to yeast centromeric sequences in G1 phase
promotes early S-phase replication of these regions, and likely ensures proper coordination with sister
chromatid cohesion through Scc2-Scc4 targeting to the same loci. Similar findings in other eukaryotes
merit further investigation to establish the degree of mechanistic conservation.

Negative regulation of DNA replication by opposing DDK activity can occur via two distinct
mechanisms. The checkpoint kinase Rad53 impedes DDK activity during S-phase replication stress.
How Rad53 binds DDK to facilitate its phosphorylation has been characterized, exposing two FHA
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domain-mediated binding modes, one canonical and the other non-canonical. Rif1 and Mcm2-7
SUMOylation can each counteract DDK activity to prevent precocious DNA replication initiation in G1
phase by targeting Glc7 to dephosphorylate MCM subunits, yet exactly how Rif1 is itself recruited to
origins of DNA replication, and the precise mechanism of Mcm2-7 SUMOylation, are open questions
that remain to be investigated.
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Abstract: Origin DNA melting is an essential process in the various domains of life. The replication
fork helicase unwinds DNA ahead of the replication fork, providing single-stranded DNA templates
for the replicative polymerases. The replication fork helicase is a ring shaped-assembly that unwinds
DNA by a steric exclusion mechanism in most DNA replication systems. While one strand of
DNA passes through the central channel of the helicase ring, the second DNA strand is excluded
from the central channel. Thus, the origin, or initiation site for DNA replication, must melt during
the initiation of DNA replication to allow for the helicase to surround a single-DNA strand. While this
process is largely understood for bacteria and eukaryotic viruses, less is known about how origin
DNA is melted at eukaryotic cellular origins. This review describes the current state of knowledge
of how genomic DNA is melted at a replication origin in bacteria and eukaryotes. We propose that
although the process of origin melting is essential for the various domains of life, the mechanism for
origin melting may be quite different among the different DNA replication initiation systems.

Keywords: DNA helicase; DNA replication; initiation; protein-DNA interaction; DnaA; Large T
antigen; E1 helicase; Mcm2–7; melting

1. Review of Bacterial Replication Initiator DnaA

Like every other organism, bacteria must replicate their DNA in order to produce viable offspring.
However, bacteria cannot infinitely replicate, meaning there must be a tight regulation of this process.
The fact that replication does not just start and pause indicates that there is a lot of regulation on
the initiation of chromosome replication. DnaA, the key initiator protein among almost all bacteria,
is a highly conserved protein and is the driver of the system in which DNA replication initiation is
regulated. This protein has been studied extensively and understood through the Escherichia coli model.

2. DnaA-Orisome Structure

DnaA is a key protein in the initiation of bacterial replication (Figure 1). Bound to high- and
low-affinity sites at the initiation sequence, oriC, DnaA is a highly conserved protein among all
bacteria that comprises the DNA-protein complex termed the orisome, which triggers the initiation
of chromosome replication. OriC DNA is not bare throughout the cell cycle, but instead has bound
DnaA to three high-affinity sites (left to right: R1, R2, R4). These three DnaA sites, along with oriC
bending protein Fis, set a nucleosome-like conformation in the origin that has been suggested to
prevent replication initiation (Figure 2) [1]. Fis is not necessary for viability, however, the lack of Fis
binding results in asynchronous replication in rapidly growing cells. This is due to the binding of
DnaA to low affinity sites at a lower concentration than what is normally required, since there is no Fis
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protein to inhibit DnaA binding [2]. Additionally, this conformation keeps the DNA double-stranded
until the appropriate replication-promoting proteins bind and separate the two strands. The review
by Leonard and Grimwade [1] discusses that these replication-promoting proteins include additional
DnaA and another DNA bending protein, Integration Host Factor (IHF). Upon accumulation of
a sufficient level of DnaA-ATP, the active form of DnaA, Fis will be displaced and IHF will bind,
along with DnaA, to low affinity sites between R1 and R2, and R2 and R4 [3]. IHF has been shown to
be nonessential for the assembly of a functional orisome, however, this loss of IHF results in perturbed
replication initiation [1]. The viability of cells lacking IHF binding is most likely due to the flexibility
of the DNA between R1 and R5M.

Although the exact mechanism of the displacement of this initiator inhibition is unclear, a recent
study has shown that ATP-bound DnaA, as opposed to ADP-bound DnaA, experiences a conformational
change within domains I–III that enhances its ability to bind to low affinity sites within oriC as
well as cooperatively bind to already bound DnaA molecules [4]. Once a threshold concentration
of DnaA-ATP is achieved in the cell, Fis can successfully be displaced and the inhibitory complex
can progress to an active one. DNase I footprinting studies have suggested that DNA wraps around
the DnaA oligomer once bound [5]. As illustrated in Figure 1, the function of each domain has been
determined via reverse genetics: DnaA recruitment (I), DNA binding (IV), oligomerization (I, III),
ATP binding (III), and helicase loading (I, III) [1]. Between domains III and IV is an amphipathic region
that is involved in binding to the inner membrane of the cell [6]. Additionally, domain II serves as
a flexible linker, aligning domain I with domains III + IV [4].

Figure 1. A schematic map of the four domains of DnaA. ssDNA: single-stranded DNA.

Figure 2. Proposed loop conformation of inactive oriC, constrained by DnaA bound to high-affinity
sites R1, R2, and R4 via domain I N-terminus interactions. This conformation is facilitated by Fis.

3. DNA Conformation

The oriC DNA contains multiple sites of DnaA binding in which specific binding is required for
duplex unwinding (Figure 3). Between the three high affinity sites mentioned in the above paragraph
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are low affinity DnaA sites (R5M, τ2, I1, and I2, respectively, between R1 and R2; C3, C2, I3, and C1,
respectively, between R2 and R4) [3], which become DnaA bound just before origin melting. The left
half of oriC (R1–I2) and right half of oriC (R2–R4) have opposite orientations, with both oriented
inward of oriC (towards each other) [3]. Kaur et al. demonstrated that the loss of any two high affinity
sites resulted in the loss of oriC function, while the loss of any single high affinity site resulted in
a functional oriC with perturbed initiation timing, with an R4 mutation being the most significant [3].
The loss of R2 showed the least significant impact, implying that R2 may be a redundant site or may
stabilize the oligomers from R1 and R4. The loss of any single high affinity site rendered the cell
dependent on both Fis and IHF binding for a functional oriC. When either R1 or R4 was deleted, R2 was
shown to be capable of nucleating a DnaA oligomer, although a higher concentration of DnaA was
required. Less DnaA was detected in the right half of oriC in R4 mutants, supporting the importance
of R4 [2]. Additionally, it was shown that E. coli mutants with a deletion in the entire right half
or oriC (R2–R4) are still viable under slow growth conditions. However, with sensitivity to rich
media and other rapid growth conditions, it is possible that the right half of oriC has evolved to
support multi-forked replication [7]. With these data on alternative methods for pre-RC formation,
the minimum requirements for origin melting can be further investigated and understood with
greater complexity.

Figure 3. The origin of replication in Escherichia coli, oriC. This 245-bp sequence consists of the 13-mer
DNA unwinding element (red), DnaA-trio motifs (blue), and binding sites for DnaA, Integration Host
Factor (IHF), and Fis. Additionally, flanking genes gidA and mioC are shown. The arrows represent
the transcription direction of the flanking genes (large, hollow arrows) and directionality of DnaA
filament formation (small arrows above DnaA boxes). The black arrows help visualize each type of
supercoiling, shown above the oriC.

The DNA unwinding element is an AT-rich region towards the left of oriC that has less helical
stability than the rest of oriC DNA. DNA unwinding element (DUE) consists of three regions (L, M,
R) 13-mer repeats [1]. The DUE is the first piece of DNA to unwind in replication initiation [8],
with evidence supporting initiation of melting beginning with the L-region [9]. Kowalski and Eddy
have demonstrated that by deleting the l-13mer and replacing it with a dissimilar sequence, its helical
instability, rather than its specific sequence, is essential for origin function and duplex unwinding.
Meanwhile, the sequence of the r-13mer is the most evolutionarily conserved of the three segments,
suggesting a role for the r-13mer in specific protein recognition [10].

An increase in net negative supercoiling (a general undertwist in the DNA has been shown
in more efficient E. coli initiation, indicating that this chromosomal topology is preferred for
replication initiation [11]. The flanking gene gidA introduces negative supercoiling to the left of
the DUE, which helps further destabilize the already less thermodynamically stable AT-rich DUE [11].
Supporting this, maximal gidA transcription occurs before initiation. Additionally, Magnan and Bates
discuss in their review the importance of positive supercoiling in regulating oriC transcription [11].
The positive supercoiling to the right of DUE is regulated by the flanking gene mioC, with maximal
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transcription immediately after initiation. While gidA and mioC are both dispensable, it is possible that
they help drive initiation under suboptimal conditions [11]. Kaur et al. tested for the conformation of
oriC pre-melting, and developed a model in which oriC forms a constrained loop by interactions of
the N-termini of high affinity-bound DnaA, and this loop and repression of active low affinity sites is
assisted by Fis binding (Figure 2) [3]. It is possible that this pre-initiation complex causes a reduction
of negative supercoiling adjacent to the DUE, and further research is needed to support this.

Recent research has found a DnaA-trio, which consists of a repeating trinucleotide motif,
beginning with 3′-GAT-5′, which lies between the AT-rich DUE and the GC rich region (which is
adjacent to the DnaA boxes) (Figure 3) [12]. These newer findings will be discussed in greater detail
later on.

4. Initiator Mechanism

DnaA contains various AAA+ (ATPases Associated with various cellular Activities) motif
sequences which provide a range of functions, including DnaA-DnaA binding [13] and DnaA-ssDNA
(single-stranded DNA) binding [14]. DnaA bound to oriC high affinity DNA boxes, via its
domain IV helix-turn-helix motif [4], nucleates by binding ATP-DnaA at adjacent low affinity sites.
Interestingly, one method of regulation of this step is through a chromosome-membrane protein tether.
Bound to an array of operator sequences on the chromosome up to 1 Mb away from oriC, this tether is
proposed to inhibit DnaA binding to DNA by reducing the net negative supercoiling [15], although this
mechanism is not quite yet understood. DnaA-ATP is required for effective binding to low affinity sites
and DnaA oligomer formation [4], yet DnaA cannot always be bound to ATP. Examining the crystal
structure of DnaA bound to ssDNA revealed four DnaA protomers per oligomer, forming a right hand
spiral around a single strand of the duplex DNA [14].

The DnaA oligomer formation from R1 and R4 inwards towards R2 [3] is mediated by the Arg285
residue within domain III, which is oriented inward towards R2 for both the right and left half of
oriC [13]. These Arg285 fingers stimulate subcomplex formation by binding the ATP nucleotide of
the next DnaA monomer, eventually forming a DnaA oligomer. This study also found that the Arg285
finger of R1-box-bound DnaA is crucial for DUE unwinding and single-stranded DNA unwinding
element (ssDUE) binding, where the same residue of R4-box-bound DnaA plays a necessary role in
DnaB helicase loading.

The interaction between DnaA monomers facilitates a conformational change in the bound strand
of DNA, stretching the contacted strand and disrupting the base pairs of the thermodynamically
unstable DUE [14]. Once this region of oriC unwinds, origin melting is enhanced by binding of
the DnaA box-bound DnaA filaments to the partially melted region of oriC DNA. DnaA forms a helical
filament around the ssDNA, where each protomer binds three nucleotides via two pairs of helices, α 3/α
4 and α 5/α 6, which line the inner channel of this protein assembly [14]. Additionally, this conformation
prevents reannealing of the two strands of DNA. Once this conformation is set, as visualized in Figure 4,
DnaA stabilizes the partially melted origin by nucleating from the already bound DnaA, forming
dynamic filaments on the ssDNA monomer by monomer in a 3′-5′ directionality [16].

While the details of this mechanism have been widely unknown, a recent study has identified
a DnaA-trio motif within the ssDNA, which is recognized by the DnaA box-bound DnaA [12],
facilitating filament formation on the ssDNA via the domain III Initiator Specific Motif (ISM) Initiator
Specific Motif [14]. According to the study conducted by Richardson et al., the box-bound DnaA
recognizes a 3′-GAT-5′ sequence, with some variability between the first and third nucleotide,
but a highly conserved second adenine nucleotide [12]. At this point, DnaA will nucleate across the
next few DnaA-trios and into the DUE. Upon filament formation and further duplex melting, DnaA will
load DnaB via domain I and domain III interactions, initiating the formation of the prepriming complex
(Figure 4, [17]).
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Figure 4. Active oriC conformation, showing interactions between R1 and R5M facilitated by IHF,
and interactions between R1 DnaA and DNA unwinding element (DUE)-bound DnaA, which facilitates
filament formation on ssDNA. The thicker blue line represents double-stranded oriC DNA, and the thin
lines of the “bubble” represent the single-stranded DNA of the melted DUE.

5. Large T-Antigen and E1 Helicases

Mechanisms of origin melting can be derived from the structural analysis of the DNA tumor virus
Simian virus 40 (SV40) and papillomavirus. Specifically, SV40 utilizes its Large T antigen (LTag) to initially
separate and continually unwind double-stranded DNA (dsDNA) in host cells, and the papillomavirus
enlists E1 to do the same. Due to eukaryotic similarities, such as homohexameric domains and beta
hairpin loops, results derived from these models may be applicable to the understanding of eukaryotic
melting processes. Unlike replication in eukaryotes, melting with initiators SV40 and E1 is performed
through cooperation of only a handful of protein domains compared to the variety of protein complexes
often necessary to facilitate eukaryotic DNA replication. This lack of complexity yet abundance of shared
homology has allowed recent studying of SV40 and E1 to elucidate potential mechanisms for eukaryotic
origin melting.

6. Structure of LTag and the Core Ori

Melting of eukaryotic DNA is thought to require a variety of protein factors which work together to
manipulate dsDNA, ultimately separating the two strands via mechanical force. Due to the complexity
of the eukaryotic cellular machinery, researchers have turned to more simplistic models of initiation,
such as the Large T antigen. LTag is a double hexameric protein complex produced by the SV40
virus which is solely responsible for melting of SV40 viral DNA origins, as well as helicase activity
once replication forks have been established. Three distinguishable domains compartmentalize these
actions, the first of which is known as the origin binding domain (OBD). The OBD of LTag has been
shown to bind both dsDNA and ssDNA [18] much like the DNA binding domains of DnaA [12].
Many similarly structured DNA binding domains (DBDs) of eukaryotic and prokaryotic replication
machinery bind ssDNA specifically, such as eukaryotic replication protein A (RPA), and bacterial
E. coli single-stranded DNA-binding proteins (EcoSSB) [19–21]. The second and third domains are
the Zn domains, and AAA+ domains, respectively [22]. The three domains can be found in Figure 5A.
To initiate replication, these domains seek out designated binding sites on viral DNA along a segment
known as the core origin of DNA.

The SV40 core origin for DNA replication (core ori) is composed of four pentanucleotide GAGGC
sequences, an AT-rich region (AT), and an early palindromic sequence (EP). From 5’-3’ the ori is
composed of the EP, the four pentanucleotides, and the AT region (Figure 5B). Due to the double
hexameric nature of LTag, and the asymmetry of the core ori, each hexamer is bound to two GAGGC
sequences and either an EP or AT. Once each hexamer is bound, the double hexamer is complete,
and completion of the double hexamer is associated with ori melting [23]. The GAGGC sequences
themselves are recognized by the OBDs of LTag at major grooves [24,25], while AAA+ regions
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were found to utilize histidine residues at the tips of beta hairpin loops to interact with ori DNA
electrostatically at minor grooves (Figure 6B) [22]. Because proteins often use arginine residues to
orient themselves into narrow minor grooves of DNA [26], histidine’s role in the AAA+ domains of
LTag was originally thought to be the same as that of arginine elsewhere (i.e., as a DNA recognition
element) [22]. However, research into the role of these histidines and their respective beta hairpins has
suggested unique models for melting discussed below.

Figure 5. Structure of the Large T Antigen (LTag) and the Simian Virus 40 (SV40) Core Ori. (A) A cartoon
model illustrating the double hexameric LTag complex and its relevant subdivisions. A single hexamer
is noted to contain a portion of the origin binding domain (OBD) and a helicase domain, which itself
includes a Zn and AAA+ domain; (B) Depiction of the Core Ori of SV40 viral double-stranded DNA
(dsDNA) including the four GAGGC pentamers and the flanking AT-rich (AT) and early palindromic
sequence (EP) regions. The box around two pentamers and the EP region indicates what portion of
the core ori a single hexamer of LTag would occupy.

Figure 6. E1 vs. LTag Beta Hairpin Structure. (A) A cartoon model depicting the central channel of an E1
helicase domain from a down-the-barrel point of view. The outer circles represent helicase subunits
while the structures numbered 1–6 designate the beta hairpin loops. These loops overlap to create
a “staircase” pattern. The foot of the beta hairpin staircase is numbered 1. The increasing numbers
correspond to higher steps in the staircase. Hairpin loop 2 sits higher than hairpin 1, while 3 overlaps 2,
4 overlaps 3, and so on in an ascending pattern characteristic of E1 hairpins. The histidine residues
employed in the untwisting mechanism of melting are denoted in purple at the tip of each hairpin;
(B) A cartoon model depicting the central channel of an LTag hexameric complex. The six circular
domains signify the six helicase subunits while the six oval structures represent beta hairpin loops.
The hairpin loops are organized into a planar arrangement characteristic of LTag helicase domains,
a distinct organizational method not found in E1 that may contribute to unique melting mechanisms.
Histidine residues at the tip of each hairpin are marked in purple [27].
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7. Mechanisms of Melting with LTag

The identified histidine residue is a component of beta hairpin loops which the AAA+ domain
utilizes to interact with DNA (Figure 6B). Because LTag is a double hexamer, the dodecahedric
complex contains two AAA+ domains with a total of twelve beta hairpin loops, and therefore twelve
interactive histidines [28]. Only a single pair of histidines, one imidazole ring from each AAA+ domain,
were found to lie in the same minor groove, as well as in the same plane, and within 2.7 angstroms of
each other, suggesting the presence of hydrogen bonds to provide enhanced stabilization of the LTag
dimer [22]. Portions of the core ori, at which these histidine anchors were found, have been confirmed
to be melted after double hexamer assembly [29]. Further mutagenesis of these beta hairpin structures
has confirmed their necessity during melting of regions flanking the central pentameric sequences of
the core ori [30]. Each set of six beta hairpins are arranged in a planar pattern ultimately creating a ring
with a central, positively charged channel (Figure 6B) [31]. This channel is between 7–15 angstroms
in diameter [32], making it incredibly unlikely for dsDNA to be thread through, but highly likely
for ssDNA [30,33]. For comparison, a hexameric helicase that has been shown to envelop dsDNA,
known as RuvB, has a central channel diameter of 30 angstroms [34]. The SV40 distant homolog, E1,
utilizes helicase domains determined to envelop solely ssDNA (Figure 7D), and it contains a central
channel 17 angstroms in diameter as a result [35]. It is therefore likely that after initial melting,
the ssDNA will become engulfed in the central channel as the helicase domains translocate down
the DNA, separating the double helix via steric exclusion principles. The steric exclusion model of
strand separation occurs when one ssDNA strand, from the duplex that was melted, is enclosed by
a hexameric helicase channel so that when the other strand remains outside of the channel, the duplex
may be pried apart further by helicase progression down the ssDNA [36].

Crystal structures of LTag-DNA complexes have elucidated that each of the OBDs of the double
hexamer are oriented 180 degrees to each other when bound to DNA, potentially as a result of a twisting
motion which could have generated mechanical force to melt the ori DNA [22]. Since hairpin histidines
act as the anchor for LTag’s AAA+ domains, and the minor grooves in which they anchor were
subsequently melted, it is feasible that this twisting motion would provide enough force to disrupt
hydrogen bonds between base pairs of ori nucleotides, similar to the “untwisting” mechanism utilized
by the LTag homolog, E1 (Figure 7). However, LTag-ori-DNA crystal structures showed no significant
deformations of DNA [22]. Because of proposals of E1 utilizing trimers in the “untwisting” mechanism
before construction of the E1 double hexamers homologous to LTag (Figure 7) [37], it has been proposed
that an intermediate LTag structure is formed as well, which melts the ori before the final LTag double
hexamer is assembled for translocation [22].

8. Structure of the E1 Double Hexamer and Double Trimer

Much like SV40’s LTag, papillomavirus’s E1 is a homohexameric protein complex responsible for
both the initiation of melting and the successive unwinding of DNA. E1 recognizes its unique origin of
replication (ori) through DBDs which work to recognize four E1 binding sites, in a nature homologous
to SV40’s use of OBDs to bind four GAGGC sequences. From left to right, the E1 protein complex
consists of an N-terminal domain, a DBD, an oligomerization domain, a helicase domain, and an acidic
C-terminal tail [37]. The DBD is oriented between the two helicase domains which are arranged facing
each other. The DBD binds to the E1 binding sites at the center of the ori, while the neighboring
helicase domains bind to flanking regions of DNA. The helicase domains of the double hexamer (DH)
arrange their beta hairpins in a staircase manner as opposed to the planar formation characteristic of
LTag helicase domains (Figure 6).

Unique to studies of E1, formation of an E1 double trimer (DT) has been identified before formation
of a double hexamer. Although the exact structure of the DT has not been identified, it is accepted
that the DBD of the trimer is oriented between helicase domains, and that the DBD binds the center
of the origin while the helicase domains remain bound to flanking regions of DNA. The DT arises
when E1 interacts with a dsDNA ori probe in the presence of nucleotides, while the DH subsequently
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forms in the presence of ATP [37]. The DT has been shown to recognize the origin of replication,
and ultimately convert into a double hexamer on ssDNA derived from a melted origin [37].

9. Mechanisms of Melting with E1

Although a single E1 trimer does not maintain helicase abilities [38], the DT has conclusively
demonstrated an ability to melt dsDNA into ssDNA so that the resulting ssDNA may be used as a
template for DH assembly [37]. The identity of the melting complex as DT and not DH, or an intermediate
between the two, was concluded through time-course experimentation [39]. The determination of the DT
as the melting machinery of E1 has led to recent extensive kinetic and biochemical analyses with the goal
of identifying the DT melting mechanism. Plasmid untwisting assays have supported the hypothesis
that initial melting is performed via an untwisting mechanism of ori DNA by the DT (Figure 7) [39].
It is proposed that by hydrolyzing ATP, the DT manages to utilize Histidine residues (H507) in the beta
hairpins of the helicase domains to initiate melting (Figure 6A). Because the helicase domains themselves
remain on the flanks of the E1 binding sites, the histidine interactions with DNA are thought to melt the
central portion indirectly through structural deformations of the flanks which propagate through the
center binding sites via an untwisting mechanism [39]. If this mechanism were to occur, then mechanical
force must be transmitted from the flanks of the ori through the central binding sites. Therefore, nicks
in the DNA should inhibit ori melting as a result of interrupting the path of force transference. This is
precisely what Shuck and Stenlund found during nicking experiments of ori DNA [39].

The untwisting mechanism has become a widely accepted proposal. However, a “squeeze-to-open”
model has been suggested, in which dsDNA is enveloped by DH and ultimately compressed in
the central channel of the helicase domains until base pairs are separated [40]. The “squeeze-to-open”
model is supported by evidence of melting occurring simultaneously as LTag assembly occurs [29].
Since E1 has only demonstrated central channels capable of enveloping ssDNA, a model involving
a larger central channel proves more promising for LTag structures, because they have been shown to
undergo conformational changes promoting slight dilations of their central channels [32].

Figure 7. The E1 “Unwinding” Mechanism of Origin Melting. (A) An illustration of an E1 monomer.
Twelve of these constitute an E1 double hexameric complex shown to unwind DNA after initial
melting; (B) Pre-twist: Assembly of a single trimer of E1 monomers around dsDNA, and the insertion
of histidine residues into the dsDNA; The numbers 1, 2, and 3 demark the three subunits of the trimer.
(C) Post-twist: The slight rotation, or “twist”, has resulted in a melted origin and reorientation of
the three subunits as a result; (D) Assembly of a single hexamer of E1 onto ssDNA post melting.
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10. MCM2-7 Helicase

In eukaryotic cells, it has not yet been determined what melts replication origin DNA.
The MCM2–7 helicase [41] and the origin recognition complex (ORC) [42] assemblies are the most
likely candidates, since these complexes hydrolyze ATP, and energy is required for origin melting.
The MCM2–7 helicase is related to Large T and E1 helicase proteins, suggesting conservation of
mechanism [43]. However, MCM2–7 lacks much of the machinery present in the viral counterparts,
suggesting that the mechanism for origin melting is different for MCM2–7 compared to Large T and
E1 [43]. Furthermore, the MCM2–7 helicase is very weak on its own [44], and MCM2–7 requires Cdc45
and GINS attachment for full helicase activity [45]. The CMG (CDC45-MCM2–7-GINS) helicase is
conserved in archaea as well [46].

The MCM2–7 has an N-terminal domain, required for double hexamer attachment, and a C-terminal
AAA+ domain, required for ATPase activity [41,47]. The double-hexamer interface is active during
late M and G1 phase, when the MCM2–7 is loaded as a double hexamer [47,48]. However, during S
phase, when the replication fork helicase is activated, the MCM2–7 double hexamers dissociate,
and the resulting CMG helicases unwind bidirectionally from the origin [49,50]. The MCM2–7 helicase
also has DNA binding regions within the N-terminal and AAA+ domains [51,52]. It is generally
agreed that the CDC45-MCM2–7-GINS assembly, the fully-active helicase, unwinds DNA by a steric
exclusion mechanism [49,53–55]. In this model, the leading strand passes through the central channel
of CMG [49,53–55]. The excluded lagging strand may pass through a side channel of the CMG,
or alternatively the lagging strand may pass completely outside the CMG [49,53–55]. In either event,
the double-stranded origin DNA must be melted to activate CMG unwinding.

What is the mechanism for replication fork unwinding by the CMG? According to the rotary
model, the ssDNA lying inside the central channel of CMG is passed from one AAA+ domain to another
in a sequential manner [35]. This model is derived mainly from homology to the Large T and E1 viral
helicase systems, for which a rotary model is proposed [35]. A second model, based upon recent electron
microscopy structures, proposes that the ssDNA binding regions of the AAA+ domain hands-off
the ssDNA to the ssDNA binding region within the N-terminal region [49,53–55]. Future studies may
reveal which one of these two models reflects the CMG mechanism for unwinding DNA in vivo.

The origin dsDNA encircled by MCM2–7 must be converted from dsDNA to ssDNA during
replication initiation. In budding yeast, the origins are AT-rich, similar to the origins of bacteria
and eukaryotic viral origins, suggesting that this may be conserved to promote initial melting of
the origin, since AT-rich regions are inherently prone to melting. The MCM2–7 may open to promote
exclusion of the lagging strand during the replication initiation. However, the mechanism for MCM2–7
ring opening is currently not known, but it may occur at the MCM2–MCM5 interface because this
interaction surface is inherently weak [44,56,57]. Future studies may reveal how the MCM2–7 ring
opens during S phase to allow for origin melting, and future studies may also reveal whether ring
opening occurs before or after MCM2–7 double hexamer dissociation.

Additional ssDNA binding proteins may participate in the origin melting process. Proteins that
bind origin ssDNA in budding yeast include MCM10 [58,59], SLD3 [60], SLD2 [61], DPB11 [62],
and RPA [63], the eukaryotic single-stranded binding protein. These proteins do not hydrolyze
ATP, and therefore their contribution to origin melting lies in their ability to bind ssDNA and
stabilize the melted state. Interestingly, mutating the ssDNA binding residues of MCM10, SLD2,
SLD3, and DPB11 results in decreased replication initiation and diminished recruitment of RPA to
replication origins [62,64–66]. These data suggest that one or more of these initiation factors may be
required to stabilize melted origin ssDNA, and perhaps even hand off melted origin DNA to RPA.
However, little is known regarding the mechanism for how the initiation factors melt origin DNA,
and little is known how the initiation factors hand off ssDNA to RPA. The human homologs of MCM10
(human MCM10) [67,68], SLD3 (Treslin) [66], and SLD2, RECQL4 [69], have also been shown to bind
ssDNA, suggesting that the function may be conserved from budding yeast to human.
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A replication initiation assay has recently been reconstituted for budding yeast using only
purified proteins [70]. Furthermore, methods exist in budding yeast for the induced-degradation of
essential genes, with phenotypic scoring of the mutant phenotype [71,72]. In addition, the ssDNA
binding residues of the initiation factors have now been identified for budding yeast [62,64–66].
Thus, through a combination of in vitro reconstitution assays and in vivo experiments, a mechanistic
understanding of how origin DNA is melted, stabilized, and transferred to RPA will soon be revealed
for this model eukaryotic organism.

11. Concluding Remarks

A key step in replication initiation in all organisms may be the melting of origin DNA,
since replication fork helicases in all systems seem to unwind DNA by a steric exclusion mechanism.
In bacteria, the DnaA protein may be responsible for melting origin DNA, and also for loading
the helicase onto the melted ssDNA. For eukaryotic viruses, the Large T and E1 helicases are competent
to melt the origin DNA and subsequently unwind the DNA by steric exclusion. For the cellular
eukaryotic replication initiation machinery, it appears that essential initiation factors, including
MCM10, SLD3, SLD2, and DPB11, may be responsible for stabilizing the melted origin DNA, and these
proteins may also participate in the hand-off of melted origin ssDNA to RPA. Thus, while origin
melting is common for all domains of life, the mechanism for origin melting may be quite different for
each DNA replication initiation system.
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1 Hirszfeld Institute of Immunology and Experimental Therapy, Polish Academy of Sciences, Weigla 12,
Wroclaw 53-114, Poland; malgorzata.nowaczyk@iitd.pan.wroc.pl (M.N.);
jolanta.zakrzewska@uni.wroc.pl (J.Z.-C.)

2 Department of Molecular Microbiology, Faculty of Biotechnology, University of Wrocław,
ul. Joliot-Curie 14A, Wrocław 50-383, Poland

* Correspondence: zawilak@iitd.pan.wroc.pl; Tel.: +48-71-370-9949

Academic Editor: Eishi Noguchi
Received: 23 March 2017; Accepted: 4 May 2017; Published: 10 May 2017

Abstract: The primary role of the bacterial protein DnaA is to initiate chromosomal replication.
The DnaA protein binds to DNA at the origin of chromosomal replication (oriC) and assembles into
a filament that unwinds double-stranded DNA. Through interaction with various other proteins,
DnaA also controls the frequency and/or timing of chromosomal replication at the initiation step.
Escherichia coli DnaA also recruits DnaB helicase, which is present in unwound single-stranded
DNA and in turn recruits other protein machinery for replication. Additionally, DnaA regulates
the expression of certain genes in E. coli and a few other species. Acting as a multifunctional factor,
DnaA is composed of four domains that have distinct, mutually dependent roles. For example,
C-terminal domain IV interacts with double-stranded DnaA boxes. Domain III drives ATP-dependent
oligomerization, allowing the protein to form a filament that unwinds DNA and subsequently binds
to and stabilizes single-stranded DNA in the initial replication bubble; this domain also interacts
with multiple proteins that control oligomerization. Domain II constitutes a flexible linker between
C-terminal domains III–IV and N-terminal domain I, which mediates intermolecular interactions
between DnaA and binds to other proteins that affect DnaA activity and/or formation of the initiation
complex. Of these four domains, the role of the N-terminus (domains I–II) in the assembly of the
initiation complex is the least understood and appears to be the most species-dependent region of
the protein. Thus, in this review, we focus on the function of the N-terminus of DnaA in orisome
formation and the regulation of its activity in the initiation complex in different bacteria.

Keywords: DnaA; N-terminus of DnaA; oriC; chromosomal replication; orisome; HobA; DiaA; SirA;
Hda; Dps; DnaB

1. Introduction

Chromosomal replication is a key step in cell cycle progression in all organisms of the three
domains of life: Bacteria, Archaea, and Eukaryota. This process begins by the assembly of a multiprotein
complex at a predefined locus (multiple loci in Archaea and Eukaryota) on a chromosome, which is
called the origin(s) of chromosomal replication (ori, in bacteria called oriC) [1,2]. The main roles of
these nucleoprotein initiation complexes are to recognize the ori site, to distort the double helix, and to
provide a platform for the assembly of the multiprotein replication machinery, termed the replisome,
that will synthesize the nascent chromosome [3,4]. Chromosomal replication is highly regulated, mainly
at the first step (initiation), to ensure that DNA replication does not begin under conditions that prevent
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the cell from completing the process, thus preventing the cell from dividing and producing a viable
offspring cell [5,6].

The general mechanism of replication initiation is similar in all organisms. However, the
number of initiation complexes per chromosome, initiation complex composition, protein-protein
and protein-DNA interactions between initiation complex components, and check-point steps vary
among organisms, with greater differences occurring among more unrelated taxonomic groups [3,4].
It is assumed that the molecular mechanism of replication initiation and its control are simplest in
bacteria and most complex in Eukaryota. Indeed, the composition of the initiation complex in bacteria
is less intricate than in organisms from the other two domains of life [1]. Nonetheless, the bacterial
initiator protein DnaA is highly specialized, such that it can perform the functions of distinct subunits
of Archaeal and Eukaryotic initiation complexes. For example, all initiators, including bacterial DnaA,
Archaeal Orc1/Cdc6, or Eukaryotic Orc1-Orc6 origin recognition complex (ORC), recognize ori sites.
However, in contrast to the last two, which are unable to melt DNA, only DnaA unwinds DNA
and recruits other replisome proteins, especially the replicative helicase DnaB, to the newly formed
single-stranded replication eye [7,8]. The DnaA protein and oriC are also the main factors controlling
the assembly of the initiation complex or are subjected to control mechanisms that restrict the number
of replications to one per cell cycle [6,9,10]. It is noteworthy that in some species, e.g., Escherichia coli
or Bacillus subtilis, DnaA also serves as a transcription factor [11,12]. Thus, DnaA is a multifunctional
protein, which is reflected by its complex structure and structure-function related activities.

2. Bacterial DnaA—General Overview of the Structure and Function

To form a bacterial initiation complex, often called an orisome, DnaA binds to DNA at oriC and
employs protein-protein interactions between protomers to assemble into a helical filament that is
capable of opening double-stranded DNA (dsDNA) at the DNA unwinding element (DUE) [13]. DnaA
is encoded by the dnaA gene, which is found in nearly all bacterial species. Exceptions include a few
endosymbiotic bacteria, such as Azolla filiculoides, Blochmannia floridanus, and Wigglesworthia glossinidia,
which lack a functional dnaA gene. In these bacteria, the initiator protein and mechanisms of initiation
of chromosomal replication remain unidentified [14–16]. The DnaA proteins in bacteria characterized
thus far vary in molecular weight between 47 kDa and 73 kDa (399-amino acid Aquifex aeolicus DnaA
and 656-amino acid Streptomyces coelicolor DnaA, respectively). DnaA is composed of four structural
and functional domains (Figure 1). The C-terminal domain IV encompasses approx. 120 amino acids
(~13 kDa) and, together with domain III (approx. 230 amino acids, ~25 kDa), constitutes the most
conserved part of DnaA with regard to structure and function. Domain II, which links domain III
and domain I, is the most diverse domain between species with respect to sequence and length,
varying between approx. 20 amino acids (~2 kDa) in Helicobacter pylori and approx. 250 amino acids
(~28 kDa) in S. coelicolor. However, it should be noted that some DnaA proteins, such as the A. aeolicus
initiator protein, appear to lack domain II (Figure 2) [17]. N-terminal domain I is composed of approx.
75–110 amino acids (~8–12 kD) (74 amino acids in A. aeolicus DnaA, 90 amino acids in E. coli DnaA,
108 amino acids in Mycobacterium tuberculosis DnaA), and in contrast to a well-conserved secondary
structure, its sequence is poorly conserved among unrelated bacterial species.

Domain IV is responsible for DNA binding via a helix-turn-helix motif (Figure 1). The domain
recognizes 9-mer, non-palindromic DNA sequences called DnaA boxes that are clustered at oriC (E. coli
consensus sequence: 5′-TTATNCACA-3′). Domain III belongs to the ATPases Associated with diverse
cellular Activities (AAA+) class of proteins; upon interaction with adenosine triphosphate (ATP), but
not adenosine diphosphate (ADP), domain III changes conformation to enable the protein to properly
oligomerize into a filament. The structure of such a filament bound to dsDNA and the means by
which DnaA melts oriC is not fully understood. Nonetheless, the interaction between DnaA monomers
within the filament introduce a conformational change in the bound DNA to melt its double-stranded
structure at the DUE [18–20]. Subsequently, multiple domain III’s of the filament bind to and stabilize
single-stranded DNA (ssDNA) via initiator-specific motifs (ISMs) [18,21–24]. E. coli DnaA domain III,
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together with domain I, recruits DnaB helicase to an open complex and helps position the helicase
onto the ssDNA [25,26]; however, DnaA interactions with DnaB helicase and helicase loaders vary
among species [27–30]. It should be noted that filamentation is mediated by domain III and controlled
by other proteins that interact directly with this domain, such as a complex of the beta subunit of the
DNA polymerase III (β-clamp) and the protein homologous to DnaA (Hda) (β-clamp-Hda- complex)
in E. coli and possibly in Caulobacter crescentus or the sporulation initiation inhibitor protein Soj and
the initiation-control protein YabA in B. subtilis [31–35]. Interestingly, as shown for E. coli DnaA,
domains III and IV are sufficient in vitro for opening the oriC region; i.e., proteins that lack domains I
and II unwind oriC in vitro in a manner similar to that of the full-length protein [36]. However,
N-terminally truncated DnaA does not support DNA replication in vitro and is not viable in vivo,
which indicates that the N-terminal part of E. coli DnaA is required to maintain its function in bacterial
cells. Indeed, it has been shown that DnaA domain I, similar to domain III, mediates interactions
between DnaA monomers and interacts with other proteins, including the helicase DnaB (see below).

Although the N-terminal domain is crucial for DnaA activity in vivo, its role in orisome formation
is the least understood of the four domains. The reason for that is, in part, related to the lack of structure
of full-length DnaA. The structure of the N-terminal portion of DnaA [37,38], which consists of a largely
unstructured domain II and independently solved structures of domains III–IV [13,17,22], does not
allow us to predict how the N-terminal domain is positioned within the orisome and how domain I is
oriented with regard to the C-terminal domains III and IV. Due to the flexible domain II, DnaA domain
I appears to be structurally detached from domains III–IV; however, it does affect DnaA activity in
the orisome. Moreover, domain I is sensitive to regulation by cellular proteins (Figure 1B) that appear
to coordinate DnaA activity with the bacterial growth phase or cell cycle, stress, or unknown stimuli.
Domain I possibly controls the transition from the initiation phase to the elongation phase in E. coli
through mutually exclusive interactions with regulatory proteins and DnaB. Altogether, the findings
indicate that domain I is important for the activity of DnaA at the orisome.

Figure 1. Domain structure of bacterial initiator protein DnaA. (A) A schematic overview of DnaA
domains and their activities in orisome formation. Crucial residues involved in domain I dimerization
(E. coli Trp6) and DnaB binding (E. coli Glu21 and Phe46) are marked. An arginine finger (E. coli Arg285),
an ATPases Associated with diverse cellular Activities (AAA+) family-specific motif that recognizes
ATP bound to an adjacent subunit in a multimeric complex, is also depicted. (B) General information
about motifs, activities, and interacting partners of DnaA domains.
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3. N-Terminus of Bacterial DnaA

3.1. Structures of Bacterial DnaA Domains I and II

The structures of E. coli, B. subtilis, H. pylori, and Mycoplasma genitalium DnaA domain I have
been solved; for the last, however, no functional analyses have been performed to date. Despite
high sequence diversity (Figure 2), domain I is structurally conserved and consists of α-helices and
β-strands (Figure 3). E. coli domain I is composed of 3 α-helices and 3 β-strands in the order of
α1-α2-β1-β2-α3-β3 [37,38]. H. pylori DnaA is missing one β-strand between α1 and α2 [40], and
B. subtilis DnaA contains an extra α4 helix between α3 and β3 [41]; M. genitalium contains two
additional α-helices in the order of α1-α2-β1-β2-α3-α-β3-α [38] (Figure 3). Structurally, the α-helices
and β-strands form distinct surfaces; an exception is for M. genitalium, in which the β-strands are
packed between helices α1-α2 and α3-α4 at one site and α5 at the other. The β-strands comprise
a β-sheet; however, the functional roles of the individual β-strands and entire β-sheet in domain I
are unknown. The α helices are involved in different protein-protein interactions, and α1 of E. coli
DnaA, together with a loop between β1-β2, forms a hydrophobic patch that engages in intermolecular
interactions between the N-termini of DnaA monomers [37,42,43]. Nonetheless, this hydrophobic
patch is not conserved among all DnaAs; for example, it is not present in H. pylori DnaA, and
the N-terminus of this DnaA does not dimerize [40]. The α2 and α3 helices of E. coli, H. pylori,
and B. subtilis DnaAs interact with other proteins (the DnaA initiator-associating factor DiaA and
DnaB [37,44], the Helicobacter orisome binding protein A (HobA) [40], and the sporulation inhibitor of
replication SirA [41], respectively), and despite a lack of sequence conservation, they are proposed
to form structurally conserved protein-protein interaction surfaces utilized by regulatory proteins to
control DnaA activity (see below) [41,44].

Figure 3. Ribbon diagrams of DnaA domain I in E. coli (pdb 2E0G), B. subtilis (pdb 4TPS), H. pylori (pdb
2WP0), and M. genitalium (pdb 2JMP). Residues involved in E. coli domain I dimerization (Trp) and
DnaB binding (Glu, Phe) are marked (if conserved).

It has been reported that the structure of DnaA domain I is similar to the K homology domain (KH
domain) [37,40]. KH domains interact with RNA and ssDNA nucleic acids, and affinity toward ssDNA
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or RNA is increased by the presence of multiple KH domains [45]. Additionally, the N-terminus of
E. coli DnaA weakly interacts with ssDNA [37], though DnaA lacking domain I is able to unwind DNA
and stabilize ssDNA via the ISM motif located in domain III [21,36,46]. Therefore, it remains unknown
whether the KH motif plays any role in ssDNA binding upon unwinding of DNA by DnaA.

Domain II is unstructured and the most variable in sequence (Figure 2). Accordingly, there is little
information about the possible motifs in regions that function in overall DnaA structure or function,
especially within the context of mutual interdependence between domain I and domains III–IV.

3.2. Escherichia Coli DnaA Domain I

E. coli is a gram-negative, non-sporulating, facultatively anaerobic bacterium. Although E. coli
constitutes a natural microflora in the lower intestine of warm-blooded organisms, including humans,
some strains are pathogenic. This bacterium can survive and multiply outside of its host despite a
decline in growth over time. The genomes of natural isolates of E. coli range from 4.5 to 6.0 Mb and
encode approx. 4200–6500 genes. The bacterium has been used as a model organism for studying
bacterial processes, including chromosomal replication and the cell cycle. Therefore, E. coli DnaA
is one of the best characterized initiator proteins, especially within the context of structure-function
relationships. In fact, studies on E. coli DnaA pioneered work on other initiators, including those
in Archaea and Eukaryota. The resolved structure of E. coli DnaA domain I (1–86 aa) complements
comprehensive biochemical data collected to date. It has been shown that domain I is engaged in
numerous protein-protein interactions that include other DnaA monomers, as well as proteins that
regulate DnaA activity at the orisome (DiaA, the histone-like protein HU, the ribosomal protein L2,
the DNA-binding proteins from starved cells Dps, cryptic prophage protein YfdR, the β-clamp-Hda
complex). Domain I of E. coli DnaA also participates in recruiting the replisome protein DnaB helicase;
thus, it is important for the transition between the initiation and DNA synthesis (elongation) phases
of replication.

The amino acids important for domain I head-to-head dimerization have been mapped to a
patch formed by helix α1 and the loop between β1 and β2 (Figures 2 and 3; amino acids leucine 5
(Leu5), tryptophan 6 (Trp6), glutamine 8 (Gln8), cysteine 9 (Cys9), Leu10, and Leu33) [37,42,43,47,48].
Regardless, how these interactions impact the structure and function of the entire DnaA protein,
especially within the context of the assembled orisome, is still not fully understood. It has been
suggested that N-terminal domains of E. coli DnaA, possibly due to dimerization of domain I, mediate
long-distance interactions between DnaA monomers (Figure 1), similar to S. coelicolor (see below),
and that this interaction facilitates or stabilizes DnaA binding to distantly located DnaA binding
sites [49,50]. Dimerization might also be important to facilitate cooperativity of DnaA binding to
closely spaced DnaA boxes, particularly for those with low affinity [49,51,52]. Indeed, domain I
promotes DnaA oligomerization at oriC, possibly by bringing DnaA monomers into a closer contact so
they can make a filament via domain III (Figure 1) [42,43]. The N-terminal domain is also required for
DnaB loading [43]; DnaA defective in dimerisation via domain I (e.g., DnaA lacking the N-terminal
domain or DnaA mutated at the amino acid Trp6, which is critical for domain I dimerization), is not
able to load DnaB onto an open complex despite the fact that it can unwind DNA and bind to DnaB via
a second interaction surface located at domain III [36,43,53]. It was suggested that dimerized domain I
of DnaA oligomers at oriC provides an array of sites that, together with domain III, stably bind to DnaB
and help load helicase onto ssDNA (Figure 1) [23,37]. Indeed, DnaB interacts with DnaA domain I
via the amino acids glutamic acid 21 (Glu21) and phenylalanine 46 (Phe46), which are located on
helix α2 and α3, respectively, i.e., at the region opposite from the α1 dimerization surface (Figures 3
and 4) [36,37,53]. Such localization of surface interaction allows domain I to simultaneously dimerize
and interact with DnaB.

As they are also engaged in interactions with DiaA and Hda regulatory proteins, DnaA helices α2
and α3 exposed to protein surfaces appear to be a hot spot for protein-protein interactions. DiaA is
found in many bacterial species [54,55]. Although E. coli DiaA is not essential in vivo, it stimulates
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chromosomal replication, controls synchrony of initiation events, and ensures that the process is
coordinated with the cell cycle [56]. Upon orisome formation, the DiaA tetramer simultaneously binds
to multiple DnaA molecules and stimulates the assembly of DnaA onto oriC, which in turn facilitates
the unwinding of the oriC duplex DNA [55]. In particular, amino acids Glu21 and Trp25 on α2 and
asparagine 44 (Asn44), Phe46, and Trp50 on α3 are important for DiaA binding (Figure 4) [31,44,55].
Moreover, it has been shown that DiaA and DnaB compete for binding to DnaA and that DiaA bound
to DnaA inhibits the DnaA-DnaB interaction and DnaB loading onto DnaA multimers at oriC [44].
These results demonstrate that DiaA controls DnaB loading [44,57]. The possible mechanism that
regulates DiaA binding to DnaA is not known; however, it has been suggested that unknown cellular
factors control DnaA-DiaA interactions [44].

 

Figure 4. Ribbon diagrams of E. coli, H. pylori, and B. subtilis DnaA domain I and cognate interacting
partners: DiaA (pdb 4U6N), HobA (pdb 2WP0), SirA (pdb 4PTS), respectively. Residues most important
for complex formation are indicated by color-coded spheres (magenta—polar, orange—small non-polar,
olive green—hydrophobic, red—negative charged, blue—positive charged).

Hda plays a pivotal role in regulating DnaA activity via a mechanism called RIDA (regulatory
inactivation of DnaA). Hda consists of an N-terminal β-clamp-binding consensus sequence and the
AAA+ domain, which shares homology with DnaA domain III. Hda-ADP in a complex with a β-clamp
of DNA polymerase III interacts with DnaA domains I, III, and IV shortly after initiation [31,58], and
inter-AAA+ interactions between domain III of E. coli DnaA and Hda stimulate the hydrolysis of ATP
bound to DnaA [31,59]. DnaA-ADP is not able to properly oligomerize and unwind DNA; thus, it
is inactive for initiation until it becomes reactivated into DnaA-ATP, which occurs either by DnaA
de novo synthesis or by the interaction of DnaA-ADP with DnaA-reactivating sequences (DARS) or
phospholipids (see below) [6,60,61]. Interactions between domains I and IV with Hda likely stabilize
the complex and promote interactions between the AAA+ domains. In particular, DnaA mutated
at Asn44 or lysine 54 (Lys54) located on helix α3 is insensitive to RIDA in vitro and in vivo [31].
Interestingly, E. coli domain I has also been proposed to participate in the transition of DnaA-ADP

70



Genes 2017, 8, 136

into DnaA-ATP, which is able to initiate replication [62]. Such an exchange of nucleotides, called
rejuvenation, is promoted by the interaction between DnaA domain III and acidic phospholipids in the
cell membrane [61]. However, it has recently been demonstrated that this process strongly depends
on DnaA protein membrane occupancy, which affects the functional state of DnaA [62,63]. It was
proposed that domain I is particularly important for rejuvenation associated with DnaA density-driven,
cooperative oligomerization [62].

The molecular mechanisms of DnaA domain I interactions with HU, Dps, L2, and YfdR, and
their roles in the initiation of chromosomal replication are much less understood than those described
above. The HU protein is a DNA-binding protein that functions in compaction of the bacterial
chromosome (by inducing DNA bends) and regulates DNA-related processes, including replication and
transcription [64]. HU is composed of two subunits, α and β, that can form homo- and heterodimers.
HU is known to stimulate in vitro DNA unwinding by DnaA, though the mechanism remains
obscure [7,65]. Recently, it was shown that HU directly interacts with DnaA and that this interaction
stabilizes DnaA oligomers assembled at oriC [66]. In particular, DnaA domain I preferentially binds
to the α subunit of HU, either as an α2 or αβ dimer. In vitro, the α2 homodimer stimulates DNA
replication more efficiently than αβ or β2. In vivo, the composition of the subunits in a dimer changes
with the growth phase: the α2 dimer predominates during early log-phase growth but decreases to only
approx. 5% of HU in the stationary phase [67]. Moreover, inactivation of the α but not the β subunit
perturbs coordination between the initiation of DNA replication and the cell cycle. These findings
suggest that HU facilitates initiation of chromosomal replication in E. coli during logarithmic growth.

In contrast to HU, proteins Dps, L2, and YfdR inhibit initiation [68–70]. Dps is synthesized upon
exposure to environmental stress (e.g., oxidation, starvation) and protects DNA from oxidative stress
via three intrinsic activities: DNA binding, iron sequestration, and ferroxidase enzymatic activity [71].
In vitro, Dps weakly inhibits DnaA-dependent replication of plasmids; however, the protein
significantly (but not completely) inhibits chromosomal replication in vivo [68]. Interestingly, Dps
synthesis is especially induced in oxygen-stressed cells during the logarithmic phase of growth. Under
these conditions, Dps might be especially important for protecting replicating DNA and for inhibiting
new rounds of DNA synthesis. However, it has been suggested that incomplete inhibition of replication
initiation might allow for the synthesis of nascent DNA with mutations and, as a consequence, an
increase in genetic variation within a population in response to oxidative stress [68].

L2 is a ribosomal protein that has recently been shown to interact with the N-terminus of
DnaA [70]. In vitro, L2 and its truncated form, which lacks 59 N-terminal amino acids, destabilizes
DnaA oligomers at oriC and thus inhibits DnaA-dependent DUE unwinding. Thus, L2 interferes
with prepriming complex formation because it precludes DnaB loading, which is required for further
replisome assembly. It has been suggested that L2 coordinates replication with transcription under
specific, yet unknown, conditions.

YfdR, a protein encoded by a set of genes of the cryptic phage CPS-53, binds to domain I of
E. coli DnaA in a Phe46-dependent manner [69]. Consistently, YfdR inhibits the binding of other
Phe46-dependent proteins, DiaA and DnaB, to DnaA. YfdR also reduces the initiation of plasmid
replication in vitro. Although the exact role of the YfdR protein is still not clarified, it has been
suggested that the protein may regulate replication under specific stress conditions because the cryptic
phage CPS-53 is involved in response to oxidative and acid stresses.

3.3. Bacillus Subtilis DnaA Domain I

B. subtilis is a gram-positive soil bacterium that sporulates under suboptimal growth
conditions [72,73]. The genomes of natural isolates of B. subtilis range from 4.0 to 4.3 Mb and encode
approx. 4000–4500 genes. Many B. subtilis cellular processes, including chromosomal replication,
adjust to environmental conditions to promote vegetative growth, sporulation, or spore germination.
Accordingly, a master Spo0A regulator, which is responsible for entry into sporulation, directly controls
the activity of oriC [74,75] and indirectly regulates DnaA (see below). B. subtilis oriC is bipartite, i.e.,
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it contains two clusters of DnaA boxes separated by a dnaA gene; both clusters are required for
the initiation of chromosomal replication in vivo [76,77]. In vitro, DnaA binds to both sub-regions,
acting as a bridge and looping out the dnaA gene [78]. B. subtilis DnaA-ATP has been shown to
interact with oriC in a manner characteristic of AAA+ proteins; upon orisome assembly, DnaA-ATP
forms a helix-like structure that unwinds DNA and binds to ssDNA [33,46]. Domain III of B. subtilis
DnaA has a predominant role in DnaA filament assembly and is thus a target for binding numerous
regulatory proteins, such as Soj, YabA, and the primosomal protein DnaD, none of which is found
in E. coli [33,34,79]. In fact, B. subtilis DnaA domain III is the best characterized domain of the entire
DnaA protein, whereas the roles of the other domains in the formation and activity of the initiation
complex are much less understood. Knowledge of the role of the B. subtilis N-terminal domains
(1–86 aa domain I, 87–111 aa domain II) in orisome assembly is particularly scarce. It is known that
the N-terminal domains are not required for filament formation and ssDNA binding by B. subtilis
DnaA in vitro [46], though it remains unclear whether B. subtilis DnaA domain I dimerizes. Most
residues involved in the dimerization of E. coli DnaA domain I are conserved in B. subtilis DnaA
(Figures 2 and 3), and 22 amino acids of the N-terminus of the latter can functionally replace the
20 N-terminal residues of the former (i.e., helix α1) [48]. Such a hybrid protein complements the
temperature-sensitive (Ts) growth phenotype of the dnaA46 mutant strain WM2063, though E. coli
DnaA lacking 23 N-terminal amino acids is unable to complement this Ts strain. This suggests that
the interaction between molecules of B. subtilis DnaA via domain I may occur and play a role in
formation of the DnaA-oriC complex. This hypothesis is supported by the fact that SirA, which
interacts with domain I of B. subtilis DnaA, displaces the initiator protein from oriC when incubated
with the DnaA-oriC complex [80]. In vivo, SirA is produced under Spo0A∼P regulation and inhibits
new rounds of replication prior to sporulation [80,81]. SirA forms a heterodimer with domain I of DnaA
via interaction with initiator protein α2 and α3 helices. In addition, certain amino acids in domain I
(Trp27, Asn47, Phe49, and alanine 50 (Ala50)) were shown to be especially important for interaction
with SirA [41,82] (Figure 4). It is noteworthy that SirA also interacts with domain III [83] and, together
with domain III-binding Soj and oriC-interacting Spo0A, controls B. subtilis chromosomal replication
and coordinates replication during the transition from a vegetative to dormant state [74,83,84].

Unlike in E. coli, B. subtilis DnaA domain I appears to play no role in helicase recruitment into
an open complex. Thus far, no interactions between B. subtilis DnaA domain I and helicase DnaC
or helicase loading proteins (a loader—DnaI, a co-loader—DnaB, and an assisting protein—DnaD;
please note the differences in helicase-related nomenclature; DnaD interacts with domain III of DnaA)
have been reported [29,85]. Moreover, B. subtilis helicase is loaded onto ssDNA via a “ring-making”
mechanism, which is different from the “ring-breaking” mechanism in E. coli [86,87]. Thus, distinct
protein-protein interactions might be involved in helicase assembly into an open complex.

3.4. Helicobacter Pylori DnaA Domain I

H. pylori is a gram-negative pathogenic bacterium that resides in the human stomach, a relatively
stable, albeit hostile, ecological niche [88,89]. The genomes of natural isolates of H. pylori range from
1.5 to 1.7 Mb and encode approx. 1400–1800 genes, with only a few regulatory proteins controlling
cellular processes [90,91]. H. pylori oriC resembles B. subtilis oriC, i.e., it is bipartite and consists of
two clusters of DnaA boxes, oriC1 and oriC2, separated by a dnaA gene [92]. The structure of H. pylori
oriC and DnaA-DNA interactions have recently been well characterized [92–95], but there are limited
biochemical data for H. pylori DnaA, particularly concerning domain III. For instance, it is not known
whether H. pylori is regulated by ATP binding and hydrolysis, and no protein homologous to Hda
has been found in H. pylori. Moreover, no proteins interacting with domain III of H. pylori DnaA have
been identified thus far. As domain III is highly homologous among species, it likely forms a filament
that is typical of DnaA. The N-terminus of H. pylori DnaA has been relatively well characterized. It
comprises 110 amino acids (1–90 amino acids domain I, 91–110 amino acids domain II) and does not
self-associate [40], possibly due to structural obstacles that may preclude dimerization. These obstacles
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include a shorter helix α1, a lack of conserved Trp6, and a positively charged (non-hydrophobic) area
of interaction. H. pylori DnaA domain I interacts with HobA, a protein essential for H. pylori survival.
To date, HobA is the only known protein that interacts with DnaA, and it influences DnaA assembly at
oriC [96,97]. Indeed, HobA binding to DnaA stimulates DnaA oligomerization at oriC1 [54]. Despite
low sequence homology, HobA is a structural and functional homologue of E. coli DiaA [54,98]. Similar
to DiaA and SirA, HobA interacts with DnaA helices α2 and α3 [40], and residues tyrosine 29 (Tyr29),
Asn28, and Gln32 on α2, and Lys61, valine 53 (Val53), Gln52, Asn51, Thr56, and Ala60 on α3 have
been shown to be involved in interactions with HobA (Figure 4). However, DiaA and HobA cannot
substitute for each other in vitro or in vivo because DiaA–E. coli DnaA and HobA–H. pylori DnaA
interaction surfaces co-evolved [54]. Despite the high functional homology between DiaA and HobA,
the dynamics of HobA/DiaA-stimulated oligomerization differ. HobA enhances and accelerates
H. pylori DnaA binding to oriC, whereas DiaA increases but decelerates E. coli DnaA binding to oriC.
Interestingly, the kinetics of responses involving domains III–IV do not depend on the stimulating
protein (DiaA or HobA). In a hybrid system in which E. coli domain I was fused to domains II–IV of
H. pylori DnaA (EcIHpII-IVDnaA), DiaA stimulated EcIHpII-IVDnaA in a manner similar to that of HobA
stimulation of H. pylori DnaA, though with a sensitivity characteristic of DiaA [54]. This suggests
that HobA or DiaA binding to cognate DnaA stimulates subsequent interaction, possibly between
domain III, and that an induced response depends on domain III, the activity of which apparently
differs slightly between these species.

It is not known whether the N-terminus of H. pylori DnaA or any domain of the DnaA protein
participates in helicase loading onto an open complex because no DnaA-DnaB interactions, either
between isolated proteins or within an orisome, have been shown thus far. Glu21, which is important
for interactions of E. coli DnaA with E. coli DnaB, is present in H. pylori (Glu 25), but Phe46 is missing.
It should be noted that H. pylori DnaB helicase is atypical, and unlike bacterial hexameric helicases,
it forms a dodecamer that dissociates into hexamers upon interaction with DnaG primase [99,100].
Regardless, the mechanism for DnaB loading onto an open complex is still unknown.

3.5. Streptomyces Coelicolor DnaA Domain I

S. coelicolor is a gram-positive soil bacterium. It possesses a large, 9 Mb chromosome encoding
approx. 8300 genes, which is almost twice as large as the E. coli or B. subtilis chromosome. S. coelicolor
grows as substrate mycelia, which differentiate into an aerial mycelium and spores upon nutrient
depletion. The key elements of the initiation of S. coelicolor chromosomal replication, DnaA and
oriC, have been identified, and their interactions have been characterized [101–106]. S. coelicolor
oriC contains two clusters of DnaA boxes separated by a short spacer DNA [103]; in total, there are
19 DnaA boxes spread over nearly 1000 bp. The DnaA-DNA complexes formed on both sides of the
DNA spacer interact with each other to form a hairpin-like structure [106]. Although this resembles
DnaA binding to bipartite origins in B. subtilis and H. pylori, the number of distinct nucleoprotein
complexes is higher in S. coelicolor (up to 4 complexes per hairpin) than in the other two bacteria
(1 complex per loop), as visualized by electron microscopy [78,92,106]. S. coelicolor DnaA is one of
the largest known DnaA proteins (656 amino acids) due to the presence of a long domain II, which
comprises an additional stretch (approx. 150 amino acids) of predominantly acidic amino acids. Such
an exceptionally large domain II should enable DnaA dimers or oligomers to interact with distantly
located DnaA boxes to establish a functional nucleoprotein complex. Domain I of the S. coelicolor DnaA
protein dimerises [106], and together with domain III it participates in DnaA oligomerization [105,106].
It is possible that domain I mediates interactions between DnaA bound to distal DnaA boxes, whereas
domain III mediates interactions between closely spaced boxes [106]. In addition, DnaA lacking
domain I aggregates strongly upon DNA binding; thus, domain I should support the correct DnaA
structure upon orisome formation [106]. Nonetheless, there is no detailed information concerning
possible interaction surfaces or amino acids that participate in domain I intermolecular interactions,
and there are no known proteins that interact with S. coelicolor DnaA. Thus, further studies are required
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to gain insight into protein-protein interactions that lead to assembly or regulation of a functional
S. coelicolor orisome.

3.6. DnaA Domain II

Domain II was initially regarded as only a flexible linker that joins domain I with domains III–IV.
However, it has been suggested that “nonessential” regions of domain II may be transiently involved
in DnaB recruitment, and this domain, similar to DiaA, is presumably required to promote optimal
helicase loading [107]. Moreover, domain II can be extended, and it tolerates the insertion of structured
fragments. This was shown in E. coli, whereby green fluorescent protein (GFP) of 238 amino acids
was inserted into domain II or into the C-terminal region of domain I (right after β3), without the
loss of DnaA functionality in vivo [108,109]. In fact, it was the only location of GFP in DnaA that
was tolerated by the E. coli protein. In addition, comprehensive deletion analysis within domain II of
E. coli DnaA showed that at least 21–27 residues are required to sustain the correct conformation of the
entire protein, possibly because they properly align domain I with domains III–IV [110]. Furthermore,
deletions shortening E. coli domain II resulted in an under-initiation phenotype [107,111], which raises
the question of how domain I and domains III–IV are aligned in proteins that have almost no existing
domain II. Because domain I plays an important role in the cooperative binding of DnaA molecules
at oriC, it is tempting to speculate that the length of domain II is adjusted according to the spacing
between DnaA boxes. Regarding this hypothesis, the S. coelicolor DnaA protein can bind to widely
spaced DnaA boxes due to the presence of a long domain II, whereas the H. pylori DnaA protein, with
a relatively short domain II, binds to closely spaced H. pylori DnaA boxes [3]. It should reminded
here, that the N-terminal domain I of H. pylori DnaA does not dimerise (Section 3.4, see also below),
however, the direct interactions between the N-terminal domains of DnaA might be substituted by
not-direct, HobA mediated, tetramerisation of DnaA [40,112].

4. Conclusions and Perspectives

The N-terminal domains of bacterial DnaAs are essential for full protein activity upon initiation
of chromosomal replication, ensuring cooperativity of the protein in DNA binding and correct spatial
assembly at oriC. This, in turn, is required for proper control of orisome activity with respect to further
replisome assembly (e.g., DnaB loading) and the transition from the initiation to the DNA synthesis
step. The N-terminal domains are also engaged in coordinating chromosomal replication with the cell
cycle (e.g., sporulation) and other cellular processes (e.g., transcription) or environmental conditions
(e.g., oxidative stress).

It should be noted that the N-terminal domains exhibit the least conserved sequence (Figure 2),
and accordingly, it has been shown that the N-termini of DnaA from various species have different
activities or interactions (Figure 1). The N-terminal domains likely evolved to meet the requirements of
species that reflect differences in the structures of oriCs, the mechanisms of replisome assembly and the
strategies of regulating DnaA activity. However, there are relatively few experimental data that assert
the general features of the N-terminal domains with respect to the structure-function relationship of
orisomes in different species. Nonetheless, dimerization and interaction with other proteins are the
most conservative features of domain I. Domain II serves as a linker that coordinates the function of
largely independent domains I, III, and IV.

It was experimentally shown that domain I in E. coli and S. coelicolor DnaAs dimerize. Helix α1
is crucial for dimerization in E. coli, but amino acids and interaction surfaces involved in S. coelicolor
DnaA dimerization are unknown. In contrast, H. pylori DnaA domain I was shown not to interact, and
there are no data regarding the dimerization of B. subtilis DnaA domain I. It was proposed that domain
I dimerization and a sufficiently long, flexible domain II help to establish long-distance interactions.
Thus, it was suggested that for some orisomes, domain I dimerization is not important when DnaA
boxes are closely spaced at oriC, such as for H. pylori oriC [93,95,113]. However, H. pylori DnaA
participates in long-distance interactions between DnaA-oriC1 and DnaA-oriC2 subcomplexes [92],
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raising the question of which domain (or domains) mediates the interactions between subcomplexes in
H. pylori, B. subtilis, and other bipartite orisomes (e.g., mollicutes or Epsilonproteobacteria) [9,85,114].

Interaction of DnaA domain I with other proteins (E. coli DiaA, H. pylori HobA, and B. subtilis
SirA) is mediated by helices α2 and α3, which likely comprise a common interface for protein-protein
interactions (Figure 4). Interactions with DiaA and HobA are species specific, i.e., one protein cannot
be substituted with another for interaction with DnaA in other species. Although it is not known
whether SirA-DnaA interaction is also species specific, the amino acid sequence within the B. subtilis
DnaA α2-α3 interface is quite different from that of E. coli and H. pylori DnaAs (Figure 4). In the
structure-function relationship, it appears that proteins that bind multiple DnaA molecules, such
as DiaA or HobA, stimulate DnaA oligomerization, whereas proteins that bind only a single DnaA
protomer, such as SirA, destabilize DnaA oligomers. Multimerization of domain I might be important
for cooperative binding of DnaA with DnaA boxes or for assembly of the multi-protomer interface
for protein-protein interactions. When this interaction interface is released by DiaA/HobA, it can be
further utilized by other proteins, such as when it is used by E. coli DnaB. However, proteins such as
SirA might destabilize dimerization or the multi-protomer interface and thus preclude cooperative
DNA binding or inhibit the loading of other proteins. It would be interesting to analyse how SirA
affects oligomerization of hybrid DnaAs (E. coli (BsIEcII-IVDnaA) or H. pylori (BsIHpII-IVDnaA)), in
which domain I is swapped for B. subtilis domain I. Such proteins should be able to interact with SirA,
and this interaction could possibly destabilize orisomes formed by chimeric DnaAs.

Interaction between DnaA domain I and the helicase has only been demonstrated for E. coli.
However, the interaction between DnaA domain III and helicase loader/loader assisting proteins
appears to be more common in bacteria (DnaC binds to A. aeolicus DnaA [27], and DnaD interacts
with B. subtilis DnaA [34,79]). It is reasonable to assume that by participating in helicase loading and
activation, DnaA might be a key factor controlling the transition from initiation to elongation. More
studies are required to reveal whether the binding between helicase and domain I of DnaA depends
on the helicase loading mechanism (ring-making in E. coli vs. ring-breaking in B. subtilis), the loading
proteins (E. coli DnaC, B. subtilis DnaI, or recently discovered DciA [30]), the oriC structure (E. coli
mono- vs. B. subtilis bipartite), or other species-specific factors.

As mentioned above, domain I has various activities and has a different number and variety of
interacting partners. The fact that there is a large discrepancy between the known activities exhibited
by E. coli DnaA and initiators from other species is especially puzzling. Within this context, the
N-terminus of E. coli DnaA appears to be an omnipotent domain. However, within the context of
environmental challenges, physiology, and genetics, E. coli is not that different from other species,
particularly B. subtilis or S. coelicolor. This makes it difficult to justify such an increase or decrease
in the properties or interaction partners (seven, one, and zero DnaA interacting partners have been
discovered thus far in E. coli, B. subtilis, and S. coelicolor, respectively—Figure 1). Nonetheless, these
species have different life cycles. Thus, for example, because E. coli is unable to sporulate, it may require
additional or different regulatory proteins to control chromosomal replication, whereas B. subtilis
and S. coelicolor enter a dormant state under similar unfavourable conditions. Indeed, the initiation
of B. subtilis chromosomal replication is controlled by Spo0A, SojA, and SirA, which are proteins
associated with sporulation cycle control. Nonetheless, information is likely missing for many proteins
that can interact with the N-terminal domain of DnaAs from other species, which, in turn, may
regulate the initiation of chromosomal replication. For example, no interacting partners are known
for C. crescentus, S. coelicolor, and M. tuberculosis DnaAs. It should be noted that in some bacteria, the
number of proteins that regulate replication might be very low. For example, in H. pylori, a bacterium
known for an overall limited number of regulatory proteins (compare approx. 30 proteins involved in
signal transduction in H. pylori with approx. 300 and 1000 proteins in E. coli/B. subtilis and S. coelicolor,
respectively [115]), the number of DnaA-interacting proteins might not be much higher than has been
identified thus far. However, it is also possible that alternative pathways have been developed to
control DnaA activity in B. subtilis, S coelicolor, H. pylori, and other bacteria. For example, it appears
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that B. subtilis DnaA is controlled primarily at domain III, whereas C. crescentus DnaA is primarily
controlled at the levels of expression and proteolysis [116].

Functional and structural studies on E. coli DnaA-DiaA and H. pylori DnaA-HobA
heterocomplexes have revealed relatively high specificity of interactions between initiation
proteins [54]. This finding opens new possibilities for selective pathogen eradication by targeting
essential protein-protein interactions involved in the initiation of chromosomal replication. Indeed,
replication proteins are increasingly being considered as drug targets [117,118], among which
species-specific domain I interactions appear promising. Thus, further studies will be important
to increase our knowledge about the role of the N-terminus in controlling the initiation of bacterial
chromosomal replication.

Acknowledgments: This research was supported by research grant SONATA BIS3 from the National Science
Centre, Poland, (DEC-2013/10/E/NZ1/00718). The cost of publication was supported by the Wroclaw Centre of
Biotechnology under the Leading National Research Centre (KNOW) program for years 2014-2018.

Conflicts of Interest: The authors declare no conflict of interest. The funding sponsors had no role in the writing
of the manuscript.

References

1. Leonard, A.C.; Méchali, M. DNA replication origins. Cold Spring Harb. Perspect. Biol. 2013, 5, a010116.
[CrossRef] [PubMed]

2. Kawakami, H.; Katayama, T. DnaA, ORC, and Cdc6: Similarity beyond the domains of life and diversity.
Biochem. Cell Biol. Biochim. Biol. Cell. 2010, 88, 49–62. [CrossRef] [PubMed]

3. Costa, A.; Hood, I.V.; Berger, J.M. Mechanisms for initiating cellular DNA replication. Annu. Rev. Biochem.
2013, 82, 25–54. [CrossRef] [PubMed]

4. O’Donnell, M.; Langston, L.; Stillman, B. Principles and concepts of DNA replication in bacteria, archaea,
and eukarya. Cold Spring Harb. Perspect. Biol. 2013, 5. [CrossRef] [PubMed]

5. Deegan, T.D.; Diffley, J.F. MCM: One ring to rule them all. Curr. Opin. Struct. Biol. 2016, 37, 145–151.
6. Katayama, T.; Ozaki, S.; Keyamura, K.; Fujimitsu, K. Regulation of the replication cycle: Conserved and

diverse regulatory systems for DnaA and oriC. Nat. Rev. Microbiol. 2010, 8, 163–170. [CrossRef] [PubMed]
7. Hwang, D.S.; Kornberg, A. Opening of the replication origin of Escherichia coli by DnaA protein with protein

HU or IHF. J. Biol. Chem. 1992, 267, 23083–23086. [PubMed]
8. Mott, M.L.; Berger, J.M. DNA replication initiation: Mechanisms and regulation in bacteria.

Nat. Rev. Microbiol. 2007, 5, 343–354. [CrossRef] [PubMed]
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Zakrzewska-Czerwińska, J.; Labigne, A. HobA—A novel protein involved in initiation of chromosomal
replication in Helicobacter pylori. Mol. Microbiol. 2007, 65, 979–994. [CrossRef] [PubMed]

98. Natrajan, G.; Hall, D.R.; Thompson, A.C.; Gutsche, I.; Terradot, L. Structural similarity between the
DnaA-binding proteins HobA (HP1230) from Helicobacter pylori and DiaA from Escherichia coli. Mol. Microbiol.
2007, 65, 995–1005. [CrossRef] [PubMed]

99. Bazin, A.; Cherrier, M.V.; Gutsche, I.; Timmins, J.; Terradot, L. Structure and primase-mediated activation of
a bacterial dodecameric replicative helicase. Nucleic Acids Res. 2015, 43, 8564–8576. [CrossRef] [PubMed]

100. Stelter, M.; Gutsche, I.; Kapp, U.; Bazin, A.; Bajic, G.; Goret, G.; Jamin, M.; Timmins, J.; Terradot, L.
Architecture of a dodecameric bacterial replicative helicase. Struct. Lond. Engl. 1993 2012, 20, 554–564.
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Streptomyces lividans initiator protein DnaA. J. Bacteriol. 1997, 179, 2426–2432. [CrossRef] [PubMed]

103. Jakimowicz, D.; Majka, J.; Messer, W.; Speck, C.; Fernandez, M.; Martin, M.C.; Sanchez, J.; Schauwecker, F.;
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Abstract: Initiation of DNA Replication is tightly regulated in all cells since imbalances in chromosomal
copy number are deleterious and often lethal. In bacteria such as Bacillus subtilis and Escherichia coli, at
the point of cytokinesis, there must be two complete copies of the chromosome to partition into the
daughter cells following division at mid-cell during vegetative growth. Under conditions of rapid
growth, when the time taken to replicate the chromosome exceeds the doubling time of the cells, there
will be multiple initiations per cell cycle and daughter cells will inherit chromosomes that are already
undergoing replication. In contrast, cells entering the sporulation pathway in B. subtilis can do so only
during a short interval in the cell cycle when there are two, and only two, chromosomes per cell, one
destined for the spore and one for the mother cell. Here, we briefly describe the overall process of
DNA replication in bacteria before reviewing initiation of DNA replication in detail. The review covers
DnaA-directed assembly of the replisome at oriC and the multitude of mechanisms of regulation of
initiation, with a focus on the similarities and differences between E. coli and B. subtilis.

Keywords: initiation of DNA replication; DnaA; oriC; regulation of DNA replication; Bacillus subtilis;
sporulation

1. Introduction

The initiation of DNA replication is highly regulated and tightly coupled to the progression of
the cell cycle to ensure that the frequency of initiation appropriately matches that of cell division.
In this way, cells maintain correct chromosome copy number and ensure success in reproduction [1–3].
Under-replication leads to cells likely to be missing essential genetic information, whilst over-replication
is highly disruptive of genetic regulatory processes and is frequently associated with disease and
cell death.

Regulation of DNA replication is exerted primarily at the initiation step when an initiator
protein binds to the origin of replication and promotes the assembly of a nucleoprotein complex
from which replication forks diverge [4]. Much of our current understanding of DNA replication
and its regulatory control in bacteria is derived from studies of the Gram-negative organism
Escherichia coli, in which the initiator protein is DnaA and the origin is oriC. It is now clear that
while the principles underlying the regulation of DNA replication initiation in E. coli apply to many
other bacteria, the regulatory components are somewhat restricted in their distribution [2,5]. Thus the
Gram-positive organism Bacillus subtilis has no known DNA replication regulators in common with
E. coli, moreover, its bipartite origin of replication is strikingly different in arrangement to the
continuous origin of E. coli [6]. Furthermore, when starved of nutrients, additional layers of DNA
replication control are exerted in B. subtilis as it enters into the pathway of sporulation which is
characterized by asymmetric cell division, and compartment-specific gene expression.
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This review describes our current understanding of DNA replication initiation and its regulation
in B. subtilis. As bacterial DNA replication is best understood in E. coli, we provide an overview of
the replication phases of initiation, elongation and termination in this organism before highlighting
differences that are known in Bacillus. This is followed by an in-depth coverage of initiation of DNA
replication including the initiation machinery and the mechanisms of DnaA assembly at the origin,
with particular emphasis on the roles of the Bacillus-specific components, DnaB and DnaD, in replisome
assembly. Next, we discuss the activities of the regulators, YabA and Soj/Spo0J, during growth and
Spo0A/Sda and SirA during sporulation. Finally their mechanisms of action are compared with those
of the E. coli regulatory components. This review is concerned with the regulatory mechanisms of
DNA replication initiation in B. subtilis and E. coli—it is not intended as a comprehensive review of the
DNA replication mechanisms of all bacterial species.

2. DNA Replication

The process of DNA replication can be separated into three distinct phases: initiation, elongation
and termination. During the initiation phase, a nucleoprotein complex assembles at the origin of
replication. This induces localized DNA unwinding leading to helicase loading and recruitment
of a full complement of replisome machinery. In the elongation phase, this replication machinery
carries out template-directed DNA synthesis. This is continuous and processive on the leading strand,
but discontinuous on the lagging strand where a more complex cycle of primer synthesis, strand
elongation and fragment ligation takes place. Finally, during termination, DNA polymerization is
halted at a specific termination site. Regulation of DNA replication occurs principally at the initiation
stage, during or prior to the recruitment of the replication machinery.

2.1. Initiation of DNA Replication

In bacteria, DNA replication is initiated by the binding of a protein initiator, DnaA, to the
origin of replication, oriC (Figure 1). DnaA is understood to form a right-handed helical oligomer
on the DNA [7,8] directed by its binding to a series of recognition sites within the origin termed
DnaA-boxes [9]. The formation of this oligomer induces a localized unwinding of the DNA duplex
within the origin at an AT-rich region termed the DUE (DNA Unwinding Element) [10,11]. DnaA then
plays a role in recruiting the processive DNA helicase, named DnaB in E. coli or DnaC in B. subtilis [12],
which is loaded onto the unwound single-stranded DNA (ssDNA) by a helicase loader, named DnaC
and DnaI respectively [13] (Table 1).

Figure 1. DNA replication initiation at oriC: DnaA (green) recognizes binding sites on oriC, forming a
nucleoprotein complex which induces unwinding at the DNA unwinding element (DUE). The helicase
loader then facilitates binding of the DNA helicase (red) as a prelude to recruitment and assembly of
other components of the replication machinery. Figure inspired by [4].
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Table 1. The essential DNA replication initiation machinery of Bacillus subtilis and Escherichia. coli.

Role in DNA Replication Initiation B. subtilis E. coli

Initiator DnaA DnaA
Helicase DnaC DnaB

DNA Remodelling DnaB, DnaD _
Helicase Loader DnaI DnaC

Primase DnaG DnaG

The helicase subsequently recruits the primase, DnaG, and the polymerase β-clamp, DnaN,
which in turn recruits other components of the replication machinery in readiness for de novo DNA
strand synthesis [14]. In B. subtilis, initiation requires two additional essential proteins, DnaD and
DnaB [15], both of which possess DNA remodelling activities [16] and bind to the origin prior to
helicase loading [17]. DnaD is thought to play a role in double-stranded DNA (dsDNA) melting, while
DnaB appears to have a role in helicase loading. The essential components of the B. subtilis DNA
replication machinery and their E. coli equivalents are listed in Table 1.

2.2. The Elongation Phase

During the elongation phase of DNA replication, DNA is synthesized processively by the action
of a large multi-subunit complex known as the replisome (Figure 2A). Based on single molecule
biophysics studies in E. coli, the replisome consists of three DNA polymerase complexes, a hexameric
DNA helicase, DNA primase (assumed from structural studies to comprise three subunits [18]),
three processivity clamps, DnaN (two of which are associated with the core replisome), and a
pentameric clamp loader complex [19].

The helicase forms a homohexameric ring that is understood to sit at the head of the replication
fork on the lagging strand of the template DNA. The helicase mechanically separates dsDNA by
translocating along the lagging template strand in a process driven by ATP-hydrolysis. Separated
DNA strands are coated in single-stranded DNA binding protein, SSB, which prevents the strands
from re-annealing and offers protection to the ssDNA from nucleases [20–22].

The primase, DnaG, contains three functional domains; an N-terminal zinc-binding domain (ZBD),
a central RNA polymerase domain (RPD) and a C-terminal helicase binding domain. Three DnaG
molecules associate with the N-terminal domains of the helicase, positioned such that the primase
captures the ssDNA which has been newly unwound by the helicase, ready for primer synthesis [23,24]
(Figure 2B). The primase contains a groove that is thought to interact non-specifically with ssDNA,
allowing the primase to track along the ssDNA and orientate it correctly for entry into the active
site in the RPD, where primers are synthesized from available ribonucleoside tri-phosphate (rNTPs).
The newly synthesized primer is extruded on the outside of the DnaB-DnaG complex, ready for
handoff to SSB and DNA polymerase [23]. Whilst the RPD contains the catalytic site for RNA primer
synthesis, the ZBD is responsible for modulating the activity of the RPD. Interestingly, the ZBD of
DnaG regulates the RPD of an adjacent subunit in trans [25]. The RPD and ZBD from separate chains
recognize the ssDNA template and initiate primer synthesis at specific trinucleotide recognition sites;
with the ZBD increasing the catalytic activity of the trans RPD, as well as restricting processivity and
primer length [25].

Strand extension in E. coli (Figure 2A) is carried out by DNA polymerase III (Pol III), which has an
αεθ structure, where α is the catalytic subunit, ε is responsible for proofreading and θ is a non-essential
subunit thought to stimulate the activity of ε. Pol III extends the primer with the assistance of the
processivity clamp, DnaN (also known as the β-clamp). DnaN sits directly behind Pol III, as a closed
ring on the DNA formed from two C-shaped subunits. DnaN binds across, rather than within, the
major and minor grooves of duplex DNA, allowing the protein to slide along the DNA. In this way,
the β-clamp enables the polymerase to synthesize up to 1000 bases a second [20–22]. The synthesis of
each lagging strand Okazaki fragment requires the loading of a new β-clamp; thus the clamp loader
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complex forms part of the replisome machinery. The clamp loader is a pentameric complex with a
subunit structure τ3δδ’. The τ subunit, the product of the gene dnaX, interacts with both the DNA
helicase and Pol III—it is thought to play an architectural role at the replisome and couple DNA
unwinding and DNA extension [20–22].

Elongation in B. subtilis occurs by a similar mechanism; however it uses two different, but related,
replicative DNA polymerases, PolC and DnaE (Figure 2A). DnaE is more closely related to E. coli Pol
III than PolC [26]. Both polymerases have been shown to be essential for lagging strand synthesis,
whilst PolC is required for leading strand synthesis [27]. Each can extend DNA primers, but DnaE
alone is able to extend the RNA primers produced by DNA primase. It is thus thought that DnaE
extends the RNA primers with DNA before handing over to PolC for further strand synthesis [27].
This is analogous to systems in eukaryotes where DNA polymerase α extends RNA primers with
DNA, before handing over to the lagging strand polymerase δ [20].

Figure 2. (A) Schematic representation of the E. coli and B. subtilis replisomes showing locations of the
helicase, primase, DNA polymerase, the β-clamp and the clamp loader (τ3δδ’) at the replication fork.
Figure adapted from [20] (B) Schematic of primase function. The helicase (red) unwinds the parental
DNA, positioning a single strand ready for primer formation. The RNA polymerase binding domain
(green) of one primase molecule forms a complex with the Zn binding domain (purple) of another
primase molecule and single-stranded DNA (ssDNA) in order to synthesize the primer (orange).
The C-terminal helicase-binding domain of the primase is shown in blue. Adapted from [24]

2.3. Termination of DNA Replication

The termination of DNA replication occurs at a termination locus positioned directly opposite
oriC. In both B. subtilis and E. coli, replication termination is controlled by a polar mechanism in which
the Ter site can be approached from a ‘permissive’ or ‘non-permissive’ direction. However, different
mechanisms have evolved in each species.

In E. coli, the locus directly opposite oriC is flanked on either side by five non-palindromic 23-bp
sites, TerA-J (Figure 3), which bind the monomeric protein Tus (terminator utilisation substance) [28–30].
The orientation of these Ter sites dictates whether or not a travelling replication fork is able to pass the
site or is halted in DNA replication [28,30]. Thus, a replication fork can bypass a Ter site unimpeded
when travelling in the permissive direction, but is blocked when travelling in the non-permissive
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direction. For example, in Figure 3A, a replication fork travelling clockwise would bypass TerH,
TerI, TerE, TerD and TerA, but would be halted at TerC (or failing that, at TerB, TerF, TerG or TerJ).
Tus is a 36 kDa protein which specifically binds Ter sites in an asymmetric manner [31] (Figure 3B).
Collision with the DNA helicase DnaB approaching from the permissive direction, causes Tus to
rapidly dissociate. In contrast, when the approach is from the non-permissive direction, Tus-Ter
forms a roadblock which prevents the translocation of DnaB and the associated replication fork [32].
Tus functions like a ‘molecular mousetrap’ at Ter. The trap is set by asymmetric binding of Tus to
dsDNA in the non-permissive orientation, such that strand unwinding by the oncoming replication
machinery ‘triggers’ the trap causing a specific cytosine base at position 6 of the Ter site to flip into a
binding site on Tus. This gives rise to a ‘locked’ Tus-Ter complex (Figure 3B) which presents a roadblock
to the progression of the replication fork [32,33].

Figure 3. (A) Location and orientation of Ter sites in E. coli: permissive face shown in blue,
non-permissive face shown in red; (B) Structure of the Tus-Ter complex (PDB code: 2EWJ) showing
the permissive face (left) and the non-permissive face (right). On the non-permissive face a specific
cytosine base (green) flips into Tus when double-stranded DNA (dsDNA) is unwound by the oncoming
replication fork, creating a ‘locked’ complex; (C) Schematic image of two RTP dimers binding at the A
and B sites of the Bacillus terminus region; (D) Structure of an RTP dimer bound to dsDNA (PDB code:
2EFW) with the sequence of a B-site region; one molecule displays a ‘wing up’ conformation (adjacent
to the A site) and the other a ‘wing down’ conformation. (B), (D) and subsequent structural figures
were rendered in CCP4MG [34].

In B. subtilis, the binding of two homodimers of the replication termination protein (RTP) at ‘A’
and ‘B’ sites within the Ter region is required to arrest replication (Figure 3C) [35,36]. The approach
of the replication machinery from the ‘B’ site results in termination of replication (non-permissive
direction) whilst approach from the ‘A’ site allows replication to continue (permissive direction).
The crystal structure of a single RTP dimer bound to the native ‘B’ site has been shown to display
asymmetry in the ‘wing’ region of the winged-helix domain [37] (Figure 3D). The protomer that lies
proximal to the A-site shows a ‘wing-up’ conformation, while the other protomer displays a ‘wing
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down’ conformation, each making different contacts with the dsDNA. It is possible that this asymmetry
gives rise to the ‘permissive’ and ‘non-permissive’ directions. However, A-site binding is also required
to block replication fork progression, and A-site binding by RTP is co-operative following B-site
binding [38]. The structural consequences of A-site binding are unknown and therefore the molecular
basis of RTP action in replication termination remains unknown. Although the details of the E. coli and
B. subtilis replication termination mechanisms vary, they appear to have evolved conceptually similar
mechanisms for terminating replication in a direction specific manner.

3. Initiation of DNA Replication

3.1. Replication Origins

Replication origins have formed the topic of comprehensive recent reviews [39,40]. Knowledge of
replication origins and how they encode DnaA-origin binding is key to the understanding of initiation
mechanisms and how they are regulated. All origins harbor sequences that direct the formation of
replication complexes, DNA unwinding, and species-specific regulatory activities. Conserved features
of all bacterial replication origins include DnaA-box clusters and an AT-rich DUE. However across
species, origins vary significantly in organization and length, including the number and spacing of
DnaA-boxes and DnaA-box location with respect to the DNA unwinding elements. Of particular
relevance to this discussion are two key differences between the origins of B. subtilis and E. coli: the
genomic context of the origin and the number of intergenic regions that constitute oriC.

3.1.1. Genetic Context of Replication Origins

The location of the replication origin and its gene context are well conserved across bacterial
species, with most flanked by, or containing, the dnaA gene [6,41]. The genes surrounding oriC and
dnaA are also well conserved, consisting of the gene cluster rnpA-rpmH-dnaA-dnaN-recF-gyrB-gyrA
with oriC residing in one or two intergenic regions adjacent to dnaA [6]. Unusually, the E. coli origin
has undergone a major rearrangement resulting in a translocation of the origin 44 kb away from the
dnaA gene and the rnpA-rpmH-dnaA-dnaN-recF-gyrB-gyrA cluster [41] so that it is instead flanked by
the genes gidA and mioC [39]. Thus the origin of replication in B. subtilis may be more primitive than
that of E. coli. Moreover, B. subtilis may provide a better model for bacterial replication origins in
general [6].

3.1.2. Continuous and Bipartite Origins

Origins are described as either continuous or bipartite according to whether all of the functional
elements are contained in one or two intergenic regions respectively. For example, the origin of
DNA replication in B. subtilis (Figure 4A) is bipartite, containing two DnaA-box clusters, separated
by the dnaA gene [42,43]. In E. coli, the origin of replication is a continuous ≈250 bp element.
(Figure 3B). The bipartite origin in B. subtilis has been shown to be important for proper replication
initiation [36], although it is not clear how this difference in origin structure affects the assembly and
architecture of the initiation machinery at the origin. During replication initiation, B. subtilis oriC
forms looped structures which are thought to be a consequence of the bipartite nature of its origin [44].
These looped structures can also form using E. coli DnaA but E. coli DnaA is unable to unwind the
B. subtilis origin. This supports the idea that a mechanism of DnaA binding at the origin leading
to DnaA oligomerisation is applicable across bacterial species, as might be expected given the high
conservation of DnaA. However, specific assembly and regulation of initiation encoded by each origin
is likely to be species-specific.
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Figure 4. (A) B. subtilis origin of replication: DnaA-boxes are shown in blue, the dnaA gene in red, DNA
unwinding element in green and Spo0A-boxes in purple; (B) The E. coli origin of replication: strong
DnaA-boxes are shown in dark blue, weak DnaA-boxes in light blue, the DNA unwinding element
in green and binding sites for accessory proteins integration host factor (IHF) and Fis in orange and
red, respectively.

3.2. The DNA Replication Initiator, DnaA

The initator DnaA is a member of the AAA+ ATPase family (ATPases associated with diverse
cellular activities) and contains four distinct domains [45,46] (Figure 5A). In the cell, DnaA exists in
both ATP- and ADP-bound forms [47]. DnaA–ATP is considered to be the ‘active’ form of the protein
as this is required for oligomerisation at the origin [48,49], an event which triggers DNA unwinding
and ultimately, assembly of the replisome. The C-terminal domain IV of DnaA is a dsDNA binding
domain which is responsible for DnaA-box recognition [50,51]. The adjacent domain III contains
Walker A and B motifs that are involved in ATP binding and hydrolysis. This domain plays a role
in self-interaction/oligomer formation and in ssDNA binding [52]. Domain II of DnaA is poorly
conserved and of variable length and considered to form a flexible linker which may play a role in
controlling replication efficiency [53]. Finally, the N-terminal domain I is an ‘interaction domain’ which
has been shown to interact with various protein regulators of DnaA across different organisms [54–56].
In E. coli, it also interacts with the helicase, DnaB [57], and has been suggested to play a role in the
self-assembly of DnaA at the origin.

3.2.1. DnaA-Box Recognition by DnaA

The DnaA-boxes within the origin of replication vary in their affinity for DnaA, according
to their similarity to a consensus binding sequence, and on the adenosine nucleotide bound state
of DnaA [58,59]. In E. coli and B. subtilis, the consensus DNA-box is the nine-base-pair sequence,
5′-TTATNCACA-3′ [60].

An X-ray structure of DnaA domain IV bound to a consensus DnaA-box sequence revealed that
DNA binding is mediated by a helix-turn-helix which interacts primarily with the major groove of the
dsDNA, with additional contacts made in the adjacent minor groove [51] (Figure 5A). Base-specific
interactions were observed at 8 of the 9 base pairs in the DnaA-box; the exception being the base pair at
position 5, where there is no sequence preference [51]. Mutations at residues involved in base-specific
interactions result in loss of DnaA-box binding specificity, or loss of DNA-binding altogether [61].
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Figure 5. (A) Schematic of DnaA showing domain architecture and structures. Domain I (PDB code:
4TPS) is shown in blue, domain II in gray, domain III (PDB code: 1L8Q) in green and domain IV (PDB
code: 1JLV) in red. Figure adapted from [2]. (B) DnaA Domains III–IV bound to a non-hydrolysable
ATP analogue (PDB code: 2HCB) form a spiral structure that is thought to mimic DnaA oligomerisation
at the origin. A repeating pattern of DnaA protomers is shown in light blue, gold, coral and cyan;
(C) ssDNA-binding mode of DnaA domains III–IV (PDB code: 3R8F). Separate DnaA protomers are
shown in light blue, green, gray and cyan; (D) ssDNA binding by DnaA stretches the strand into an
extended form (i) compared to B-form DNA (ii).

3.2.2. Variable Affinity of DnaA-Boxes

The DnaA-boxes at the origin can be either ‘strong’ or ‘weak’; where strong boxes bind both
DnaA–ATP and DnaA–ADP with equal affinity and ‘weak’ boxes have a much greater relative affinity
for DnaA–ATP [62]. In order for the helical DnaA oligomer to form at the origin and induce DNA
unwinding, both strong and weak DnaA-boxes need to bind DnaA [63,64]. In the E. coli origin
(Figure 4B), DnaA-boxes are distributed such that three strong boxes lie at either end of the origin and
at its centre. As DnaA–ATP recruitment to the origin has been shown to be co-operative, these strong
boxes are thought to form anchoring points from which the DnaA oligomer can grow [63,65]. In this
model, DnaA–ATP is recruited to weak binding sites via co-operative interactions with DnaA–ATP
molecules already bound to neighbouring sites [65].

89



Genes 2017, 8, 22

3.2.3. DnaA Oligomerisation

Domains III–IV of Aquifex aeolicus DnaA have been shown to adopt an open spiral conformation [8]
which likely mimics the right-handed helical oligomers ATP-bound DnaA forms at oriC [7] (Figure 5B).
Adjacent protomers interact with one another via two clusters of conserved residues located on either
side of the nucleotide binding pocket [8]. Significantly, DnaA–ADP cannot form this right-handed
oligomer [7]; instead it appears to be monomeric [66]. The binding of ATP induces a small conformational
change in the ATPase domain which allows an adjacent DnaA protomer to interact with the ATP via a
conserved arginine residue known as an ‘arginine finger’. This interaction is significant in stabilising the
DnaA helical filament [8] and similar ‘arginine finger’ interactions are frequently observed in other AAA+
ATPases [67]. Significantly, these observations provide a molecular explanation for why DnaA–ATP is
the ‘active’ form of the initiatior.

In order to reconcile the Domain IV-DnaA-box binding mode with the DnaA helical oligomer
formed by DnaA domains III–IV on dsDNA, a conformational change in the linker helix between
domains III and IV has been invoked [51,68]. A significant kink in the linker helix is observed in the
ATP-bound structure compared to the ADP-bound form (where the helix is straight) suggesting that
the two domains are conformationally uncoupled and would be able to rotate with respect to one
another to allow filament formation at the origin [8].

3.2.4. DNA Unwinding and ssDNA Binding

After the DnaA oligomer has formed at the origin, localized strand unwinding occurs at the
DUE [69] (Figure 1). Based on structural work carried out with Aquifex aeolicus DnaA, unwinding
is mediated by the DnaA-oligomer, which introduces positive writhe in the bound DNA [7].
Compensatory negative writhe at the DUE would facilitate DNA unwinding [4,8]. This unwound DNA
is then stabilized by binding to the ssDNA binding site of DnaA located in the ATPase domain [69,70].
ATP-bound DnaA binds ssDNA in the same open spiral conformation displayed by DnaA domains
III-IV [69]. In complexes of DnaA with single-stranded poly-(dA) DNA, each DnaA protomer binds
three nucleotides, making multiple interactions with the DNA phosphodiester backbone. Each
nucleotide triplet displays a normal B-form DNA conformation, but the triplets are separated by
gaps of approximately 10 Å creating an overall extended form of DNA [69] (Figure 5D). This strand
extension has been shown to be ATP-dependent in solution and is highly reminiscent of ssDNA
binding displayed by the homologous recombination protein, RecA. The third base of each triplet is
rotated however, making bases in the DnaA-bound strand discontiguous; this presumably prevents
re-annealing of the strand at the origin [69] (Figure 5D).

Recently identified trinucleotide sequences within bacterial origins termed ‘DnaA-trios’ appear to
be responsible for providing specificity of binding of DnaA to ssDNA, facilitating DNA-unwinding at
the origin [71]. The trinucleotide motifs have the consensus sequence 3′-G/AAT-5′ and are separated
from a proximal DnaA-box, or pair of boxes, by a GC-rich region. A DnaA molecule bound to the
proximal DnaA-box via domain IV appears to be able to bind to the first of these DnaA-trio motifs
via its AAA+ motif in domain III. Additional DnaA molecules interact with further DnaA-trio motifs,
forming an oligomer on the ssDNA and facilitating DNA-unwinding [71].

3.2.5. Bacillus DnaA

B. subtilis DnaA has also been shown to form helical oligomers on both double and single stranded
DNA [72], moreover, the DnaA–ATP form is required for co-operative binding to the origin [73].
Bacillus anthracis DnaA displays an ATP-dependent variable affinity for DnaA-box sequences [74].
Together these findings imply Bacillus DnaA functions at oriC in a similar manner to E. coli DnaA.3.2.6.
The Role of DnaA Domains I–II in Initiation

DnaA domains I–II are not necessary for DnaA oligomerisation, or DnaA loading onto ssDNA [71].
Nevertheless DnaA domains I–II are required for initiation of replication [75]. DnaA domain I is known
to interact with several regulators of DNA replication initiation; these include E. coli DiaA [76] and
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H. pylori HobA [55]—structural homologues and promoters of initiation in their respective organisms—
and E. coli Hda [77] and B. subtilis SirA—two negative regulators of initiation [54]. In E. coli, domain
I also interacts with the helicase DnaB [57,78,79] where it is thought to help correctly orientate the
loading of DnaB at the origin. Domain I of DnaA has also been suggested to play a role in the
self-assembly of DnaA at the origin [80,81]. It has a K homology (KH)-domain fold typically found
in ssDNA binding proteins [82–84] (Figure 5A). In vitro DnaA domain I binds to single-stranded
oriC DNA, albeit weakly, suggesting a potential role in binding ssDNA at the origin [84]. However,
no ssDNA binding role has yet been demonstrated for DnaA domain I in vivo.

Domain II has been shown to be unstructured, consistent with a role as a flexible tether between
domains I and III. It is not completely dispensable for DnaA function, but it is poorly conserved
and varies significantly in length between organisms [46]. Two studies in E. coli have indicated that
domain II contributes to the efficiency of initiation of replication. In one study, a spontaneous deletion
in domain II allowed suppression of an over-initiation phenotype, suggesting that the deletion had
reduced the efficiency of DNA replication initiation [85]. In another study, when deletions longer than
17–19 residues were made from domain II, the doubling time of cells harbouring this mutation was
increased compared to wild type cells, suggesting the length of domain II contributed to the efficiency
of DNA replication [53]. The same study defined the minimum length of domain II in E. coli to be
21–27 residues [53].

3.3. Helicase Loading

Following the unwinding of the DUE, a homohexameric DNA helicase is loaded onto single
stranded DNA at the replication origin by the action of a helicase loader protein. In E. coli, the
helicase, DnaB, is loaded onto the ssDNA by the helicase loader DnaC. This occurs via a ‘ring-breaking’
mechanism whereby DnaC forms a spiral oligomer which remodels the hexameric DnaB ring, producing
a break in the ring large enough to allow loading onto ssDNA [86]. The recruitment of the DnaB–DnaC
complex to the origin occurs by an interaction between the N-terminal domain of DnaA and the helicase,
DnaB [12,84,87]. This interaction is thought to orient DnaB for loading onto the bottom strand of the
DNA, while an interaction between the AAA+ domains of DnaA and DnaC is thought to recruit the
complex in the right orientation for DnaB loading on the upper strand (Figure 6) [86,88].

Figure 6. In E. coli, the initiator DnaA forms a helical oligomer during initiation which associates with
the upper strand of the ssDNA. Following unwinding of the DUE, interactions between DnaA and
DnaB or DnaC in the DnaC–DnaB complex are thought to correctly orientate DnaB for loading onto the
bottom and top strands of DNA, respectively. Figure adapted from [88].

The primase, DnaG, is next recruited via an interaction with the N-terminal domain of DnaB.
Subsequently, active primer formation appears to induce the dissociation of DnaC, in a step which is
necessary for DnaB to begin to function as an active helicase. Release of DnaC appears to be dependent
on the ATPase activity of DnaC which is thought to be induced by a conformational change in DnaB
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during primer formation [89]. DnaG interacts with the N-terminal domain of DnaB, while DnaC
interacts with its C-terminal domain [90]. The loading of the helicase is important for the recruitment
of the DNA polymerase clamp, DnaN. The clamp, in turn, recruits the DNA polymerase, in readiness
for primer elongation [90,91].

Helicase loading in B. subtilis is thought to occur via a different mechanism known as ‘ring
assembly’ [91]. In this model, the helicase loader, DnaI, facilitates the assembly of the helicase DnaC
onto ssDNA [92,93]. In the presence of DnaI, pre-formed DnaC hexamers exhibit no helicase or
translocase activity in contrast to monomeric DnaC which displays both helicase and translocase
activities [92]. The helicase loader DnaI, like E. coli’s loader protein, contains an N-terminal helicase
interaction domain and a C-terminal AAA+ domain [94]. The ATPase activity of the C-terminal domain
of DnaI is stimulated in the presence of ssDNA, but only once inhibition by the N-terminal domain is
overcome; binding of the N-terminal domain of DnaI to the helicase DnaC reveals a cryptic ssDNA
binding site on the C-terminal domain [93]. It is thought that this then facilitates helicase loading onto
ssDNA. Finally, the ATPase activity of the C-terminal domain may stimulate the release of DnaI once
loading has occurred [93].

3.4. Bacillus Initiation Proteins DnaD and DnaB

Besides DnaA, DnaC (equivalent to E. coli DnaB), DnaI and DnaG, DNA replication initiation in
B. subtilis requires the presence of two additional essential proteins, DnaD and DnaB [95,96].
A summary of their structure and function forms part of the discussion in an excellent recent review [6].
Both DnaD and DnaB are components of the replication initiation machinery at oriC [15] as well as
components of the replication restart machinery which is DnaA-independent [97]. Both proteins
exhibit DNA remodelling activities [16] and share structural similarity [96]. The B. subtilis initiation
machinery assembles in a hierarchical manner, and DnaD and DnaB recruitment occurs between DnaA
binding at oriC and the loading of the helicase, DnaC [17]. On binding to oriC, DnaD forms direct
interactions with DnaA [98]. DnaD is required for the recruitment of DnaB and this, in turn, is then
required for recruitment of DnaC-DnaI [17]. Together DnaB and DnaI are thought to function as a
helicase loader [92].

The exact roles of DnaD and DnaB in replication initiation remain unclear. DnaD is able to untwist
supercoiled DNA into an open looped form [99]. It forms tetramers which can assemble into large
protein scaffolds that appear to mediate DNA loop formation and enhance melting of dsDNA [100].
The N-terminal domain of DnaD (DDBH1) is implicated in tetramer formation [101,102] with the
C-terminal domain (DDBH2) involved in both double- and single-stranded DNA binding [100,102].
The full-length protein is required for DnaD to exhibit DNA looping and melting activities [100,102].
It is estimated that there are 3000–5000 DnaD molecules [103] in the cell and this relative abundance
has led to the suggestion that DnaD plays a global role in DNA remodeling, beyond that required for
DNA replication initiation [16]. In support of this idea, a study has shown that DNA remodeling by
DnaD stimulates DNA repair by Nth endonucleases in response to DNA damage following treatment
with H2O2 [104].

It is generally thought that DnaB acts together with DnaI to enable the loading of DnaC onto
forked DNA [92]. However, studies [93,105] suggest that DnaI alone is sufficient to load the helicase
onto DNA and that DnaB is required to recruit DnaC–DnaI to the origin [17] and that it acts to
stimulate the helicase and translocase activities of DnaC in the presence of DnaI [92]. DnaB has also
been implicated in the association of the DNA replication machinery with the cell membrane [95,106].
It has also been shown to laterally compact DNA—although it is not known how this contributes to its
function [16].

Although DnaD and DnaB show little sequence similarity, a Hidden Markov Model analysis
identified two shared domains known as DDBH1 and DDBH2 (DDBH2 belongs to the PFAM domain:
DnaB_2). DnaD has a DDBH1–DDBH2 architecture, whilst DnaB has a DDBH1–DDBH2–DDBH2
organization [96] (Figure 7A). The structure of the DDBH1 domain of DnaD revealed a winged helix
domain with two additional structural elements: an N-terminal helix–strand–helix and a C-terminal
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helix [101] (Figure 7C). The β-strand of the helix–strand–helix was found to mediate interactions
between DnaD molecules in both dimer and tetramer formation (Figure 7C). The C-terminal helix
has been shown to be important in higher-order oligomerisation of these tetramers [101]. These
structural elements appear to be present in DnaB DDBH1 [96] which has also been shown to
form tetramers mediated by its N-terminus [16], suggesting that DnaB and DnaD share similar
oligomerisation properties.

Figure 7. (A) Diagram showing the architecture of DnaD and DnaB. Conserved DNA binding motif
YxxxIxxxW is marked on the relevant DDBH2 domain; (B) Ribbon diagram of the DnaD DDBH2
domain from Streptococcus mutans (PDB code: 2ZC2). Tyrosine, Isoleucine and Tryptophan residues
of the YxxxIxxxW motif are coloured by atom (carbon in green, nitrogen in blue and oxygen in red);
(C) Ribbon diagram of DnaD DDBH1 domain from Bacillus subtilis (PDB code: 2V79) showing a winged
helix with additional structural elements. Monomer, dimer and tetramer architectures are shown.
Dimer and tetramer interactions are mediated by the β-strand of the additional helix–strand–helix.
Figure inspired by [6].

DnaD’s DDBH2 domain has been shown to be involved in DNA-binding and in DNA-dependent
higher-order oligomerization [102]. Two structures of the DDBH2 domain of DnaD homologues
from Streptococcus mutans (PDB code: 2ZC2) and Enterococcus faecalis (PDB code: 2I5U) show a
compact helical structure with four longer helices I–IV and a shorter fifth helix (V) of only 4 residues
(Figure 7B). Although residues following helix V are poorly conserved across DnaD homologs,
secondary structure prediction and analysis of the B. subtilis DnaD DDBH2 domain by NMR suggests
that helix V is extended by a further seven residues [96]. Helix V is followed by a region at the
C-terminus that is predicted to be disordered. A YxxxIxxxW motif residing in helix IV, the poorly
conserved helix V and the C-terminal unstructured region [96] have been shown to be important
for ssDNA binding. These structural elements appear to be conserved in the second of the DDBH2
domains of DnaB [96]. This domain has been implicated in dsDNA and ssDNA binding as well as
in higher-order oligomerization [107]. Again, this suggests that the domains play similar roles in the
respective proteins.
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A DnaB (1–300) fragment encompassing DDBH1–DDBH2 (missing the C-terminal DDBH2
domain) forms tetramers and binds ssDNA [96,107]. Interestingly, C-terminally truncated cytosolic
forms of DnaB have been observed during the mid–late growth phase. Full length DnaB alone is
observed at oriC, thus proteolysis may be regulating DnaB function [107]. It is unclear whether the
truncated version of the protein has a discrete function [107], however the different DNA binding
capabilities of the DDBH2 domains of DnaB may be important in differentiating the functions of the
full-length and truncated versions of DnaB.

3.5. Regulation of DNA Replication

3.5.1. During Vegetative Growth in B. subtilis

YabA

YabA is a negative regulator of DNA replication in Bacillus subtilis, affecting both the timing and
synchrony of DNA replication in vegetatively growing cells [108]. Deletion of yabA causes an increased
frequency of initiation events and asynchronous DNA replication [108] as well as a growth phenotype
associated with increased initiation events [109,110]. YabA interacts with both the replication initiator,
DnaA, and the DNA polymerase clamp, DnaN [109,110]. Mutations of YabA affecting the interaction
with either DnaA or DnaN have been shown to exhibit an over-initiation phenotype similar to that in
ΔyabA cells. This suggests that both interactions are important for replication regulation [110].

Expression of yabA genes encoding DnaA-loss-of-interaction or DnaN-loss-of-interaction
mutations disrupts the formation of YabA foci at mid-cell, where it is assumed that YabA is
co-localized with the replisome. Significantly, however, co-expression of DnaA-loss-of-interaction and
DnaN-loss-of-interaction YabA-mutants restores YabA foci, presumably through a hetero-oligomer
produced by the two mutants. This implies that both interactions are simultaneously required for
YabA localization at the replisome [110,111].

YabA forms tetramers through interactions of N-terminal coiled-coil domains to form an
intermolecular 4-helix bundle. This provides a structural scaffold from which four C-terminal
Zn-binding domains project. These are connected to the N-terminal domain by a flexible linker
and they appear to be independent domains [111] (Figure 8A). The determinants on YabA for DnaA and
DnaN interactions lie within these C-terminal domains. Significantly, yeast three-hybrid experiments
show that full-length YabA is able to interact simultaneously with DnaA and DnaN [110], whereas the
C-terminal domain alone cannot [111]. Thus, the YabA tetramer organization facilitates simultaneous
interactions with DnaA and DnaN.

Despite much study, the mechanism of YabA action remains elusive. YabA is not able to promote
DnaA–ATP hydrolysis in vitro [112], however, it has been shown to affect the co-operative binding of
DnaA to oriC [73], and it is capable of disrupting DnaA oligomerisation in vitro [112]. It is not clear,
however, if this is its main mode of action in vivo. Two alternative models have been proposed. In
the first, YabA tethers DnaA to DnaN at the replisome for most of the cell cycle (Figure 8B) [113],
sequestering DnaA from the origin during ongoing rounds of replication. This model is consistent
with the alternate localisations of DnaA in wild type and ΔyabA cells. In wild type cells, DnaA localizes
at the origin in small cells (which are at early points in their cell cycle) and at mid-cell, co-incident with
DnaX and therefore the replisome, in larger cells (in later stages of the cell cycle) [113]. In ΔyabA cells,
by contrast, DnaA is localized with the origin throughout the cell cycle [113].

The alternative model proposes that YabA binds to DnaA at oriC so as to inhibit its cooperative
binding to further DnaA molecules throughout the cell cycle up to the point where DNA replication is
completed and the replisome disassembles. At this point free DnaN competitively titrates YabA away
from its complex with DnaA, allowing the latter to bind cooperatively at the origin (Figure 8C) [73].
This model is consistent with evidence that the cellular level of DnaN correlates with the frequency
of replication initiation, with increased DnaN levels increasing replication initiation frequency, and
decreased levels, decreasing initiation frequency [73]. Additionally, in a strain replicating from a
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DnaA-independent origin, oriN, YabA was shown to affect the cooperativity of DnaA binding at oriC,
and increased levels of DnaN removed YabA from oriC, suggesting that DnaN could be controlling the
binding of YabA at the origin.

Further studies to establish the dynamics and stoichiometry of the interactions between YabA,
DnaA and DnaN are required to further refine and reconcile these models: bearing in mind that they
are unlikely to be mutually exclusive.

Figure 8. (A) Schematic of YabA tetramer structure: YabA N-terminal domains (green) form a
4-stranded coiled coil structure. Pseudo-monomeric C-terminal Zn-binding domains (red) are
attached by flexible linkers; (B) Replisome tethering model. YabA tethers DnaA to the replisome
via an interaction with both DnaA and DnaN, titrating DnaA away from the replication origin;
(C) Co-operative inhibition model. YabA (Y) inhibits the cooperative binding of DnaA (A) at the origin
during replication. When DnaN (N) is released after replication, YabA binds DnaN, releasing DnaA.

Soj/Spo0J

Soj is an ATPase which negatively and positively regulates DNA replication in B. subtilis [114],
according to its oligomeric state [115], which is controlled by nucleotide binding. ATP-bound Soj forms
dimers which co-operatively interact with DNA in a sequence unspecific manner, whilst ADP-bound
Soj is monomeric [116]. Dimeric ATP-bound Soj appears to stimulate initiation of replication, whilst
monomeric Soj inhibits replication [72,115]. Spo0J regulates Soj activity by stimulating its ATPase
activity, thus converting the dimer back to the monomeric form [115].
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Soj appears to interact with the ATPase domain (III) of DnaA, although it does not affect ATP
binding or hydrolysis by DnaA [72]. Instead, it acts by inhibiting DnaA oligomerisation at oriC.
A Soj mutant trapped in the monomeric state has been shown to inhibit DnaA oligomer formation
both in vitro and in vivo [72]. Curiously, Soj trapped in the dimeric state is also able to interact with
DnaA on a similar surface, without inhibiting DnaA oligomerization. Thus, it has been suggested
that monomeric Soj inhibits conformational changes in DnaA that are needed to form an active
initiation complex [72], whilst dimeric Soj may stabilize DnaA in this oligomerization-competent
conformation [72].

Soj and Spo0J are orthologues of ParA and ParB, respectively. ParA, and ParB, along with a
cis-acting DNA sequence parS, are components of a plasmid partitioning system found in many
prokaryotic species. These systems ensure partitioning of low copy number plasmids into daughter
cells. ParB binds to parS sequences on the plasmid, while ParA forms filaments on chromosomal
DNA. An interaction between ParA and ParB simulates the ATPase activity of the former, which is
thought to cause dissociation of the terminal ParA molecule from the filament; the plasmid can then
either dissociate or translocate along the chromosomal DNA by binding to the next ParA molecule.
Continuous cycles of ParA assembly and disassembly lead to equidistribution of the plasmids within
the cell [117], ensuring partitioning on either side of the division plane [118].

Chromosomal orthologues of ParA and ParB and parS sites are found in some bacterial species
and it is attractive to assume that they perform a role in chromosomal segregation similar to that of the
plasmid partitioning proteins. In B. subtilis, although Spo0J-parS contributes to accurate chromosome
segregation, it is not essential for this function [119]. Instead it plays a role in the recruitment of the
SMC complex to the origin, and it is the SMC proteins that are responsible for proper segregation and
condensation of the chromosome [120,121]. Regardless, Spo0J provides a mechanism through which
B. subtilis may be able to co-ordinate DNA replication and chromosome segregation [121].

DnaD

DnaD has also been reported to play a role in the regulation of DNA replication initiation in
B. subtilis. Like YabA, DnaD has been shown to inhibit the ATP-dependent cooperative binding of
DnaA to oriC DNA [122] and to affect the formation of helical DnaA filaments in vitro [112]. It remains
unclear however, how these activities can be reconciled with the role of DnaD in vivo, where it is
essential for DNA replication initiation.

DnaA-Box Clusters

A B. subtilis deletion strain, in which six DnaA-box clusters (DBCs) found outside of the replication
origin were removed, displayed an early initiation of DNA replication phenotype. This phenotype was
strong only when all six clusters were removed and could be partially relieved by the re-introduction
of a single DBC at various locations [123]. Nevertheless, these data suggest that B. subtilis DNA
replication is sensitive to the amount of free DnaA in the cell, which might otherwise be bound at
these sites.

3.5.2. During Sporulation in Bacillus subtilis

A characteristic of B. subtilis is its ability to differentiate under nutrient limiting conditions to
form a dormant endospore. The spore is metabolically inactive and resistant to harsh conditions
such as high temperatures, desiccation and ionizing radiation. When nutrients become available
again, the spore can germinate, returning the cell to vegetative growth, even after thousands of
years [124,125]. Unlike vegetative growth which is characterized by division at mid-cell, during
sporulation the cell divides asymmetrically forming a larger mother cell compartment and smaller
forespore compartment (Figure 9A). These two daughter cells each contain an identical copy of the
genome, however, differential pathways of gene expression lead to dramatically different cell fates.
The forespore is engulfed by the mother cell, and in the cytoplasm of the latter it matures into a resistant
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spore. In the final stages, the mother cell lyses to release the fully formed spore [126] (Figure 9A).
Entry into the sporulation pathway is under the control of a complex signaling pathway, at the heart
of which is an expanded two-component system termed the phosphorelay, which culminates in the
phosphorylation of the response regulator Spo0A, the master control element of sporulation [127]
(Figure 9B). Spo0A~P acts as a transcriptional regulator, controlling directly or indirectly the expression
of over 500 genes [128].

Figure 9. (A) Vegetative growth and sporulation in B. subtilis. In normal vegetative growth (red arrows)
cells divide symmetrically, producing identical daughter cells. During sporulation (purple arrows)
cells divide asymmetrically forming a mother cell and forespore; each receives an identical copy of
the genome, and through differential gene regulation they experience different fates. The mother cell
engulfs the forespore, nurturing it as it matures. In the final stages, the mother cell lyses releasing
the dormant spore; (B) Phosphorelay leading to the induction of sporulation. A series of phosphoryl
transfer reactions lead to the accumulation of threshold levels of Spo0A~P needed for entry into the
sporulation pathway.

At the point of entry into sporulation, DNA replication and asymmetric cell division must be
coordinated to ensure that the cell contains two, and only two, copies of the chromosome—one destined
for the mother cell and the other for the forespore. Trapping of more than a single chromosome in the
forespore compartment can reduce the viability of the spore and its capacity to germinate [129].

Spo0A~P Pulsing

It has long been recognized that there is a ‘sensitive period’ in the cell cycle when the cell can
enter into the sporulation pathway. If the cell progresses beyond this point, it is committed to a new
round of vegetative division [130,131]. The critical determinant is the concentration of Spo0A~P which
fluctuates over the course of the cell cycle and is at its highest immediately after DNA replication is
completed [129,132]. A threshold level of Spo0A~P must be reached for sporulation to be triggered.
As Spo0A~P levels increase, low-threshold target genes are turned on, however, a higher threshold
Spo0A~P concentration must be achieved in order to trigger the sporulation process [133,134].
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Spo0A~P pulsing is linked to DNA replication, but until recently it was not known how.
The cellular Spo0A~P concentration is controlled by the sporulation inhibitor protein, Sda [129].
Sda inhibits the sporulation sensor kinases KinA and KinB, which feed phosphate into the phosphorelay
leading ultimately to the phosphorylation of Spo0A [135–137] (Figure 9B). Sda production is controlled
at the transcriptional level by DnaA [129,135] such that sda expression requires the presence of
replication active DnaA. Thus, Sda levels spike at the same time as, or just after, the replisome
forms [129]. Sda is subsequently rapidly proteolysed [138]. This provides a feedback mechanism
whereby Sda blocks phosphorylation of Spo0A and entry into sporulation, during ongoing rounds of
DNA replication [129]. However, factors other than Sda influence Spo0A~P pulsing, as deletion of
Sda does not prevent the pulsing of Spo0F levels (spo0F is a ‘low-threshold’ gene under the control of
Spo0A~P) [139] suggesting that Spo0A~P pulsing still occurs.

The chromosomal arrangement of the phosphorelay genes spo0F and kinA is important for
Spo0A~P pulsing [129]. spo0F is located close to the replication origin, in contrast to kinA which
is located near the replication terminus. As a result, two copies of spo0F will be present in the cell
during most of the period of DNA replication, alongside a single copy of kinA [132]. Alterations in
the chromosomal positioning of spo0F, or induction of Spo0F from an inducible promoter, have been
shown to affect Spo0A~P pulsing [132], with high Spo0F:KinA ratios inhibiting KinA phosphorylation
and preventing sporulation [140,141]. As rapidly growing cells undertake multiple rounds of DNA
replication simultaneously, the Spo0F:KinA ratio also provides a mechanism for inhibiting sporulation
under nutrient-rich conditions. Collectively, the chromosomal arrangement of the phosphorelay genes
in B. subtilis, together with direct inhibition of KinA activity by Sda, serve to coordinate the entry into
sporulation with DNA replication.

SirA

Spo0A~P pulsing provides a mechanism for preventing replicating cells from entering into
sporulation. Interestingly, cells which are artificially induced to sporulate under conditions of rapid
growth are able to maintain correct chromosome copy number [142]. This is attributable to the activity
of SirA, an inhibitor of DNA replication, produced under Spo0A~P control. Deletion of sirA results
in loss of chromosome number control upon induction of sporulation during rapid growth [142].
Meanwhile, cells overproducing SirA do not form colonies on plates and in liquid culture many of
these cells are elongated and anucleate, with some containing nucleoids which have been severed by
division septa—a phenotype reminiscent of DnaA depletion [142,143]. SirA inhibits DNA replication
through a direct interaction with DnaA [143]. A genetic screen indicated that the determinants of SirA
binding reside in domain I of DnaA [54] and a later structure of a complex of SirA with DnaA domain I
fully delineated this binding surface [144]. Cells harbouring alleles with sirA point mutations mapping
to the DnaA domain I binding surface of SirA, exhibit a similar phenotype to ΔsirA cells. Moreover,
these mutations disrupted SirA foci normally observed in sporulating cells [144]. This suggests that
SirA localizes to the replisome via an interaction with DnaA during sporulation.

Intriguingly, SirA binds to a surface on DnaA domain I structurally equivalent to that used by the
positive regulators of DNA replication initiation, DiaA and HobA, structural homologues found in
E. coli and Helicobacter pylori, respectively (Figure 10). This raises an intriguing question about the role
of DnaA domain I in replication initiation in the respective organisms. How is the same topological
site used to positively and negatively regulate replication initiation?
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Figure 10. (A) SirA–DnaA-DomainI structure (PDB code: 4TPS). SirA is shown in crimson, domain
I of DnaA in blue; (B) HobA–DnaA-DomainI structure (PDB code: 2WP0). HobA is shown in green,
domain I of DnaA in blue. HobA and SirA interact on equivalent surfaces of DnaA, despite exerting
different regulatory effects.

Recently, SirA was shown to facilitate chromosome segregation during sporulation, independent
of its role in DNA replication regulation [145]. Newly synthesized bacterial origins are localized to a
cell pole (or future pole) with high fidelity. In sporulating cells, oriC must be segregated or ‘captured’ at
the respective poles in the future forespore and mother cell compartments following the onset of DNA
replication. In a ΔsirA mutant strain, 10% of sporulating cells fail to capture oriC. This activity is distinct
from the role of SirA in DNA replication regulation, as sirA mutants deficient in DNA replication
inhibition were able to facilitate normal oriC capture. Soj has also been implicated in oriC capture
during sporulation, with 20% of cells failing to capture oriC in a Δsoj mutant strain [120,145]. There is
no further increase in the failure of cells to capture oriC in a ΔsojΔsirA double mutant, implying the
two proteins are acting in the same pathway. Using a gain of interaction bacterial-two-hybrid screen,
a potential interaction site between the C-terminus of SirA and domain III of DnaA was identified.
This site overlaps with residues previously identified in the Soj-interaction site on DnaA, suggesting
this interaction may facilitate oriC capture [145].

A Direct Role for Spo0A~P

The B. subtilis replication origin contains a number of Spo0A-boxes which partially overlap with
DnaA-boxes [146] (Figure 4A). Indeed, the consensus Spo0A-box sequence 5′-TGTCGAA-3′ is similar
to the DnaA-box consensus sequence 5’-TGTGNATAA-3’ [147]. Spo0A~P has been shown to bind
these Spo0A-boxes in vitro [147], and sequence changes that alter the resemblance to the Spo0A-box
consensus, without affecting that to the DnaA-box consensus, affect Spo0A~P, but not DnaA binding
to the origin [146]. The binding of Spo0A~P to oriC appears to play a role in chromosome copy number
control in a Δsda/ΔsirA mutant strain when sporulation is induced by starvation, or in cells induced to
sporulate during rapid growth [146]. Δsda and ΔsirA strains each show a more significant loss of copy
number control than upon mutation of the Spo0A boxes, with the phenotype being more profound for
Δsda than ΔsirA [146].
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4. In E. coli

4.1. Regulatory Inactivation of DnaA (RIDA)

In E. coli, the concentration of available ‘initiation-active’ DnaA–ATP is considered to be a limiting
factor in the initiation of DNA replication from oriC [148]. Thus regulation of the availability of
DnaA–ATP serves to control initiation events. The ‘regulatory inactivation of DnaA’ is a term given to
the process of converting ‘active’ DnaA–ATP into ‘inactive’ DnaA–ADP by ATP hydrolysis. Hydrolysis
is promoted by the protein Hda, and requires a complex between DnaA, Hda and the DNA-bound
polymerase β-clamp, DnaN [149–151]. In this way, the regulation of initiation is coupled to elongation
in DNA replication, as ATP hydrolysis becomes activated following the start of DNA synthesis [150].

Hda is homologous to DnaA domain III, with a 48% sequence similarity between their
AAA+ ATPase domains [150]. Hda binds DnaN via an N-terminal clamp binding motif of
sequence QL[SP]LPL [152], whilst Hda:DnaA interactions are mediated via their respective ATPase
domains [153]. Strains carrying hda deletions, and inactivated Hda mutants or DnaA mutants unable
to hydrolyse ATP, exhibit overinitiation of DNA replication and growth inhibition [48,148,149,154].
Hda-mediated hydrolysis of DnaA–ATP to DnaA–ADP requires ADP-bound Hda [155] which is
monomeric. In contrast, apo-Hda appears to form homodimers and larger multimers [155] implying
that Hda’s oligomerisation state plays a role in its ability to promote DnaA–ATP hydrolysis [155].
A crystal structure of Shewanella amazonensis Hda bound to the nucleotide CDP also revealed a dimer,
however because the DnaN binding motif was buried, it was assumed to represent an inactive
conformation of the protein [156].

Mutations in both Hda and DnaA suggest that the proteins interact via their respective
AAA+ domains, with the arginine finger residue of Hda playing an important role in DnaA–ATP
hydrolysis [153,157]. Models of the DnaA–Hda interaction suggest that it may be similar to that formed
between molecules of DnaA [156,157]. Hda’s interaction with the β-clamp is important for Hda–DnaA
binding, suggesting that the β-clamp alters the conformation of the Hda–DnaA interaction to promote
ATP hydrolysis [157]. Recently interactions of Hda with DnaA domains I and IV have also been shown
to be important for RIDA as mutations at specific DnaA domain I and IV residues lead to higher cellular
concentrations of DnaA–ATP than seen in wildtype cells [77,158]. The Hda–DnaA model suggests
domain IV makes contacts with Hda at a nucleotide interaction surface towards the C-terminus of
Hda [158]. It has therefore been proposed that DnaA domain I interacts with the N-terminal portion
of Hda’s ATPase domain, to stabilize the DnaA–Hda interaction from both sides [77] (Figure 11).
Further studies of the interactions between Hda, DnaA and the β-clamp are required to fully elucidate
molecular mechanism of Hda action.

Figure 11. Schematic representation of the interaction of Hda with DnaA and the β-clamp. Hda-ADP
(light and dark cyan) makes contacts with domain I (blue) of DnaA–ATP principally through its clamp
binding domain (CB), and with domains III (green) and IV (red) of DnaA through its AAA+ domain.
An arginine finger from Hda (yellow) projects into the ATP-binding pocket of DnaA and facilitates
ATP hydrolysis as part of the regulatory inactivation of DnaA (RIDA). The DNA-bound β-clamp is
shown in purple. Figure adapted from [77].
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The capacity of Hda to interact with DnaA and DnaN is functionally reminiscent of the B. subtilis
regulator YabA, which also appears to couple the initiation and elongation steps in DNA replication.
However, the mechanism of action of the two proteins is quite different. The proteins are structurally
and mechanistically distinct. Hda influences DnaA–ATP hydrolysis in E. coli, while YabA has no effect
on the hydrolysis of DnaA–ATP in B. subtilis. The latter instead appears to influence the oligomerisation
of DnaA at the origin.

4.2. IHF and Fis

The DNA-bending proteins integration host factor (IHF) and Fis are thought to play important
roles in regulating the binding of DnaA at the origin of replication [159]. Specifically, they have been
shown to shape the binding of DnaA to two cis-acting regulatory sites on the chromosome, datA
and DARS [160,161] (see Section 4.3 below). Loss of IHF disrupts synchronous DNA replication.
Curiously, Fis has been reported to play both inhibitory and stimulatory roles in DNA replication
initiation [162–164].

Both proteins bind to oriC and act in an antagonistic manner [159,165]. Binding of IHF to a specific
site in the E. coli replication origin as shown in Figure 4B promotes binding of DnaA at DnaA-boxes
within the origin [166], contributing to DnaA oligomer formation. The binding of IHF induces a bend
in the DNA, which is proposed to bring the two adjacent DnaA-boxes into closer proximity, facilitating
the extension of the helical DnaA oligomer [65]. Fis has been reported to inhibit DNA unwinding at
oriC by blocking binding of both DnaA and IHF [159]. Increasing concentrations of DnaA were found
to relieve Fis inhibition, and IHF was found to redistribute DnaA molecules at oriC [159,166].

4.3. DnaA-Box Sequences: datA and DARS

In stark contrast to the clusters of DnaA-box sequences of B. subtilis, which do not play a significant
role in replication initiation, E. coli possesses three loci with DnaA-box motifs that are used to regulate
DNA replication initiation.

One such locus, datA, ≈1 kb in length and located at 94.7 min on the E. coli chromosome [167],
contains five DnaA-boxes with high affinity for DnaA. It acts as a negative regulator of DNA replication
initiation; deletion of datA or mutations of the DnaA-boxes within datA causes over-initiation of DNA
replication [167–169]. Binding of IHF to datA promotes DnaA-binding and is essential for the regulatory
action of datA [170]. datA had been suggested to act as a sink titrating DnaA away from the replication
origin [167–170]. A recent study however, has revealed that datA promotes the hydrolysis of DnaA–ATP
to DnaA–ADP [161], in a manner that is dependent on both IHF binding to datA and the DnaA arginine
finger residue (Arg285). This implies that datA promotes the formation of a nucleoprotein complex,
somewhat reminiscent of that formed at oriC, and stimulates the hydrolysis of DnaA–ATP at this
site [161]. The binding of IHF to datA takes place immediately after initiation, providing a mechanism
for the timing of datA mediated DnaA–ATP hydrolysis [161].

Two other DnaA-binding loci in E. coli, termed DARS1 and DARS2 for DnaA reactivating
site 1 and 2, respectively, have been implicated in the reactivation of DnaA by promoting nucleotide
exchange, generating DnaA–ATP from DnaA–ADP [171]. Located at 17.5 min and 64 min on the
chromosome, respectively, deletion of DARS sequences causes inhibition of DNA replication due to a
decrease in the cellular DnaA–ATP concentration [171]. DnaA–ADP molecules have been shown to
assemble on DARS1 promoting the regeneration of DnaA–ATP [171]. The simultaneous binding of the
DNA bending proteins IHF and Fis to DARS2 has been shown to facilitate DnaA–ATP regeneration
in vivo [160], providing a mechanism for the timing of DnaA reactivation. The binding of IHF to
DARS2 appears to be cell-cycle regulated and independent of DNA replication, whilst the binding
of Fis is linked to growth phase: occurring during exponential growth but not stationary phase [160].
The role of Fis at DARS2 is consistent with a report that Fis is required for the stimulation of replication
initiation in rapidly growing cells [164].

The chromosomal positioning of datA, DARS1 and, particularly, DARS2, relative to oriC has
been shown to be important for the proper timing of DNA replication initiation. Translocation
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of these sites perturbs regulation of initiation [172,173]. However, relocation of datA and DARS1
perturbs DNA replication initiation only when they are moved in close proximity to the replication
terminus or origin, respectively. In both cases, these effects could be attributed to a gene dosage effect,
or decreased/increased proximity to DnaA [172]. The translocation of DARS2 however, has a more
significant effect, with relocation of the site proximal to the terminus causing both decreased initiation
events, and asynchronous replication. This suggests that the chromosomal location of DARS2 is
important for regulating DNA replication synchrony [172,173].

4.4. SeqA

SeqA prevents re-initiation of DNA replication immediately after the previous round of replication
has been initiated. It binds to hemimethylated GATC sites [174] in oriC and this serves to sequester the
origin, preventing DnaA oligomer formation and transcription of the dnaA gene by blocking of the dnaA
promoter [175–178]. The E. coli replication origin contains 11 GATC sites which are hemimethylated
immediately after DNA replication has been initiated, because the newly synthesized strand is yet
to be methylated whilst the parental DNA strand is methylated. SeqA bound to the hemimethylated
GATC sites at oriC recruits further SeqA proteins. The origin is thus sequestered as long as six or
more of the GATC sites are hemimethylated [179]. Sequestration of the origin persists for around a
third of the cell cycle, after which time a combination of SeqA dissociation and methylation of the
adenosine bases in the GATC sites of the newly synthesized strand by Dam methyltransferase relieves
sequestration [177,180,181]. Interestingly, SeqA has also been implicated in faithful chromosome
segregation [182].

4.5. DiaA (and HobA)

DiaA is a positive regulator of DNA replication initiation in E. coli influencing the frequency and
timing of the initiation event [56]. It functions by binding to domain I of DnaA and promoting the
oligomerisation of DnaA at the origin [82,183,184]. HobA, an orthologue of DiaA in H. pylori [185],
is an essential regulator of DNA replication in this organism [55]. DiaA and HobA are tetramers.
The structure of a HobA–DnaA domain I complex revealed a 4:4 stoichiometry, with each HobA
protomer bound to one DnaA domain I [82]. DiaA has been shown to bind an equivalent site on
DnaA [76], although HobA and DiaA are not interchangeable in vivo due to differences in their cognate
DnaA domain I sequences [183]. Heterologous complexes can be achieved however with hybrid DnaA
molecules. Thus DiaA from E. coli can interact with a chimaeric protein resulting from fusion of DnaA
domain I from E. coli and DnaA domains II-IV from H. pylori. This confirms that DiaA and HobA
are functional homologs, each promoting DnaA binding at the origin, albeit with different dynamics.
HobA accelerates DnaA binding, whilst DiaA decreases the DnaA binding rate [183]. Structural and
mutational studies with HobA have led to the suggestion that the tetramers function as molecular
scaffolds which promote the formation of DnaA oligomers at oriC, however direct experimental
evidence is still required [186]. DiaA may play a role in regulating the timing of helicase loading in
E. coli as both proteins appear to bind to an overlapping site on DnaA, and DiaA has been shown to
inhibit helicase loading in vitro [76].

4.6. Lysine Acetylation of DnaA

A recently discovered mechanism for controlling DNA replication initiation in E. coli involves
the reversible acetylation of lysines within DnaA. Acetylation sites were identified on 13 lysines
within natively expressed DnaA, including a key lysine (Lys178) required for the binding of ATP [187].
The acetylation of this residue was growth phase dependent, with peak levels observed in stationary
phase. Mutation of Lys178 to Gln or Arg prevented ATP-binding to DnaA, suggesting acetylation of
Lys178 would have a similar effect in inactivating the initiator. It is attractive to consider that similar,
as yet unidentified, post-translational modifications may exist in other species providing an elegant
mechanism for coupling DNA replication initiation to growth phase [187].

102



Genes 2017, 8, 22

5. Regulatory Mechanisms for DNA Replication Regulation: B. subtilis vs. E. coli

In recent years, opposing themes have emerged in the regulation of DNA replication initiation in
E. coli and B. subtilis (Figure 12). It has long been recognized that the cellular DnaA–ATP concentration
plays an important role in the regulation of E. coli replication initiation [1,4,188]. Many of the regulatory
mechanisms in E. coli have been found to influence the adenosine nucleotide bound state of DnaA.
Hda, along with the DNA polymerase clamp, DnaN, acts to promote the hydrolysis of DnaA–ATP after
initiation [150]. Meanwhile, the datA, DARS1 and DARS2 loci influence available DnaA–ATP levels
by promoting ATP-hydrolysis (datA) [161] or nucleotide exchange from ADP to ATP (DARS) [171].
The DNA-binding proteins Fis and IHF influence DnaA binding at these sites so as to control the
cellular DnaA–ATP concentration [159,160]. Finally, lysine acetylation of DnaA coordinated with
growth cycle is also believed to affect ATP-binding to DnaA and thus inhibit initiation of DNA
replication in later growth phases [187].

Figure 12. Schematic representation of the mechanisms regulating DNA replication initiation in
E. coli and B. subtilis. Key regulators in E. coli influence the adenosine nucleotide bound state of DnaA,
whilst those in B. subtilis influence the binding of DnaA–ATP to oriC. For E. coli, the protein regulators
are shown in purple, and the DNA binding sites, DatA and DARS, are shown in grey. For B. subtilis,
protein regulators are shown in blue. Pointed arrows indicate positive effects upon a process, and blunt
ended arrows indicate inhibitory effects.

In B. subtilis, by contrast, no regulator has been identified which affects the conversion of
DnaA–ATP to DnaA–ADP. Instead, replication regulators in B. subtilis appear to act directly on
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the binding of DnaA to oriC. YabA is able to inhibit DnaA oligomer formation in vitro [112] and
to affect the cooperativity of DnaA–ATP binding at oriC [73,122]. Monomeric Soj appears directly
to inhibit DnaA oligomer formation on DNA, whilst dimeric Soj seems to be able to promote this
oligomerisation [72]. Despite the fact that Soj and YabA interact with the ATPase domain of DnaA,
neither protein has an effect on ATP hydrolysis in DnaA–ATP [72,112]. Instead both appear to target
the DnaA oligomerisation determinants residing in domain III. Furthermore, DnaA-box clusters
with significant roles in the regulation of DNA replication initiation have not been identified in
B. subtilis [123], in marked contrast to E. coli. Together this evidence suggests that the primary
mechanisms of DNA replication control are different in B. subtilis and E. coli. The initiation regulators
determine the ligation status (ATP versus ADP) of DnaA in E. coli while in B. subtilis they act to control
the downstream event of DnaA oligomerisation at oriC.

Despite this, a number of parallels can be drawn between the regulatory mechanisms in the two
species. Both organisms utilize a major regulator during vegetative growth which interacts with both
DnaA and DnaN; YabA in B. subtilis [110] and Hda in E. coli [152]. This may provide the respective
species with a mechanism for appropriately timing initiation of replication, since DnaN is a key
component of the DNA elongation complex. Both organisms have regulators which are implicated
in chromosome segregation, SeqA in E. coli, and Soj and SirA during growth and sporulation of
B. subtilis, respectively. Both organisms appear to utilize a method of origin sequestration to prevent
DnaA binding: in E. coli, SeqA binds to newly replicated origins, and in B. subtilis Spo0A~P is able to
bind to the origin, playing an albeit more modest role in inhibiting DNA replication. Furthermore,
both organisms have evolved a regulator which targets a structurally equivalent location on DnaA
domain I—the sporulation inhibitor of replication in B. subtilis, SirA, and the promoter of DNA
replication initiation in E. coli, DiaA. Thus, these may represent common themes of replication
regulation across bacterial species.
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Abstract: DNA replication is arguably the most fundamental biological process. On account of their
shared evolutionary ancestry, the replication machinery found in archaea is similar to that found in
eukaryotes. DNA replication is initiated at origins and is highly conserved in eukaryotes, but our
limited understanding of archaea has uncovered a wide diversity of replication initiation mechanisms.
Archaeal origins are sequence-based, as in bacteria, but are bound by initiator proteins that share
homology with the eukaryotic origin recognition complex subunit Orc1 and helicase loader Cdc6).
Unlike bacteria, archaea may have multiple origins per chromosome and multiple Orc1/Cdc6 initiator
proteins. There is no consensus on how these archaeal origins are recognised—some are bound by a
single Orc1/Cdc6 protein while others require a multi- Orc1/Cdc6 complex. Many archaeal genomes
consist of multiple parts—the main chromosome plus several megaplasmids—and in polyploid
species these parts are present in multiple copies. This poses a challenge to the regulation of DNA
replication. However, one archaeal species (Haloferax volcanii) can survive without replication origins;
instead, it uses homologous recombination as an alternative mechanism of initiation. This diversity
in DNA replication initiation is all the more remarkable for having been discovered in only three
groups of archaea where in vivo studies are possible.

Keywords: DNA replication; replication origin; Orc1/Cdc6; archaea; Sulfolobus; Haloferax

1. Introduction

The principles of DNA replication are common across all three domains of life—bacteria, archaea,
and eukaryotes—but there is a fundamental split in terms of the machinery used [1]. The DNA
replication proteins found in archaea are homologous to those of eukaryotes, but those encountered
in bacteria are quite distinct [1,2]. Nevertheless, phylogenomic studies have shown that the archaeal
replication machinery exhibits a striking degree of diversity. In some groups of archaea, components
have been lost, while in others, a large number of additional copies have been acquired [2,3]. This is in
contrast to eukaryotes where the composition of the replication complex remains constant across the
domain [4].

Based on 16S ribosomal RNA (rRNA) sequencing, the archaeal domain was originally divided
into two phyla: Crenarchaeota and Euryarchaeota [5]. However, the recent expansion in whole
genome sequencing of natural isolates, combined with new statistical models, has challenged the
traditional topology of the archaeal tree. It has been proposed that the TACK superphylum (comprising
Thaumarchaeota, Aigarchaeota, Crenarchaeota, and Korarchaeota) gave rise to the ancestor of
eukaryotes. (Figure 1). It has been suggested [3] that the diversity of replication machinery in
the archaeal domain is likely to reflect the evolutionary forces that have fine-tuned their genomes in
different environments.
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Figure 1. Current view of the archaeal phylogenetic tree. Based on [6,7]. The groups in which in vivo
replication initiation studies have been undertaken are underlined.

DNA replication proceeds in three major stages: initiation, DNA synthesis, and termination.
Studies of archaeal DNA replication have focused on the biochemical characterization of key enzymes
involved in DNA synthesis and, despite the recognized diversity of archaeal domain, have been
limited to few species. This is understandable given the interest in exploiting extremophilic enzymes
in biotechnology and the difficulty of generating genetic tools for most archaeal species (see Figure 1).

DNA replication initiation is the key regulatory stage for the processes of DNA replication and
the cell cycle, and the most powerful methods to study the regulation of DNA replication initiation
rely on in vivo genetic analysis. However, these are available for only three groups of archaea:
Sulfolobales, Halobacteriales, and Thermococcales. Here, we review the available knowledge on control of
DNA replication initiation in archaea.

2. Machinery for DNA Replication Initiation

2.1. Replication Origins

Similar to the bacterial origins of replication, archaeal replication origins have a clearly defined
structure consisting of an AT-rich DNA unwinding element (DUE) flanked by several conserved
repeats termed origin recognition boxes (ORBs) that serve as binding sites for the origin recognition
protein(s). The number, orientation, sequence, and spacing of ORBs vary among different genera, as
reviewed in [8].

The first archaeal replication origin was experimentally identified in the Pyrococcus genus and
it was shown to have a single origin per chromosome [9]. Since then, experimental studies and in
silico predictions have identified several archaeal groups with multiple origins of replication on the
same chromosome. For example, Sulfolobus islandicus and Haloferax volcanii have three replication
origins per chromosome [10–13] while Pyrobaculum calidifontis has four, the highest number of origins
per prokaryotic chromosome identified to date [14]. Interestingly, the number of origins in archaeal
genomes does not correlate with genome size (Table 1). It remains an open question what advantages
(if any) there are for archaeal cells in having multiple replication origins per chromosome.
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Table 1. Chromosome size and number of DNA replication origins in different archaeal species.

Chromosome Size, kb Number of Origins per Chromosome

Haloferax mediterranei 2949 * 3 [15]
Haloferax volcanii 2848 * 3 [10]

Haloarcula hispanica 2995 * 2 [16]
Halobacterium sp. strain NRC-1 2014 * 2 [17]

Nitrosopumilus maritimus 1645 1 [14]
Sulfolobus islandicus 2500 3 [18]

Sulfolobus solfataricus 2992 3 [11,13]
Sulfolobus acidocaldarius 2226 3 [11]

Aeropyrum pernix 1670 2 [19]
Pyrobaculum calidifontis 2010 4 [20]

Pyrococcus abyssi 1770 1 [9]
Archaeoglobus fulgidus 2178 1 [21]

Methanococcus jannaschii 1660 1 ** [22]
Methanosarcina mazei 4096 1 ** [23]

* In cases where there are several elements of the genome, only the size of the main chromosome is indicated;
** The number of origins is based on in silico prediction by the Z-curve method and has not been
experimentally validated.

2.2. Origin Recognition Proteins

Origins in archaea and bacteria are typically linked to the gene that encodes the replication initiator
protein that recognizes the origin. In bacteria, origins are recognized by DnaA-type initiators whereas
archaeal origins are recognized by Orc1/Cdc6 proteins that are homologues of the eukaryotic Orc1
origin recognition complex and Cdc6 helicase loader proteins (A confusion in naming of Orc1/Cdc6
proteins exists: in some species they are named Orc1, in others Cdc6; in essence, the same protein has
homology to both to Orc1 and Cdc6). In contrast to bacteria, the proteins involved in archaeal origin
recognition display a considerable degree of evolutional flexibility. Methanococcales and Methanopyrales
groups have highly divergent orc genes that initially precluded their identification [2], while in
Sulfolobus islandicus, the third origin of replication oriC3 is recognized not by the Orc1/Cdc6 protein
but instead by WhiP, a distant homologue of Cdt1 [18].

Eukaryotic Orc proteins recognize origins as a preassembled hexameric complex, while bacterial
DnaA monomers bind cooperatively to the origin of replication [1]. Most archaea encode at least
two Orc1/Cdc6 homologs in their genomes, but the ability of archaeal Orc1/Cdc6 to form homo- or
heteromeric complexes for origin recognition in vivo is still unclear and appears to be species-specific.
The crystal structure of two Orc1/Cdc6 proteins, Cdc6-1 and Cdc6-3, bound to Sulfolobus solfataricus
origin oriC2 was shown to form a heterodimer [24] (Figure 2B). By contrast, the crystal structure of
Aeropyrum pernix Cdc6-1 bound to the origin oriC1 indicates binding as a monomer (Figure 2A) [25],
while at high concentration Cdc6-1 was shown to form dimers in vitro [25,26]. The second A. pernix
Cdc6 protein, Cdc6-2, did not bind the origin oriC1. Interestingly, none of the two genes for A. pernix
Cdc6 proteins is located next to the predicted origins [19].

This notable level of diversity exists even among closely related Sulfolobus species. S. solfataricus
has three replication origins (oriC1, oriC2, oriC3) and three Orc1/Cdc6 proteins (Cdc6-1, Cdc6-3,
Cdc6-3). Deoxyribonuclease I (DNaseI) footprinting has shown that both Cdc6-1 and Cdc6-2 recognize
three sites in oriC1, while oriC2 and oriC3 are recognized by all three Orc proteins, albeit with different
affinities [13,19] (Figure 2B). The solved crystal structure of the Cdc6-1 and Cdc6-3 heterodimer bound
to the oriC2 origin indicates that direct contacts between Cdc6-1 and Cdc6-3 are weak, but they
influence one another’s DNA binding affinities [24]. It is unclear whether Cdc6-1 and Cdc6-3 recognize
the same origin independently or form preassembled complexes. Surprisingly, oriC1 and oriC2 origins
in two related species, Sulfolobus islandicus and Sulfolobus acidocaldarius, are only bound by single Orc1-1
and Orc1-3 proteins, respectively (Figure 2C) [18,27]. However, differences in origin binding between
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the closely-related Sulfolobus species may be smaller than these studies imply and could be due to
differing experimental techniques.
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Figure 2. Binding of Orc1/Cdc6 proteins at origins of archaeal chromosomes. (A) Aeropyrum pernix
Cdc6-1 binds to oriC1 as a monomer; binding to the origin oriC2 has not been investigated; (B) Cdc6-1,
Cdc6-2, and Cdc6-3 of Sulfolobus solfataricus binds more than one origin each; (C) Replication initiation
proteins of Sulfolobus acidocaldarius bind only one origin each. Similar to S. acidocaldarius, initiation
proteins in Sulfolobus islandicus bind only one origin each.

2.3. Origin Binding and DNA Unwinding

Two crystal structures are available for Orc1/Cdc6 bound to DNA: the Cdc6-1 monomer from
A. pernix bound to oriC1 [24] and Cdc6-1/Cdc6-3 heterodimer from S. solfataricus bound to oriC2 [24].
Both structures indicate two general features. Firstly, limited sequence-specific interactions exist
between Orc1/Cdc6 and origin DNA (four bases are contacted specifically by A. pernix Cdc6-1 and
five bases in the case of the S. solfataricus Cdc6-1/Cdc6-3 heterodimer). Secondly, Orc1/Cdc6 proteins
have bipartite DNA-interaction surfaces: the first one uses a conventional DNA-binding winged-helix
domain, while the second involves the AAA+ ATPase domain. This is in contrast to DnaA, where
interactions are highly sequence-specific and the ATPase domain is not involved in DNA binding.

Another aspect of Orc1/Cdc6 that differs from DnaA is the formation of higher-order complexes
and their effect on DNA unwinding. DnaA binds cooperatively to multiple sites in bacterial origins
and there are two reports showing cooperative binding of archaeal Orc1/Cdc6: Methanothermobacter
thermoautotrophicus Cdc6 [28] and A. pernix Cdc6-1 [26]. However, DNA footprinting assays of
Sulfolobus Orc1/Cdc6 proteins do not support the assembly of a higher-order complex on origin
sites [13]. Orc1/Cdc6 have been reported to alter DNA topology in vitro [29,30] and there is one report
showing origin unwinding in vitro [29]. In contrast to unwinding by bacterial DnaA, Orc1/Cdc6
were found to act in an ATP-independent manner and did not act at the duplex unwinding element.
There is not yet a clear consensus on how origin DNA is unwound by Orc1/Cdc6 proteins [31].
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2.4. Multiple Origins on the Chromosome

When multiple origins are found on archaeal chromosomes, have they arisen by duplication or
do they have an independent evolutionary history? By comparing two distantly related crenarchaeal
species, Sulfolobus and Aeropyrum, Robinson and Bell demonstrated that multiple origins in both
species are likely to have arisen by horizontal gene transfer [19]. The authors proposed that this
occurred by integration of extrachromosomal genetic elements into the chromosome, and not by the
duplication of existing origins. Similar conclusions have been drawn for the multiple replication
origins of haloarchaeal species, which show poor sequence similarities with each other [32,33].

The idea of replicons evolving independently of each other is consistent with in vivo studies from
Sulfolobus islandicus and Haloarcula hispanica. The deletion of a single orc1/cdc6 gene prevents the origin
firing only from the adjacent replication origin but does not affect any other origin. Thus, only an
initiation factor genetically linked to the origin is required and sufficient for the replication from that
origin; the initiation of the replicons on the same chromosome is independent of each other [16,18].
The fact that S. solfataricus origins are bound by several Cdc6 proteins (Figure 2B) points to greater
integration among the replicons in this species than in S. islandicus (Figure 2C). The exact combination
of Orc1/Cdc6 proteins that are necessary and sufficient for origin firing in S. solfataricus is unknown.

2.5. Diversity of Functions of Orc1/Cdc6 Proteins in Archaea

The number of orc1/cdc6 genes present in archaeal genomes is often greater than the number
of origins. The extreme situation can be found in the Halobacteriales group, where the genome may
contain as many as nine orc1/cdc6 genes on the main chromosome but only three origins, as is the case
in Haloferax volcanii [10,12,34]. Similar to bacterial DnaA and the eukaryotic ORC complex, archaeal
Orc1/Cdc6 proteins are likely to have extended their functions beyond replication initiation. Moreover,
some Orc1/Cdc6 proteins may have lost functions connected with replication initiation and have
acquired new roles.

A phylogenomic analysis of 140 archaeal genomes found that in each genome, only one or two
Orc1/Cdc6 homologs (named core copies) are slow-evolving, while any additional copies (shell copies)
are highly divergent [3]. Shell copies of Orc1/Cdc6 might contribute to replication under special
circumstances. Thus, when the three main chromosomal origins of Haloferax mediterranei are deleted,
a dormant origin located next to the shell copy cdc6H gene becomes activated [15]. Alternatively,
it has been suggested that Orc1/Cdc6 proteins might also work as factors for gene regulation.
For example, chromatin immunoprecipitation (ChIP) analysis of Pyrococcus abyssi Cdc6 binding
indicates that additional regions were bound in addition to oriC1 [35]. Conversely, the transcription of
shell orc1/cdc6 genes was found to be misregulated when Halobacteriales were grown under acidic and
alkaline conditions [36].

Intriguingly, when two core copies of orc1/cdc6 are present in an archaeal genome, only one
of these copies is located next to a predicted replication origin; the other orc1/cdc6 gene is never
linked to an origin [3]. The absence of a genetic linkage with origins suggests that the unlinked
Orc1/Cdc6 proteins might have acquired functions distinct from replication initiation, for example in
the regulation of gene repair, recombination, or replication fork restart. This idea is consistent with the
experimental data from Sulfolobus islandicus, which has two slow-evolving orc copies, cdc6-1 (adjacent
to oriC1) and cdc6-2 (not origin-associated). The deletion of cdc6-1 inhibits the initiation from oriC1,
while the deletion of cdc6-2 does not affect replication initiation from any of the three origins on the
chromosome (Figure 2C) [18]. However, in S. solfataricus the slowly-evolving Cdc6-2, which is not
linked to origins, can bind to the oriC1, oriC2, and oriC3 origins both in vivo and in vitro (Figure 2B).
This has led to the proposal that Cdc6-2 can negatively regulate replication initiation [13,19].
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2.6. Recruitment of a Helicase

The next step of replication initiation after origin recognition is recruitment of a helicase to
unwind the DNA duplex. In bacteria, DnaC serves as a DnaB helicase loader, while in eukaryotes the
binding of Cdc6 and Cdt1 to the ORC complex helps to recruit the minichromosome maintenance
(MCM) helicase and to regulate replication initiation. In eukaryotes, the MCM helicase consists of a
heterohexameric complex, whereas most archaeal MCM proteins are homohexamers encoded by a
single mcm gene [37,38].

Which protein(s) function as a helicase loader in archaea? Archaea do not have a clear homologue
of Cdt1 and Orc1/Cdc6 proteins that share homology with both Orc1 and Cdc6. Most archaea have
several genes encoding Orc1/Cdc6, therefore, it has been suggested that one of these Orc1/Cdc6
proteins carries out the function of eukaryotic Cdc6 by acting as a helicase loader, while the other
Orc1/Cdc6 proteins are responsible for origin recognition. Recent biochemical data support the idea
that a single protein can have both Orc1 and Cdc6 features, and in at least two cases, MCM is recruited
to origins directly by Orc1/Cdc6 [39,40]. In an in vitro recruitment assay, Cdc6 from Pyrococcus furiosus
was able to recruit MCM in an oriC-dependent manner [40]. In Sulfolobus islandicus, the conserved
C-terminal winged-helix domain of MCM interacts directly with the ATPase domain of Cdc6-1;
this interaction is required for the replication initiation from oriC1 in vivo [39].

It is likely that there are alternative mechanisms of MCM recruitment in archaea. For example,
the MCM-interacting interface appears to be conserved in Cdc6-3, the replication initiator protein in
S. islandicus that is required for recognition of oriC2 [39]. By contrast, the third origin of Sulfolobus
islandicus, oriC3, is bound by WhiP, a distant homolog of Cdt1 and not Orc1/Cdc6. It is likely that
different interfaces of MCM are involved in its recruitment by WhiP, and that additional partners may
play a role in this process [18].

An extreme case in MCM recruitment in archaea is encountered in the Methanococcales family.
This family has very divergent Orc1/Cdc6s and several copies of MCM encoded in the genome.
Although additional copies of mcm genes have mostly arisen by the integration of extrachromosomal
elements, the mobile elements carrying these mcm genes do not appear to have been involved in
extensive lateral gene transfer and, thus, may have coevolved with their hosts [41]. Although it
is tempting to speculate that under special circumstances (e.g., replication stress) alternative MCM
helicases might be recruited to the origins by different Orc1/Cdc6 proteins, the experimental evidence
for this is lacking due to difficulties of genetic analysis in Methanococcales.

An ancient supergroup of unicellular eukaryotes called Excavates, which is comprised of
Trypanosoma, Giardia, and Euglena, also lacks Cdc6 and Cdt1, and only one Orc-related initiator can be
clearly identified by sequence homology [42]. Recently, Orc1/Cdc6-interacting proteins in Trypanosoma
brucei were shown to act in nuclear DNA replication, and Orc1/Cdc6 was present in a high molecular
complex suggesting the presence of a diverged ORC complex [43]. This suggests that a similar situation
might exist in archaea, where at least some archaeal Orc1/Cdc6 proteins form complexes with yet-to-be
identified proteins, thus increasing the efficiency of replication initiation in vivo.

3. Regulation of DNA Replication Initiation

In eukaryotes, strict regulation of replication initiation is required to ensure one round of
chromosome replication per generation. To accomplish this, the cell must ensure that one initiation
event occurs per generation per origin, and must prevent a second round of initiation. A regulated cell
cycle ensures the temporal separation of DNA replication initiation (from multiple origins) and the
onset of cell division, since they occur in wholly distinct phases. This is accomplished by the actions of
cyclin-dependent kinases and associated factors.

Bacteria utilise another strategy for DNA replication control. The commitment to replication
occurs at a single origin level, and not at a cellular level, and is determined by the concentration
of active DnaA and the accessibility of the origin [44]. Thus, initiation of replication in bacteria is
growth-dependent, rather than cell cycle-dependent.
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Regulation of DNA replication initiation across the archaeal domain is unlikely to be uniform.
Firstly, only the Crenarchaeal phylum has haploid species; all Euryarchaeal species that have been
examined contain more than one copy of the genome per cell, with the number of copies being variable
at different stages of growth. Secondly, species with multiple replication origins per chromosome
will need to coordinate their firing. Thirdly, some domains such as Halobacteriales have large (up to
0.6 Mb) extrachromosomal megaplasmids that must also be replicated in a cell cycle. These diverse
circumstances require a range of mechanisms to regulate DNA replication initiation.

3.1. Cell Cycle Regulation in Haploid Archaea

Limited knowledge of the archaeal cell cycle exists for the most studied archaeal group, the Sulfolobus
genus, which is a haploid crenarchaeote [45]. Similar to eukaryotes, the Sulfolobus cell cycle is divided into
pre-replicative G1 phase, S-phase where genome replication happens, post-replicative G2 phase, and M-
and D phases when the genome segregation and cell division happen. The longest phase is G2, which
takes more than half of the cell cycle. This is in contrast to eukaryotes, where the G2 phase is short.

One method of regulating replication initiation in eukaryotes is cell-cycle specific expression of
cdc6. The Cdc6 helicase loader is synthesised in late G1 and recruits MCM helicase to the ORC complex
in the S-phase. The pattern of Orc binding and expression differs from Cdc6, since the ORC complex is
bound to DNA throughout the whole cell cycle. Given that archaeal Orc1/Cdc6 might play the role of
both initiator and helicase loader, it would be interesting to know whether the level of its expression
is regulated. Again, the expression pattern varies even among closely-related species. In Sulfolobus
solfataricus, the abundance of three Cdc6 proteins appears to be cell-cycle specific and varies in a
cyclin-like fashion. The expression of Cdc6 is increased in or just before the G1 phase, decreased in the
S-phase, and is considerably reduced in the non-replicating stationary phase cells [13]. In S. acidocaldarius,
the expression of Cdc6-1 and Cdc6-3, as well as their binding at origins, remains constant throughout
the cell cycle as well as in the stationary phase [27]. A similar case was observed in Pyrococcus abyssi
where Orc1/Cdc6 remains bound to the replication origin both in the exponential and stationary phases,
while MCM is associated with the origin only in the exponential phase [35]. This suggests that there may
be additional factors that regulate replication initiation for these species. For example, an additional
component of the replication initiation machinery or post-translational modifications.

3.2. Cell Cycle Regulation in Polyploid Archaea

Polyploidy is widespread in the archaeal domain, for example, Halobacteriales and Methanococales
are both highly polyploid [46,47]. Due to their high genome copy number, polyploid species do not
have a strict requirement to replicate the genome only once per cell cycle or to evenly distribute the
chromosome copies to daughter cells. In fact, it is unclear whether replication of the chromosome
copies is synchronous in polyploid archaeal species. Differences in ploidy levels at different stages of
growth suggest that cell division and DNA replication are not tightly coupled [46]. Whether DNA
replication and cell growth are also uncoupled in archaea, as was recently reported in the polyploid
cyanobacterium Synechococcus [48], is unknown.

3.3. Regulation of Initiation of Multiple Origins

Having more than one origin per chromosome potentially increases the complexity of regulation
of replication initiation; this has been examined in only a few studies. In Sulfolobus acidocaldarius,
a species with three replication origins per chromosome, there is a close coordination of firing of two
origins (oriC1 and oriC3) at the beginning of the S-phase, while the third origin, oriC2, is activated
slightly later [27]. The mechanisms that ensure simultaneous origin firing are unknown.

In Haloarcula hispanica, a halophile with two origins per chromosome, the sequences located next to
the origins appear to influence the activity of origin firing: oriC1 has a G-rich inverted repeat that serves
as an enhancer, while oriC2 is negatively regulated by an ORB-rich region [16]. The stoichiometry
between different origins might be important. Haloarcula hispanica wild-type cells fail to replicate a
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plasmid bearing an additional copy of the oriC2 origin, while the cells lacking oriC2 on the chromosome
tolerate the plasmid-borne oriC2 origin. This suggests that the Orc1/Cdc6 that binds to oriC2 may
be rate-limiting.

3.4. Regulation of Replication of Multiple Chromosomal Elements

The genomes of Halobacteriales consist of several parts, the main chromosome and several large
extrachromosomal DNA species named megaplasmids or minichromosomes. The megaplasmids
tend to have Orc1/Cdc6-based replication initiators of their own. Because the chromosome and most
megaplasmids are present at a similar copy number, it is likely that for some megaplasmids there
is coordination of their replication initiation with the main chromosome [10,46]. However, pHV1
(a megaplasmid found in Haloferax volcanii) was found to have a copy number different from that of
the main chromosome, indicating that it has inputs from alternative regulation circuits [46].

4. Alternative Mechanisms of Replication Initiation

Genetic experiments where orc1/cdc6 genes and origins have been deleted suggest that replication
initiation is quite flexible in archaea. The deletion of a single orc1/cdc6 gene (thus inactivating the
adjacent origin) in Sulfolobus islandicus does not affect cell growth, while the inactivation of two out
of three orc1/cdc6 genes leads only to a moderate growth defect. However, the deletion of all three
orc1/cdc6 genes is impossible [18] (Figure 3).

Growth phenotype: 
+7.5% growth advantage 

Growth phenotype: 
-12.5% growth defect 

Haloferax volcanii Haloferax mediterranei

4 out of 4 origins 
deleted

3 out of 4 origins 
deleted

2 out of 3 orc genes 
deleted

Sulfolobus islandicus

Growth phenotype: 
moderate growth defect 

Haloarcula hispanica

Growth phenotype:  
no defects 

1 out of 2 origins 
deleted

Figure 3. Serial deletion of orc genes or origins in different archaeal species. The highest number of
orc/origin deletions possible in one strain is shown. Chromosomes are not drawn to scale.
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The consequences of deleting multiple origins or orc1/cdc6 genes has also been examined in four
halobacterial species: Haloferax mediterranei, Haloferax volcanii, Haloarcula hispanica, and Halobacterium
NRC-1 [10,15,17,32] (Figure 3). Seven out of ten orc1/cdc6 genes can be deleted simultaneously in
Halobacterium NRC-1 [17]. In Haloarcula hispanica, five out of six orc1/cdc6 genes located on the main
chromosome and three out of four orc1/cdc6 genes on the megaplasmid can be also deleted at the
same time [32]. Similar to Sulfolobus islandicus, the deletion of one of the two origins on the main
chromosome of Haloarcula hispanica did not lead to any growth defects under normal conditions [32].
In Haloferax mediterranei, it was possible to delete all three replication origins on the main chromosome,
and growth of the strain lacking oriC1, oriC2 and oriC3 is 12.4% slower than the wild type [15]. However,
a dormant origin, named oriC4, became activated in the triple origin deletion strain. As the growth
defect of a triple-deleted strain suggests, this dormant origin is not able to restore growth to wild-type
levels. Similar to Sulfolobus islandicus, the generation of a quadruple ΔoriC mutant was found to be
impossible [15]. These studies indicate that the loss of a single orc1/cdc6 gene or origin does not
affect growth, while the loss of multiple orc1/cdc6 genes or origins leads to slower growth, and it is
impossible to delete all orc1/cdc6 genes and/or origins.

However, Haloferax volcanii is a notable exception in this regard: the deletion of two or more
origins does not result in growth defects and the deletion of all origins leads to 7.5% faster growth
than wild type; however, unlike Haloferax mediterranei, there is no activation of dormant origins [10].
This indicates that an alternative, highly efficient mechanism for replication initiation exists in
Haloferax volcanii. Given the common evolutionary history of Halobacteriales, it is likely that the
core machinery for origin-independent replication exists in all species, but that Haloferax volcanii
has lost an inhibitory component that prevents this mode of replication. Alternatively, it might have
acquired an activating component that promotes origin-independent replication. Indeed, horizontal
gene transfer is highly prevalent in Halobacteriales, as evident by a large number of gene duplications in
the genome. Low species barriers exist in halophilic archaea for gene transfer and the exchange
of large chromosomal fragments between Haloferax volcanii and Haloferax mediterranei has been
detected in vivo [49]. Interestingly, the dormant origin that becomes activated upon deletion of three
chromosomal origins in Haloferax mediterranei is “foreign” to its genome—its chromosomal context
indicates that it was acquired during a recent lateral gene transfer event [15]. Furthermore, it is not found
in Haloferax volcanii, which explains why it is not activated in an origin-less Haloferax volcanii mutant.

Some viruses, such as bacteriophage T4, use recombination-dependent DNA replication initiation
at certain life stages, where the invading 3′ DNA end of a displacement loop (D-loop) recombination
intermediate is used as a primer for leading strand DNA synthesis (Figure 4). In contrast, the nuclear
genomes of eukaryotes are replicated from internal origins using the replication-fork model. The case of
plastids (mitochondria, chloroplasts, and kinetoplastids in Trypanosoma) is often overlooked. Replication
is assumed to occur using the single-strand displacement model, and similar to euryarchaeal genomes,
plastids contain many copies of their respective genomes. The best studied example is mitochondrial
DNA replication, which begins at a site of gene transcription and proceeds unidirectionally by displacing
one of the template strands as single-stranded DNA. Thus, a triple-stranded D-loop replication
intermediate is formed [50].

Replication forkD-loop recombination intermediate

Recombinase

Figure 4. Recombination-dependent replication initiation. The invading 3′ DNA end of a displacement
loop (D-loop) recombination intermediate is used as a primer for leading strand DNA synthesis.
Formation of a D-loop requires a RecA-family recombinase.

122



Genes 2017, 8, 56

How is recombination-dependent replication of T4 phage and single-strand displacement
replication of plastids related to the origin-independent replication seen in Haloferax volcanii? Given
that the Haloferax volcanii strain without origins has an absolute requirement for the recombinase
RadA, it is likely that this model of replication involves D-loop intermediates that are formed by
homologous recombination.

5. Perspectives and Open Questions

5.1. Tools to Control Replication Initiation in Archaeal Cells

Regulation of the cell cycle in eukaryotes is dependent on post-translational modifications
of proteins. Archaea have eukaryotic-like phosphatases and kinases that may potentially
phosphorylate serine, threonine, and tyrosine residues, as reviewed in [51,52]. Phosphorylation of the
Haloferax volcanii Orc1 protein was detected by shotgun proteomic approaches [53]. The ubiquitin
family of protein modification features prominently in the control of eukaryotic DNA replication [54],
and ubiquitin-like small archaeal modifier proteins have been discovered in archaea [55].

Similar to eukaryotes, GTPases could be involved in mechanisms of DNA replication and
repair in archaea. In several cases, genes for GTPases are located in the genomic neighbourhood
of replication genes, and in Pyrococcus abyssi, a GTPase has been found in association with the RFC
(replication factor C) clamp loader [56].

5.2. Spatial Organisation of Genome and Replication

In both bacteria and eukaryotes, it is well known that the three-dimensional organisation of the
genome inside the cell is an important determinant in the regulation of replication. Different chromatin
proteins have been described in archaea, with Alba and histone proteins being the most widespread;
Alba proteins are characteristic for Crenarchaeota, while histones are found in Euryarchaeota [57].
Could it be that archaeal chromatin provides a barrier for replication fork progression, and if so,
what role does it have in replication regulation? Most studies tackling this question have been focused
on the Alba protein, which has been shown to exist in acetylated and non-acetylated forms; the
deacetylated form represses transcription in vitro [58], and the acetylated form of Alba alleviates
repression of MCM in vitro [59]. However, a direct role in DNA replication has yet to be determined.

The first attempts to correlate spatial organisation and replication have been made by
Gristwood et al. [60], who used a nucleoside analogue incorporation assay to observe the sub-cellular
localisation of Sulfolobus DNA replication. Replisomes were located at the periphery, with the three
origin loci being separated in space. This suggests that replication initiation at the three origins may be
regulated semi-independently.

6. Conclusions

The archaeal domain is the most underexplored branch of the tree of life, not only in terms of
DNA replication control. Nevertheless, there are clear indications that archaea exhibit unprecedented
diversity in their cellular mechanisms, while at the same time they serve as a simplified model to
study many eukaryotic processes. For example, archaea with several origins per chromosome provide
an excellent model for studying the coordination of replication initiation. The control of replication
of polyploid archaea may give insights into DNA replication in cancer cells with multiple copies of
the genome. Cell cycle studies in Sulfolobus can trace the development of a sophisticated cell cycle
in eukaryotes. Similar arguments can be applied for unravelling connections between chromatin
organisation and replication in archaea. The diversity of archaeal DNA replication resembles a melting
pot of mechanisms, from which the refined system that is common to eukaryotes has emerged.
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Abstract: The division of prokaryotic and eukaryotic cells produces two cells that inherit a perfect copy of
the genetic material originally derived from the mother cell. The initiation of canonical DNA replication
must be coordinated to the cell cycle to ensure the accuracy of genome duplication. Controlled replication
initiation depends on a complex interplay of cis-acting DNA sequences, the so-called origins of replication
(ori), with trans-acting factors involved in the onset of DNA synthesis. The interplay of cis-acting elements
and trans-acting factors ensures that cells initiate replication at sequence-specific sites only once, and in a
timely order, to avoid chromosomal endoreplication. However, chromosome breakage and excessive
RNA:DNA hybrid formation can cause break-induced (BIR) or transcription-initiated replication (TIR),
respectively. These non-canonical replication events are expected to affect eukaryotic genome function
and maintenance, and could be important for genome evolution and disease development. In this
review, we describe the difference between canonical and non-canonical DNA replication, and focus on
mechanistic differences and common features between BIR and TIR. Finally, we discuss open issues on
the factors and molecular mechanisms involved in TIR.

Keywords: replication control; RNA:DNA hybrid; transcription-initiated replication

1. Origin-Dependent Replication

1.1. Chromosomal DNA Replication Initiation in Escherichia coli and Saccharomyces cerevisiae

Replication initiation at a single origin (ori) in the bacteria Escherichia coli has been the first, and
until present, best-described mechanism of a classical replication initiation (see Figure 1; for reviews,
see References [1–5]). Within the circular E. coli chromosome [6], a single origin called oriC provides
a platform for protein recognition, local double-stranded DNA (dsDNA) opening, and access of the
replication machinery [1]. OriC contains multiple repeats of the DnaA-box consensus sequence, and an
AT-rich DNA-unwinding element (DUE) adjacent to the DnaA box [7] for the ATP-driven binding of
the initiator protein DnaA [1]. OriC activation is coupled with bacterial growth rate [8], to efficiently
initiate replication at the appropriate time and to avoid replication initiation at particular origins more
than once [9–13]. DnaA binds to oriC and facilitates binding of the helicase loader-helicase DnaC–DnaB
complex to form the pre-priming complex [4,14]. The DnaB helicase then stably interacts with the
DnaG primase until RNA primer synthesis is accomplished [15]. Probably, RNA primer synthesis
induces conformational changes that release DnaB from DnaG, because primer synthesis is coordinated
with or followed by translocation of DnaB to the junction of the replication fork (reviewed in [16]).
Subsequently, primer elongation by the DNA polymerase III (DNA Pol III) holoenzyme marks the
switch from replication initiation to elongation [17,18]. In contrast to the single origin found in E. coli,
the budding yeast Saccharomyces cerevisiae contains about 400 replication origins. The number of origins
per genome is related to the genome size, explaining why eukaryotic genomes require more replication
origins for their timely genome duplication [19]. Yeast continues to be one of the most advantageous
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model systems to study the basis of eukaryotic replication, but in contrast to prokaryotic cells, yeast
chromosomes are packaged into nucleosomes. Dependent on their activation timing, replication
origins can be separated into early and late replicating origins ([20–22], reviewed in [23]). In general,
origin-dependent replication initiation requires the following conditions to be fulfilled: recognition of
origins, pre-replicative complex (pre-RC) assembly during G1 phase (origin-licensing), and activation
of the pre-RC at G1/S-phase (origin-firing; see Figure 1 and Table 1). S. cerevisiae origins are defined
by a specific consensus sequence, known as autonomously replicating sequence (ARS) [24–26].
The AT-rich ARS consensus sequence (ACS) itself is not sufficient for replication initiation [27] but
is required for the loading of the pre-RC during G1 phase ([28,29]). The pre-RC is composed of
the origin recognition complex proteins Orc1–6 (ORC), Cdc6, Cdt1, and an inactive form of the
replicative helicase Mcm2–7 complex ([30–32], reviewed in [33]). At G1/S-phase, the Dbf4-dependent
kinase (DDK) and S-phase-dependent cyclin-dependent kinases (S-CDKs) phosphorylate Mcm4,
Sld2, and Sld3 ([34,35]), prior to the stepwise recruitment of replication factors Cdc45/Sld3/Sld7
and Sld2/Dpb11/Mcm10/GINS/DNA Pol-ε ([36–39], see [40] for a review). Building up of the
active Cdc45/Mcm2–7/GINS (CMG) helicase complex completes the replisome formation [41] and,
consequently, DNA synthesis by the DNA Pol-α-primase complex is initiated [42]. Replication
initiation is completed by the loading of the proliferating cell nuclear antigen (PCNA) onto the DNA
Pol-α synthesized primer to switch to processive DNA synthesis by DNA Pol-ε and Pol-δ (see [43]).

Figure 1. Schematic outline of origin-dependent initiation of chromosomal and mitochondrial DNA
replication. cis-acting origin DNA sequences (dotted lines), RNA (green), newly synthesized DNA
(red), and helicases (green circle) are indicated. Note that chromosomal origin unwinding is driven
by protein–DNA interactions, while transcription-dependent R-loop formation is a key step in
mitochondrial origin-unwinding. See text for more details.

Yeast has developed sophisticated mechanisms to avoid endoreplication events caused by replication
re-initiation of already replicated origins. B-type CDKs prevent re-initiation through multiple overlapping
mechanisms, including phosphorylation of ORC factors [44], nuclear exclusion of the Mcm2–7
complex and Cdc6 [45,46], transcriptional downregulation, polyubiquitination, and degradation of
phosphorylated Cdc6 ([47–49]). Under certain conditions, traces of non-phosphorylatable Cdc6 [50]
or mutations in components of the pre-replicative complex (origin recognition complex, Cdc6, and
MCM proteins are sufficient to re-initiate DNA replication in G2/M cells. In the latter case, a Mec1 and
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Mre11-Rad50-Xrs2 (MRX) complex-dependent DNA damage signaling pathway is activated to restrain
the extent of re-replication and to promote survival when origin-localized replication control pathways are
abrogated [51]. Genome-wide analysis suggests that replication re-initiation in G2/M phase primarily
occurs at a subset of both active and latent origins, but is independent of chromosomal determinants
that specify the use and timing of these origins in S phase [52]. Moreover, the frequency and locations
of re-replication events differ from the S to the G2/M phase, illustrating the dynamic nature of DNA
replication controls [52]. Additional mechanisms may exist to prevent chromosomal re-replication
in metazoans [53]. Interestingly, a recent study identified 42 uncharacterized human genes that are
required to prevent either DNA re-replication or unscheduled endoreplication [54].

1.2. Mitochondrial DNA Replication Initiation

The variation in mitochondrial DNA (mtDNA) copy number reflects the fact that its replication
cycle is not coupled with S phase-restricted, chromosomal DNA replication. Replication of mtDNA
is connected with mtDNA transcription through the formation of a RNA:DNA hybrid that has been
first detected by electron microscopy as a short three-stranded DNA region [55]. During transcription,
the nascent transcript behind an elongating RNA polymerase (RNAP) can invade the double stranded
DNA duplex and hybridize with the complementary DNA template strand. The formation of
an RNA:DNA hybrid, opposite to an unpaired non-template DNA strand, results in a so-called
R-loop structure (for a review see [56]). RNA:DNA hybrids are also the onset of Okazaki fragments,
which serve as primers during DNA lagging-strand replication (for a review see [57]; see Figure 1 and
Table 1). In the case of mtDNA replication, an R-loop is required for replication priming [58] at the
mtDNA heavy-strand replication origin (OriH) and light-strand replication origin (OriL) [59]. OriH and
OriL consist of a promoter and downstream conserved sequences with a high GC content, and are
conserved from S. cerevisiae to humans [60]. Budding yeast contains about eight OriH-like regions
(ori1–8; [60]) of which ori1–3 and ori5 represent bona fide origins of replication (see [61,62]). The OriH
region of many organisms includes three conserved sequence blocks called CSB1, CSB2, and CSB3 [58],
and transition from RNA to DNA synthesis is thought to happen at CSB2 [63]. Yeast mitochondrial
RNA polymerase Rpo41, the helicase Irc3, and the single-stranded DNA (ssDNA)-binding protein
Rim1 are the main factors involved in DNA strand separation during mtDNA replication [64–66].
After processing by RNase H1, the RNA molecule is used as a primer for DNA synthesis by the MIP1
encoded mitochondrial DNA polymerase γ (DNA Pol-γ) in budding yeasts [59]. Interestingly, in the
absence of RNase H1, primer retention at OriL provides an obstacle for DNA Pol-γ [67], leading to
mtDNA depletion and embryonic lethality in mice [68].

Apart from DNA Pol-γ, in metazoans the replicative mtDNA helicase Twinkle and the
mitochondrial single-stranded DNA-binding protein (mtSSB) play key roles mtDNA replication
fork progression (reviewed in [69,70]). The mechanism of mtDNA replication is not fully understood,
and various possible mechanisms have been proposed ([71], reviewed in [72]). Currently, there are
three main models of mtDNA replication. One is the initial “strand-displacement model”, proposing
that leading strand DNA synthesis begins at a specific site and advances approximately two-thirds of
the way around the molecule before DNA synthesis is initiated on the lagging strand [73]. A second
“strand-coupled model” refers to a strand-asynchronous, unidirectional replication mode [74]. A third
“RITOLS model” (RNA incorporation throughout the lagging strand) proposes that replication initiates
in the major noncoding region at OriH, while OriL is a major initiation site of lagging-strand DNA
synthesis but the lagging strand is laid down initially as RNA [75]. The idea of transcription-dependent
mtDNA replication initiation has been unanimously accepted. However, by taking advantage of
mutants devoid of the mitochondrial RNA polymerase Rpo41, Fangman et. al. suggested that
replication priming by transcription is not the only mechanism for mtDNA replication initiation in
yeast [76–78]. Alternatively, the mitochondrial ori5 has been shown to initiate mtDNA amplification
by a rolling circle mechanism [79]. These kinds of replication events are linked to increased mtDNA
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damage and breaks by oxidative stress, and can be modulated by nuclease and recombinase activities
carried out by Din7 and Mhr1, respectively [80].

Table 1. Factors required for origin-dependent DNA replication initiation in Escherichia coli and
Saccharomyces cerevisiae.

Origin-Dependent
Replication

E. coli S. cerevisiae

Chromosomal DNA
Replication

Chromosomal DNA
Replication

Mitochondrial DNA
Replication

Origin OriC ARS OriH, OriL

DNA unwinding DnaA, DnaB, DnaC, SSB Cdc45, GINS, Mcm2–7,
Mcm10, RPA Rpo41, Irc3, Rim1

Replication
priming/elongation DnaG, DNA Pol III DNA Pol-α-primase,

DNA Pol-ε and Pol-δ Rpo41, DNA Pol-γ

SSB: single-stranded DNA-binding protein; DNA Pol: DNA polymerase; RPA: replication protein A; ARS:
autonomously replicating sequence.

Collectively, these findings demonstrate that mtDNA replication initiation is capable of adapting
to stress situations, and that the stress-dependent, mitochondrial import of nuclear-encoded proteins
such as Din7 and Mhr1 could provide another layer of mtDNA replication control. Interestingly,
all other proteins involved in replication initiation are nuclear-encoded, and some genes, such
as RNH1, encode both nuclear and mitochondrial protein isoforms [81]. It will be exciting to see
if new players in mtDNA replication initiation may appear in response to different endogenous
or exogenous stimuli. To date, little is known about how nuclear and mitochondrial replication
checkpoints are interconnected, and how they control mtDNA replication initiation. Interestingly,
a recent study showed that the DNA damage response protein kinase Rad53 (hChk2) is essential for
an mtDNA inheritance checkpoint [82]. In mtDNA-depleted rho◦ cells, the DNA helicase Pif1 (petite
integration frequency 1) undergoes Rad53-dependent phosphorylation. Pif1 is a highly conservative
helicase localized to both nucleus and mitochondria in yeast and human cells [83] and promotes DNA
replication through interaction with G-quadruplex DNA sequences ([84], reviewed in [85]). Thus,
loss of mtDNA activates a nuclear checkpoint kinase that inhibits G1- to S-phase progression [82]. Pif1 is
only one example of nuclear DNA helicases to protect mtDNA but, notably [86], it also has an essential
role in recombination-dependent replication (as discussed subsequently). Future research may lead to
the identification of other factors involved in the crosstalk between nuclear and mitochondrial genome
duplication, and even improve our understanding of how the control of mitochondrial replication
initiation is related to genome stability, aging, and mitochondrial diseases.

2. Origin-Independent Replication

2.1. Break-Induced Replication

A classic example of the initiation of origin-independent DNA replication events is
recombination-dependent DNA replication, often called break-induced replication (BIR; see Figure 2
and Table 2, and [87] for a review). Kogoma and colleagues originally designated BIR in bacteria as
DNA damage-inducible DNA replication, termed inducible stable DNA replication ((iSDR) [88,89],
and reviewed in [90]). Double-strand end repair is initiated by break recognition and loading of the
RecBCD helicase/nuclease complex. DNA unwinding by RecBCD leads to subsequent binding of
RecA to ssDNA. Then, the strand exchange reaction between two recombining DNA double helices
was proposed to as the mechanism by which DNA replication is primed [91,92]. DnaA is essential for
helicase loading at oriC, whereas PriA, PriB, PriC, and DnaT appear to load DnaB into the forming
replisome to promote replication fork assembly at a recombinational D-loop structure ([93], see [94]
for a review). Finally, the branch migration and Holliday-junction resolving activities of the RuvABC
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complex are involved in the resolution of converging replication intermediates generated during
iSDR [95].

BIR was later found to occur in yeast upon transformation of yeast with linearized DNA
fragments [96,97]. BIR turned out to promote DNA replication restart at broken replication forks
and telomeres ([98,99], and reviewed in [87,100,101]) being an error-prone recombination-dependent
DNA repair process that occurs in G2/M when only one end of a double-strand break (DSB) is available
for recombination [102]. BIR can be Rad51-dependent or independent [102,103]. Rad51 is homologous
to the bacterial ssDNA-binding protein RecA, and mainly involved in the search for homology and
strand-pairing stages of homologous recombination [104]. Rad51-independent BIR at a one-ended
break can occur when long-range strand invasion is not required. It primarily operates during
intramolecular recombination; however, intermolecular events mostly rely on Rad51-dependent strand
invasion [98,105]. More than 95% of BIR events in S. cerevisiae are reported to be Rad51-dependent and
do not require either Rad50 or Rad59 [98,106], thus we discuss the Rad51-dependent pathway in more
detail. During Rad51-dependent BIR, a DSB end is resected to produce a 3′-ended single-stranded
DNA tail, subsequently coated by Rad51 nucleoprotein filaments [102]. This Rad51 filament then
invades a homologous sequence and a D-loop is created, followed by an extension of the invading
strand by new DNA synthesis using the paired homologous sequence as a template [107]. BIR is
known to be a multistep process in which strand invasion occurs rapidly; by contrast, new DNA
synthesis does not initiate until 3–4 h after strand invasion [99,102,108]. Once initiated, DNA synthesis
may be very processive and continue to the end of the donor chromosome (reviewed in [109]).

Figure 2. Schematic representation of possible mechanism involved in origin-independent
replication initiation by inducible stable DNA replication/break-induced replication (iSDR/BIR) or
constitutive stable DNA replication/transcription-initiated replication (cSDR/TIR). Invading and
newly synthesized DNA (red), RNA (green), and helicases (green circle) are indicated. Dashed arrows
indicate putative scenarios for TIR-dependent replication initiation. Note that none of these scenarios
have been experimentally verified. See text for more details. DSB: double-strand break.

Yeast proteins taking part in BIR also play a role in recombination. Recombination proteins
Rad51, Rad52, Rad54, Rad55, and Rad57 initiate BIR by promoting strand invasion and D-loop
formation [88,98]. BIR requires leading- and lagging-strand DNA synthesis and all essential DNA
replication factors, including Pol-α-primase,Cdc7,Cdt1, Mcm10, Ctf4 and CMG helicase complex (except
Cdc6 and ORC proteins), specific for pre-RC assembly and specifically needed for origin-dependent
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DNA replication [99,110]. It still remains to be determined how MCMs are recruited to the D-loop, but
it is important to note that BIR occurs at the G2/M phase and normally depends on the Pif1 helicase.
BIR may initiate in the absence of Pif1, but Pif1 appears to be required for long-range synthesis during
BIR that proceeds by asynchronous synthesis of leading and lagging strands and leads to conservative
inheritance of the new genetic material [111,112]. Analysis of BIR-dependent replication intermediates
by 2D-agarose gels [113] revealed bubble arc-like migrating structures suggesting the accumulation of
ssDNA at unrepaired DNA lesions within the template strand [112,114]. Investigation of BIR in yeast
diploid cells led to observation of frequent switches of BIR between two homologous DNA templates,
leading to the proposal that BIR is initiated via an unstable replication fork [115]. It was proposed that
BIR could occur by several rounds of strand invasion, even at dispersed repeated sequences [115],
leading to chromosome rearrangements [116]. However, the specific mechanisms of multiple strand
invasions, D-loop displacement, and transition to a stable replication fork remain unknown.

Pol32, a nonessential subunit of Pol-δ, is another key player in BIR [111]. Pol32’s role in BIR is
not unequivocally clear, but it has been reported to be essential for Rad51-dependent BIR [99] and
required for replication fork processivity [111]. Interestingly, it has been recently shown that theMus81
endonuclease is required to limit BIR-associated template switching during Pol32-dependent DNA
synthesis [117]. The involvement of structure-specific nucleases in BIR, such as Mus81-Mms4, Slx1-Slx4,
and Yen1, suggests that these nucleases are needed for the processing or resolution of various types of
BIR-dependent replication intermediates [118].

Table 2. Factors required for origin-independent DNA replication by iSDR/BIR or cSDR/TIR.

E. coli

Function iSDR cSDR

End processing RecBCD RecBCD
Strand invasion RecA RecA

DNA unwinding
DnaBC, PriAB DnaBC, PriAB

RecG ?
DnaT ?

Replication
priming/elongation

DnaG,
DNA Pol III

DnaG,
DNA Pol I/Pol III

Resolution RuvABC ?

S. cerevisiae

Function BIR TIR

End processing MRX (Mre11-Rad50-Xrs2) ?

Strand invasion Rad51*, Rad52, Rad54,
Rad55, Rad57 ?

DNA unwinding Cdc45-MCM-GINS, DDK,
Mcm10, Ctf4, RPA, Pif1 RNA:DNA hybrid

Replication
priming/elongation Pol-α-primase, Pol-δ, Pol32* ?

Resolution Mus81-MMS4, Slx1–Slx4,
Yen1 ?

Note that BIR can be Rad51 and/or Pol32 independent (*). MCM: minichromosome maintenance complex; DDK:
Dbf4-dependent kinase; Pif1: petite integration frequency 1.

The establishment of a replication fork appears to be the slowest step in BIR. In bacteria, the normal
initiation role of the DnaA and DnaC proteins in loading DnaB helicase at origins is replaced by
the PriA complex (reviewed in [119,120]). PriA is implicated in loading DnaB onto replication
fork structures other than replisomes, thus making PriA indispensable for the completion of any
replication fork repair [121]. There is no obvious PriA homologue in eukaryotes, but it has been
speculated that such a protein must exist. In yeast, the DnaB helicase function is provided by the
Mcm2–7complex, which is conserved in all eukaryotes. The Cdc7–Dbf4 protein kinase promotes
assembly of a stable Cdc45–MCM complex exclusively on chromatin in S phase [37], and, interestingly,
BIR also requires the cell cycle-dependent kinase Cdc7 to initiate BIR [110]. As Rad51-dependent
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BIR occurs efficiently in G2-arrested yeast cells [102], either a subset of replication-competent MCM
helicases remain bound to already replicated DNA, or DNA damage signaling leads to MCM-complex
loading and Cdc7-dependent BIR activation in G2 phase. Recent studies show that SUMOylation
and polyubiquitylation of MCM proteins have a role in replication initiation and termination,
respectively [122–124]. It still remains to be determined if these post-translational MCM modifications
affect BIR and if other helicases can drive BIR in the absence of MCM proteins. Pif1 may do so,
as it already has a known role in BIR [111]. Pif1 is phosphorylated in response to DNA breaks by
the Mec1/Rad53 DNA damage pathway in order to block the activity of telomerase at DNA breaks
but not at chromosome ends [125], and its phosphorylation is required for BIR-mediated telomere
replication in yeast [126]. Although this is pure speculation, it is conceivable that Pif1 might also be
prone to Cdc7-dependent phosphorylation in order to fulfill its function in recombination-coupled
DNA synthesis.

2.2. Transcription-Initiated Replication

R-loops have been shown to have roles in T4 bacteriophage, E. coli ColE1 plasmid, and
mtDNA replication as well as B-cell immunoglobulin class switch recombination. R-loops are
abundant structures, however, unscheduled R-loop formation challenges genome dynamics and
function [127,128], and is related to neurological diseases and cancer (reviewed in [129–133]).

The role of R-loops in replication initiation was first demonstrated in E. coli ColE1 plasmid [134–136]
and bacteriophage T4 replication (reviewed in [137]). Another legacy of Tokio Kogoma and colleagues
was the discovery of oriC-independent DNA replication events ([138–140], reviewed in [90]). This type
of replication was named constitutive stable DNA replication (cSDR) and, surprisingly, E. coli cells can
stay alive exclusively on these origin-independent initiation events. One mutation that conferred this
phenotype was found to inactivate the rnhA gene encoding RNase H1, an RNase specific to RNA in
the RNA:DNA hybrid form [141,142]. cSDR was thought to originate from chromosomal sites named
oriK, and only recently have specific candidate locations for oriK been mapped [143]. Moreover, it has
been shown that origin-independent DNA synthesis arises in E. coli cells lacking the RecG helicase and
results in chromosome duplication [144]. In contrast to RNase H1, RecG deals with replication fork
fusion intermediates [145,146]; hence, origin-independent synthesis is initiated in different ways, but in
both cases a fraction of forks will proceed in an orientation opposite to normal [144]. Drolet et al. [147]
provided first evidence that R-loops can accumulate incells lacking topA, which encodes a type 1A
topoisomerase that relieves negative supercoiling behind the RNAP, by showing that overexpression
of rnhA partially compensates for the lack of topA. Notably, E. coli possesses two type 1A enzymes,
Top1 (topA-encoded) and Top3 (topB-encoded), but only cells lacking Top1 are prone to cSDR [148].
Apart from transcription, cSDR requires RecA, and the primosome-complex including PriA, PriB,
DnaT, and DNA Pol I [90,149,150]. RecA may also participate in cSDR by binding to ssDNA to
stabilize an R-loop, or facilitate an inverse strand exchange reaction performed by RecA ([151,152],
see Figure 2). In cSDR, DNA Pol I is thought to extend the RNA of the R-loop and to provide
a substrate for PriA binding, as well as DnaB and DNA Pol III loading [90]. Interestingly, cSDR uses the
same replicative helicase (DnaB) and replisome components (DNA Pol III) to initiate replication from
oriC, but uses the PriA-dependent primosome for replicative helicase loading [90], as is the case for
replication restart of disassembled replisomes [94]. Improperly regulated DNA replication may lead
to various consequences related to genome instability. Interestingly, evidence that R-loop-dependent
replication leads to DNA breakage and genome instability in non-growing E. coli cells has been
presented [153], and mutations reducing replication from R-loops suppress the defects of growth,
chromosome segregation, and DNA supercoiling in cells lacking Top1 and RNase H1 activity [154].

Transcription-linked replication initiation in eukaryotic cells was thought to be an exclusive
feature of mtDNA replication. Yet, some highly transcribed DNA regions, such as RNAPI-transcribed
ribosomal DNA (rDNA) or RNAP III-transcribed genes, were shown to be hot spots for R-loop
formation in yeast mutants lacking RNases H [155,156]. In addition, mutants lacking an RNA/DNA
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helicase Sen1 [157,158] or the yeast Pab1-binding protein Pbp1 (hAtaxin-2) had been found to increase
R-loop formation [159]. The absence of RNase H and Top1 activities causes synthetic lethality in
yeast, suggesting that persistent R-loop formation could constrain cell viability [160,161]. Accordingly,
persistent R-loop formation could be induced by treatment of RNase H mutants with the Top1 inhibitor
camptothecin (CPT) leading to the detection of unscheduled transcription-initiated replication (TIR)
events in yeast ([161], see Figure 2). TIR initiation intermediates were observed within the rDNA
region, but were not linked to a defined replication origin; moreover, they were observed in the late
S/G2 phase of the cell cycle, when replication termination and completion was expected to take
place [161]. TIR was RNAPI transcription-dependent and led to replication fork pausing sites at
sites of protein–DNA interaction. Taken together, these results suggest that R-loops could mediate
origin-independent replication initiation events that constitute a non-canonical replisome, lacking the
factors required to bypass replication constrains.

The factors and mechanisms participating in transcription-initiated replication events still remain
to be elucidated. Various nonexclusive mechanisms could cooperate to trigger TIR events (summarized
in Figure 2). These include strand invasion-dependent replication events that might be stimulated
by the presence of single-stranded DNA within R-loops. In the absence of RNase H and Top1
activities, the rDNA locus turns into a hotspot for DSBs [161], thus it is conceivable that these DSBs
drive recombination-dependent replication such as BIR. Other possibilities include that R-loops
cause replication fork collapse and TIR is the result of replication restart of a replisome–RNAP
complex [162,163]. An interesting possibility would be de novo replisome assembly at an R-loop.
The RNA present within the R-loop could prime leading-strand synthesis and provoke assembly of
replication-competent replicases at S/G2 phase [164]. Apparently, ssDNA opposite an RNA:DNA
hybrid could activate Mec1-mediated checkpoint activation and binding of the replication protein A
(RPA) complex, which has been shown to be involved in replication initiation as well as DNA repair
by interacting with both the DNA Pol-α-primase complex and with DNA Pol-δ [164,165]. An R-loop
may promote DNA replication restart by Pol-α-driven DNA synthesis, since the essential DNA
Pol-α-primase subunit Pol12 remains active and phosphorylated in S/G2 and is inactivated while
cells exit mitosis [44,161,166]. Moreover, a recent work by Symington and coworkers suggests that
BIR occurs by a conservative mode of DNA synthesis [107]. Thus, it will be interesting to determine
whether the same is true for TIR, or if TIR pursues a semiconservative replication mode. It is striking
that in E. coli, many factors involved in iSDR are also needed for cSDR. These findings suggest that in
yeast, many factors involved in BIR might be required for TIR. These factors include proteins involved
in homologous recombination, DNA end-processing, helicases, primases, DNA polymerases, and,
finally, structure-specific endonucleases (as listed in Table 2). Nevertheless, genetic interactions in
yeast cells between RNase H deficiencies and proteins involved in BIR still remain to be determined.

Yet-to-be determined questions include whether TIR is limited to rDNA, and whether TIR can
be observed in other RNA/DNA helicases mutants, including Sen1 [156–158] or the yeast ataxin-2
protein Pbp1 [159]. Recently, it has been shown that replication initiates, albeit very infrequently,
within the telomeric repeats [167]. A long noncoding telomeric repeat-containing RNA (TERRA)
has been implicated in telomere maintenance during replicative senescence and cancer [168,169].
TERRA accumulates specifically at short telomeres and may promote replication-fork restarting by
recruiting homology-directed repair (HDR) mediators or even by directly priming replication in an
origin-independent manner [167], similar to what was reported by Stuckey et al. [161]. This proposal
might be supported by the fact that the cell cycle regulation of TERRA becomes perturbed at telomeres
that are maintained by HDR, and that TERRA remains telomere-associated at G2/M in cells that use
the alternative lengthening of telomeres (ALT) mechanism [170]. Interestingly, loss of ATP-dependent
helicase ATRX that is frequently mutated in ALT-positive cancers, leads to persistent association of
RPA with telomeres after DNA replication [170]. ATRX is involved in establishing transcriptionally
silenced heterochromatin, and one hypothesis is that ATRX helicase and ATPase activity resolves
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G4 DNA secondary structures formed opposite of a TERRA-containing R-loop ([169,171], reviewed
in [167]).

3. Conclusions

Since the detection of recombination-dependent replication of the E. coli chromosome by Lark
and Kogoma about 50 years ago [172], we have learned a lot about mechanisms that can lead to
non-canonical replication initiation in prokaryotic and eukaryotic cells. It is generally accepted that
recombination serves to rescue broken chromosomes and stalled replication forks, however, we are
far away from the complete picture on how cells manage to bypass the need for origin-dependent
replication initiation. The mechanistic models and enzymatic steps leading to iSDR and cSDR in E. coli
can be considered as a blueprint for BIR and TIR events in eukaryotic systems. Interestingly, all known
features of BIR and TIR can participate in mtDNA replication events. Nevertheless, an important
difference is noted by the fact that nuclear BIR and TIR events happen in a chromatin context with
eukaryotic replication, starting with nucleosome packaging.

Many aspects of non-canonical DNA replication in eukaryotes still remain unknown and deserve
to be addressed in the future; in particular, the factors driving replication fork progression and
the mode of TIR-dependent DNA synthesis need to be characterized. Special attention should be
given to the identification of key replication factors involved in TIR, such as DNA polymerases and
helicases, but also to otherwise auxiliary replication proteins such as Pol32. R-loops are essential for
the onset of TIR, and this might not be the only difference between TIR and BIR events. As outlined
in Figure 2, the question remains if TIR is driven by strand invasion of the R-loop. TIR has been
characterized only in repetitive ribosomal DNA sequences, raising the question of whether it is
sister-chromatid-dependent, or if it uses non-sister chromatids as a template for DNA synthesis.
In either case, strand invasion could be Rad51-dependent or independent. However, the role of Rad51
in TIR still needs to be determined. Genetic screens might help to shed light on factors required for
TIR initiation and provide more insight to the differences between TIR and BIR.

The other model proposed in Figure 2 includes de novo assembly of a replication fork at an R-loop.
In this case, which replication factors would be assembled at an R-loop, and would this kind of
non-canonical replication restart be S phase-dependent? Would conservative or semiconservative
replication account for the newly synthesized DNA? Could an R-loop even contribute to the
activation of less defined replication origins in higher eukaryotes? Unrevealed functions of R-loops
in higher eukaryotes may include a role the epigenetic regulation of origin-dependent replication
initiation [173,174]. Interestingly, a nuclease-resistant G-quadruplex hybrid structure involving both
RNA and DNA is present at the mtDNA replication initiation site [65]. G-rich RNA mediates
Epstein-Barr virus nuclear antigen 1 EBNA1 and ORC interaction [175], thus it is conceivable that that
transcription-related RNA structures might replace the need for specific origin-recognition sequences.
By using a high-resolution PCR strategy to localize replication origins directly on total unfractionated
human DNA, over-replicated regions were found to overlap with transcription initiation sites of CpG
island promoters [176] and, recently, active transcription was proposed to be a driving force for the
human parasite Leishmania major spatial and the temporal program of DNA replication [177]. Last but
not least, TIR could be considered as an ancient mechanism to promote gene amplification events
linked to nuclear differentiation and evolution. In order to resolve these questions, future studies
should include higher eukaryotic model systems to see if TIR has a role in genome stability connected
to various human diseases, including cancer.
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Abstract: Precise duplication of the human genome is challenging due to both its size and sequence
complexity. DNA polymerase errors made during replication, repair or recombination are central
to creating mutations that drive cancer and aging. Here, we address the regulation of human DNA
polymerases, specifically how human cells orchestrate DNA polymerases in the face of stress to
complete replication and maintain genome stability. DNA polymerases of the B-family are uniquely
adept at accurate genome replication, but there are numerous situations in which one or more
additional DNA polymerases are required to complete genome replication. Polymerases of the
Y-family have been extensively studied in the bypass of DNA lesions; however, recent research has
revealed that these polymerases play important roles in normal human physiology. Replication stress
is widely cited as contributing to genome instability, and is caused by conditions leading to slowed
or stalled DNA replication. Common Fragile Sites epitomize “difficult to replicate” genome regions
that are particularly vulnerable to replication stress, and are associated with DNA breakage and
structural variation. In this review, we summarize the roles of both the replicative and Y-family
polymerases in human cells, and focus on how these activities are regulated during normal and
perturbed genome replication.

Keywords: translesion synthesis; replication stress; transcriptional regulation; polymerase interactions;
polymerase domains; polymerase modifications

1. Introduction

Human cells encode 15 distinct nuclear DNA polymerases with widely varying enzymatic
properties and accuracies, reflecting the need for biochemical flexibility during genome maintenance.
DNA polymerases of the Y-family are characterized by their unique ability to efficiently replicate
non-B DNA structures, as well as numerous DNA lesions formed by endogenous cellular processes
and exposure to exogenous agents (reviewed in [1,2]). The need for this enzymatic flexibility during
DNA replication is reflected in the conservation of the Y-family from E. coli and yeast, to rodents
and mammals. DNA polymerase errors during DNA synthesis pathways associated with replication,
repair, and recombination can cause mutations that drive cancer and aging. Y-family polymerases,
although essential, have higher error rates than replicative polymerases. While the biochemistry
of DNA lesion bypass or translesion synthesis (TLS) by Y-family polymerases has been extensively
studied (reviewed in [3]), the regulation of these polymerases is often viewed in that narrow context,
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and how mammalian cells orchestrate DNA polymerase activities to maintain genome stability is
an open question. In this review, we summarize the factors regulating both the expression and activity
of the Y-family polymerases, focusing primarily on mammalian cells, and compare such regulation to
the major replicative polymerases of the B-family.

2. Overview of Polymerase Functions

Currently known functions of the mammalian DNA polymerases to be discussed in this review,
as well as gene and protein nomenclature, are summarized in Table 1. Replication of the human
genome is carried out primarily by the replicative B-family polymerases (pols) α, δ, and ε [4].
The coordinated activities of several DNA polymerases are required for DNA repair pathways
including base excision repair (BER), nucleotide excision repair (NER), mismatch repair (MMR),
double-strand break repair (DSBR), and homologous recombination (HR) (Table 1). In response to
replication stress, the ATR-mediated intra-S phase checkpoint coordinates DNA replication, repair
and recombination processes at stalled replication forks [5]. Polymerases required to activate the ATR
checkpoint include Pol α, Pol κ, Pol δ and Pol ε (Table 1). The replisome is a highly dynamic structure,
and current models to explain resolution of stalled replication forks specialized polymerases (Y-family
and Pol ζ) include performing DNA synthesis at the fork when replicative polymerases (B-family) are
inhibited, or post-replicative gap-filling synthesis behind the replication fork [6]. Repetitive sequences
make up ~67% of the human genome [7], and are enriched within rare and common fragile sites (CFS),
chromosomal regions susceptible to breakage, particularly under replication stress [8]. Our laboratory
has proposed that the presence of multiple DNA polymerases with complementary biochemical
activities and accuracies reflects the complexity of completing DNA replication in genomes with
a high density of repetitive DNA sequences [9]. We demonstrated biochemically that microsatellite
sequences and high flexibility AT-rich repeats are particularly inhibitory to replicative DNA α and δ

polymerase elongation [9–11]. We also made the novel discovery that Pols η and κ efficiently replicate
through repetitive DNA sequences [11,12]. Loss of either Pol η or Pol ξ increases CFS breakage [13,14],
underscoring the importance of these enzymes in maintaining genome integrity. While classified
as a Y-family polymerase gene, REV1’s catalytic terminal transferase activity is overwhelmingly
dispensable [15]. Instead, REV1’s crucial function is to serve as a scaffolding protein and assist the
function of other polymerases.

Although they have dramatically different biochemical capacities (i.e., DNA synthesis efficiency
and fidelity using defined DNA substrates), the B- and Y-family DNA polymerases adopt the conserved
“right hand” structure found in polymerases of all forms of life. B-family polymerases utilize the
thumb domain to make extensive contact with both the primer and template DNA; the palm domain
contains catalytic residues and coordinates the Mg2+ ions; and the finger domain makes extensive
conformational swings to coordinate the incoming deoxynucleotide (dNTP) with the template.
While the Y-family enzymes share these general features and similar overall structure, they have
several key differences. Foremost, all of the Y-family polymerases have a little finger domain which
compensates for diminished interaction of the thumb domain with the template. Compared to B-family
polymerases, the finger domains are also smaller and more rigid, making little-to-no movement when
interacting with a dNTP, leaving the active site largely solvent exposed [16]. This finding has led to
the proposal that in contrast to the tight complex between polymerase, DNA, and dNTP made by the
fingers of B-family polymerases, Y-family polymerases have a preformed active site, explaining their
low fidelity and catalytic efficiency [17].

Moreover, the little finger domain is believed to ascribe unique biochemical functions to certain
polymerases. For Pol η, this domain was shown to interact tightly with the catalytic core and act
as a molecular splint, forcing DNA to adopt a B-form structure in the active site [18]. This ability
may explain Pol η’s ability to both accurately replicate certain DNA lesions, as well as repetitive
DNA [2,17,19]. Pol κ also contains an N-terminal clasp domain which allows it to encircle DNA,
linking the little finger and thumb, while also interacting with the primer [20]. In contrast to Pol η,

145



Genes 2017, 8, 19

Pol κ has a large gap between the little finger and thumb domain which may accommodate bulky
minor groove lesions [21]. Indeed, recent structural work has shown that the bulky benzo[a]pyrene
adduct is easily accommodated by the Pol κ active site, as the adducted DNA remained in B-form,
displaying little difference to normal DNA [22]. This finding suggests that the function of specialized
polymerases to replicate non-B DNA may be a result of their ability to force DNA into a B-form.

Table 1. Known functions of mammalian replicative and specialized polymerases.

Polymerase Gene/ Subunit Cellular Functions References

Replicative (B-family)

Alpha (α)
POLA1-A2
p180, p70

Replication: initiator DNA synthesis [23]
Checkpoint signaling [24,25]

Delta (δ)
POLD1-D4
p125, p50, p66, p12

Replication: Lagging strand; late S/G2 [4,26]
DNA repair synthesis (BER, NER, MMR) [27–29]
Checkpoint Signaling [24]

Epsilon (ε)
POLE1-E4
p261, p59, p17, p12

Replication: Leading strand [4,26]
DNA repair synthesis (NER) [30]
Checkpoint signaling [24]

Specialized (B-family)

Zeta (ζ)
REV3L Translesion synthesis

Common Fragile Site stability [1,13]

REV7

Specialized (Y-family)

Eta (η) POLH

Translesion synthesis [3]
Common Fragile Site stability [14]
DNA repair synthesis (MMR; HR) [31,32]
Somatic Hypermutation [33]

Kappa (κ) POLK

Translesion synthesis [3]
G4 and Microsatellite DNA synthesis [34]
DNA repair synthesis (NER, DSBR) [30,35,36]
ATR signaling [37]

Iota (ι) POLI
Translesion synthesis [3]
Somatic Hypermutation [38]

Rev1 REV1 Translesion synthesis [3]

3. DNA Polymerase Expression during an Unperturbed Mitotic Cell Cycle

All four Y-family polymerases are expressed throughout the adult organism in mice and humans.
Comparatively, the expression of POLH, POLK, and REV1 genes is high in testis and ovaries, moderate
in tissues such as kidney, liver, and spleen, and low in slow proliferating tissues, such as skeletal
muscle and brain [39–43]. The POLI gene is expressed highly in testis and ovaries and present in other
adult human tissues, but at low levels [44,45]. The Y-family polymerase proteins are expressed at
very low levels, with as few as 60,000 molecules of Pol η and REV1 estimated in unperturbed human
cells [46]. For comparison, each human cell is estimated to have ~3 million molecules of Pol ε and
500,000 molecules of Pol δ, based on the abundance of the catalytic subunits [47]. Additionally, unlike
replicative polymerases and PCNA which increase transcript and protein just before S-phase, Y-family
polymerases either do not change expression during the cell cycle (POLI and REV1) or increase only in
G2/M (POLH) [48].
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3.1. Transcriptional Regulation

3.1.1. Sp1

The Sp1 transcription factor regulates numerous genes in processes such as apoptosis, cell growth,
and the immune response [49]. Sp1 regulation of basal transcription has been functionally characterized
for several mammalian replicative polymerase genes (POLA1, POLD1, POLE2) [50–52], and both direct
and indirect evidence suggests that Sp1 regulation extends to all four Y-family polymerase genes
(Figure 1A).

Figure 1. Overview of DNA polymerase regulation. (A) Transcriptional regulation of the B and
Y-family polymerases genes (Top, see Table 1), as controlled by histone modifications (grey and
orange circles), CpG methylation (open circles), and transcription factors (blue circles). Genes in red
are negatively regulated by the factor below. TSS = transcription start site; (B) Post-transcriptional
regulation: Polymerase mRNA stability is controlled by mRNA binding proteins and microRNA
binding at the 3′ UTR; (C) Post-translational regulation: Polymerase proteins can be stabilized and
functionally activated by various modifications, or prompted for degradation (red). See text for details.

Early work characterizing the POLK promoter showed the presence of both cis repressive
(−1413/−395) and activating elements (−395/−83) [53]. Mutation of a CREB binding element or
an Sp1 site (−180 and −78 respectively) reduced POLK promoter activity, as measured using luciferase
reporter constructs (pGL3-Basic). Indeed, these proteins were shown to bind their cognate sequences
in vitro by mobility shift assays, and over-expression of CREB, Sp1, or Sp3 enhanced luciferase
expression via the POLK promoter. The POLK gene also harbors an Sp1 motif at position +60, and
this upstream site was confirmed to positively regulate POLK [54]. However, several other putative
transcription factor binding sites were shown not to affect POLK promoter activity, including SMAD
and NFκB.

The POLI promoter contains functional Sp1 binding motifs [55], and an early study documented
the control of POLI expression by Sp1 [56]. Using chromatin immunoprecipitation (ChIP), Sp1 was
confirmed to bind within the POLI promoter, and overexpression of Sp1 enhanced luciferase expression
driven by the POLI promoter. Interestingly, overexpression of Sp1, but not Oct-1, increased POLI
mRNA, despite the presence of predicted Oct-1 sites.

The POLH gene promoter also contains putative Sp1 motifs, and deletion of Sp1 motifs reduced
luciferase expression to levels comparable to the empty pGL3 vector [57]. Additionally, publicly
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available ChIP data (UCSC Genome Browser, [58]) shows an Sp1 signal in the POLH promoter, at the
consensus sequence. To our knowledge, there are no reports characterizing the human REV1 promoter.
However, the UCSC Genome Browser also shows an Sp1 ChIP signal at the 3′ of the REV1 gene in
intron 17. Although this peak lacks the consensus motif, a possible binding site can be found in intron
22 (5′-AGGGCGGATC-3′) and several 5′-GGGCGG-3′ motifs are present in the promoter region.

3.1.2. p53

The p53 transcription factor was first reported a decade ago to positively regulate the POLH [59].
Overexpression of TP53 increased Pol η mRNA levels and enhanced luciferase activity in a reporter
assay. Importantly, overexpression of a mutant TP53 (R175H) was unable to enhance luciferase
expression. Unpublished data from our laboratory and other studies have confirmed higher expression
levels of human POLH in TP53 proficient cells compared to deficient cells [60]. POLH gene regulation
by p53 is conserved in murine cells [61].

In contrast, the effect of p53 on POLK expression appears to have diverged between humans
and mice. While murine POLK expression is enhanced by p53 in the absence of DNA damage,
human POLK expression is either unaffected [39], or negatively regulated [62]. In the latter study,
luciferase constructs containing the human POLK promoter were inhibited when TP53 was transiently
overexpressed, compared to controls, and this inhibition was dependent on p53 DNA binding
activity [62]. Consistently, using the same human constructs in mouse cells, POLK promoter-dependent
luciferase activity was increased in TP53 null cells, compared to wild-type. Similar to POLK, POLD1
gene transcription is repressed by p53 binding to the core promoter, in a mechanism that excludes Sp1
binding [63,64].

3.1.3. E2F

Replicative polymerase gene transcription is increased upon mitogen-stimulated entry into the
mitotic cell cycle after serum deprivation (G0) growth arrest. This response has been functionally
characterized for several genes (POLA1, POLA2, POLD1, POLE2, and POLE3), and is dependent upon
E2F transcription factor binding [50–52,65,66].

3.1.4. Epigenetic Regulation

Very little is known regarding the epigenetic regulation of polymerase genes. The promoters
of both POLI and POLK are unmethylated and treatment of cells with 5-azacytidine did not alter
expression [53,55]. In these same studies, treatment with Trichostatin A and did not change the
expression of POLI, but POLK expression was increased ~five-fold, suggesting histone acetylation
status is used to regulate POLK expression. POLA1 and POLD1 gene expression is also unresponsive
to 5-azacytidine and Trichostatin A suggesting an absence of repressive epigenetic modification at their
promoters [53]. However, the PRMT7 histone methyltransferase is a negative regulator for POLD1 and
POLD2 gene expression [67].

3.2. Post-Transcriptional Regulation

An important point for regulating gene expression is at the level of the mRNA half-life.
The stability of POLH mRNA is enhanced by binding of PRCB1 (or hnRNP E1) to an AU-rich element
within the 3′ UTR [68] (Figure 1B). Knock-down of this protein reduces Pol η protein levels via
a reduction in POLH mRNA half-life.

Overexpression of miR-155 causes down-regulation of all four POLD genes [69], but it is unclear
whether miR-155 regulates Pol δ expression by directly binding to POLD gene transcripts. However,
micoRNAs have been shown to regulate most of the Y-Family polymerases. miR-96 negatively regulates
REV1 in human cells by interacting with a predicated binding site in the 3′ UTR [70]. miR-20b is predicated
to bind the 3′ UTR of both POLH and POLK transcripts, and the miR-20b binding site was confirmed to
be functional for the POLK 3′UTR. Overexpressing a miR-20b mimic reduces, while a miR-20b inhibitor
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elevates, Pol κ protein levels [71]. In a separate report, the downregulation of miR-93 expression in ovarian
cancer cells caused an increase in Pol η levels. This negative regulation was validated using both a miR-93
mimic and an inhibitor [72]. In contrast to the study by Guo et al. [72], POLK transcript was not affected
even though miR-20b was downregulated in the ovarian cancer cells, and a miR-20b mimic did not alter
Pol η expression [72].

3.3. Post-Translational Modifications-Functional

Phosphorylation is an important mechanism regulating replicative polymerases (Figure 1C). Pol
α-primase holoenzyme activity is regulated by cyclin-dependent kinases (CDKs) in a cell cycle-dependent
manner [73]. The p180 catalytic subunit is a phosphoprotein that becomes hyperphosphorylated in G2/M
phase, while the regulatory p70 subunit is phosphorylated only in G2/M [74]. Pol α phosphorylation
results in lowered single-stranded DNA binding affinity, lowered DNA synthesis activity, and an inhibition
of DNA replication [73,74].

The mammalian Pol δ holoenzyme consists of catalytic p125 (POLD1), regulatory p50 (POLD2),
regulatory p68 (POLD3) and p12 (POLD4) subunits [75]. The Pol δ holoenzyme is phosphorylated
in a cell cycle-dependent manner (see [76] for review). The catalytic p125 subunit is phosphorylated
primarily during S-phase [77]. The regulatory B subunit (p50) is phosphorylated in vivo, and is
an in vitro substrate of the Cyclin A-CDK2 cell cycle-dependent kinase [78]. The regulatory C subunit
(p68) can be phosphorylated by G1/S phase and S-phase cyclin-dependent kinases in vitro, and PCNA
interferes with this phosphorylation [79]. Phosphorylation of p68 coincides with Pol δ association with
chromatin at the start of S-phase [80]. The regulatory p68 subunit also contains a phosphorylation site
for Protein Kinase A, and phosphomimetic mutation of this residue decreases Pol δ affinity for PCNA
and processivity [81]. In addition, mammalian p125, p68 and p12 subunits can be phosphorylated
by Casein Kinase 2 in vitro, and subsequently dephosphorylated by protein phosphatase-1 [82],
suggesting an additional regulatory circuit for regulation. Thus, phosphorylation may serve to regulate
Pol δ activity by controlling its interaction with DNA and/or auxiliary proteins during replication.

3.4. Post-Translational Modifications-Degradation

While the mammalian Pol δ holoenzyme is a heterotetrameric protein (Pol δ4), the Pol δ

holoenzyme found in budding yeast, Saccharomyces cerevisiae, lacks the small subunit, and exists
only in the three subunits assembly (Pol δ3). The human p12 subunit interacts with the p125 and p50
subunits, increasing stability of the Pol δ holoenzyme and increasing PCNA-dependent DNA synthesis
activity [78]. During an unperturbed mitotic cell cycle, p12 levels fall during G1 phase, preceding the
initiation of DNA synthesis, and rapidly rise again upon completion of DNA synthesis and transition
to the G2/M phase [83] (Figure 1C). During S- phase, the majority of Pol δ activity is attributed to the
Pol δ3 form [83,84]. This partial degradation of p12 occurs via a PCNA interacting peptide (PIP) degron
sequence and is controlled by the CRL4Cdt2 E3 ligase [85]. CRL4Cdt2 recognizes substrates bound to
chromatin-loaded PCNA and is a key regulator of replication [86]. Another CRL4Cdt2 substrate, the p21
protein, directly interacts with the PolD2/p50 subunit, and p21 and p12 are coordinately degraded in
S-phase. The biochemical properties of the human Pol δ3 and Pol δ4 forms differ, with the Pol δ3 form
being more adapted for completion of Okazaki fragment processing and DNA repair synthesis [87].

4. DNA Polymerase Expression under Stress

4.1. Transcriptional Regulation

The cellular response to ultraviolet (UV) radiation in human cells involves upregulation
of Pol ι expression [88] that is dependent on ATR activation of c-jun [89] (Figure 1A). This is
surprising, considering Pol ι over-expression is unable to rescue the UV sensitivity of patient derived,
Pol η-deficient cells [90]. In mice, UV induces Pol κ expression in a p53-dependent manner, whereas
in human cells, UV induces either no change (p53 positive cells) or a reduction (p53 deficient cells) in
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POLK expression [39]. Notably, POLK was upregulated following UV in patient derived Pol η-deficient
cells [91], suggesting a regulatory adaptation to loss of Pol η. Surprisingly, despite its function as an
accurate and efficient TLS polymerase for UV induced pyrimidine dimers, the levels of Pol η actually
decrease following UV irradiation in human and murine cells [42,92] (see Section 4.3).

Pol η levels are induced following treatments that create double strand breaks. Exposure to both
camptothecin (CPT) or ionizing radiation (IR) induces transactivation of POLH in human cells in
a p53-dependent manner [59]. Studies examining the relationship between p53 and Pol κ have
produced interesting results. Murine cells treated with doxorubicin, which can cause strand breaks,
causes POLK upregulation in a p53 dependent manner, whereas similar treatment of human cells
caused either a reduction (p53 deficient) or no change (p53 wild-type) in POLK expression [39].
These findings are consistent with the basal levels of POLK mentioned above, and provide further
support that p53’s role in Y-family polymerase regulation has diverged between rodents and primates.

Notably, POLH, POLI, and POLK gene expression are all induced by alkylation damage.
N-methyl-N’-nitro-N-nitrosoguanidine treatment of human cells induces POLH expression in a pathway
dependent on interferon regulatory factor 1 (IRF1), and POLI gene expression in an Sp1 dependent
manner [56,57]. Temozolomide, an alkylating drug used in chemotherapy, upregulates the expression
of Pol κ at both the mRNA and protein levels [93].

4.2. Post-Translational Modifications—Functional

4.2.1. Phosphorylation

Early work showed that following UV radiation, human Pol η was phosphorylated and its foci
formation was reduced in ATR-depleted cells [94]. Later work demonstrated that Pol η is directly
phosphorylated at Ser 601 by ATR in vitro and in cells following UV, hydroxyurea, cisplatin, and
CPT treatment (Figure 1C). This phosphorylation is dependent on Pol η‘s interaction with Rad18 and
Pol η‘s ubiquitin binding zinc finger (UBZ) domain but independent of Rad18 catalytic activity and
PCNA ubiquitination [95]. Importantly, following UV treatment, loss of Ser601 phosphorylation does
not impact Pol η chromatin localization or foci formation, but does reduce cell survival. A recent
report using LC-MS/MS discovered that both Ser601 and Ser687 are phosphorylated in untreated
human cells [96]. The Ser687 phosphorylation is induced following UV by Cyclin A2- CDK2 [96].
Again, loss of this Ser687 phosphorylation does not impact Pol η nuclear localization but does reduce
cell viability following UV treatment. Interestingly, a phospho-mimetic mutant (S687D) had reduced
PCNA interaction, but no defect in a cellular TLS assay compared to wild-type cells. These findings
together suggest that despite reduced PCNA interaction, Pol η phosphorylation promotes its activity.
Further biochemical studies are required to determine if phosphorylation impacts Pol η activity per se.

4.2.2. Ubiquitination

Multiple reports have shown that Pol η is mono-ubiquitinated at Lys682, under normal
conditions [96,97]. The nuclear localization sequence of Pol η, including Lys682, Lys686, Lys694,
and Lys709, is ubiquitinated in cells by the PIRH2 E3 ligase [98], and these modifications act as
a surface for PCNA interaction along with the PIP box. In response to UV, ubiquitinated Pol η
disappears, suggesting that removal of the modification is required for function [97]. Consistent with
this, a ubiquitin-Pol η chimera has reduced nuclear foci and compromised PCNA interaction, due
to intramolecular interaction between ubiquitin and the UBZ domain of Pol η [97,98]. However, this
mutant has only slightly reduced clonogenic survival in comparison to wild-type cells [97,98]. These
studies suggest that while mono-ubiquitination is a bona-fide mechanism for regulating Pol η/PCNA
interaction and foci formation, this modification does not dramatically reduce its ability to prevent UV
sensitivity, especially in comparison to Pol η-deficient cells.

In contrast to Pol η, there is little experimental evidence concerning functional consequences of
post-translational modifications of the other Y-family polymerases, although all three are ubiquitinated
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in a UBZ/UBD dependent fashion [99–103]. The E3 ligase TRIP has been shown to interact with
Pol κ [104]. Polymerase δ subunits p68 and p12 are modified by ubiquitination, and the p68 subunit is
primarily mono-ubiquitinated [105]. The p68 subunit also is SUMOylated by SUMO3 in unperturbed
cells [105] and by SUMO2 in cells under replication stress [106]. The functional consequences of the
p68 SUMOylation have not been determined, although the lysine residues modified by SUMO3 lie
outside of the known p50 and PCNA binding domains.

4.3. Post-Translational Modifications—Degradation and Stability

Human Pol η is degraded following UV treatment by the proteasome. MDM2 negatively regulates
Pol η following UV via poly-ubiquitination [107], while, USP7 acts as a de-ubiquitinase, preventing the
poly-ubiquitination of Pol η and its degradation [108]. USP7 also negatively regulates the stability of
MDM2. Thus, MDM2 and USP7 regulate Pol η levels in an inverse manner. Following UV treatment,
Pol η is also targeted for degradation in a ubiquitin independent fashion by PIRH2 [92]. TRIP is
also known to poly-ubiquitinate human Pol η, but the consequences of this on stability have not
been examined [104]. In C. elegans, degradation of Pol η is prevented by GEI-17 [109]. GEI-17 (PIAS
homolog) SUMOylates Pol η to halt CRL4-Cdt2 mediated degradation following UV and methyl
methanesulfonate (MMS). An epistatic relationship between C. elegans Pol η and GEI-17 following UV
confirms that the two proteins act in the same pathway [110]. Recently, the SUMOylation of human
Pol η was shown to occur following UV and replication stress, although its functional consequence is
unclear [111]. PIAS1 acts as the SUMO ligase for human Pol η and its function depends on Rad18. POLK
was also implicated to act in the GEI-17 pathway in the C. elegans study, and identified as a SUMOylated
peptide in a human cell proteomic screen [112], but there have been no reports validating human Pol
κ SUMOylation. Finally, REV1 is SUMOylated by PIAS in a cell model of doxorubicin sensitization
by starvation [113]. This modification promotes REV1 stability, and was also demonstrated in H2O2

treated cells. Since PIAS is the human homolog of C. elegans GEI-17, the data to date suggest that
SUMOylation is a conserved mechanism for regulating Y-family polymerases.

Degradation of the human Pol δ p12 subunit (Section II D) also has been studied during the DNA
damage response (reviewed in [76]). Upon treatment of cells with various DNA damage-inducing
agents, including UV, MMS, hydroxyurea, aphidicolin, and IR, the p12 subunit undergoes complete
ubiquitylation-dependent degradation, to form Pol δ3. This process requires both the CRL4Cdt2 and
the RNF8 E3 ligases [84,114]. Under conditions of low UV doses, Pol δ3 formation is dependent on
activation of ATR [115]. After UV irradiation, ~70% of cells with cyclobutane pyrimidine dimer foci
co-localize with the Pol δ3 form exclusively, consistent with a role for Pol δ3 in NER re-synthesis [116].
Interestingly, Pol δ3 displays increased exonuclease partitioning and decreased potential for bypass of
various DNA lesions [76]. These findings led to a model in which Pol δ3 may slow fork replication
progression at sites of DNA damage, allowing for switching to a specialized DNA polymerase [76].

Both Pol η and REV1 interact with Hsp90, suggesting that proper folding of polymerases is
required for optimal function [117,118]. Inhibition of this interaction reduced UV induced foci
formation of both polymerases and, in some cell lines, reduced protein stability. Inhibition of Hsp90 also
reduced the interaction of these polymerases with PCNA after UV and was epistatic to knock-down of
either protein in UV induced mutagenesis.

5. Orchestration of DNA Polymerases

Maintenance of genome stability requires the formation of distinct replication and repair
complexes that include both replicative and specialized DNA polymerases. A summary of known
protein interactions of the Y-family polymerases is given in Figure 2. The regulation of Y-family
polymerase complex formation is fairly well studied, and cross-talk between the B- and Y-family
polymerases also occurs through several mechanisms. Human Pol η directly interacts with the p50
subunit of Pol δ, but Pol κ and ι do not [119]. This interaction occurs via an FF motif (F1) and is
required for optimal UV survival, but not Pol η foci formation. Mutation of this site also reduced
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the cellular interaction between Pol η and p50, as well as Pol η and PCNA. The F1 motif was later
described as PIP3, and while still putative, may explain the latter phenotype [120].

Figure 2. Schematic of Y-Family Polymerase Domains and Interaction Sites. Functional domains
that have been experimentally validated are indicated and drawn to scale along the length of the
protein. PIP (PCNA Interacting Peptide) boxes with red highlight are putative. Below each cartoon
are the known sites of interaction between the polymerase and the indicated protein. Proteins whose
interaction has been suggested but the precise site is unknown are listed to the left. See text for details.

Human REV1 harbors a C-terminal domain capable of interacting with the other Y-family
polymerases, REV7, and the p68 subunit of Pol δ [121] (Figure 2). Interaction with REV1 promotes Pols
η, κ, and ι UV-induced foci formation and UV lesion TLS [122]. Structural studies suggest that REV1
may orchestrate multiple polymerases simultaneously [123,124]. This is of particular interest as REV1
interacts with p68 in a complex similar to Pol η or κ [125]. Moreover, this may be a function unique to
higher organisms, as binding of REV1 to Y-family polymerases is found in humans, mice, and flies,
but not worms and yeast [126]. Further studies are required to assess the cellular consequences of
these interactions.

PDIP38 also provides a link between Pol δ and specialized polymerases, binding both p50 and
Pol η [127,128]. This protein interacts with Pol η in an area overlapping the UBZ, but independent of
ubiquitin binding. Loss of PDIP38 does not reduce Pol η foci following UV, but does impair viability
to the same extent as Pol η knock-down. Moreover, PDIP38 interacts with REV1, but not Pols κ and ι.
Combined with the above report, it seems PDIP38 may facilitate the interaction between Pol δ and
η and thereby promote TLS following UV. Several questions remain, however, as to the biochemical
consequences of these interactions.

Spartan (C1orf124), a ubiquitin binding protein, was recently identified as a regulator of TLS.
Spartan interacts directly with the p68 subunit of Pol δ through its zinc metalloprotease domain [129].
Spartan interaction with p68 is lost following UV, and Spartan interacts strongly with Pol η instead.
Depletion of Spartan increases the interaction of p68 with REV1, and reduces UV induced Pol η
foci, suggesting that Spartan positively regulates TLS [130,131]. Although controversial, Spartan
is proposed to positively regulate TLS by promoting Rad18 activity, PCNA ubiquitination, and
inhibiting USP1 [130,132,133]. However, it has also been inferred from mutagenesis studies that
Spartan negatively regulates TLS [129,133,134]. In these reports, knock-down of Spartan elevates
UV mutagenesis. However, these studies were conducted in POLH and NER proficient cells, which
actually suggests that Spartan either suppresses erroneous repair processes, or promotes error-free
pathways. In agreement with this, knock-down of REV1, which promotes error-prone TLS, eliminates
the increased mutagenesis in Spartan depleted cells [129]. Finally, Spartan depletion sensitizes cells to
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UV, again suggesting that it promotes TLS activity [130,131]. Future studies examining the epistasis
between Spartan and accurate TLS mechanisms, as well as the functional consequences of Spartan
interactions, are required.

There is growing evidence that the Fanconi anemia (FA) pathway, traditionally known for
inter-strand crosslink repair, also regulates the Y-family polymerases. FANCD2 interacts with Pol η
following UV and this is dependent on FANCD2 ubiquitination [135]. Pol η/FANCD2 interaction
precedes Pol η/PCNA interaction following UV, suggesting FANCD2 is involved in the early regulation
of Pol η. Recently, FANCD2 was shown to regulate chromatin localization of Pol η, but not Pol κ,
following hydroxyurea [136]. REV1 also interacts with FANCD2, and loss of FANCD2 impairs
REV1 accumulation at sites of laser microirradiation [137]. Interestingly, knock-down of REV1 or
POLH reduces FANCD2 foci following UV, consistent with co-regulation of FA proteins and Y-family
polymerases. The FA core complex (A, B, C, E, G, F, M, and L) also regulates REV1 and Pol η. Following
UV, FANCA and FANCG deficient cells display reduced REV1 foci compared to proficient cells [138].
Moreover, REV1 directly interacts with FAAP20, which stabilizes the FA core and promotes REV1 foci
following UV. Additionally, the FA core may influence the expression of Pol η [139].

BRCA1 and BRCA2 have been extensively studied due to their roles in HR and dysregulation
in breast cancers and are thought of as members of the FA pathway. In addition to lesion bypass,
there is accumulating evidence that Y-family polymerases play an important role in the response to
DSBs and are regulated in accordingly. BRCA1 was first reported to interact with REV1 and Pol η
and its knock-down reduced their foci formation following UV [140]. BRCA2 as well as PALB2 were
shown to interact with Pol η and co-localize following UV and replication stress, and to a lesser extent
following IR [141]. Interaction with BRAC2/PALB2 was required for optimal Pol η foci formation
following hydroxyurea. Both BRCA2 and PALB2, but not BRCA1, stimulated Pol η‘s DNA synthesis
activity using a model recombination (D-loop) substrate in vitro.

6. Summary and Model for Orchestration

Our knowledge of how mammalian cells regulate the levels and activities of replicative and
specialized polymerases to maintain genome integrity is in a state of infancy. Such regulation is quite
intricate, and occurs at the transcriptional, post-transcriptional and translational levels (Figure 1).
UV irradiation is the most well characterized model for polymerase orchestration (Figure 3). Following
UV irradiation, Pol κ synthesis promotes ATR activation which, in turn, enhances Pol ι expression and
phosphorylates Pol η [37,89,95]. This is likely concomitant with Pol η deubiquitination by USP7 and
PIAS1/Rad18 dependent SUMOylation [108,111] (Figure 3A).

Figure 3. Orchestration of DNA Polymerases Following UV Irradiation: (A) following UV, Pol
η is deubiquitinated, phosphorylated, and SUMOylated while POLI gene expression is induced;
(B) thymine dimers stall replication forks requiring exchange, or altered polymerase activity (see text
for details); and (C) following lesion bypass, Pol η is degraded by the proteasome while Pol κ and Pol δ
(as well as Pol ε) filling in gaps generated by lesion incision by NER.
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Recruitment of Pol η to sites of UV lesions is facilitated by numerous factors, as discussed
above. REV1 may coordinate an exchange of DNA synthesis activity with Pol δ by interacting with
p68 [125], with assistance by PDIP38/p50 and Spartan/p68 interactions (Figure 3Bi) [119,127,129,131].
Replicative Pol δ subunit composition is altered with the concomitant degradation of p12 and p21
(Figure 3Bii), which may aid polymerase orchestration at replication forks [85,142]. Pol η engagement
at the fork may be facilitated by numerous protein-protein interactions (Figure 3Biii). Additionally,
Pol ζ may be recruited to exchange subunits with Pol δ (p68 and p50) and assist in lesion bypass, in a
manner likely facilitated by REV1 [143,144] (Figure 3Biv). Following lesion bypass, Pol η is degraded,
while Pol κ and δ can participate in gap filling following lesion excision by NER (Figure 3C) [30,107].
The timing of PCNA mono-ubiquitination following UV irradiation and the nature of its function
vis-à-vis polymerase orchestration is controversial [135,145–147]. Considering Pol η facilitates Rad18
recruitment to chromatin and it and Pol κ promote PCNA mono-ubiquitination, this modification may
actually occur following specialized polymerase synthesis [60,120].

Much work remains to be done characterizing the orchestration of DNA polymerases during
the replication stress response. However, research over the past decade clearly has shown this to be
a more complex process than a single post-translational modification of PCNA. Numerous proteins
converge on the Y-family polymerases to facilitate their recruitment to (presumably) stalled replication
forks, including the Fanconi Anemia and BRCA pathways [136,141]. Interestingly, these pathways also
promote repair of collapsed forks through DSBR and HR, and Y-family polymerases perform synthesis
during these repair processes [31,36,148]. Therefore, recruitment of Y-family polymerases during
replication stress may serve as an attempt to both relieve stalled replication and repair collapsed
forks simultaneously. While such widespread utilization of error-prone polymerases may seem
counter-intuitive, Pols η, κ, and ι interact with MMR proteins, opening the formal possibility that
errors in the DNA synthesis products of these enzymes may be removed to maintain overall genome
stability [32,36,149,150].
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Abstract: This review focuses on the regulation and modulation of human DNA polymerase δ (Pol δ).
The emphasis is on the mechanisms that regulate the activity and properties of Pol δ in DNA repair
and replication. The areas covered are the degradation of the p12 subunit of Pol δ, which converts
it from a heterotetramer (Pol δ4) to a heterotrimer (Pol δ3), in response to DNA damage and also
during the cell cycle. The biochemical mechanisms that lead to degradation of p12 are reviewed,
as well as the properties of Pol δ4 and Pol δ3 that provide insights into their functions in DNA
replication and repair. The second focus of the review involves the functions of two Pol δ binding
proteins, polymerase delta interaction protein 46 (PDIP46) and polymerase delta interaction protein
38 (PDIP38), both of which are multi-functional proteins. PDIP46 is a novel activator of Pol δ4, and the
impact of this function is discussed in relation to its potential roles in DNA replication. Several new
models for the roles of Pol δ3 and Pol δ4 in leading and lagging strand DNA synthesis that integrate
a role for PDIP46 are presented. PDIP38 has multiple cellular localizations including the mitochondria,
the spliceosomes and the nucleus. It has been implicated in a number of cellular functions, including
the regulation of specialized DNA polymerases, mitosis, the DNA damage response, mouse double
minute 2 homolog (Mdm2) alternative splicing and the regulation of the NADPH oxidase 4 (Nox4).

Keywords: DNA polymerase δ; PDIP46; Poldip3; PDIP38; Poldip2; DNA replication; enzyme
regulation; DNA damage response; p12 subunit; E3 ligases; cell cycle

1. Introduction

Pol δ plays a central role, together with Pol ε and Pol α/primase, as the DNA polymerases
that synthesize the daughter DNA strands at the eukaryotic replication fork. The unraveling of
the biochemistry of the mammalian DNA polymerases has posed significant experimental challenges.
Knowledge of the enzymology of the DNA polymerases is essential to an understanding of their cellular
functions. The biochemical approach is critical as pointed out by Arthur Kornberg in the context of
the discovery and unraveling of the processes of prokaryotic DNA replication [1]. In the following
review, we have focused on the regulation of Pol δ by modification of its subunit structure, and
the modulation of its functions by accessory proteins. For a broader view of regulation of Pol δ and
other polymerases, see [2,3].

1.1. Brief Historical Background

In the early 1970s, three mammalian DNA polymerases were known: Pol α, Pol β and Pol γ [4].
Pol α was considered to be the replicative polymerase, but did not possess an intrinsic or associated
3′ to 5′ exonuclease activity like the Escherichia coli or T4 bacteriophage DNA polymerases, where
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they function to edit or proofread misincorporated nucleotides [5–7]. Thus, the discovery of a novel
mammalian DNA polymerase with an intrinsic 3′ to 5′ exonuclease activity represented a major
advance. This enzyme, named Pol δ, was studied by a group of investigators at the University of Miami
in Florida, in rabbit bone marrow erythroid cells [8–11], calf thymus [12–14] and human placental
tissues [15–19]. Their approach was the rigorous isolation of the enzyme activities. This initially
resulted in the characterization of a dimeric enzyme, consisting of a catalytic subunit of 125 kDa that
harbored both the polymerase and 3′ to 5′ exonuclease catalytic sites and a p50 subunit. Evidence
that Pol δ was a distinct enzyme from Pol α came from their separation by purification, by their
immunochemical distinction using antibodies against Pol δ [18,20], and by the molecular cloning
of the p125 subunit [21–23]. These studies from the Miami laboratories provided a firm basis for
the identification of Pol δ as a novel proofreading DNA polymerase, and removed concerns that this
new enzyme was merely Pol α contaminated with a cellular exonuclease.

Studies of human placental [17], calf thymus [24] and HeLa Pol δ [25] led to the discovery of
a second human DNA polymerase with an intrinsic 3′ 5′ exonuclease activity, which was named
Pol ε [26,27]. The early history of the study of Pol δ is also notable for the discovery of a factor which
stimulated its activity, and acted to modify synthesis by Pol δ from a distributive to a processive
mode [28]. This protein was identified as proliferating cell nuclear antigen (PCNA), which was
subsequently shown to be a platform for many DNA transactions [29].

These early studies defined mammalian Pol δ as having two subunits, p125 and p50. The third
and fourth accessory subunits were identified as p66/p68 [30,31] and p12 [32] (Table 1). The four
subunits of human Pol δ are encoded by the POLD1, POLD2, POLD3 and POLD4 genes. Pol δ has been
extensively studied in yeast [33]. Saccharomyces cerevisiae (S. cerevisiae) Pol δ consists of the homologs
of the p125, p50 and p68 subunits [34]. Schizosaccharomyces pombe (S. pombe) Pol δ has an additional
fourth subunit, Cdm1 [35–37], which has limited homology to p12 [32]. Molecular cloning of the p125
catalytic subunit of human Pol δ showed that the catalytic cores of the p125 subunits share greater
than 60% similarity with that of S. cerevisiae Pol3 [22,23]. Pol δ and Pol ε are members of the B family
of DNA polymerases that include T4 and Rb69 DNA polymerases.

Table 1. Subunit compositions of Pol δ.

Human p125 p50 p68 p12

Schizosaccharomyces pombe Pol3 Cdc1 Cdc27 Cdm1
Saccharomyces cerevisiae Pol3 Pol31 Pol32 -

1.2. Properties of Human Pol δ4 and Its Subassemblies and the Roles of the p68 and p12 Subunits

The p68/Pol32/Cdc27 subunits of both human and yeasts possess PCNA interacting
protein-boxes (PIP-boxes) at their C-termini [30,34,38]. The p68 subunit has an extended structure,
and is highly charged, suggesting that it is flexible and thus an ideal subunit for mediating PCNA
interaction [39,40]. In S cerevisiae, the Pol32 subunit is not essential, but Cdc27 is required for viability
in S. pombe [39,40]. However, the human Pol δ p125 [41–44] and p12 [45] subunits also interact with
PCNA. The p50 subunit also interacts with PCNA [46], although this interaction is much weaker [47].
Analysis of Pol δ enzymes in which the PIP-boxes of either the p12 [45] or p68 [48] were mutated show
that both are required for full expression of activity.

The human Pol δ heterotetramer (Pol δ4), as well as its subassemblies, have been reconstituted
by their expression in the baculovirus system [49–51]. Pol δ4 has also been expressed in an E. coli
system [52]. The use of the baculovirus expression system allowed for the preparation of highly purified
Pol δ4 and its subassemblies for biochemical studies. Initial difficulties were encountered in obtaining
reproducible behaviors of the subassemblies, including that of the trimer lacking the p12 subunit [50].
This was traced to its instability during the isolation process; additionally, both the p68 and p12 subunits
are more susceptible to proteases than the p125 and p50 subunits [51]. Immunoaffinity chromatography
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was used as a key component of the purification of the Pol δ subassemblies [53]. The preparations
of Pol δ4 and its subassemblies were monitored for the appropriate subunit stoichiometry [51]
because of the possibility of subunit loss during isolation and the fact these subassemblies do exhibit
significant activities.

The activities of Pol δ and its subassemblies were compared by assay using sparsely primed
poly(dA)/oligo(dT) as the substrate in the presence of PCNA [51]. PCNA does not have to be loaded
onto this linear template with the replication factor C (RFC) clamp loader. This “standard” assay
allows reproducible quantitation of Pol δ activities, and specific activities of ca. 20,000 units/mg
were consistently obtained. The relative specific activities and the apparent Kd for PCNA binding
are summarized in Figure 1 [51]. The figure also shows the subunit arrangement of the p125, p50,
p68 and p12 subunits [45]. Notably, the core enzyme and the two trimeric subassemblies all possess
significant activities. The presence of either the p12 or the p68 subunit is able to enhance PCNA
binding and activity of the core enzyme (Table 1). However, as described below, these subassemblies
exhibit defects in assays that require highly processive synthesis.

Figure 1. Relative specific activities and proliferating cell nuclear antigen PCNA binding (nM) of Pol δ
and its subassemblies. Data from [51].

The second type of assay that has been used is the M13 assay, in which a singly primed M13
single-stranded DNA (ssDNA) is used as the substrate. PCNA is loaded with RFC, together with RPA
(single stranded DNA binding protein). This assay monitors synthesis of long strands of DNA up
to 7 kb on M13 circular DNA and has been used to demonstrate the processivity of Pol δ [51,54–56].
However, on long circular ssDNA templates, pausing can be observed where Pol δ4 has difficulty
synthesizing through regions of secondary structure. In addition, it has been found that Pol δ

dissociates frequently during these reactions [52]. Thus, while Pol δ exhibits processivity in the
presence of PCNA, the observed processivity is not continuous (i.e., not due to a single binding event)
over the entire length of the M13 template. There were marked defects in the abilities of the Pol δ
subassemblies to synthesize the full-length products, which could be partially compensated for by
increasing the enzyme concentrations, consistent with a more frequent dissociation from the primer
template [51].

2. Alteration in Subunit Composition by the Degradation of the p12 Subunit Is the Key
Mechanism for the Regulation of Human Pol δ

There is a surprising paucity of literature on the control of eukaryotic DNA polymerase activities
by posttranslational modification [2,48,57,58]. The p12 subunit has emerged as a center point for
regulation of Pol δ [58,59]. The discovery that the p12 subunit is rapidly degraded by ubiquitination
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and proteasomal degradation in response to DNA damage opened a new window on the regulation of
Pol δ [60]. Later, a similar process was found to take place during the G1/S transition under the control
of a key regulator of the entry to S-phase, the E3 ubiquitin ligase CRL4Cdt2 [61]. The operational
outcome of the degradation of p12 is that the Pol δ4 enzyme is converted in vivo to a trimer, Pol δ3,
in synchrony with the S phase (Figure 2). This represents an unusual form of enzyme regulation,
whose significance ultimately rests on understanding the comparative properties of the two forms, and
how these differences operate to facilitate and/or differentiate their functions in DNA repair or DNA
replication. In the following subsections, the mechanisms for the formation of Pol δ3 and the properties
of Pol δ4 and Pol δ3 in DNA repair and replication are reviewed.

Figure 2. Overview of the regulation of human Pol δ by degradation of the p12 subunit and the
formation of Pol δ3.

2.1. The Degradation of the p12 Subunit of Pol δ in Response to DNA Damage

Ultraviolet (UV) damage has been extensively used to study cellular responses to DNA
damage. UV treatment of cells triggers global nucleotide excision repair (NER), and activates
translesion synthesis (TLS) to deal with the effects of the bulky lesions that are barriers to replicative
DNA polymerases. UV exposure also triggers checkpoints that result in the inhibition of cellular
DNA synthesis [62] through the activation of Ataxia telangiectasia and Rad3-related (ATR) [63,64].
The intra-S phase checkpoint leads to slowing of progression through the S-phase, and acts by
the inhibition of late firing origins of initiation of replication, and also by slowing the rates of replication
fork progression [65].

We examined the effects of UV treatment of cells on Pol δ by Western blotting of all four of its
subunits to determine if evidence for band-shifts caused by phosphorylation events were detectible.
Instead, this led to the discovery that the p12 subunit was rapidly degraded in response to UV
damage [60]. This study characterized in a rigorous manner the loss of the p12 subunit of Pol δ
in response to genotoxic stress. The significant findings are summarized below:

• p12 is rapidly lost in a variety of cell types, in a UV flux- and time-dependent manner, followed
by a slower recovery over 24 h.

• Treatment with alkylating agents such as methyl methanesulfonate (MMS) or agents inducing
replication stress (hydroxyurea and aphidicolin) also caused p12 degradation.

• The loss of p12 is due to an accelerated rate of proteasomal degradation initiated by
its polyubiquitination.

• Degradation of p12 is dependent on ATR signaling, but not on ATM, as shown by the use of ATR
or ATM depleted cells.
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• The p12 subunit of Pol δ is selectively targeted, and similar changes are not observed for the other
three subunits.

• Loss of the p12 subunit leads to the in vivo conversion of Pol δ4 to the heterotrimer, Pol δ3.

The final observation noted above is of some importance. Prior to these studies, Pol δ4
was considered to be the holoenzyme form, so that the first idea to come to mind was that this
might be a way to disable Pol δ4 activity. However, the Pol δ3 isolated from UV-treated cells by
immunoaffinity chromatography exhibited significant activity. Direct comparisons of Pol δ3 produced
in vivo by UV treatment with recombinant Pol δ3 showed that they had similar properties [51,60]
(see Section 1.2 for comparative properties of Pol δ4 and Pol δ3).

Thus, the question is whether Pol δ3 exhibits advantages over Pol δ4 in DNA repair. The route to
gaining insights into this possibility came from testing their functionalities utilizing highly purified
proteins in specialized assays.

2.2. Pol δ3 Exhibits Altered Behaviors from Pol δ4 in Lesion Bypass and in Extension of Mismatched Primers
that Represent a Gain of Function

In order to probe for advantages for the presence of Pol δ3 in cells subjected to genotoxic agents,
a comparison of its behavior with that of Pol δ4 was made in two contexts. First, replicative polymerases
encounter small lesions that can be bypassed by eukaryotic DNA polymerases in an error prone
manner [66,67]. Second, replicative polymerases encounter lesions that act as severe obstacles to chain
extension: these include abasic sites and thymine-thymine dimers. Model templates with small lesions
were used to study the behavior of Pol δ4 and Pol δ3 [68]; these were O6-MeG (O6-Methylguanine),
which is produced by alkylating agents [66], and 8-oxoG (7,8-dihydro-8-oxoguanine), which
is produced by reactive oxygen species [67]. Templates containing abasic sites and thymine-thymine
dimers were used as examples of lesions that are not readily bypassed. Pol δ3 exhibits a decreased
tendency for bypass synthesis across these templates. Pol δ3 exhibits a higher exonuclease/polymerase
ratio than Pol δ4, suggesting that it was more efficient in proofreading. Further analysis showed that
Pol δ3 is less likely to extend mismatched primers or to misincorporate wrong nucleotides in single
nucleotide incorporation assays. Overall, this study indicated that Pol δ3 exhibited behavior consistent
with it being more discriminatory than Pol δ4, i.e., of having a greater fidelity within the context of these
biochemical assays [68]. The inference drawn is that the p12 subunit exerts an influence on the intrinsic
properties of Pol δ, which could originate from effects on the polymerase or the exonuclease activities,
or both.

The kinetic [69,70] and structural bases [71,72] for the fidelity of replicative polymerases is well
understood. The rate constant for polymerization, kpol, plays a major role in the avoidance of
misincorporation of wrong nucleotides or in mutagenic bypass [69,70]. This is the so-called kinetic
barrier, in which kpol is reduced on encounter with template lesions, the binding of wrong nucleotides,
or the presence of a mismatched primer end. This increases the probability for transfer of the primer
end to the exonuclease site. The second important kinetic constant is kpol-exo, the rate at which
the primer end is translocated from the pol active site to the exonuclease site [73,74]. This transfer rate
is the rate-limiting step for the exonuclease activity in the kinetic scheme [69]. Thus, for a given
polymerase the determination of kpol and kpol-exo provides information on the polymerase and
exonuclease, respectively, while the ratio of kpol-exo to kpol may be regarded as a ratio of editing
to extension, and an index of its proofreading propensity.

Pre-steady state kinetic analysis was used to determine the kinetic constants for Pol δ4 and
Pol δ3 [58,75]. The differences between the two key kinetic constants are summarized in Figure 3,
as the ratio of their changes (Pol δ3/Pol δ4). The removal of p12 leads to a nearly five-fold decrease
in kpol, and a greater than eight-fold increase in kpol–exo, such that the ratio of editing to extension
increased by ca. 40 fold (Figure 3). Both polymerase (kpol) and exonuclease (kpol-exo) are affected. Thus,
by these measures, Pol δ3, compared to Pol δ4, exhibits properties of a polymerase that intrinsically
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proofreads more frequently and should exhibit greater fidelity. These findings are consistent with
the observed behavior of Pol δ3 when tested on lesion containing templates [68].

Figure 3. Changes in the kinetic constants of Pol δ3 and Pol δ4. The changes are shown as the ratios of
the values for Pol δ3/Pol δ4.

These studies indicated that p12 exerts an influence on the proofreading functions of Pol δ, and
that its removal to form Pol δ3 resulted in an apparent gain of function in the form of an increased
surveillance against mutagenic synthesis.

The potential significance for the formation of Pol δ3 may be rationalized as a defense against
mutagenic DNA synthesis in replicating cells upon genotoxic challenge. The formation of Pol δ3
in response to DNA damage earmarks it as the likely form of Pol δ engaged in DNA repair synthesis,
which in the case of UV damage, would primarily involve NER [59,76] and homologous recombination
repair of DSBs. (The p12 subunit is also degraded in response to ionizing radiation [59,77]).

2.3. Spatiotemporal Analysis of the Recruitment of Pol δ to Sites of UV Damage Indicates Pol δ3 Is in the Right
Place at the Right Time

A hallmark of the cellular response to DNA damage is the recruitment of signaling and repair
factors to sites of DNA damage, and the formation of repair foci. The analysis of subcellular localization
to these foci has played an important role in dissecting the assembly of proteins involved in the DNA
Damage Response [78–82] and DNA damage tolerance pathways [63,83]. A spatiotemporal analysis
of the recruitment of all four Pol δ subunits to sites of UV-induced DNA damage provided evidence
that Pol δ4 is recruited to sites of DNA damage, and that this is followed by the appearance of Pol δ3
upon loss of the p12 subunit. The loss of p12 from the DNA damage foci was confirmed by chromatin
immunoprecipitation (ChIP) analysis with anti-p125 [84].

2.4. Conversion of Pol δ4 to Pol δ3 May Facilitate the Switch between Pol δ and Pol η

In S phase cells, genotoxic agents that introduce bulky lesions lead to the activation of the DNA
damage tolerance pathway. The stalled replicative polymerase (usually taken as Pol δ) is switched for
a translesion polymerase that bypasses the lesion. The most studied example of translesion synthesis
is that performed by Pol η in the bypass of UV-induced CPDs (cyclobutane pyrimidine dimers) [85–89].
The key event that is required for initiation of translesion synthesis is the mono-ubiquitination
of PCNA [90], following which Pol δ is switched for Pol η [91,92]. The ubiquitination of PCNA
is significant, in that Pol η and other TLS polymerases possess both ubiquitin binding domains and
PCNA binding PIP-boxes [91,92]. The switching process in TLS requires the displacement of Pol δ by
Pol η in the initial switch, followed by a second switch once TLS is completed. We have proposed
a model in which the conversion of Pol δ4 to Pol δ3 facilitates the switch to Pol η, on the basis that Pol
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δ3 dissociates from the PCNA/DNA primer-template more readily than Pol δ4 [58,93]. This model
is consistent with the idea that ubiquitination of PCNA and p12 represent related cooperative events
that are involved in TLS at the lesion sites.

The determination of the structure of mono-ubiquitinated PCNA (ub-PCNA) reveals that
the ubiquitins are oriented in a radially extended fashion, below the plane of the PCNA trimer, and on the
opposite face of PCNA where the PIP-box binding pockets are located [93]. Additionally, the ubiquitins
displayed no contacts with PCNA beside the isopeptide linkage, and exhibit the possibility of significant
conformational flexibility. Mono-ubiquitinated PCNA was found to lead to inhibition of the combined
reactions of Pol δ4 and Fen1 (Flap endonuclease 1) activity in Okazaki fragment processing [93]. This
could potentially contribute to the UV-induced inhibition of DNA synthesis.

2.5. Does the Plasticity of Pol δ Subunit Composition Extend to Other Subunits besides p12?

The demonstration that Pol δ is regulated by modification of its quaternary structure raises
the question of whether the other subassemblies of Pol δ could also be generated in vivo to serve
a functional role. Phenotypic analyses of the deletion of the Pol δ genes should take into account their
potential impact on the Pol δ enzyme. In the case of the p68 subunit, its deletion could potentially
result in the formation of the Pol δ3 trimer consisting of the core + p12 (Figure 1). This trimer has
activity in the standard assay which is comparable to that of Pol δ4. However, deletion of the POLD3
gene is lethal in the animal system. Conditional knockouts of POLD3 in mice have shown that it
is essential for development, and exhibits haploinsufficiency [94]. Deletion of POLD3 in B lymphocytes
led to severe replication defects and genomic instability. The mechanism was traced to a severe loss of
the p125 catalytic subunit, consistent with a loss of stability of the Pol δ complex [94]. It seems unlikely
that a regulated conversion of Pol δ4 to yield the Pol δ3’ trimer lacking p68 occurs in mammalian
cells, as this would coincide during S phase with the degradation of p12, leaving the Pol δ dimer as
the major form. However, it is noted that a temporally restricted reversible loss of p68 outside the S
phase might occur. In contrast to the effects of gene deletion in mice, DT40 chicken lymphocytes cells
in which the POLD3 gene is deleted are viable, and the cells replicate with a moderate S phase delay,
but exhibited increased sensitivity to genotoxic stress [95]. Deletion of the p68 ortholog, Pol32, is not
lethal in S. cerevisiae [34], but deletion of Cdc27 in S. pombe is lethal [38]. Apart from an impact on Pol δ,
loss of the POLD3 gene would also impact Pol ξ, which utilizes the Pol δ p50 and p68 subunits [96,97].

2.6. RNF8 Is Involved in DNA Damage-Induced p12 Degradation

The identification of the E3 ubiquitin ligase(s) that target p12 for degradation is important
in understanding how p12 degradation and the ensuing generation of Pol δ3 is integrated into
the signaling systems that comprise the DNA Damage Response (DDR) and the DNA Damage Tolerance
(DDT) pathways [63,81,85,87]. Two E3 ligases that target p12 for degradation have been identified:
RNF8 [98] and CRL4Cdt2 [61,77]. RNF8 was identified by a classical biochemical approach [98]. An in
vitro assay system was devised for the detection of the polyubiquitination of GST-p12. Such in vitro
assays require the combined actions of an E1 ubiquitin activating enzyme, an E2 ubiquitin conjugating
enzyme and an E3 ubiquitin ligase. UbcH5c, which is active with a number of E3 ligases [99] was
used as the E2 enzyme, and GST-p12 as the substrate. An E3 ligase fraction was purified from
HeLa cell extracts by conventional chromatographic methods. This preparation was subjected to
proteomic analysis by LC/LC/MS/MS; this yielded three peptides that were identified as sequences
from RNF8. Western blotting of the column fractions confirmed the presence of RNF8, and in vitro
assays of recombinant RNF8 showed that it had a robust activity for the ubiquitination of GST-p12.
Depletion of RNF8 confirmed that the rates of p12 degradation by UV or by alkylation with MNNG
(N-Methyl-N’-Nitro-N-Nitrosoguanidine) were significantly reduced [98].

RNF8 has a major role in orchestrating the ATM regulated DDR through the noncanonical
polyubiquitination of histone H2A [79–81,100]. The discovery that RNF8 mediates the regulation of
Pol δ is surprising, as this raises the question as to whether RNF8 also plays significant roles in NER
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and the DNA damage tolerance pathway that involves activation of translesion synthesis by PCNA
ubiquitination. RNF8 is recruited to DNA damage foci induced by UV [98,101]. RNF8, together
with UbcH5c, efficiently mono-ubiquitinates PCNA in vitro; mono-ubiquitinated PCNA (ub-PCNA)
is further polyubiquitinated via K63 isopeptide linkages by RNF8/UbcH5c and Ubc13/Uev1a [102].
Depletion of RNF8 by shRNA was found to suppress ub-PCNA formation in UV-treated A549
cells [102]. These observations suggest that RNF8 might participate in both modulation of Pol δ
and of TLS by PCNA ubiquitination [59]. The possible regulation of Pol δ and Pol η by RNF8 could be
a means for cross-talk between the ATR and ATM signaling pathways [59]. However, further work
is needed to establish what role RNF8 plays in ub-PCNA formation in vivo.

2.7. Degradation of p12 by CRL4Cdt2

Depletion of RNF8 did not completely block the degradation of p12 in response to UV damage,
indicating that more than one E3 ligase is involved. CRL4Cdt2 was found to target p12 for degradation
in response to UV, and also mediates the degradation of p12 before entry into S phase [59,61].
The CRL4Cdt2 ubiquitin ligase plays a critical role in the prevention of re-replication, as the “master
coordinator of cell cycle progression and genome stability” [103]. CRL4Cdt2 is a member of the
Cullin Ring Ligase family of E3 ubiquitin ligases and targets the licensing factors that are involved
in the assembly of the pre-replicative complex during G1, so that they are removed during the G1/S
transition [104]. The primary targets of CRL4Cdt2 are Cdt1, p21 (p21Waf1/CIP1) and the histone acetylase
Set8. CRL4Cdt2 recognition of its substrates depends on their possession of an extended PIP-box,
termed a PIP-degron. These PIP-degrons have a higher affinity for PCNA than PIP-boxes, and their
degradation also requires that PCNA be loaded onto DNA [105,106]. Studies in Xenopus extracts have
shown Cdt1 destruction is dependent on the initiation of DNA replication as well as Pol α, indicating
that PCNA is loaded onto the primer end [107]. CRL4Cdt2 also targets its substrates for destruction
in response to DNA damage by UV [108,109]. Both p21 [110] and Cdt1 are degraded in response to
UV damage [108,111–114].

The p12 subunit of Pol δ possesses a PIP-degron, and is a substrate for CRL4Cdt2 [61,77]. Mutation
of the PIP-degron of p12 reduces its UV-induced degradation. Depletion of either of the two isoforms
of Cul4 [115] also suppresses UV-induced p12 degradation with similar time courses as for p21 [59,61].
The NEDD8-activating enzyme (NAE) is required for Cullin ligase activity; the NAE inhibitor,
MLN4924 [116], blocks UV and IR degradation of p12 [59,77]. CRL4Cdt2 has also been shown to
be required for the UV-induced inhibition of DNA synthesis; furthermore, replication fork progression
is inhibited and is dependent on p12 degradation [77]. The latter findings provide evidence that
p12 degradation contributes to the elongation checkpoint that is a component of the intra-S phase
checkpoint [65,117].

Analysis of the cell cycle behavior of p12 and its dependence on CRL4Cdt2 were examined
in synchronized cell populations together with that of p21. These studies showed that p12 levels
were reduced during S phase and returned to basal levels during G2/M [59,61]. Depletion of CRL4Cdt2

isoforms reduced the S phase degradation of p12 [59,61]. At the same time as p12 undergoes a decrease
during the S phase, levels of the other subunits of Pol δ remain fairly constant. Thus, the degradation of
p12 by CRL4Cdt2 leads to the formation of Pol δ3 in synchrony with the S phase [59,61]. The regulation
of Pol δ3 is orchestrated by CRL4Cdt2 through common molecular mechanisms by which it controls its
other substrates, and speaks to the significance of Pol δ3 as a participant in DNA replication. The cell
cycle variations in p12, p21 and Cdt1, broadly follow comparable time courses consistent with their
regulation by CRL4Cdt2. This has been demonstrated at the single cell level by laser scanning cytometry,
coupled with analysis of DNA replication by 5-Ethynyl-2’-deoxyuridine (EdU) labeling [118,119].

2.8. Mechanism and Characteristics of Okazaki Fragment Processing by Pol δ4 and Pol δ3

Discontinuous DNA synthesis at the lagging strand in eukaryotes involves the synthesis of
Okazaki fragments of ca. 200 nucleotides. The process of Okazaki fragment maturation is essentially
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one where they are joined to the growing lagging strand. The key elements of this process have been
characterized by biochemical reconstitution and genetic studies [33,120]. In yeast, Pol δ has been
shown to have properties that are conducive to a role in Okazaki fragment processing. One of these
is its propensity to idle at a nick, thereby allowing DNA ligase action [121]. On encounter with a 5′

end of the previous Okazaki fragment, Pol δ will advance several nucleotides because of fraying of
the primer end and strand displacement, creating short flaps. These short flaps are then cleaved by Flap
endonuclease 1 (Fen1) [120,122], so that the primer ends are removed. This process is termed the short
flap pathway, and the products are predominantly mononucleotides and short oligonucleotides of
2–10 nucleotides (nt). However, Fen1 does not cleave longer flaps, and the accumulation of longer flaps
acts as a barrier to Okazaki fragment maturation and is a potential source of genomic instability. While
yeast Pol δ is able to idle at a nick, it does possess a significant ability for strand displacement [123],
so that creation of long flaps can take place. A second pathway, the “long flap pathway”, cleaves
these long flaps via the actions of Pif1 helicase and Dna2 to a length that allows their removal by
Fen1 [120,124]. The final step is ligation of the nick by DNA ligase I [125]. This can be contrasted
to the situation in prokaryotes, where the removal of the primers is performed by a nick translation
mechanism in which Pol I both extends the primer end and excises single nucleotides from the 5′ end
of the prior Okazaki fragment by virtue of its 5′ to 3′ exonuclease activity [126].

The behavior of human Pol δ4 and Pol δ3 in the component and complete reactions of Okazaki
fragment processing were compared in a reconstituted system [59,127]. The key observations were that
Pol δ4 is proficient in strand displacement, and performs Okazaki fragment processing in a manner
similar to that of yeast Pol δ in combination with Fen1. The spectrum of flap sizes ranges from 1 to
8 nt, but is dependent on Fen1 concentration. With increasing Fen1 the product spectrum is shifted to
1–3 nt, with the mononucleotide prevailing. Pol δ3 does not perform strand displacement. With Fen1
and Pol δ3 the primary products are single nucleotides and a smaller amount of di- and trinucleotides.
The rate and nature of product formation distribution is relatively unaffected by Fen1 concentration,
supporting the proposal that mammalian Okazaki processes might involve a PCNA/Pol δ3/Fen1
complex [127], in analogy to that which has been demonstrated in the Archaeal system [128].

The question then arises, why do we need two Pol δ forms for lagging strand synthesis?
The answer may lie in the complex nature of genomic DNA. It is possible that there are template
regions that Pol δ4 is more capable than Pol δ3 of traversing. In this view, we would assign Pol δ3 as
the primary agent for Okazaki fragment synthesis and processing. The preference for the use of Pol δ3
and a nick translation mode of Okazaki fragment processing lies in the avoidance of the generation of
long flaps. Pol δ4 could also be used in Okazaki fragment processing, under circumstances discussed
below (see Section 3.4).

The large number of Okazaki fragments that needs to be generated during synthesis of the human
genome requires that the process be highly efficient, and the tendency of Pol δ to frequently dissociate
is compatible with the need for rapid recycling of Pol δ (see Section 1.2). The properties that Pol δ
displays in Okazaki fragment processing are similar to those needed for gap filling in DNA repair in
terms of the length of DNA synthesis that is required [127]. The role of PCNA may hold more importance
in this context as a platform for coordinating the reactions of Pol δ, Fen1 and DNA ligase I than its role
as a processivity factor. The kinetic constants for Pol δ4 and Pol δ3 [75] provide for an estimate or a
prediction of their processivity, based on the ratio of kpol to koff which can be approximated by kcat [129].
These provide values of 350 and 106 nt for Pol δ4 and Pol δ3 respectively. In contrast, yeast Pol δ is able
to sustain DNA synthesis in a strictly processive manner to at least 5 kb [130].

The findings that yeast Pol δ is adapted for Okazaki fragment maturation have led to extensive
studies that support a division of labor between Pol δ and Pol ε at the replication fork, where Pol δ
is the lagging strand polymerase and Pol ε is the leading strand polymerase. Much of the evidence
for a division of labor is based on several genetic studies using mutant polymerases that allow
discrimination between leading and lagging strand DNA synthesis (reviewed in [131]). How human
Pol δ fits into this concept must now also take into account the presence of Pol δ4 and Pol δ3,
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although their properties suggest that they are more adapted to lagging than leading strand synthesis
(see Sections 3.3 and 3.4 below for further discussion).

A controlled balance between Pol δ4 and Pol δ3 appears to be required in vivo for genomic stability.
Reduced expression of the POLD4 gene has been associated with lung cancer and a poor prognosis for
certain lung cancer patients [132,133]. siRNA suppression of p12 in cultured cells was found to lead to
cell cycle delay, and an elevated frequency of chromosomal aberrations [132,133].

3. Role of the Pol δ Binding Protein PDIP46/Poldip3 in DNA Replication and Repair

There has been a search for accessory or auxiliary proteins that could modulate Pol δ activity since
its initial discovery. Two novel Pol δ interacting proteins of previously unknown functions, PDIP46
(Poldip3) and PDIP38 (Poldip2), were discovered by yeast two hybrid screening with the p50 subunit
of Pol δ as the bait [134]. An independent study identified tumor necrosis factor α and interleukin
6 inducible protein (TNFAIP1) as a Pol δ binding protein (PDIP1/Poldip1) [135]. All three Pol δ
interacting proteins share in common the abilities to bind to the p50 subunit and PCNA. The functions
of Poldip1, PDIP38/Poldip2 and PDIP46/Poldip3 in relation to Pol δ have proven to be enigmatic, and
they appear to be multifunctional proteins.

PDIP46 was re-discovered as S6K1 Aly/REF-like target (SKAR) [136]. SKAR possesses a RRM
(Figure 4) with strong homology to the Aly/REF RNA binding proteins. The latter are involved
in coupling transcription with pre-mRNA splicing and mRNA export [136]. S6K1 (ribosomal protein
S6 kinase-1) lies downstream of the mTOR and PI3K signaling pathways that regulate cell growth and
proliferation through nutrient, energy and mitogenic signals [137,138]. SKAR is a nuclear protein, and
is also present in the nuclear speckles and the EJC (exon junction complex) where it acts to enhance
translational efficiency [139–141]. Activation of S6K1 through the mTOR and PI3K signaling pathways
leads to phosphorylation of PDIP46 at S383/S385. This phosphorylation is required for the binding
of activated (phosphorylated) S6K1 binding to PDIP46 (Figure 4). This leads to their recruitment to
the spliceosomes where S6K1 regulates translational efficiency [136,141]. siRNA depletion of S6K1
leads to smaller cell size [138], and this effect is also produced by siRNA depletion of SKAR and
4EBP1/eIF4E [142]. Thus, PDIP46 serves to translocate activated S6K1 to the spliceosome, subsequent
to the activation of the mTOR pathway. Whether PDIP46, which possesses an Aly/REF type of RNA
binding domain, also independently affects mRNA metabolism is unknown. However, PDIP46 is also
a binding partner of enhancer of rudimentary homolog (ERH) [143]. ERH is a transcriptional regulator
that affects the expression of a number of genes in the cell cycle as well as genes involved in DNA
damage including ATR, and genes involved in DNA replication [144–146].

Figure 4. Domain map of PDIP46/SKAR.

Recently, PDIP46 has been shown to have a role in the activation of Pol δ activity [56]. These
effects are reviewed below, and point to an important role for modulating Pol δ activity. Its functions
in this regard are consistent with its other roles in growth regulation studied as the SKAR protein.
Thus, PDIP46 appears to be a multifunctional protein.
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3.1. Mapping of the Interaction Sites between PDIP46 and Pol δ /PCNA Reveals that These Are Located
in a Region Separate from Those Involved in S6K1 Binding

The interaction sites of PDIP46 with PCNA and the p50 subunit were mapped to residues 71–125
and that for PCNA between residues 53 and 125 (Figure 4). The PCNA binding of PDIP46 is due to
its possession of a cluster of five APIM motifs [56]. The APIM (AlkB homologue 2 PCNA-Interacting
Motif) is a novel PCNA binding motif that was first identified in the human DNA repair enzyme
oxidative demethylase AlkB Homologue 2 (ABH2) [147]. The APIM consists of five residues with
the consensus sequence [KR]-[FYW]-[LIVA]-[LIVA]-[KR]. Seven other proteins have been shown
to have functional APIM motifs. These include Topo IIα [147], the NER protein XPA [148] and
the F-box helicase FBH1 [149] that is involved in homologous recombination. The APIM motif binds to
the same regions of PCNA as the PIP-box [150]. The separation of the locations of the PCNA/Pol δ
binding regions from the RRM/S6K1 binding domain in the C-terminus (Figure 4) is consistent with
the possibility that PDIP46 is a bi-functional protein whose two functions are harbored in two separate
structural domains [56].

3.2. Evidence that PDIP46 Is Associated with Pol δ In Vivo

There is supportive evidence that PDIP46 interacts with Pol δ in a cellular context. This has been
demonstrated by their co-immunoprecipitation and co-elution during affinity chromatography on
immobilized anti-p125 monoclonal antibody. ChIP analysis with antibody against the p125 subunit
showed that PDIP46 was present together with two components of the mammalian replisome [56].
These are Mcm2, a component of the Cdc45-MCM-GINS (CMG) helicase [151], and Ctf4, which
associates with CMG [152,153]. Thus, the ChIP data supports the idea that PDIP46 is associated with
chromatin at or near the replisome.

3.3. PDIP46 Is a Potent Activator of Pol δ

All PCNA binding proteins possess the ability to compete with Pol δ for PCNA, and therefore
can inhibit Pol δ in activity assays at sufficiently high concentrations. This was found to be the case
for PDIP46 [56] and PDIP38 [154], when assayed using poly(dA)/oligo(dT) as the substrate. More
recently, the effects of PDIP46 on Pol δ activity were examined in the M13 assays in which PCNA
is pre-loaded onto the primer end with RFC. This assay is more reflective of DNA synthesis in vivo than
the standard assay using poly(A)/oligo(dT) as the substrate (see Section 1.2). PDIP46 was revealed to
be a remarkably potent activator (ca. 10 fold) of Pol δ4 in the synthesis of the 7 kb M13 DNA, with
an apparent Kd of ca. 34 nM [56]. The mechanisms for this activation could be due to several causes.
These include an increase in processivity, possibly because PDIP46 may stabilize Pol δ binding to
PCNA by a bridging interaction, as well as by a direct activation that involves alteration of the kinetic
properties of Pol δ4.

The effects of PDIP46 were examined on model oligonucleotide templates [127] in assays that
examined primer extension and strand displacement in order to gain insights into its mechanism(s)
of action [56]. In the absence of PCNA, Pol δ4 behaves in a distributive fashion, and PDIP46 clearly
stimulates this activity. These results demonstrate that PDIP46 exerts a direct effect on Pol δ4.
In the presence of PCNA, the reactions are much faster but it was nevertheless observed that Pol δ4
activity is stimulated. Pol δ3 activity was much less affected than Pol δ4 activity. PDIP46 also stimulated
the strand displacement activity of Pol δ4 using model templates with a blocking oligonucleotide, both
in the absence and presence of PCNA. Little or no effects were observed on Pol δ3, which does not
exhibit strand displacement activity [127].

Next, the effects of PDIP46 on an oligonucleotide substrate with a hairpin/stem-loop (16-nt stem,
8-nt loop) were examined. PDIP46 stimulated Pol δ4 synthesis through the stem-loop by ca. four-fold.
While these effects are smaller than those observed with the M13 template, they explain the greatly
increased rate of accumulation of full-length products by Pol δ4 on the M13 template in the presence
of PDIP46. The M13 template may have many regions of secondary structures. Thus, there would be
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a cumulative effect on overall rates of Pol δ4 synthesis in the presence of PDIP46 [56]. PDIP46 could
act by stabilization of the Pol δ4/PCNA/DNA complex by a bridging interaction (Figure 5), as well as
by a direct activation that involves alteration of the kinetic properties of Pol δ4. The effects of PDIP46
on Pol δ4 are highly relevant in the context of chromosomal replication (Section 3.4.2 below).

Figure 5. PDIP46 activates the extension of primers across regions of secondary structure in the template
(shown in red).

These studies also highlight the connection between strand displacement and the ability of Pol δ
to synthesize through a hairpin structure. Once Pol δ encounters the hairpin, further synthesis through
the stem portion of the hairpin is analogous to the process of strand displacement [56]. Thus, it is not
surprising that Pol δ3 exhibits minimal activity with the hairpin substrate as it does not perform strand
displacement activity.

Mutations of PDIP46 in which all of the APIM motifs are mutated abolished the effects of PDIP46
on Pol δ4, validating the assignment of PCNA binding to this region. Deletion of the RRM has no effect
on the activation of Pol δ4 by PDIP46, so that PDIP46 appears to have two independent functional
domains [56].

These studies are the first to document the effects of PDIP46 on Pol δ4, and obviously raise many
more questions regarding its mechanism of action. In particular, kinetic studies are needed to establish
whether PDIP46 has any effect on the intrinsic catalytic properties of Pol δ4. Such effects could also
involve alterations in fidelity. In addition, characterization of the range of complexity of secondary
structures in which PDIP46 can act to facilitate Pol δ4 bypass synthesis is important in understanding
the extent to which its functions could facilitate Pol δ4 bypass synthesis.

3.4. Future Horizons: Accommodating Two Forms of Pol δ and PDIP46 at the Replication Fork

Current models for the respective roles of Pol δ and Pol δ at the replication fork are based on
both biochemical and genetic approaches in yeast. Several studies [155–157] using error-prone Pol
δ and Pol ε support a model where Pol δ and Pol ε function mainly as lagging and leading strand
polymerases, respectively (reviewed in [131]). By contrast, it has been argued that genetic approaches
also support a model where Pol δ has a major role on both forks [158]. In the case of human DNA
replication, the differences in subunit structure and properties between yeast Pol δ and human Pol δ
have to be taken into account, in particular the existence of two forms of human Pol δ as well as of
PDIP46, which selectively acts on Pol δ4. In the following sections we propose models for their roles
in lagging and leading strands.

3.4.1. Roles of Pol δ3, Pol δ4 and PDIP46 in Lagging Strand Synthesis

Biochemical and reconstitution studies have provided strong arguments for an adaptation of Pol
δ for Okazaki fragment synthesis and processing [59,127]. In the human system, we have two forms of
Pol δ; how do these fit into our current views of the replication fork? While both Pol δ3 and Pol δ4
are capable of Okazaki fragment processing in vitro, Pol δ3 exhibits the more desirable characteristics of
acting through a nick translation mode that avoids the generation of long flaps [59,127]. The model we
propose is that they are used interchangeably during Okazaki fragment synthesis. This model is based

173



Genes 2017, 8, 190

on studies reviewed above in Section 2.8. In this model (Figure 6) Pol δ3 is the default lagging strand
polymerase. When regions of secondary structure which act as barriers to Pol δ3 are encountered [56],
Pol δ4 is switched with Pol δ3, together with PDIP46 (Figure 6).

Figure 6. Pol δ3 and Pol δ4/PDIP46 in lagging strand synthesis. Template regions of secondary
structure (red) that pose impediments to Pol δ3 leads to dissociation and triggers a polymerase switch
to Pol δ4/PDIP46.

There are regions of varying template complexity in chromatin that include simple hairpins,
microsatellite regions [159] that contain CFS (common fragile sites), and trinucleotide repeats [160].
These pose potential barriers to the replicative polymerases. There has been a broadening view of
polymerase usage during normal DNA replication, e.g., the utilization of translesion polymerases,
notably Pol κ [161,162] and Pol η in chromosomal DNA replication to augment the functions of
replicative polymerases [88,163–165]. Future characterization of the range of complexity of secondary
structures for which PDIP46 may act to facilitate Pol δ4 bypass synthesis is important to understanding
its functions.

3.4.2. Roles of Pol δ4 and PDIP46 in Leading Strand Synthesis

It is generally accepted that a leading strand polymerase should have high processivity. The loss
of Pol ε function in S. cerevisiae is nonlethal, indicating that yeast Pol δ can act at both leading and
lagging strands [34]. As previously noted, Pol δ3 appears to be much less processive than Pol δ4, so that
it is an unlikely candidate for a role in leading strand synthesis (Sections 1.2 and 2.8). Pol δ4 has been
shown to be less processive than Pol ε [166], so that it might be considered also to be a poor candidate
for leading strand DNA synthesis. However, PDIP46 could augment Pol δ4 function in leading strand
synthesis, in analogy to its effects in the M13 assay that reveal a gain in synthesis rate of about an order
of magnitude [56]. Thus, PDIP46 could function as an accessory protein to provide for Pol δ4 with
the required speed and processivity in leading strand synthesis.
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In addition to a general role as a leading strand polymerase, Pol δ4/PDIP46 could act in
an analogous way as proposed above (Figure 6) in lagging strand synthesis. We propose that Pol ε may
stall at regions of secondary structure, and then is switched for Pol δ4/PDIP46 (Figure 7). The ability
of Pol ε to bypass complex template DNA regions has not been extensively studied. However, Pol ε
exhibits only minimal strand displacement activity, like Pol δ3, and has been shown to be unable
to perform strand displacement [167]. Thus, it might be predicted that Pol ε, like Pol δ3 [56], could
potentially stall at regions of template secondary structures. This model, like that for the lagging
strand, views Pol δ4 (with PDIP46) as functioning as a specialized polymerase to deal with regions of
secondary structure that stall Pol ε.

Figure 7. Pol δ4/PDIP46 in leading strand synthesis. Regions of secondary structure that pose
impediments to Pol ε (red) lead to disengagement of the catalytic domain of Pol ε. This triggers
a polymerase switch to Pol δ4/PDIP46.

The model shown in Figure 7 incorporates recent structural and functional studies of the yeast
replisome from the Diffley laboratory [168–171]. These studies show that the catalytic domain of Pol ε
is flexibly attached to its non-catalytic domain (which is engaged in complex with the CMG helicase).
The catalytic domain adopts two conformations: it is proposed that in one conformation the catalytic
domain is actively engaged with the DNA and in the other one it is disengaged [168,169]. In the context
of the human replisome, we envisage that encounter with replication blocks stalls Pol ε, leading to
the disengagement of the catalytic domain, followed by a switch to Pol δ4/PDIP46 which performs
the bypass synthesis (Figure 7). When Pol δ4/PDIP46 encounters the CMG helicase, they dissociate
and the Pol ε catalytic subunit re-engages the primer terminus.

The concept that the Pol ε catalytic domain can disengage from the DNA while remaining
an integral part of the CMG-helicase leads to a paradigm shift in our thinking of the replisome [168,169].
Thus, where previously disengagement of Pol ε would require a physical uncoupling, this is no longer
the case. It was proposed that Pol ε can disengage in response to replication stress, a situation that
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entertains the possibility of polymerase switching [168,169]. This is the situation where Pol δ4/PDIP46
could come into play in the model shown in Figure 7.

The studies of the yeast replisome have in fact produced evidence for a switch between Pol δ and
Pol ε, and a mechanism for dealing with uncoupling events. Reconstitution of the initiation of DNA
synthesis supports a model where Pol α forms the primer; this is extended by Pol δ which then “catches
up” with the replisome to hand off the 3′ end of the leading strand to Pol ε in the advancing and
uncoupled CMG-Pol ε replisome [168,169]. This is essentially a relay of polymerase handoffs where
Pol δ has the anchor role of bringing the growing primer terminus to the CMG-Pol ε. This function of
Pol δ in the yeast replisome provides a mechanism to deal with uncoupling events in a more general
context, as during replication stress [168,169]. In a sense, the view of Pol ε being able to disengage
from the primer end without dissociating from the CMG helicase allows it to have its cake and eat it.
Other studies have also shown that Pol δ dissociates once it encounters the CMG-helicase by a collision
release mechanism; this was taken as a means of selection against Pol δ at the leading strand [172,173].
However, it is noted that this would be dependent on the frequency of disengagement of Pol ε.

Once the possibility of switching of Pol δ and Pol ε is admitted, arguments against the participation
of Pol δ in leading strand synthesis based on our previous understanding of the leading strand replisome
as a tightly complexed structure are weakened. Polymerase switching involving Pol ε suggests a far
more dynamic replisome. Recent kinetic studies have indicated that human Pol δ dissociates much
more frequently than was previously thought [174]. The bacterial replisome is the prototype of a
fixed structural assembly of both leading and lagging strand polymerases with the clamp loader.
However, recent studies indicate that there is a frequent exchange of the bacterial polymerase during
replication [175]. In the case of Pol ε, a similar situation could exist in terms of disengagement, such
that uncoupling might be more frequent than expected even in the absence of replication stress.

These ideas have significant bearing on the participation of Pol δ4 in leading strand synthesis.
There are no comparable studies that bear on the distribution of labor between Pol δ and Pol ε for
the replication of the far larger and more complex genome in human cells. However, it is noted that
replication of the SV40 genome in reconstituted systems can be achieved with Pol α and Pol δ [176,177].
One study using cross-linking and immunoprecipitation approaches, as well as immuno-electron
microscopy, has provided evidence that Pol δ and Pol ε could be functioning independently in early
and late S phase in the human system [178]. Taking into account recent views on the interplay between
Pol δ and Pol ε during leading strand synthesis in yeast discussed above, it would appear that Pol δ
may participate more extensively in leading strand synthesis than previously recognized.

There is a broader significance to the discovery that the catalytic domain of Pol ε is able to
“switch” away from the DNA. It was proposed that Pol ε could also disengage from the DNA during
replication stress [168,169]. Replication stress, broadly defined as encounter with replication barriers
due to template lesions or complex DNA structures might be addressed by similar mechanisms to
that which are well established in relation to Pol δ [88,179,180] and are based on the switching of
specialized polymerases such as the TLS polymerases. The ability of Pol ε to disengage could also
be involved in replication restart mechanisms that involve re-priming by PrimPol [181]. In the case
of re-priming, the ability of Pol ε to disengage could also open the possibility of Pol α being able to
re-prime, recapitulating the process that occurs during initiation [168,169]. These possibilities point
to a convergence and a more unified view of mechanisms that deal with replication stress at both
the leading and lagging strands of the replication fork.

There is still much to learn about the functions of PDIP46 in DNA replication. In addition to
further biochemical analyses of the mechanisms by which PDIP46 affects Pol δ4, are questions as
to whether PDIP46 functions are regulated by the mTOR pathway or by DNA damage signaling
pathways. The functions of PDIP46 as SKAR indicates that it is a bifunctional protein, pointing
to a need for structural studies, as well as careful dissection of the two functions, to allow design
of appropriate mutations that selectively target its effects on Pol δ. The proposed roles of PDIP46
in DNA replication would be expected to yield phenotypes in a cellular context when its functions
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are disabled that reflect disturbances in DNA replication and genomic stability. Recent studies of
genetic alterations in cells derived from high-risk neuroblastoma tissues have identified a group of
genes whose alterations in copy number resulted in high tumorigenic capacity. The PDIP46 gene
(POLDIP3) was one of six genes whose lowered expression was correlated with decreased overall and
relapse free survival in a cohort of 88 patients [182]. Along with this, immunohistochemical tissue
staining reveals a pattern of lowered expression in over 20 of the most common cancers (Human
Protein Atlas, [183]). The catalogue of somatic mutations in cancer (COSMIC) database also showed
that significant up- or down-regulation of POLDIP3 as being associated with various cancers as
well as a number of mutations [184]. This provides some evidence that PDIP46 function is involved
in maintenance of genomic stability.

4. PDIP38/Poldip2: A Multi-Faceted Protein

Recombinant mature PDIP38 at high concentrations (micromolar) inhibit Pol δ activity, an effect
likely due to competition for PCNA that is unlikely to be physiologically relevant [154]. Thus despite
its binding to Pol δ, the effects of PDIP38 on Pol δ, if any, are as yet not well defined. Studies reviewed
below implicate PDIP38 in a number of cellular processes that are diverse, and further complicated by
its localization to multiple subcellular organelles and structures, as well as its association with multiple
protein partners including a transmembrane enzyme.

4.1. PDIP38 Is a Mitochondrial Protein with Multiple Subcellular Localizations

Analysis of the subcellular localization of PDIP38 revealed that it is primarily a mitochondrial
protein. PDIP38 possesses a mitochondrial targeting site located in the N-terminal 30 amino
acid residues, and cleavage sites [185] for mitochondrial processing peptidase and mitochondrial
intermediate peptidase [154]. The N-terminal 50 residues are efficiently removed to yield a 38 kDa
protein rather than the expected 42 kDa precursor. Cell fractionation experiments indicated that the
bulk of the PDIP38 in cells was in a mitochondrial pellet, and resistant to proteinase K digestion
until the membranes were solubilized with Triton X-100; a smaller amount was present in the nuclear
fraction. Immunofluorescence studies of endogenous PDIP38 as well as of ectopically expressed
C-terminally-tagged EGFP constructs showed that they are localized to the mitochondria [154]. Similar
fractionation and immunofluorescence studies in two other studies confirmed these findings with
the further indication that PDIP38 is present in the mitochondria matrix [186,187]. PDIP38 was found
to associate with mitochondrial single stranded binding protein (mt SSB) and with the mitochondrial
DNA nucleoid/mitochromosome [186,187]. The functions of PDIP38 in mitochondria are still unclear;
in addition to potential effects on mitochondrial DNA replication, its depletion affects mitochondrial
morphology [187], raising a question of whether the effects of its depletion also impacts mitochondrial
energy metabolism.

There are conflicting reports on the subcellular localization of PDIP38. PDIP38 was found to be an
interacting protein for CEACAM1, a cell adhesion receptor [188]. Analysis of its subcellular localization
using peptide directed antibodies showed that the bulk of the PDIP38 is present in the cytoplasm, but
does not co-localize with mitochondrial markers, a result contradictory to the studies described above.
The basis of this difference regarding mitochondrial localization from those reported above [154] are
unknown, although this could be due to differences in the antibodies used or the fixing of the cells.
However, these studies did show significant evidence for PDIP38 in the nuclei. PDIP38 was dynamically
localized to the cell surface membranes and the nuclei under influence of CEACAM1 [188]. Further
analysis showed that PDIP38 is localized to the mitotic spindle. siRNA depletion of PDIP38 or
microinjection of PDIP38 antibodies was associated with the appearance of aberrant spindle formation,
chromosome segregation, as well as multinucleate cells [189].
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4.2. Interaction of PDIP38/Poldip2 with Pol η and Other TLS Polymerases: Involvement of PDIP38 in
the DNA Damage Tolerance Pathway

PDIP38 was found to interact directly with Pol η by a yeast two-hybrid screen with Pol η as
the bait. Depletion of Pol η, PDIP38, or both, led to similar degrees of increased sensitivity to UV
in cell survival assays. This suggested that PDIP38 plays an integral role in Pol η function [190].
The molecular mechanisms of the connections between PDIP38 and Pol η remain to be elucidated, but
it has been suggested that PDIP38 might be a mediator in the switching process between Pol δ and
Pol η [190]. In this context, PDIP38 might act to facilitate the recruitment of Pol η to Pol δ stalled at
UV lesions. PDIP38 was also found to bind to the specialized polymerases Rev1 and Pol ξ (through
interaction with the Rev7 subunit) [190]. These findings indicate that PDIP38 might be involved
in the functions of other specialized DNA polymerases. The functional effects of PDIP38 on Rev1 and
Pol ξ have not been reported.

Analysis of the effects of PDIP38 on five different DNA polymerases (Pols δ, η, ι, λ and β) showed
that only the activities of Pol δ, Pol η and Pol λ were affected, consistent with the finding that Pol λ also
physically interacts with PDIP38 [191]. PDIP38 (as the full-length protein) stimulated the processivity
and catalytic activities of Pol η and Pol λ at low nanomolar concentrations on oligonucleotide templates
containing lesions that included 8-oxoG, abasic sites and thymine-thymine dimers [191]. Additionally,
the error-free bypass of 8-oxoG was increased, and a stimulatory effect on Pol δ was also found.
Pol λ [192–194] participates in base excision repair of oxidative damage of guanine bases, as well as
in a form of nonhomologous end joining repair of DSBs [193,195–197]. It was also demonstrated that
depletion of PDIP38 led to an increase in the sensitivity of cultured cells to oxidizing agents [191].
Recently, a sixth polymerase was added to the list of PDIP38 binding proteins, this being PrimPol [198].
PrimPol is a member of the archaeo-eukaryotic primase (AEP) superfamily and exhibits primase,
polymerase as well as translesion polymerase activities, and has emerged as having the ability to
reprime DNA replication at sites of replication stress [181]. The effects of PDIP38 on PrimPol mirror
those found for Pol η and Pol λ, viz., activation, increased processivity and fidelity for bypass of
8-oxoG. Depletion of either PDIP38 or PrimPol (or both) gave rise to replication defects (decrease
in replication fork rates) in response to UV damage, suggesting that they are linked in the same
pathway in vivo [198].

That PDIP38 is capable of interactions with a diverse group of polymerases raises interesting
questions as to how this is achieved. Two similar short amino-acid sequences that are involved
in PDIP38 binding were identified in Pol η [190] and in PrimPol [198]. An N-terminal sequence within
the mitochondrial targeting sequence of PDIP38 was found to be a binding region for PrimPol. Full
length PDIP38, but not the processed form, was able to activate PrimPol and Pol η [198]. These findings
raise the question of whether levels of the unprocessed form in the nuclei would be sufficient to achieve
functional concentrations in vivo, as most of the cellular PDIP38 is in the processed form [154].

The broad versatility of PDIP38 in the regulation of these polymerases, all of which are involved
in the relief of replication stress, makes the elucidation of its structure and the location of its interaction
sites an important goal. Furthermore, the apparently wide reach of PDIP38 in modulating activities of
polymerases involved in translesion synthesis and relief of replicative stress indicates that it is likely
to be under the control of the DNA damage tolerance regulatory pathways, notably those under
the apical ATR kinase.

4.3. PDIP38 Responds to Genotoxic and Transcriptional Stress by Translocation to the Spliceosomes/Nuclear
Speckles and Is Involved in Regulation of the Alternative Splicing of Mdm2

The potential involvement of PDIP38 in Pol η function suggests that it should be recruited to
UV damage foci [190]. Using the technique of UV exposure through UV-opaque polycarbonate filters
with 5 or 10 μm pores to create local areas of irradiation [84], it was observed that PDIP38 was not
recruited to these DNA damage foci, in contrast to Pol η and PCNA [199]. This finding does not negate
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the proposal that PDIP38 is involved in Pol η recruitment [190], since the mechanism is unknown and
might involve a transient association of PDIP38 to DNA damage sites.

Examination of the nuclear localization of PDIP38 showed that it was nevertheless recruited to
nuclear foci in response to UV. These nuclear foci were identified as spliceosomes (nuclear speckles),
which are associated with transcription and mRNA splicing processes [200]. Treatment with UV
increased the number of cells with visible PDIP38 foci, as well as the number of foci per cell. Thus,
the translocation of PDIP38 to the spliceosomes is a novel DNA damage response [199]. In addition to
genotoxic stress, transcriptional stress induced by α-amanitin also led to translocation of PDIP38 to
the nuclear speckles [199]. Interestingly, the human DNA glycosylase hOGG1 is also translocated to
the nuclear speckles under the influence of UVA [201].

The translocation of PDIP38 in response to UV-damage raises the question of its functions
in the spliceosomes/nuclear speckles, which are associated with transcription and mRNA splicing.
There are a number of genes whose alternative splicing is altered under genotoxic stress [202,203].
One of the more extensively studied of these genes is mouse double minute 2 (MDM2) [202,204].
Mdm2 is an E3 ubiquitin ligase that is a negative regulator of p53 [202,205]. Various genotoxic agents,
e.g., UV, camptothecin, doxorubicin and cisplatin, lead to skipping of as many as eight exons, resulting
in disruption of Mdm2 function and of p53 regulation [205]. Alternative spliced variants of Mdm2 also
can exhibit growth regulatory properties independent of p53 and induce tumorigenesis [206–209].

Analysis of the UV induced Mdm2 splice variants in A549 cells showed that this was dependent on
PDIP38, as their levels were suppressed in PDIP38 depleted cells [199]. While the extent and mechanisms
that underlie the basis for the requirement for PDIP38 in Mdm2 alternative splicing are unknown, it
may be another example of the interplay or crosstalk between DNA damage/repair processes and RNA
transcription/splicing in the maintenance of genomic stability and cell survival [203,210,211]. This
crosstalk has largely focused on RNA binding proteins, but also on the involvement of DNA damage
response proteins in regulating splicing factors [210]. The effects of PDIP38 in modulating the splicing of
Mdm2, a key regulator of p53, falls into this category, and may represent one of its important functions.

4.4. PDIP38 Binds to p22phox and Regulates the Activity of the Nox4/p22phox NADPH Oxidase

Nox4 (NADPH oxidase 4) is one of seven transmembrane NADPH oxidases that generate
reactive oxygen species (ROS): superoxide and H2O2 [212–215]. The generation of ROS by the NOX
enzymes occurs physiologically in response to various stimuli; these ROS act on signal transduction
pathways [212,213,216,217]. Nox4 is widely distributed in tissues, with the highest levels in kidney [213].
Biochemical analysis of partially purified membrane free preparations of Nox4 revealed that Nox4 has
a high Km for O2, and functions as an oxygen sensor, in that its activity responds to the physiological
pO2 [218]. These studies also demonstrated that the Nox4 reaction generates H2O2 as the primary
product with a smaller amount of superoxide [218]. This response to pO2 has relevance to the proposed
role for Nox4 as an oxygen sensor that produces H2O2 as a signaling molecule [218]. Four of the Nox
enzymes including Nox4 are associated with p22phox, which acts as a subunit that interacts with
regulatory proteins in response to cellular stimuli [212,219]. However, Nox4 binds p22phox which is
required for its activity, and is regarded as being constitutively active [213,215].

The role of PDIP38 in regulating Nox4 functions has been extensively studied in the cardiovascular
system [215,219]. PDIP38 was found to bind to p22phox and to activate the Nox4/p22phox enzyme
in vascular smooth muscle cells [220]. The latter study supports the view that PDIP38 is involved
in Nox4 localization, focal adhesion integrity, stress fiber formation, and plays a role in the maintenance
of vascular smooth muscle cell cytoskeletal functions. PDIP38 was found to co-localize with p22phox
at focal adhesions and stress fibers [220]. Overexpression of PDIP38 in vascular smooth muscle cells
increased NADPH oxidase activity several fold in a Nox4 dependent manner [220]. PDIP38 also
regulates vascular smooth muscle cell migration by regulating focal adhesion turnover and traction
force generation [221]. PDIP38 knockout in mice has shown that it is essential for development,
as this led to perinatal lethality [222]. Analysis of aortas from heterozygous mice showed that these
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exhibited abnormal structures and decreased contraction and compliance that are consistent with
a role in vascular function and integrity. Mouse embryonic fibroblasts derived from the knockout mice
exhibit defective growth characteristics, alterations in cell cycle progression and expression of cell
cycle proteins [223]. The subcellular localizations of Nox4/p22phox and PDIP38 in vascular smooth
muscle cells also raises questions regarding how these integrate into the fact that the Nox enzymes
are membrane associated proteins [212].

4.5. Summary

PDIP38 is unusual in that there is evidence for its role in a number of cellular functions, emanating
from the discovery of multiple protein partners. In addition to Pol δ and PCNA, PDIP38 interacts with
Pol η and other TLS pols. These findings together indicate a role for PDIP38 in regulating translesion
synthesis, while its association with Pol δ suggests it may be involved in the mechanisms or regulation
of the interchange between the TLS pols and Pol δ. In addition, PDIP38 is likely under regulation
from DNA damage signaling pathways and is translocated to the spliceosomes where it affects Mdm2
splicing and thereby p53 regulation.

Nevertheless, the studies of PDIP38 are still in their early stages, and its multifunctional nature
poses significant technical challenges to the use of gene depletion or knockouts either in cells or animals,
as these approaches may not allow unambiguous cause and effect relationships. Thus, much further
investigation is required to establish how these functions are accomplished at the molecular level,
as well as the cellular advantages of the investiture of these functions in a single protein. These require
biochemical approaches and, in particular, the elucidation of PDIP38 structure and its complexes
with its partners. These could lead to strategies for the use of targeted mutations that could provide
the means for isolating cause and effect in gene depletion experiments.
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Abstract: Accurate DNA replication is crucial for cell survival and the maintenance of genome
stability. Cells have developed mechanisms to cope with the frequent genotoxic injuries that arise
from both endogenous and environmental sources. Lesions encountered during DNA replication
are often tolerated by post-replication repair mechanisms that prevent replication fork collapse and
avert the formation of DNA double strand breaks. There are two predominant post-replication repair
pathways, trans-lesion synthesis (TLS) and template switching (TS). TLS is a DNA damage-tolerant
and low-fidelity mode of DNA synthesis that utilizes specialized ‘Y-family’ DNA polymerases to
replicate damaged templates. TS, however, is an error-free ‘DNA damage avoidance’ mode of
DNA synthesis that uses a newly synthesized sister chromatid as a template in lieu of the damaged
parent strand. Both TLS and TS pathways are tightly controlled signaling cascades that integrate
DNA synthesis with the overall DNA damage response and are thus crucial for genome stability.
This review will cover the current knowledge of the primary mediators of post-replication repair and
how they are regulated in the cell.

Keywords: DNA damage tolerance; post replication repair; DNA damage response; trans-lesion
synthesis; template switching

1. Introduction

Accurate and efficient DNA replication is crucial for the health and survival of all living organisms.
Under optimal conditions, the replicative DNA polymerases ε, δ, and α can work in concert to ensure
that the genome is replicated efficiently with high accuracy in every cell cycle [1]. However, DNA is
constantly challenged by exogenous and endogenous genotoxic threats, including solar ultraviolet
(UV) radiation and reactive oxygen species (ROS) generated as a byproduct of cellular metabolism.
Damaged DNA can act as a steric block to replicative polymerases, thereby leading to incomplete
DNA replication or the formation of secondary DNA strand breaks at the sites of replication stalling.
Incomplete DNA synthesis and DNA strand breaks are both potential sources of genomic instability [2].
As discussed elsewhere in this special issue, an arsenal of DNA repair mechanisms exists to repair
various forms of damaged DNA and minimize genomic instability. Most DNA repair mechanisms
require an intact DNA strand as template to fix the damaged strand. In this review, we will discuss the
mechanisms behind Post-Replication Repair (PRR) that specifically help cells tolerate damage on the
single stranded DNA template.
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2. DNA Damage Repair and Complications at the Replication Fork

DNA damage can be categorized by structural changes in the DNA such as base alteration, single
stranded break (SSB), and double stranded break (DSB), each repaired via a distinct mechanism [3].
As summarized in Figure 1, a broad spectrum of DNA repair mechanisms has evolved to remove
lesions that occur on double stranded DNA. Most DNA repair mechanisms rely on information from
an undamaged DNA strand, either the complementary strand of the double helix (nucleotide excision
repair (NER), base excision repair (BER) and SSB repair) or the sister chromatid and homologous allele
(homologous recombination). Utilizing an undamaged template prevents aberrant alteration of the
genetic coding on the damaged DNA strand. A major limitation to template-based repair mechanisms
is that sometimes an undamaged DNA template strand is unavailable. This problem is frequently
encountered during DNA replication, in the synthesis (S) phase of the cell cycle.

Figure 1. Many mechanisms efficiently repair DNA damage on the DNA double helix. Lesions in
the double stranded DNA can be efficiently repaired by mechanisms corresponding to the specific
type of DNA damage. Base-specific damage can be directly reversed by particular enzymes such as
photolyases and O6-methylguanine DNA methyltransferase (MGMT) (reviewed in [4]). The majority
of base-specific damage is repaired by base excision repair (BER) and nucleotide excision repair (NER).
In BER and NER, the damaged base or surrounding DNA is excised from the double stranded DNA.
The gap left behind is then filled by a DNA polymerase. Single stranded breaks (SSBs) are recognized
by poly(ADP-ribose) polymerase 1 (PARP1), which activates downstream signaling that leads to
gap-filling by DNA polymerases. Double stranded breaks (DSBs) are repaired by end joining (EJ)
or by homologous recombination (HR). EJ directly ligates the exposed DSB with DNA ligase, while,
during HR, break sites are replicated using undamaged homologous sequences of sister chromatid
templates. In contrast, DNA lesions in single stranded DNA (ssDNA) cannot be repaired by BER,
NER, HR, or EJ and must be remediated using alternative mechanisms (as suggested by the question
mark in the figure). Post replication repair is a mechanism specialized in tolerating lesions in single
stranded template.
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DNA replication is a multistep process with two key events; (1) unwinding of the annealed
double helix to expose ssDNA and (2) using this ssDNA as template to synthesize daughter strands.
During an unperturbed S phase, DNA unwinding, carried out by the replicative helicase (the
CDC45-MCM2-7-GINS or “CMG” complex), is strictly coupled with polymerase activity at replication
forks (reviewed in [5]). Three replicative polymerases, pol ε on the leading strand and pol δ and pol
α on the lagging strand, copy the template DNA with an error rate less than 10−4 [1]. The compact
catalytic sites of replicative DNA polymerases confer high fidelity but preclude DNA damage-tolerant
synthesis when using templates harboring bulky DNA lesions. As a result, replicative polymerases
stall when a lesion is encountered (Figure 2). Fork-stalling DNA lesions are very prevalent in cells.
In the human body there are approximately 30,000 lesions in every cell at any given time due to aerobic
metabolism and endogenous depurination and deamination events [6]. It is inevitable that replication
forks will be challenged by fork stalling lesions during DNA synthesis. Lesions encountered at
replicating DNA are unique because the DNA in the vicinity of a replication fork is not double-helical.
Excising the lesion from the ssDNA, as seen in BER and NER, will generate DNA strand breaks and
result in fork collapse.

To survive fork-stalling DNA lesions, cells have developed post replication DNA repair
mechanisms (PRR), which allow replication forks to progress through the lesions on damaged
templates. The main role of PRR is to “patch” ssDNA gaps in the daughter strand and restore DNA to
its double-stranded state for subsequent DNA repair via other mechanisms (covered in Figures 2 and 3
and later sections of the paper). There are two mechanisms of PRR; trans-lesion synthesis (TLS), which
employs TLS polymerases to directly replicate across the DNA lesion [7], and template switching (TS),
which “borrows” the genetic information from the newly synthesized sister chromatid as a replication
template [8] and thus avoids the lesion (Figure 3). As described in detail below, the TLS and TS
pathways are coordinated to facilitate ongoing DNA synthesis on damaged genomes.

Figure 2. DNA lesions in single stranded DNA (ssDNA) are detrimental to the replication fork. DNA
lesions on an ssDNA template act as road blocks for replicative polymerases but not for the replicative
DNA helicase. An uncoupling of replicative DNA polymerase and DNA helicase activities generates
single stranded DNA tracts. Persistent ssDNA is fragile and prone to breakage, generating lethal DSB.
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Figure 3. Post replication repair efficiently returns lesions in ssDNA to double helix. PRR utilizes
trans-lesion synthesis (TLS) or template switching (TS) to bypass or avoid DNA lesions and prevent
accumulation of ssDNA gaps. After being restored to its double-stranded state, damaged DNA may be
repaired via the mechanisms described in Figure 1.

3. Activation of Post Replication Repair

Proliferating cell nuclear antigen (PCNA) is a ring shaped homo-trimeric protein complex that
surrounds the DNA and is a central player in PRR. During the initiation of DNA replication, PCNA is
loaded onto the chromatin by the Replication Factor C (RFC) clamp loader [9]. Upon completion of
DNA replication, ATAD5 (Elg1 in yeast) unloads PCNA from chromatin [10,11]. Chromatin-bound
PCNA slides along the DNA strand and serves as a processivity factor for DNA polymerases.
In addition to tethering polymerases to template DNA, PCNA is a platform for a wide variety of
proteins that participate in DNA replication and damage repair [12]. The interactions between PCNA
and its binding partners are typically mediated by the PCNA inter-domain connecting loop (IDCL)
and the PCNA interacting peptide (PIP) motif on its binding partner [13]. PCNA can also be modified
by ubiquitin and SUMO (Small Ubiquitin Modifier) to create additional interfaces for binding partners
during the S-phase or when the replication fork is under stress [12,14,15]. These post-translational
modifications of PCNA are crucial events in PRR.

When the replication fork encounters a bulky DNA lesion, replicative polymerases stall but
the MCM helicases continue unwinding the double helix ahead of the polymerase. The uncoupling
of DNA polymerase and helicase at the stalled replication fork generates long stretches of ssDNA
covered by replication protein A (RPA) that activates the DNA replication checkpoint [16]. RPA-coated
ssDNA generated by fork-stalling recruits Rad18 (a PCNA-directed E3 ubiquitin ligase) to the vicinity
of the DNA lesion [17–19]. Chromatin-bound Rad18 and its associated E2 ubiquitin-conjugating
enzyme (Rad6) mono-ubiquitinate PCNA at the conserved residue, K164 [14,15]. Mono-ubiquitinated
PCNA initiates PRR by recruiting TLS polymerases to replace the activity of replicative polymerase
at the stalled replication fork [20–22]. Although RPA-coated ssDNA is necessary for Rad18
chromatin-binding, multiple regulators have been shown to modulate the recruitment of Rad18
to PCNA. For example, TLS Pol η can facilitate the Rad18-PCNA interaction by binding to both
proteins with its C-terminus domain and enhancing PCNA ubiquitination [23]. NBS1 (mutated in
Nijmegen Breakage Syndrome) interacts with Rad18 at the Rad6-interacting domain to help recruit
Rad18 to damaged DNA [24]. Additionally, BRCA1 facilitates efficient recruitment of RPA and
Rad18 to damaged DNA and promotes PRR [25]. SIVA1 physically bridges chromatin-bound Rad18
and its substrate PCNA and promotes PCNA ubiquitination. However, SIVA1 is not required for
Rad18 recruitment to DNA damage sites [26]. Spartan/DVC1 interacts with Rad18 and PCNA and is
necessary for UV-tolerance, although the molecular mechanism by which Spartan/DVC1 regulates
PRR is unclear [27–31]. Of note, Rad18 might not be the only enzyme that mono-ubiquitinates PCNA.
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PCNA mono-ubiquitination has been observed in both Rad18−/− DT40 cells and in Rad18 KO mice,
suggesting other E3 ubiquitin ligases may use PCNA as a substrate [32–34].

PCNA K164 mono-ubiquitination can be further extended to K63-linked poly-ubiquitin chains
by another E3 ubiquitin-ligase, which in yeast is Rad5 [14]. The interaction between Rad18 and
Rad5 brings Ubc13/Mms2-Rad5 to the vicinity of stalled replication forks [35]. Ubc13/Mms2 and
Rad5-mediated poly-ubiquitination of PCNA directs lesion avoidance using the TS pathway [36].
In Xenopus laevis, PCNA poly-ubiquitination is induced by DNA damage, although it is unclear why
PCNA is also modified when replicating undamaged DNA in this system [37]. In humans, the two
human Rad5 orthologues, SNF2 histone-linker PHD-finger RING-finger helicase (SHPRH) [38,39] and
helicase-like transcription factor (HLTF) [40,41], mediate PCNA poly-ubiquitination. Although PCNA
poly-ubiquitination is a less abundant modification than PCNA mono-ubiquitination [42], it is clear
that the human RAD5 homologues do contribute to DNA damage tolerance [43]. There are also some
studies suggesting that Rad5 has an Mms2-Ubc13-independent role in the TLS pathway [44–46].

SUMOylation of PCNA, catalyzed by UBC9 and Siz1/2, has also been observed on lysines
K127 and/or K164 during normal DNA replication or following sub-lethal DNA-damaging
treatments [14,15]. SUMOylated PCNA interacts with Srs2, a helicase that displaces the Rad51
recombinase from ssDNA. Since Rad51 is essential for DNA repair via homologous recombination,
Rad51 displacement prevents recombinational repair [47,48]. Consequently, the inhibition of
homologous recombination by Srs2 at the replication fork further limits the pathway choices to
PRR when a DNA lesion is encountered on the single stranded template [49]. Interestingly, PCNA
SUMOylation also has been shown to facilitate Rad18 E3 ligase activity towards PCNA by physically
linking Rad18 and PCNA in yeast [50]. Although this is not an evolutionally conserved mechanism for
Rad18 activation, it still exemplifies the cross talk between different PCNA modifications.

4. Trans-Lesion Synthesis

The Trans-Lesion Synthesis branch of PRR employs specialized DNA polymerases to perform
replicative bypass of DNA lesions. In a process termed “polymerase switching” the TLS polymerases
are recruited to stalled replication forks where they transiently replace the replicative polymerases.
There are three TLS polymerases RAD30 (η), Rev1, and ζ, in budding yeast and two additional TLS
polymerases, κ and ι, in vertebrates. Of these TLS polymerases, η, κ, ι, and Rev1 belong to the Y-family,
while Pol ζ belongs to the B family [51]. The unique structure of TLS polymerases allows them to
synthesize across lesions that block the conventional replicative polymerases. Compared to replicative
polymerases, TLS polymerases have larger catalytic sites that are able to make loose contact with the
template DNA and incoming nucleotide. This structure makes TLS polymerases more promiscuous
in their selection of template DNA and allows them to accommodate templates with bulky adducts
and abasic sites [52]. Furthermore, TLS polymerases lack the proofreading exonuclease domain that is
present in the replicative ones and which is critical for accurate DNA synthesis. Therefore, utilizing
TLS polymerases to replicate damaged templates can confer damage-tolerant DNA synthesis at the
cost of reduced replication accuracy [7].

Although TLS polymerases are inherently error prone, TLS can be relatively error-free in instances
when the “correct” Y-family polymerase(s) are recruited to bypass a cognate lesion. For example,
in the presence of a UV radiation-induced thymine-thymine cis-syn cyclobutane dimer (CPD),
DNA Pol η preferentially incorporates two adenines (A) opposite the thymine-thymine dimer
to accurately bypass the lesion [53]. Similarly, Pol κ accurately bypasses bulky (BP)-7,8-diol-9,
10-epoxide-N(2)-deoxyguanosine (BPDE-dG) adducts induced by the environmental carcinogen
Benzo[a]pyrene [54,55]. Moreover, Pol ι frequently incorporates a correct base (cytosine, C) following
the oxidative lesion 8-oxoguanine as well as 2-Acetylaminofluorene (AAF) adducted guanine [56].
Thus TLS polymerases are capable of contributing to DNA damage tolerance and S-phase progression
without compromising genome stability.
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Due to the intrinsic ability of TLS polymerases to accommodate a wide variety of lesions,
sometimes lesion bypass can be carried out by a “non-ideal” error-prone polymerase, especially
when the “correct” polymerase is not available. This phenomenon of compensatory error-prone lesion
bypass by inappropriate DNA polymerases is exemplified by xeroderma pigmentosum variant (XP-V)
patients, in which Pol η is mutated [57]. XP-V patients experience extreme sunlight sensitivity and have
an increased incidence of skin cancer. In XP-V patients, UV-induced DNA damage is bypassed by other
Y-family DNA polymerases such as Pol ι [58] and Pol κ [59], resulting in high mutation rates. These
studies suggest that, despite the presence of intact nucleotide excision repair, selecting the correct TLS
polymerase to accurately bypass the DNA lesion is crucial for the prevention of elevated mutagenesis.

As mentioned previously, the recruitment of TLS polymerases to stalled replication forks is
facilitated by Rad18-mediated PCNA mono-ubiquitination. TLS polymerases possess a higher
affinity towards PCNA in its mono-ubiquinated state [20,21] and may displace the processive DNA
polymerases to replicate through damaged DNA [60]. Interestingly, lysine 164 of PCNA is not located
at the IDCL, the protein-protein interacting domain on PCNA that mediates the interaction with the PIP
motif of target proteins [13]. Instead, the K164-linked ubiquitin is attached to the back face of PCNA,
creating a distinct interacting motif for TLS polymerases [22] (Figure 4). In addition to a PIP-motif, all
Y family polymerases contain at least one Ubiquitin-Binding Zinc finger (UBZ) or Ubiquitin-Binding
Motif (UBM) at the C-terminus of the protein [61]. The ubiquitin-binding domain, together with the
PIP motif on TLS polymerases, mediates the preferential interaction with mono-ubiquitinated PCNA.
In this structure, the binding of Pol η to PCNA does not interfere with the binding of Pol δ. Instead, Pol
η is resting at the back face of PCNA, while Pol δ is contacting the front surface of PCNA [22] (Figure 4).
It is important to note that PCNA is a trimeric ring, which in theory could interact with three DNA
polymerases at the same time. In fact, the structural study by Freudenthal et al. favors the notion
that the PCNA ring acts as a molecular ‘tool belt’, carrying both TLS and replicative polymerases to
cope with damage on ssDNA, similar to the β sliding clamp in E.coli [62]. Unlike the Y-family TLS
polymerases (η, κ, ι, REV1), Pol ζ (a B-family DNA polymerase) does not contain a UBZ domain.
However, Pol ζ recruitment to stalled replication forks is mediated by the Y family polymerases,
such as REV1 [63], and therefore might have some dependency on PCNA mono-ubiquitination.

Figure 4. Structure of a monoubiquitinated PCNA ring (picture from reference [22]). (A) Back view
of monoubiquitinated PCNA ring showing the two domains of a single PCNA subunit and the
inter-domain connecting loop (IDCL). Ubiquitin is shown in red. Three individual PCNA molecules
(shown in blue, green, and yellow) constitute the ring shape; (B) Side view of the monoubiquitinated
PCNA where the back surface is to the left and the front surface is to the right of the figure. Notice
that the ubiquitin is located on the back surface of the PCNA ring while IDCL is to the front side of the
PCNA ring.
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Despite the extensive studies suggesting that PCNA and its ubiquitination facilitate TLS activation,
the absolute requirement of PCNA mono-ubiquitination is still being debated. Several lines of evidence
suggest that TLS can, in some instances, proceed without the need for PCNA mono-ubiquitination.
Gueranger and collegues showed that the Pol η PIP-box mutant could completely restore the UV
resistance in a pol η-deficient cell line [64]. Acharya and colleagues additionally found that the
ubiquitin-binding domain of pol η is dispensable for its TLS function [65,66]. Embryonic fibroblasts
from a genetically-engineered PCNA K164R “knock-in” mouse show some attenuation of TLS activity,
yet retain lesion bypass activity [67]. In a recent study, pol η was shown to interact with unmodified
and mono-ubiquitinated PCNA with equivalent affinities in vitro. Furthermore, mono-ubiquitinated
PCNA did not enhance the lesion bypass activity of pol η [68]. Together, these studies suggest that
PCNA ubiquitination is important for high-capacity TLS and efficient recruitment of TLS polymerases
in normal cells. However, TLS may also occur in the absence of PCNA mono-ubiquitination, most
likely due to residual UBZ-independent interactions between PCNA and the PIP motifs.

Even with our mechanistic understanding of trans-lesion synthesis, it is still not known how cells
recruit appropriate and specific TLS polymerases to their cognate DNA lesions. It is formally possible
that unknown factors “read” the structure of distorted DNA and then signal for the recruitment of the
specific polymerases. However, as clearly documented in XP-V cells, CPD lesions can be bypassed by
non-cognate TLS polymerases when Pol η is absent. Therefore, it is possible that mono-ubiquitinated
PCNA does not discriminate between different TLS polymerases and serves as a recruitment platform
that interacts with all TLS polymerases equally. Perhaps all the TLS polymerases are recruited to the
damage site randomly and attempt to replicate through the lesion. In this “trial-and-error” mechanism,
the “correct” polymerase bypasses a cognate lesion with the lowest energy expenditure. Non-ideal TLS
polymerases would only perform a bypass when the “correct” polymerase is unavailable. Therefore,
it might be the nature of the lesion itself that determines which polymerase engages and replicates
across a specific type of DNA damage.

5. Template Switching

The Template Switching branch of PRR enables the stalled replication fork to use the newly
synthesized daughter strand as template to avoid damaged DNA (Figure 3). Similar to TLS,
TS is also mediated by PCNA post-translational modifications, specifically poly-ubiquitination and
SUMOylation. The extension of Rad18-induced K164 mono-ubiquitination to poly-ubiquitination by
Ubc13-Mms2 and Rad5 redirects the PRR mode to TS.

Most of our understanding of TS was generated from a series of elegant studies in yeast, which
provided the basis for the existence of an error-free form of PRR [69,70]. This error-free mechanism
requires Rad5 [71,72], Ubc13/Mms2 [73,74], DNA Pol δ [75], a subset of the RAD52 epistasis group [76]
and involves recombination between partially replicated sister strands [77]. A groundbreaking study
by Branzei and colleagues combining 2D gel electrophoresis of DNA replication intermediates and
yeast genetics identified TS intermediates and defined their relationship with the previously mentioned
TS factors [78].

Template switching, involves the formation of an X-shaped recombination intermediate like structure
consisting of sister chromatic junctions (SCJs) close to the stalled replication fork. SCJ formation requires
Rad51 and the resolution of SCJs structures depends on the Sgs1 helicase [78]. The SCJs generated
during TS resemble the properties of a DNA crossover intermediate in homologous recombination [79].
A recent study visualized the recombination intermediates using electron microscopy and proved that the
undamaged sister chromatid is used as template using a recombination-based mechanism [80]. During
TS, the ssDNA template containing the DNA lesion anneals with the newly synthesized double stranded
sister chromatid to form a three-strand duplex. This intermediate then releases the newly synthesized,
undamaged daughter strand from the parental strand so that it can be used as template for damage
avoidance. The structures formed in this process are later resolved by the Sgs1-Top3-Rim1 complex [80].
In addition to the core TS participants such as Rad5, Rad51, and Sgs1, there is a growing body of
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evidence that other DNA replication and damage repair factors are also involved in TS. For example,
the 9-1-1 complex and Exo1 nuclease are essential for the initiation of TS [81], and Ctf4 was found to
establish the connection between Pol α/primase and the MCM helicase to protect the replication fork
structure that favors TS [82].

Although Ubc13-Mms2 and Rad5-mediated poly-ubiquitination of PCNA at K164 is a crucial
event in TS, the structure and function of the PCNA poly-ubiquitin chain formed during TS remains
elusive. In contrast, the significance of PCNA SUMOylation has been studied in more detail and is
better understood. PCNA SUMOylation occurs both during normal, unperturbed DNA replication
and in response to DNA damage [14,15]. SUMOylated PCNA provides an interaction platform for the
recruitment of the Srs2 helicase [47,48]. Similar to other PCNA-interacting proteins, Srs2 contains a
non-canonical PIP box motif that mediates PCNA binding. However, the interaction between the Srs2
PIP box and PCNA is fairly weak until a second interaction is established between SUMOylated PCNA
and a SUMO-interacting motif at the C terminus of Srs2 [83]. PCNA-bound Srs2 helicase functions as a
safeguard that limits unscheduled recombination at the replication fork by disrupting Rad51 filament
formation on ssDNA during normal replication [84,85]. A small controversy still exists regarding why
PCNA SUMOylation is required for the TS pathway; Srs2 actively removes Rad51 from the replication
fork while template switching requires Rad51 activity. For this reason, it is generally believed that
SUMOylation antagonizes the effect of PCNA ubiquitination and inhibits the TS pathway [14,15].

A recent study may help resolve this paradox; a SUMO-like domain protein, Esc2, was found to
be recruited to stalled replication forks and displace Srs2, thereby creating a microenvironment that is
permissive for Rad51 chromatin-binding [86]. Therefore, PCNA SUMOylation facilitates the usage of
PRR on a challenged replication fork by suppressing homologous recombination. When TS is initiated
by PCNA poly-ubiquitination, replication fork binding factors such as Esc2 alleviate the inhibition of
recombination by PCNA SUMOylation and allow DNA damage avoidance [47].

Error-free DNA damage avoidance is a conserved PRR mechanism in metazoans [43,87]. Although
the identity of the human Srs2 orthologue is still being debated, human PCNA SUMOylation has also
been shown to suppress unscheduled DNA recombination via PARI (PCNA-associated recombination
inhibitor), suggesting a conserved mechanism of regulating HR at the replication fork [88–90].
PCNA is also poly-ubiquitinated in human cells in response to DNA damage. Blocking K63 linked
poly-ubiquitination chain formation sensitizes cells to DNA damage, increases UV-induced mutagenesis,
and increases the reliance of cells on TLS for DNA damage tolerance [43]. Rad5 has evolved into two
orthologues, SHPRH [38,39] and HLTF, in higher organisms [40,41]. Both SHPRH and HLTF can
poly-ubiquitinate PCNA in vitro but via distinct mechanisms. SHPRH extends Rad18 mediated PCNA
mono-ubiquitination, while HLTF transfers the pre-assembled poly-ubiquitin chain to Rad6-Rad18 and
eventually onto unmodified PCNA [38,39,91]. Depletion of SHPRH and HLTF sensitizes the cell to
DNA damaging agents and reduces PCNA poly-ubiquitination; however, SHPRH−/−HLTF−/− double
knockout mouse embryonic fibroblasts are still able to poly-ubiquitinate PCNA, suggesting that other
Rad5 orthologues might exist in higher organisms [92]. In addition to poly-ubiquitination of PCNA,
HLTF has acquired additional functions in DNA damage tolerance. In response to UV damage, HLTF
is able to mono-ubiquitinate PCNA and promote Pol η recruitment [93]. Furthermore, HLTF can also
facilitate DNA strand invasion and D-loop formation in a Rad51-independent manner [94].

In addition to TS, there are other recombination-based mechanisms, such as complementary
strand transfer repair (CSTR) [95] and replication fork reversal [96–99], that have also been shown to
contribute to DNA damage avoidance.

6. Timing of Post Replication Repair

Both major modes of PRR are used to cope with collisions between DNA polymerases and lesions
on the single-stranded DNA template. For this reason, PRR is critically important during S-phase
of the cell cycle, when the DNA duplex is unwound and vulnerable to injury. In fact, cells have
developed sophisticated mechanisms to control the timing of DNA post replication repair by limiting
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the availability of crucial PRR factors [100–102]. Interestingly, two studies using temporally controlled
expression of Rad18 or Pol η found that it is possible to delay the onset of PRR without significantly
affecting cell viability. Moreover, limiting PRR in the G2/M phase of the cell cycle does not significantly
delay the progression of the S-phase [103,104]. These studies suggest that it is possible to detach the
PRR with bulk DNA synthesis in the S-phase without compromising its function.

Nevertheless, the delayed onset of PRR during S-phase could potentially lead to the accumulation
of dangerously long and fragile ssDNA stretches, especially on the leading strand. Exposed ssDNA in
cells is frequently observed when the replicative polymerase is blocked. However, these ssDNA gaps
are usually small in size and are located inside a single replicon, regardless of whether they are on
the leading or the lagging strand. However extremely long ssDNA gaps (>3 kb) are rarely observed.
This suggests that the leading strand is also synthesized discontinuously when replicating a damaged
DNA template, similar to the discontinuous synthesis of the lagging strand [105].

Restart of replication requires a de-novo re-priming mechanism downstream (3′) of the stalled
leading strand DNA polymerase. This repriming activity is carried out by DnaG in E. coli [106], and
by a specialized polymerase PrimPol in higher organisms [107–110]. This repriming mechanism of
PRR explains why UV-induced lesions only cause a slight reduction in fork speed even when Pol η
is mutated in human cells [111]. The ability of PRR to function distal (5′) to a newly-primed leading
strand may provide ample time to select the optimal DNA damage tolerance mechanism. It is also well
established that TLS is functional outside the S phase of the cell cycle and can patch ssDNA arising in
the G0 and G1 phases [112–114].

7. Conclusions and Outlook

Although neither TLS nor TS directly repair DNA damage, both PRR mechanisms enable
an immediate response to polymerase stalling DNA lesions. PRR during S phase prevents gross
chromosomal rearrangements and ensures that replication is completed in a timely manner.

A deficiency in PRR could lead to replication fork collapse and the accumulation of DNA DSBs.
In the absence of PRR, DSB repair mechanisms could allow for tolerance of replication-associated
DNA damage. However, DSB repair pathways have limitations; DNA end-joining frequently results
in mutations, while HR serves as the salvage pathway and creates complex and unstable repair
intermediates through the use of a homologous strand from another DNA molecule. (For more insight
into salvage and other homologous recombination-mediated DNA damage tolerance, we invite readers
to read a recent review on this topic [115]) Therefore, PRR is perhaps the least genome-destabilizing
option for the tolerance of DNA lesions arising in S-phase.

Both branches of PRR are important for cells to tolerate and survive DNA damage. In terms of
maintaining genome stability, TS has a great advantage over TLS because it does not induce base
mutations. Because of its intrinsic error-propensity, TLS has been linked to both increased mutation
rates and might, therefore, fuel carcinogenesis [116–118]. In established cancers, TLS is also suggested
to be responsible for a high mutation frequency and elevated treatment resistance [116,119,120].
However, it is not known why untransformed cells would utilize the error-prone TLS pathway when
error-free TS is available.

Many DNA damaging chemotherapy agents cause lesions that can be tolerated by PRR. Such
lesions include bulky adducts generated by alkylating agents and the DNA crosslinks produced by
platinating agents. For this reason, cancer cells could upregulate PRR to survive therapy-induced DNA
damage. Interestingly, a recent report identified a cancer cell-specific mechanism of TLS activation that
might provide a general paradigm for how tumors acquire both mutability and DNA damage tolerance
via pathological PRR [121]. Therefore, targeting PRR pathways individually, or in combination
with compensatory genome maintenance mechanisms, could sensitize cancer cells to intrinsic and
therapy-induced replicative stress.
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Abstract: DNA replication is constantly challenged by DNA lesions, noncanonical DNA structures
and difficult-to-replicate DNA sequences. Two major strategies to rescue a stalled replication fork
and to ensure continuous DNA synthesis are: (1) template switching and recombination-dependent
DNA synthesis; and (2) translesion synthesis (TLS) using specialized DNA polymerases to perform
nucleotide incorporation opposite DNA lesions. The former pathway is mainly error-free, and the
latter is error-prone and a major source of mutagenesis. An accepted model of translesion synthesis
involves DNA polymerase switching steps between a replicative DNA polymerase and one or more
TLS DNA polymerases. The mechanisms that govern the selection and exchange of specialized
DNA polymerases for a given DNA lesion are not well understood. In this review, recent studies
concerning the mechanisms of selection and switching of DNA polymerases in eukaryotic systems
are summarized.

Keywords: DNA damage; DNA lesion bypass; DNA polymerase; genomic instability; mutagenesis;
translesion synthesis

1. Introduction

DNA is susceptible to numerous endogenous and exogenous chemicals, producing a wide variety
of DNA lesions. Unrepaired DNA lesions are potential sources of replication and transcription errors,
replication fork arrest, and cell death, which together contribute to genomic instability and pathogenesis.
Two strategies exist to counteract replication fork stalling. One involves template switching, in which
the undamaged template from the sister chromatid is used for recombination-dependent DNA synthesis;
this process is usually error-free. A second strategy is to use one or more of the translesion synthesis
(TLS) DNA polymerases (pols) to accomplish nucleotide incorporation opposite and past the DNA
lesion before a replicative DNA polymerase (pol ε or pol δ in eukaryotes) resumes its function. This
process—which is intrinsically error-prone—is a major source of DNA damage-induced mutagenesis [1].

Genetic studies in the 1970s showed that mutations in the UV nonmutable (umu) locus in
Escherichia coli (E. coli) [2,3] and the reversionless (REV) locus in Saccharomyces cerevisiae (S. cerevisiae) [4,5]
were associated with deficiencies in mutagenesis in these organisms upon treatment with DNA-damaging
agents. Around the same time, cells from patients with a variant form of a cancer predisposition
syndrome xeroderma pigmentosum (XP-V) were found to be deficient in synthesizing daughter DNA
strands after UV irradiation [6]. It was not until the 1990s that the products of these and related genes
were purified and biochemically characterized. The product of the yeast REV1 gene was found to be
a dCMP transferase [7], and the product of the yeast REV3 gene was shown to be the catalytic subunit
of pol ζ, which is able to bypass a common UV-induced cyclobutane pyrimidine dimer (CPD) DNA
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lesion with low efficiency [8]. In 1999, the yeast Rad30 protein was shown to be able to replicate past
a thymine–thymine CPD as efficiently and accurately as with undamaged thymines [9]. Shortly after,
defects in the human gene encoding Rad30 was shown to cause the XP-V syndrome [10,11]. By 2000, the
arsenal of TLS polymerases had expanded rapidly with the discovery of E. coli pol IV (DinB) [12] and
pol V (UmuC) [13,14], pol ι (a second human ortholog of Rad30) [15–18], and pol κ (a human ortholog
of E. coli DinB) [19–22]. These findings led to the realization that TLS is a conserved process from
bacteria to humans [23], which involves a large family of proteins, known as TLS DNA polymerases.

Today, 17 human DNA polymerases have been purified and biochemically characterized, and these
proteins are classified into A, B, X, Y, and AEP (archaeo-eukaryotic primase superfamily) families according
to their sequence homology and structural similarities [24–26]. The best-characterized Y-family DNA
polymerases include pol η, pol ι, pol κ, and Rev1, which, together with B-family enzyme pol ζ, are
the principle TLS pols in humans. Pols of A and X families also have TLS activities and contribute to
mutagenesis in DNA repair pathways such as base excision repair and non-homologous end joining
(NHEJ) [27]. The most recently discovered DNA polymerase/primase PrimPol (AEP superfamily) has
the capability of bypassing a number of DNA lesions [26,28–31]. More importantly, PrimPol has primase
activity that can perform de novo DNA synthesis using deoxyribonucleotide triphosphates (dNTPs),
which is important for replication re-start downstream of a stalled fork [32–35]. Nowadays, the
understanding of TLS polymerases has evolved from their conventional lesion bypass activities to
myriad roles in organismal fitness and disease, such as to increase the diversity of the immunoglobulin
gene during hypermutation, to overcome secondary DNA structures during DNA copying, to
participate in DNA repair, and to contribute to mutagenesis in tumors [25,27,36,37].

Translesion synthesis is thought to occur via two non-mutually exclusive processes. One is for
TLS pols to participate at a replication fork, and the other is to fill post-replicative gaps [38]. The first
process involves several polymerase-switching processes, including dissociation of a stalled replicative
polymerase from the replication fork, binding of one or two TLS polymerases to the replication terminus
for nucleotide insertion and extension, and eventually displacement of TLS pols with a replicative
polymerase downstream of the DNA lesion [38,39]. The latter pathway requires fewer switching events.
A major unanswered question is how polymerase switching occurs at the replication factories (reviewed
in [40–42]). Deciphering the mechanisms of the polymerase exchange is not only fundamental for the
understanding of translesion synthesis, but also important for the development of chemotherapy to
control TLS activities [25,38,43]. This is because many cancer chemotherapies work by damaging DNA,
and inhibiting TLS pols that affect DNA repair capability holds promise for improving responses to
treatments [25,43]. This review aims to summarize recent studies on the mechanistic aspects of TLS in
eukaryotic systems. For detailed discussions on the biochemical properties, regulation, and functions
of TLS DNA polymerases, please see these excellent reviews [24,27,38,44–46]. Readers interested in
TLS in bacteria are referred to the following reviews [42,47].

2. Selection and Switching of Specialized DNA Polymerases

DNA is susceptible to a variety of chemicals from endogenous and exogenous sources,
which generates up to 100,000 DNA lesions per cell each day [48]. Selection of the most appropriate
specialized DNA polymerase to bypass a given lesion is dictated by a number of possible factors.
One obvious factor is the identity of DNA lesions. A second potential factor is the interactions of
specialized polymerases with hub proteins such as PCNA and Rev1. Other potential factors include
the availability of TLS polymerases in the vicinity of stalled replication forks owing to cell cycle and
transcription regulation or protein degradation.

2.1. Selection of the “Right” TLS Pol for Benzo[a]pyrene-Derived DNA Lesions: A Case Study

In eukaryotes, various TLS polymerases have evolved to accommodate different types of DNA
damage. When a polymerase is recruited to a stalled fork, it can only be used if it is able to accommodate
the damaged primer-template in its active site and is able to catalyze the nucleotide-incorporation
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reaction [38]. Certain DNA modifications can be bypassed by replicative DNA polymerases [49,50],
whereas bulky DNA lesions, such as carcinogen benzo[a]pyrene (BaP)-derived DNA damage, often require
one or more TLS DNA polymerases to facilitate the fork progression [51]. Knowledge concerning cognate
DNA lesions of each TLS pol has been reviewed [27,44,52]. TLS pols often act redundantly in the bypass
of a given DNA lesion, and it is challenging to firmly identify the most biologically relevant DNA
lesion for some pols. A few structurally distinct DNA lesions, such as cyclobutane pyrimidine dimer
(CPD) and BaP-derived lesions, require specific polymerase activities [53,54]. Multiple factors including
the chemistry of DNA lesion and DNA polymerase structure affect the selection of TLS pols. In the
following section, DNA lesions derived from BaP, a prototypical carcinogen, will be used as an example
to discuss how the chemistry of DNA lesions affects the enzymatic activities of DNA polymerases.

2.1.1. BaP-Induced DNA Damage

BaP is a ubiquitous environmental pollutant that exists in overcooked meat, vehicular exhaust,
coal tar, and tobacco smoke. BaP is a Group 1 carcinogen classified by the International Agency for
Research on Cancer (IARC), and has been associated with skin, lung, and colon cancers in humans [55,56].
The carcinogenicity of BaP is attributed in part to its ability to form the ultimate tumorigenic
metabolites (+)-7β,8α-dihydroxy-9α,10α-epoxy-7,8,9,10-tetrahydrobenzo[a]pyrene [7R,8S,9S,10R steric
configuration; the most distant hydroxyl group is anti relative to the orientation of the epoxide
group, and is hereinafter referred to as (+)-anti-BPDE] and (−)-7α,8β-dihydroxy-9β,10β-epoxy-
7,8,9,10-tetrahydrobenzo[a]pyrene [7S,8R,9R,10S steric configuration; (−)-anti-BPDE] (Figure 1).
(+)-anti-BPDE is more tumorigenic than its enantiomer (−)-anti-BPDE [57–59]. Both metabolites react
with the N2 exocyclic amino group of guanine (Figure 1) and to a lesser extent with the N6 exocyclic
amino groups of adenine and the N4 exocyclic amino groups of cytosine to form DNA adducts [60,61].
Due to the carcinogenic potency, BPDE-derived DNA lesions are among the best-studied DNA lesions
in terms of their toxicological mechanisms. Alternative bioactivation routes can convert BaP to radical
cations that are reactive towards the C8 or N7 atoms of guanine and the N3 or N7 positions of
adenine, some of which can form mutagenic apuridinic/apyrimidinic (AP) sites due to the unstable
glycosidic linkage [62]. Other pathways involve biotransformation via aldo-keto reductase to yield
reactive quinone-derived DNA adducts that are chemically labile or stable [63,64]. BaP-derived DNA
lesions block DNA synthesis by replicative pols and induce mutagenic replication products via TLS.
A prevalent mutation resulting from BaP exposure is a G to T transversion, a common mutation found
in BaP-treated mammalian cells and the p53 gene of lung cancers of smokers [55,56]. The local sequence
context of BaP-induced DNA damage also plays a role in the resulting mutation pattern [65–68].

2.1.2. Accurate Bypass of BaP-Derived DNA Lesions

Major BPDE-derived DNA lesions include the stereoisomeric 2′-deoxyguanine (dG) adducts
(+)-trans-anti-BPDE-N2-dG, (+)-cis-anti-BPDE-N2-dG, (−)-trans-anti-BPDE-N2-dG and (−)-cis-anti-
BPDE-N2-dG (Figure 1), as well as the 2′-deoxyadenosine (dA) adducts (+)-trans-anti-BPDE-N6-dA,
(+)-cis-anti-BPDE-N6-dA, (−)-trans-anti-BPDE-N6-dA and (−)-cis-anti-BPDE-N6-dA. These lesions are
able to assume a variety of conformations depending on the local sequence context, as evidenced
by solution nuclear magnetic resonance (NMR) structures (reviewed in [69] and references therein).
Consequently, there is no universal TLS pol to bypass all lesions due to their structural diversity and
the varying bypass capabilities of TLS pols. In addition, effects of the host cell and the local sequence
context contribute to the varying degrees of bypass efficiencies and the resulting mutations [70]. Pol κ
is well known for its role in the accurate bypass of BPDE-N2-dG DNA lesions. Pol κ is capable of
replicating past all four BPDE-derived N2-dG lesions in a primarily error-free fashion in vitro and
in vivo [22,71–74] and is protective against the mutagenic effects of BaP in cells [54,75]. However, pol κ
is unable to bypass (+)-trans-anti-BPDE-N6-dA or (−)-trans-anti-BPDE-N6-dA lesions [76], and these
lesions are thought to contribute to the mutagenicity of low-dose BaP exposure [77–79]. The extent of
the involvement of pol κ in the accurate replication across the (+)-trans-anti-BPDE-N2-dG lesion in cells
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remains controversial, mostly likely due to the different sequences and cell lines used in respective
laboratories. Using a quantitative bypass assay, Avkin et al. demonstrated that approximately 60%
of the (+)-trans-anti-BPDE-N2-dG adducts require pol κ for accurate bypass [75]. On the other hand,
Hashimoto et al. showed that the error-free products account for less than 10% of total TLS products
with the same DNA lesion in mouse embryonic fibroblasts [80]. Pol ι, which is the least accurate
TLS pol, is known for preferentially misincorporating T opposite unmodified G [81]. Interestingly,
in vitro pol ι incorporates a correct nucleotide opposite stereoisomeric BPDE-N2-dA adducts, although
it is unable to insert nucleotides opposite BPDE-N2-dG adducts or to extend the primer beyond the
lesion [76,82]. Further experiments are needed to confirm the biological significance of this particular
bypass activity of pol ι.

Figure 1. Structures of stereoisomers of BPDE-derived N2-dG DNA adducts.

A recent X-ray crystal structure of pol κ:(+)-trans-anti-BPDE-N2-dG-DNA:dCTP (pol κ-BPDE)
complex has provided insights into why pol κ is adept at bypassing bulky BPDE-induced DNA
lesions [83]. The overall structure of pol κ-BPDE closely resembles the structure of a pol κ complex
with an unmodified DNA substrate, indicating that pol κ accommodates the (+)-trans-anti-BPDE-N2-dG
lesion at the active site (Figure 2A,B). The BPDE-adduced substrate adopts a standard B-form of DNA,
and the BPDE-N2-dG adduct retains the anti conformation. The BPDE ring is positioned in the minor
groove and forms an additional H-bond with the incoming dCTP (Figure 2C). The BPDE ring points
towards the 5′-end of the template strand, consistent with the solution NMR structures of DNA
containing BPDE-derived dG lesions [84,85]. This conformation of the adduct is accommodated by
an open DNA binding cleft in pol κ (Figure 2D), which is not found in pol η or pol ι. Modeling this
conformation of the BPDE-adduced DNA into the structures of pol η (Figure 2E) and pol ι (Figure 2F)
results in steric clash with both pols. In addition, the unique N-clasp domain of pol κ (not found in other
Y-family TLS pols) supports an open conformation of the protein and stabilizes the single-stranded
template for the efficient and error-free bypass of BPDE-dG DNA lesions [83].
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Figure 2. The structures of DNA polymerase complexes with a BPDE-dG lesion-containing duplex.
The adducted template is shown in cyan, and the primer and incoming dCTP are shown in yellow.
The black arrows are pointing at the BPDE ring. (A,B) Different views of the X-ray crystal structure
of pol κ:(+)-trans-dG-N2-BPDE-DNA:dCTP (pol κ-BPDE) complex (PDB: 4U7C). The major groove of
DNA is facing the viewer in (A); and the minor groove of DNA is facing the viewer in (B). (C) Base
pairing of (+)-trans-dG-N2-BPDE lesion and the incoming dCTP at the active site of pol κ. An additional
hydrogen bond formed between a hydroxyl group of BPDE and the O2 atom of cytidine is shown
with a dashed line. (D) Zoomed-in view of pol κ accommodating the BPDE ring in an open DNA
binding cleft. (E) Structural model of pol ι (PDB: 4FS2) with an adducted substrate. The conformation
of the DNA is adopted from the pol κ-BPDE structure. (F) Structural model of pol η (PDB: 3MR2) with
an adducted substrate. The conformation of the DNA is from the pol κ-BPDE structure. For simplicity,
the incoming dCTP is omitted in (D–F).

The fact that pol ι is able to incorporate the correct dTTP opposite BPDE-N6-dA DNA lesions
in vitro suggests that pol ι can accommodate certain conformers of BPDE-N6-dA DNA lesions at
the active site. Although a ternary structure of pol ι with the BPDE-N6-dA lesion and an incoming
nucleotide is unavailable, molecular dynamics simulations have demonstrated that a BPDE-N6-dA
lesion assumes an anti or syn conformation at the active site of pol ι depending on the adjacent
nucleotides forming a Watson–Crick or Hoogsteen base pair with the incoming dTTP, respectively [86].
The BPDE ring is positioned in the major groove due to the relatively narrow active site of pol ι,
and forms additional H-bonds with nearby nucleotides [86].

2.1.3. Error-Prone Bypass of BaP-Derived DNA Lesions

BaP-induced mutations are fueled at least in part by error-prone DNA replication across
BPDE-derived DNA adducts [87]. More than 90% of the bypass events across the (+)-trans-anti-BPDE-
N2-dG DNA lesion are error-prone in mouse embryonic fibroblasts [80]. For pol η, DNA synthesis
is almost completely blocked by (−)-trans-anti-BPDE-N6-dA adduct, whereas weak and error-prone
bypass activities exist for both stereoisomeric BPDE-N2-dG adducts and (+)-trans-anti-BPDE-N6-dA
adduct [76]. Using human XP-V fibroblasts that express a truncated and non-functional pol η [9],
Avkin et al. found that the bypass of the (+)-trans-anti-BPDE-N2-dG-DNA lesion is largely accurate
and concluded that pol η is not essential for TLS across this particular lesion with the template
sequence they used [75]. On the other hand, pol ζ plays an important role in the mutagenic bypass of
the (+)-trans-anti-BPDE-N2-dG-DNA lesion, which is likely due to its function as an extender DNA
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polymerase [51,80]. The importance of pol ζ in error-free bypass of BPDE-derived lesions remains
controversial [51,80]. Rev1 is known for its deoxycytidyl transferase activity and its role as a scaffold
protein to interact with other Y-family DNA polymerases [7,88–93]. Although Rev1 is capable of
inserting dCTP opposite (+)-trans-anti-BPDE-N2-dG and (−)-trans-anti-BPDE-N2-dG DNA lesions
in vitro [88], its role in error-free bypass seems to be nonessential in mouse cells [80]. Instead, the
non-catalytic function of Rev1 is important for pol κ-mediated BPDE resistance of mouse embryonic
fibroblast cells [94], and for the erroneous bypass of the (+)-trans-anti-BPDE-N2-dG lesion by pol ζ [80].

Together, it is apparent that the identity of BaP-derived DNA lesions drives the selection of TLS
pols. Multiple factors, including the steric effects, tautomerization, the ability to form base pairs with
the incoming nucleotide and local sequence context, seem to affect the selection of TLS pols. Apart
from BaP-derived DNA lesions, a variety of DNA lesions have been assayed in vitro and in cellular
experiments to identify the most biologically relevant TLS pol(s); however, in many cases, different
TLS pols act redundantly during TLS [52], and it remains a challenge to generate a list of cognate
lesions for each TLS pol. It seems logical for backup enzymes to exist for DNA replication and repair.
The fact that a respective TLS pol has evolved to protect against the mutagenic effects of BPDE and
CPD-derived DNA damage underscores the importance of these carcinogens.

2.2. PCNA: An Interaction Hub for Many Partners

PCNA is known for orchestrating a variety of components in DNA metabolism. PCNA was first
discovered as an auxiliary protein that stimulates the activity of DNA polymerase δ [95,96], and was
subsequently recognized for its remarkable abilities in coordinating multiple cellar processes such
as unperturbed DNA replication, translesion synthesis, Okazaki fragment maturation, DNA repair,
chromatin remodeling, and cell cycle regulation [97–100]. PCNA promotes the access of specialized
pols to the replication factories through physical and functional interactions with these proteins.
PCNA interacts with purified Y-family TLS pols and stimulates the catalytic efficiencies of these
polymerases in vitro [101–104]. The understanding of the importance of these interactions in vivo
was obtained primarily from nuclear focus-formation assays with DNA damaging reagent-treated
cells ([105] and references therein). However, care should be taken in interpreting these results because
the composition of these foci and whether they represent direct interactions are not known [105].
In this section, the biochemical basis of interactions between PCNA and different DNA polymerases
is discussed.

2.2.1. Interactions between PCNA and DNA Polymerases

Eukaryotic PCNA comprises three identical subunits, and each subunit has two similarly folded
domains joined by an interdomain connector loop (Figure 3A) [106,107]. The homotrimeric eukaryotic
PCNA is assembled into a circular ring with a central hole that is wide enough to encircle the DNA
and to allow diffusion of PCNA along the DNA [108]. The PCNA ring has one side facing the direction
of DNA synthesis and the other side pointing away (hereinafter referred to as the front side and the
back side of PCNA, respectively). The front side contains the C-terminus of each monomer and the
interdomain-connecting loop. A hydrophobic pocket (Figure 3A) near the interdomain-connecting loop
on the front side of each monomer serves as a platform to interact with DNA polymerases. In vitro,
interactions between PCNA and purified TLS pols (e.g., human pol η, pol ι and pol κ) stimulate the
catalytic efficiencies of these polymerases with unmodified and damaged DNA substrates via lowering
the Km of the incoming nucleotide [101–104]. Pol η and pol ι, but not pol κ, have elevated processivity
in the presence of PCNA, replication factor C (RFC) and replication protein A (RPA) [101–104]. Pol ζ
is stimulated by PCNA with lesion-bearing DNA, but not with unmodified substrates [109,110].
PCNA stimulates the catalytic efficiency of Rev1 and does so to a greater extent when the PCNA is
monoubiquitinated [111].
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Figure 3. Structures of human PCNA and yeast ubiquitinated PCNA. (A) Front, side, and back views
of human PCNA (PDB:2ZVK). Three subunits are shown in green, yellow, and cyan. In one subunit
(cyan), amino acid residues surrounding the hydrophobic pocket near the interdomain-connecting loop
are shown in stick. The black arrow is pointing at the hydrophobic pocket. For simplicity, the pol η
PIP peptide is omitted from the original crystal structure. (B) A subunit of yeast ubiquitinated PCNA
(red; PDB:3L10) is superimposed with a subunit (cyan) of human PCNA (PDB:2ZVK). The pol η PIP
peptide (orange) interacts with the hydrophobic pocket on the front side of PCNA, and ubiquitin (blue)
interacts with the back side of PCNA.

2.2.2. Biochemical Basis of PCNA-Pol Interactions

The interacting partners of PCNA in eukaryotes generally contain one or more PCNA-interacting
protein (PIP) motifs. Based on the amino acid sequence of these motifs, PIPs are classified into canonical
and non-canonical PIPs, which differ in their sequence and binding affinity for PCNA. Canonical
PIPs, found in p21WAF1/CIP1 [107], the p66 subunit of pol δ [112] and FEN1 [113], have a consensus
sequence Qxx[L/I/M]xx[F/Y][F/Y/W] featuring high-affinity interactions with PCNA. Non-canonical
PIPs, on the other hand, have alternative residues at the first and last positions, lowering the binding
affinity for PCNA relative to the consensus sequence. The difference in the binding affinities for
PCNA potentially contributes to affinity-driven polymerase switching [98]. For example, the PIP
peptide (QVSITGFF, canonical) of the p66 subunit of human pol δ has a higher affinity for PCNA
relative to pol η (MQTLESFF, non-canonical) [114]. Changing the first amino acid residue of the
PIP peptide of pol η to a glutamine (QQTLESFF) results in a four-fold increase in its affinity for
PCNA [114]. The apparent dissociation constant (Kd) of human pol δ, pol η, pol κ, and pol ι PIP
peptides with PCNA are summarized in Table 1. Although affinity-driven competition has been
proposed as a mechanism for polymerase switching, the molecular mechanism of this model remains
to be studied in much detail. Rev1, on the other hand, has no PIP motifs, but interacts with PCNA
through its N-terminal BRCA1 C-terminus (BRCT) domain [115,116] and/or polymerase-associated
domain (PAD) [117]. This interaction between the PAD domain of Rev1 and PCNA observed in
yeast remains to be confirmed in vertebrates. Importantly, several recent studies have discovered
non-conventional interacting partners of the PIP motif as well as the related Rev1-interacting region
(RIR, see below). For example, yeast pol η uses its PIP motif to interact with both PCNA and Rev1 [118],
and human pol η uses one of its RIR motifs to interact with Rev1 and pol δ [119]. In fact, the very
notion of a PIP motif as a distinct entity has recently been questioned, and it has been proposed that
these and other related motifs be renamed PIP-like motifs to better reflect their broader roles in the
network of interacting proteins responsible for DNA replication and repair [120].

213



Genes 2017, 8, 24

Table 1. Apparent dissociation constants (Kd) of DNA polymerase holoenzymes or PIP peptides with
PCNA. Conserved amino acid residues relative to a consensus sequence are in bold. Italic cysteines
indicate that these amino acid residues were included in addition to the native RIR peptide to facilitate
the measurement.

DNA Polymerase Sequence Kd (μM)

pol δ PIP 451GKANRQVSITGFFQRK 16 1

pol δ holoenzyme <0.010 2

pol η PIP2 C694KRPRPEGMQTLESFFKPLTH 0.40 3

pol η holoenzyme 0.12 4

pol κ PIP + PLTH C856IKPNNPKHTLDIFFKPLTH 4.9 3

pol ι PIP C419AKKGLIDYYLMPSLST 0.39 3

1 Measured by isothermal titration calorimetry [112]; 2 Estimated using a binding assay containing forked
DNA-PCNA complex as substrate and pol δ as ligand. Values in 2 and 4 are from ref. [121]; 3 Obtained from
surface plasmon resonance (SPR) assays [114].

2.2.3. Ubiquitination of PCNA

Post-translational modifications of PCNA play an important role in DNA damage tolerance
pathways [97,98,122]. Ubiquitination of PCNA, in particular, is known to participate in a variety
of pathways during DNA replication and repair [122]. Ubiquitination of PCNA, mediated by the
Rad6–Rad18 ubiquitination system, occurs in response to fork stalling near a lesion or an unusual
DNA structure. Generally, the monoubiquitinated PCNA serves as an interacting platform for
TLS DNA polymerases, whereas the polyubiquitinated PCNA is involved in error-free bypass via
recombination-dependent pathways [122]. Ubiquitination of PCNA occurs primarily at K164 and
to a lesser extent at other lysine residues [123,124]. One or two ubiquitin-binding motifs (UBMs;
pol ι and Rev1) or ubiquitin-binding zinc-fingers (UBZs; pol η and pol κ) are present in Y-family
DNA polymerases [125], which increase the affinity of DNA polymerases for monoubiquitinated
PCNA and potentially facilitate the recruitment of TLS pols. In S. cerevisiae, it is established that
the monoubiquitination of PCNA is essential for optimal TLS and TLS polymerase switching.
For example, in vitro studies using recombinant yeast enzymes show that both unmodified and
monoubiquitinated PCNA stimulates the efficiencies of nucleotide incorporation by pol η and REV1;
however, a stronger stimulatory effect is observed when the PCNA is monoubiquitinated [111,126,127].
In addition, upon replication stalling, the exchange of yeast pol η and pol δ occurs in the presence of
monoubiquitinated PCNA but not with the unmodified PCNA [128]. In yeast cells, Rad6-mediated
monoubiquitination of PCNA is required to activate TLS by pol η [129,130].

On the contrary, in mammalian systems, whether a direct interaction between pol η and
ubiquitinated PCNA is required (or even occurs) during TLS remains controversial. In human cells,
UBMs are needed for foci formation of Y-family polymerases and for physical interactions between
polymerases and ubiquitinated PCNA [125,131]. However, as mentioned earlier, the foci formation
should not be used to conclude that a direct interaction between pol η and ubiquitinated PCNA is
required (or even occurs) during TLS in mammalian systems. On the other hand, physical and specific
interactions of pol η with ubiquitinated PCNA have been demonstrated with co-immunoprecipitation
using cell extracts [132,133]. While Acharya et al. reported that a direct binding of the UBZ domain of
pol η with ubiquitinated PCNA is not required during TLS [134], this conclusion has been questioned
because the dispensability of the pol η UBZ domain is thought to be due to an artificially increased
PCNA expression [135]. Other in vivo evidence suggests ubiquitination of PCNA is in fact dispensable.
For example, pol η localizes into replication foci during unperturbed DNA replication [125] as well
as upon treatment with UV irradiation [133,136,137] independently of PCNA monoubiquitination.
Hendel et al. have shown that the ubiquitination of PCNA is important, but not essential for TLS in
mouse cells [138]. Using photobleaching techniques, Sabbioneda et al. have demonstrated that PCNA
ubiquitination is not required for the pol η foci formation, but increases the residence time of pol η
in foci in human cells [136]. In addition, studies from several laboratories have demonstrated that
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PCNA ubiquitination is dispensable during lesion bypass [136,138,139], in which TLS pols may be
recruited via interactions with Rev1 (discussed in Section 2.3) [140,141]. The interactions between TLS
polymerases and PCNA are considered to be highly dynamic judging by the times of immobilization
of pol η and pol ι (100–200 ms) upon DNA damage [136]. Therefore, it is proposed that pol η

transiently and continually probes the exposed DNA for suitable substrates [136]. Recently, using
quantitative kinetic assays and a reconstituted lagging-strand replication system, Hedglin et al. have
shown that the binding of pol η to PCNA and pol η-catalyzed DNA synthesis occur without PCNA
monoubiquitination, and that efficient exchange of pol η with pol δ happens owing to the intrinsic DNA
binding properties of these pols [121]. Additional studies are warranted to unequivocally determine
the biological functions of PCNA ubiquitination in vivo.

2.2.4. Structure of Monoubiquitinated PCNA

The X-ray crystal structure of monoubiquitinated S. cerevisiae PCNA has provided additional
insights into PCNA–polymerase interactions [126]. The expression of yeast monoubiquitinated PCNA
is achieved by splitting the protein into two self-assembling polypeptides [126]. As shown in Figure 3B,
the ubiquitin moiety uses its canonical hydrophobic surface to interact specifically but weakly with
PCNA via electrostatic and hydrogen-bonding interactions. The attachment of ubiquitin does not
alter the conformation of PCNA, suggesting that there is no or minimal conformational change of
PCNA upon ubiquitin binding [126]. The ubiquitin molecule is located on the back side of PCNA,
presumably leaving the hydrophobic pocket on the front side to interact with the PIPs of other DNA
polymerases, which is consistent with a tool belt model of translesion synthesis. A PCNA tool belt is
a structure with multiple TLS polymerases directly interacting with PCNA without directly interacting
with one another. Based on the structure of ubiquitinated PCNA, it is proposed that when pol δ stalls
at a DNA lesion, the ubiquitination of PCNA facilitates the recruitment of pol η to the back side of
PCNA [126]. The catalytic core of pol η then displaces pol δ since it is connected to the C-terminus of
pol η by a long, flexible linker. A recent structural model derived from low-resolution single-particle
electron microscopy suggests that pol η can associate with the front face of the PCNA in the editing
mode [142]. Additional structures of eukaryotic multi-protein complexes with DNA, PCNA and TLS
pols are needed to fully understand how multiple TLS pols are coordinated.

2.2.5. Additional Structural Motifs for Stabilizing PCNA-Pol Complexes

In eukaryotes, B-family DNA polymerases include pol α, pol δ, pol ε, and pol ζ. The former
three polymerases are the major players responsible for the bulk of DNA synthesis, and pol ζ is
a major error-prone DNA polymerase. In S. cerevisiae, pol δ is a three-subunit complex comprised
of the catalytic subunit pol3 and accessory subunits pol31 and pol32. The pol δ holoenzyme is
formed via interactions between pol31 and the C-terminal segment of pol3, and between pol32 and
pol31 [143]. Subunits pol 31 and pol32 are also components of a four-subunit pol ζ4 (discussed in
Section 2.4). In addition to the aforementioned structural motifs (PIPs and RIRs) that are important for
protein–protein interactions, two conserved cysteine-rich metal-binding motifs (CysA and CysB) within
the C-terminal segment of the catalytic subunits of all four B-family DNA polymerases are important
for DNA replication and stabilizing multi-protein complexes in S. cerevisiae [144]. The Zn-binding motif,
CysA of pol3 (the catalytic subunit of yeast pol δ) plays a critical role in PCNA-pol δ complex formation,
whereas [4Fe-4S]-binding motif CysB is imperative for the formation of a highly processive yeast
pol δ holoenzyme [144]. Mutation of the conserved cysteine residues in the CysA motif significantly
decreases the processivity of yeast pol δ; processive DNA replication can be partially restored by
adding wild-type pol δ into the system but cannot be restored by adding a mutant form of pol δ
without the PIP motif on pol32 (pol32−ΔPIP). By contrast, fully proficient DNA replication was
observed for mutant pol δ with pol32−ΔPIP. These results suggest that PIPs may be more relevant for
recruiting pols to replication foci in the nucleus, whereas the conserved cysteine-rich metal-binding
motifs are important for the formation and/or stability of the PCNA–pol δ complex in processive DNA
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replication [144]. This is consistent with the previously proposed two-stage recruitment model for
TLS polymerases—first, to increase the local concentration of TLS pol(s) at the replication factories,
and second, to load TLS pol(s) to the replication termini [38].

2.3. Rev1: A Scaffold Protein

REV1, along with REV3 and REV7, is among the first translesion synthesis DNA polymerase genes
discovered in yeast mutagenesis experiments [4]. Rev1 is the most intriguing Y-family polymerase
because of its deoxycytidyl transferase activity [7,88] and its protein template-directed nucleotide
incorporation [145]. Yeast genetic studies led to the suggestion that Rev1 has a “second function”
separate from its catalytic activity [89]. Subsequent biochemical and cellular studies augmented this
proposal by demonstrating that human and mouse Rev1 physically interacts with pol η, pol ι, pol κ,
and Rev7 (an accessory subunit of pol ζ) [90–93], and that the catalytic-null mutant of Rev1 does not
affect the levels of mutagenesis induced by DNA-damaging agents [146,147].

2.3.1. Interactions between Rev1 and Other Pols

The interactions of Rev1 with its protein partners are critically dependent on its C-terminal
domain (CTD) [90–92,147]. Rev1-interacting proteins contain RIRs that are centered around conserved
phenylalanine residues (FF). These interacting proteins include B-family pol δ [110,148,149] and pol ζ [93,
150]; Y-family pol ι, pol κ, and pol η [90–92,94,119]; base excision repair protein XRCC1 [151]; and
yeast Rad5 (a multi-functional protein involved in template switching) [152]. Recent NMR and X-ray
crystallographic data have provided a structural basis of the interactions between Rev1 and its partners.
According to the solution NMR structures of the mouse Rev1 CTD–pol κ RIR peptide complex and the
human Rev1 CTD–pol η RIR peptide complex [153,154], the overall core helix-bundle structure of the
RIR-bound human Rev1 CTD is similar to that of the free Rev1 CTD (Figure 4A). Rev1 CTD folds into
a four-helix bundle (α1—α4), mediated by a network of interacting residues from individual helices.
A majority of these residues are conserved from yeast to human, which contribute to the stability of
the CTD of Rev1 across species [154]. Six residues at the N-terminus of α1 helix fold into a structurally
defined β-hairpin, and together with the shallow hydrophobic surface between α1 and α2, create a deep
hydrophobic cavity for high-affinity binding with RIR peptides [153,154]. The disordered RIR peptides
of pol η and κ arrange into a three-turn α-helix upon binding with Rev1 CTD. Two phenylalanine
residues of the RIR peptides (of pol η, pol κ, and p66) interact with the hydrophobic cavity of Rev1
CTD (Figure 4B). These two conserved phenylalanine residues are essential for the formation of the
protein complex as evidenced by mutational studies in yeast two-hybrid assays [94,153].

Figure 4. Interactions between Rev1 CTD and the RIR peptides or the interacting fragments of
pol ζ. (A) Superimposed structures of free human Rev1 CTD (yellow, PDB: 2LSY) and human pol η
RIR-bound Rev1 CTD (cyan, PDB: 2LSK). The pol η RIR is in red with the side chains of the conserved
phenylalanine residues shown in stick. (B) Superimposed structural complexes of mouse Rev1 CTD
(blue; PDB:2LSJ) with the pol κ RIR peptide (green), human Rev1 CTD (cyan; PDB:2LSK) with the pol η
RIR peptide (red) and human Rev1 CTD (pale cyan; PDB:2N1G) with the p66 (a subunit of pol ζ4) RIR
peptide (magenta). Three RIR peptides interact with the same region of Rev1 CTD. The side chains of
conserved phenylalanines are shown in stick. (C) Mouse Rev1 CTD in complex with Rev7, a fragment
of Rev3 and the pol κ RIR peptide (PDB: 4FJO).
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2.3.2. Interactions between Rev1 and Pol ζ

Pol ζ is considered as an “extender polymerase” in the generally accepted two-step bypass
mechanism in mammals [39,155]. In the first step, an “inserter” polymerase (e.g., pol η, pol ι or
pol κ) incorporates a nucleotide opposite the lesion, and in the second step an “extender” polymerase
(e.g., pol ζ) extends beyond the base pair that involved the lesion before a replicative polymerase
takes over the DNA synthesis. It is well documented that the Rev7 subunit of human pol ζ interacts
with Rev1 [93], and that the interaction is functionally important for translesion synthesis across
a (6–4) thymine-thymine photoproduct [156]. Since the discovery of a four-subunit complex of pol ζ4
(Rev3-Rev7-p50-p66; p50 and p66 are also subunits of human pol δ) [110,148,149], an additional RIR
has been mapped on the p66 subunit of pol ζ, which could also facilitate the formation of Rev1-pol ζ
complex [150]. Together, interactions of Rev1 with both Rev7 and p66 potentially contribute to the
recruitment of pol ζ via Rev1 and the functional linkage between pol ζ and Rev1.

2.3.3. Coordination of Multiple Binding Partners by Rev1

Recent X-ray crystallographic data have illuminated the molecular mechanisms of the interactions
of Rev1 with a number of proteins. Wojtaszek et al. reported a crystal structure of mouse Rev1 CTD in
complex with Rev7, an interacting fragment of Rev3 and the pol κ RIR peptide (Figure 4C) [157]. Shortly
after, Xie et al. reported the structure of a similar protein complex from humans [158]. In addition,
Kikuchi et al. solved the crystal structure of a ternary complex containing the C-terminal domain of
human Rev1 CTD, Rev7, and a Rev3 fragment [159]. Collectively, these studies have demonstrated
that mammalian Rev1 CTD uses different binding regions to interact with Y-family pols and the Rev7
subunit of pol ζ. As noted earlier, RIRs of pol η and pol κ target the same binding region of Rev1 CTD
(Figure 4B), which involves the N-terminal β-hairpin, α1 and α2 helices, and α1-α2 loop [153,154].
On the other hand, Rev7 interacts with a distinct and non-overlapping region of CTD diagonal to the
binding site of other Y-family pols (Figure 4C) [157,158], presumably to minimize the chance of steric
clash between an “inserter” polymerase and pol ζ at the “insertion” step during Rev1/polζ-dependent
TLS [150]. Incidentally, the recently mapped RIR on the p66 subunit of pol ζ interacts with the same
site on Rev1 CTD as RIRs of pol η and pol κ do (Figure 4B). Although the dissociation constants
(Kd) of Rev1 with RIR peptides vary slightly based on the different techniques used (summarized
in Table 2) [94,150,151], RIRs of pol κ and p66 bind to the Rev1 CTD approximately an order of
magnitude stronger relative to RIRs of pol ι and pol η. The high affinity between p66 RIR and Rev1
CTD may be a contributing factor to the “inserter” to “extender” polymerase switching in a two-step
Rev1/Polζ-dependent TLS [150]. In summary, this body of work has provided structural mechanisms
for the interactions between Rev1 and other TLS pols, and such information is important for designing
inhibitors to disrupt these interactions [43].

Table 2. Apparent dissociation constants (Kd) of human p66 (a subunit of pol δ), pol η, pol κ, and pol ι
RIR peptides with human Rev1. Conserved phenylalanine residues are in bold.

DNA Polymerase Sequence Kd (μM) SPR Fluorescence 3

p66 231KGNMMSNFFGKAAMNK 2.3 1

pol η 524QSTGTEPFFKQKSLLL 13 2 4.4
pol κ 560EMSHKKSFFDKKRSER 7.6 2

pol κ 560EMSHKKSFFDKKRSER 1.7 1 0.28
pol ι PIP 539ASRGVLSFFSKKQMQD 69 2 5.5

1,2 Values are from references [94,150], respectively, and are obtained with surface plasma resonance (SPR)
assays; 3 Calculated from fluorescence titration assays [151].

2.3.4. PCNA Tool Belts and Rev1 Bridges

Based on the ways in which TLS polymerases interact with one another and with PCNA, it seems
likely that multiple TLS polymerases and PCNA can form higher ordered complexes with different
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molecular architectures. For example, multiple TLS polymerases can directly interact with PCNA
without directly interacting with one another, and form a PCNA tool belt. By contrast, Rev1 can serve
as a bridging molecule to link PCNA (via BRCT and/or PAD domains) and another TLS polymerase
(via CTD) without PCNA and this other TLS polymerase directly interacting. Such an arrangement
is called a Rev1 bridge. Recently, single-molecule studies using yeast PCNA, pol η, and Rev1 have
shown that both PCNA tool belts and Rev1 bridges form in approximately equal proportions [160].
Surprisingly, it was observed that these higher ordered complexes were dynamic, meaning that PCNA
tool belts can switch to Rev1 bridges and vice versa without dissociation. The dynamic nature of these
complexes likely permits rapid sampling of multiple TLS polymerases to find the one that is most
appropriate for bypassing a given DNA lesion [160].

2.3.5. Physiological Functions of Rev1-Mediated Protein Interactions

The functional importance of Rev1-mediated protein–protein interactions appears to be
polymerase- and lesion-specific. In the case of pol η-mediated CPD bypass, the formation of pol η
foci is dependent on the interactions between PCNA and pol η (via PIPs and UBZ of pol η) [125,131],
but not on the interactions between Rev1 and pol η (via RIRs) [161]. In keeping with these data,
complementation with a variant form of pol η with a F to A mutation in the RIRs resulted in a similar
extent of suppression of UV-induced mutagenesis in XP-V fibroblasts relative to cells complemented
with wild-type pol η [162]. On the other hand, transient expression of wild-type pol κ in pol κ-knockout
mouse embryonic fibroblast cells restored the resistance to BPDE, whereas complementation with pol
κ bearing substitutions of phenylalanine residues in RIR fails to correct BPDE-sensitivity [94]. Together,
Rev1 plays an important role in interacting with multiple TLS pols, but the biological significance of
these interactions remains to be firmly established.

2.4. Subunits Sharing between Pol δ and Pol ζ

2.4.1. The Subunit Organization of Pol ζ

In 2012, two groups discovered that yeast pol31 and pol32 proteins (previously recognized
subunits of pol δ) together with the Rev3-Rev7 complex of pol ζ form a four-subunit pol ζ4 [110,149].
Similarly, p50 (POLD2) and p66 (POLD3) (human counterparts of yeast pol31 and pol32, respectively)
are also components of pol ζ4 in humans [148]. Pol ζ4 has a higher catalytic activity than the minimally
functional Rev3-Rev7 complex [110,149,163], and its activity is further enhanced in the presence of
PCNA [110]. The pol ζ4 complex is organized via interactions between Rev3 and Rev7, Rev3 and
pol31, pol31 and pol32, and pol32 and Rev7 [110,148,149,163]. In addition, pol32 is known to interact
with PCNA, which is important for processive DNA replication by pol δ [164]. Analogous to the
interaction between pol31 and the C-terminal segment of pol3, CysB of Rev3 (one of the two conserved
cysteine-rich metal binding motifs) is essential for Rev3-pol31 interactions [110,148]. A structural
model of yeast pol ζ4 based on electron microscopy reconstruction has been reported [165]. In this
model, pol ζ4 adopts an elongated bilobal architecture, whereby Rev3 occupies a large lobe of the
electron microscopy density map, and accessory subunits (Rev7, pol31, and pol32) locate in a small
lobe connected to Rev3 via a longer amino acid linker.

2.4.2. Switching between Pol δ and Pol ζ

Baranovskiy et al. proposed that the subunits sharing between pol δ and pol ζ may be a mechanism
to facilitate polymerase switching [148]. Specifically, when pol δ stalls at a DNA lesion, p125
(the catalytic subunit of pol δ) dissociates from p50-p66 for pol ζ to gain access to the replication
fork. A caveat is that this proposal does not explain how pol ζ may operate on the leading strand
(replicated by pol ε) [148]. Although this proposal remains to be explicitly tested, it provides a basis
for further hypothesis generation and testing. Two possible pathways have been postulated for this
polymerase switching model [166]. First, the p50-p66 complex remains attached to PCNA to interact
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with Rev3-Rev7 for pol ζ4 to gain access to the fork. Subunits p125 and p12 (an accessory subunit of
pol δ) can be degraded by proteolysis [167]. Second, p50-p66 dissociates from the fork together with
p125, and a pre-assembled pol ζ4 complex is recruited for translesion synthesis. The latter pathway is
augmented by the observation that p50-p66 complex binds to Rev3 fairly strongly, which withstands
stringent washing with 1.0 M NaCl solution [163]. Interestingly, a recent proteomic analysis discovered
significant changes of the levels of multiple components of pol δ when comparing wild-type cells to
POLD3-deficient mouse cells, and that the levels of pol ζ constituents remain unchanged [168], which
implies that p50-p66 may be preferentially associated with pol δ under normal conditions without
DNA damage. The concentrations of p50 and p66 at the fork and their preferential association with pol
δ or pol ζ under different cellular conditions remain to be determined. Remarkably, Stepchenkova et
al. observed that a defect in the catalytic subunit of pol δ that affects the [4Fe-4S] cluster binding leads
to suppressed UV-induced mutagenesis and enhanced pol ζ-dependent spontaneous mutagenesis in
a yeast strain. On the basis of this finding, the authors proposed that the conserved [4Fe-4S] cluster in
pol3 and Rev3 plays a role in pol δ-pol ζ switching [169]. It is imperative to decipher the functional
importance of Fe-S clusters in various aspects of DNA metabolism, including polymerase switching,
and this question is being actively pursued in the field.

2.5. Proteasomal Degradation of DNA Polymerases

2.5.1. Regulation of the Steady-State Levels of TLS Pols

The error-prone nature of TLS polymerases means their access to the replication fork must be
carefully regulated. Controlling the steady-state levels of DNA polymerases is a simple way to restrict
enzymatic activities of low fidelity DNA polymerases. In E. coli, TLS pols are regulated via the global
SOS response [42,170,171]. The levels of E. coli pol II, pol IV and pol V increase dramatically following
LexA inactivation, which contributes to the polymerase switching ([42] and references therein). On the
contrary, eukaryotes do not seem to use the overall expression level of TLS pols to respond to genotoxic
stress [27], likely due to a larger number of TLS pols in eukaryotes compared to E. coli. Nonetheless,
the steady-state levels of TLS pols are under strict regulation throughout the cell cycle in eukaryotes.
In S. cerevisiae, the steady-state levels of both pol η and Rev1 peak at G2/M phase relative to G1 phase
and early S phase, whereby a 3-fold increase is observed for pol η and a 50-fold increase is observed
for Rev1 [172–175]. In Schizosaccharomyces pombe, Rev1 exists at the highest level in G1 phase and is
down-regulated at the entry of S phase of the cell cycle [176]. The exact reason of such regulations
remains unknown.

Contradictory results exist regarding whether the overexpression of TLS pols is associated with
increased mutagenicity. While King et al. showed no mutagenic effects upon overproducing pol η
in diploid XP-V fibroblasts [177], other studies using yeast and mammalian systems demonstrated
that overproduction and deletion of RAD30/POLH result in mutator phenotypes. For instance,
overexpression of POLH in a multicopy episomal vector has been shown to be toxic to human
cells [178]. Abnormal up-regulation of human pol η through IRF1 transactivation leads to an elevated
mutation frequency and carcinogenesis in human cells upon exposure to the alkylating agent
N-methyl-N′-nitro-N-nitrosoguanidine [179]. When RAD30 gene is compromised [10,15,180] or
overexpressed [181,182] in S. cerevisiae, replication infidelity and genomic instability are observed.
Similarly, overexpression of Rev1 confers sensitivity to cisplatin in fission yeast [176]. In addition,
TLS pols are over-expressed in a number of cancers, which is considered to be a contributing factor to
mutagenicity and resistance to chemotherapies [25,43].

2.5.2. Proteasomal Degradation of TLS Pols

TLS regulation can be achieved in part by proteasomal degradation orchestrated by
posttranslational modifications. Posttranslational modifications with ubiquitin or ubiquitin-like
modifiers play a critical role in the regulation of normal DNA replication and DNA damage tolerance
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pathways [183,184]. The attachment of ubiquitin to substrates is achieved via an enzymatic cascade by
first attaching ubiquitin to an E1 ubiquitin-activating enzyme, then by transfer of ubiquitin to an E2
ubiquitin-conjugating enzyme, and by finally binding of E2 and substrate together with an E3 ubiquitin
ligase, which completes the ubiquitin transfer from the E2 enzyme to the substrate [183]. There have
been several reports of different E3 ligases being involved in the ubiquitination of pol η, which
include Pirh2 (RING-H2 type E3 ligase) [185,186], mdm2 (murine double minute) [187], TRIP (human
TNF receptor associated factor (TRAF)-interacting protein) in humans [188], and NOPO (homolog of
human TRIP) in Drosophila [188]. For example, Pirh2 physically interacts with and monoubiquitinates
human pol η and is involved in the 20S proteasomal degradation of pol η [185,186]. Mdm2 physically
interacts with pol η in vivo and in vitro and facilitates pol η degradation via ubiquitin-dependent
proteolysis [187]. On the other hand, TRIP and NOPO E3 ligases promote the ubiquitination of pol η,
and enhance the localization of pol η in replication foci [188]. Apparently, unlike E. coli, eukaryotes
prefer to regulate the local concentrations of pols at the fork by modulating the interactions of TLS pols
with multiple binding partners. It should be kept in mind that the proteosomal degradation of TLS pols
does not necessarily indicate their activities at the replication factories, and whether the degradation
targets the soluble pool or chromatin-bound TLS pols remains to be elucidated. Nonetheless, a decrease
in the concentration of a given TLS pol is likely to limit its access to the replication fork or to facilitate
its removal after TLS.

2.5.3. Protein Degradation Creates Binding Sites for TLS Pols

CRL4Cdt2 (Cullin 4-RING Ligase (CRL4)-Ddb1-Cdt2) is an E3 ubiquitin ligase that targets PCNA
binding partners for proteasomal degradation and is known as a master regulator for genomic
stability [189]. CRL4Cdt2 mediates the degradation of replication licensing factor Cdt1, which prevents
DNA re-replication and genome instability [189]. In addition, CRL4Cdt2 facilitates the rapid degradation
of Cdt1 after DNA damage [190,191]. In Caenorhabditis elegans, CRL4Cdt2 participates in the degradation
of pol η [192]; however, whether CRL4Cdt2 is involved in the degradation of pol η in humans is yet
to be tested. A number of CRL4Cdt2 substrates including Cdt1 contain specialized PIP modules (PIP
degrons), which are important for protein degradation [189,193,194]. Compared to a canonical PIP
sequence, a PIP degron contains both a TD motif and a basic amino acid four residues downstream
([Q/N]xxφTD[F/Y][F/Y]xxx[R/K]); the conserved TD motif confers stronger PCNA binding relative to
canonical PIPs [193,194]. The conserved threonine residue within the Cdt1 PIP degron is important
for interfering with pol η foci formation after UV damage [195]. Importantly, CRL4Cdt2-mediated
proteolysis facilitates pol η and pol κ focus formation after UV-induced DNA damage [195]. Thus, it is
proposed that CRL4Cdt2-mediated Cdt1 degradation unmasks the site on PCNA for the binding of TLS
pols [195], although the molecular basis of this model remains to be established.

2.5.4. Proteasomal Degradation of Pol δ

Protein degradation is an important means to regulate multi-subunit replicative DNA polymerase
δ, which potentially contributes to the displacement of pol δ at a stalled fork. Human pol δ is a four
subunit complex (p125-p50-p66-p12, herein after referred to as pol δ4) [196]. Collective studies by Lee
and colleagues have shown that the p12 subunit of pol δ holoenzyme is subject to rapid proteolysis
in human cells triggered by DNA damage or replication stress [167]. The loss of p12 leads to the
formation of a trimeric form of pol δ3 (p125-p50-p66), which has impaired catalytic activities relative
to pol δ4 [167,196]. Detailed kinetic characterizations revealed that such a compromise in catalytic
activity is mainly attributed to a decreased burst rate (a function of the rates of phosphodiester bond
formation and conformational change) and a greater proofreading activity of pol δ3 [197]. As a result,
pol δ3 has an increased tendency to stall at DNA lesions, which may facilitate the exchange of TLS
pols [198]. Interestingly, subsequent studies indicate that pol δ3 also functions during unperturbed
DNA replication [199,200], and the level of p12 subunit remains at a baseline level during unperturbed
growth in unsynchronized cells [201]. As the authors pointed out, these studies measure the nuclear
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pool of p12 and pol δ3, and do not provide direct information on the assembly of pol δ at the replication
fork [199]. Therefore, future studies are needed to fully understand the biological functions of pol δ3
and pol δ4, as well as the partition between the two. A recent study by Hedglin et al. demonstrates
that human pol δ4 maintains a loose association with PCNA when replicating DNA, and that pol δ4
holoenzyme is relatively unstable and rapidly dissociates upon stalling [202]. These authors suggest
that on a lagging strand it may not be necessary for polymerases to engage in active polymerase
switching in humans [128]. It is likely that p12 maintains a dynamic equilibrium between association
and dissociation during lagging strand DNA synthesis, especially considering that pol δ has to
continually replace pol α at primed sites [203,204].

3. Concluding Remarks

In summary, the understanding of the selection and switching of DNA polymerases has
substantially advanced over the past decade. Nonetheless, questions remain regarding the molecular
mechanisms of these processes. First, structures of multi-protein complexes with one or more specialized
DNA polymerases, DNA, PCNA and a replicative DNA polymerase need to be solved. Such structures
will be useful to further understand the coordination of multiple factors at the fork. Although protein
complexes are often recalcitrant for crystallization, recent advances in cryo-electron microscopy holds
promise for solving the problem. Second, the dynamics of multi-protein assembly remain poorly
understood. Single molecule techniques together with rapid kinetics can potentially tackle this
problem. Third, novel approaches are needed to systematically understand the coordination of multiple
components during the selection and switching of DNA polymerases. Modern omics-based approaches
in combination with bioinformatics may offer new solutions to this challenging task.
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Abstract: The complex molecular machines responsible for genome replication encounter many
obstacles during their progression along DNA. Tolerance of these obstructions is critical for efficient
and timely genome duplication. In recent years, primase-polymerase (PrimPol) has emerged as a
new player involved in maintaining eukaryotic replication fork progression. This versatile replicative
enzyme, a member of the archaeo-eukaryotic primase (AEP) superfamily, has the capacity to perform
a range of template-dependent and independent synthesis activities. Here, we discuss the emerging
roles of PrimPol as a leading strand repriming enzyme and describe the mechanisms responsible for
recruiting and regulating the enzyme during this process. This review provides an overview and
update of the current PrimPol literature, as well as highlighting unanswered questions and potential
future avenues of investigation.

Keywords: primase; polymerase; AEP; PrimPol; DNA replication; priming; translesion synthesis;
damage tolerance

1. Introduction

The eukaryotic replisome is a highly co-ordinated complex of molecular machines, tasked with
efficiently duplicating the genome whilst maintaining a near-perfect level of accuracy. At the heart of
the replisome lie the classical DNA polymerases (Pols) α, δ, and ε, which together perform the bulk
of the “reading” and copying during replication [1]. These enzymes are exceptionally specialised to
faithfully duplicate intact DNA but, consequently, are also highly sensitive to perturbations in the DNA
template, resulting in the slowing and stalling of replication forks in the presence of replication stress [2].

Many endogenous and exogenous sources contribute to replication stress. Unrepaired DNA
lesions generated by inherent metabolic processes within the cell, in addition to external chemical
and physical mutagens, serve as potent blocks to the progression of the canonical replicative DNA
Pols [3]. Furthermore, non-B DNA secondary structures and collisions between the replisome and
transcription machinery also lead to fork stalling and potentially collapse [4,5]. Aside from direct
blockages, repetitive DNA sequences, common fragile sites, ribonucleotides incorporated in the
template strand, and limiting pools of nucleotides, can all also act as sources of replication stress [6–8].

In order to maintain replication in the presence of stalled and damaged replication forks, eukaryotes
possess a number of distinct damage tolerance and fork restart mechanisms [9]. The deployment of
these mechanisms differs depending on which template strand is affected. Obstacles encountered on
the lagging strand are easily overcome due to the discontinuous nature of lagging strand replication,
where primers are repeatedly generated for Okazaki fragment synthesis. This allows resumption of
lagging strand synthesis downstream of a lesion, or obstacle, through use of a newly generated primer
to reinitiate replication, leaving behind a single-stranded DNA (ssDNA) gap [10,11].

The situation on the leading strand is more complex with numerous restart pathways available [9].
However, in the last decade evidence has emerged indicating that repriming downstream of lesions
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and secondary structures also occurs on the leading strand, suggesting that eukaryotic leading strand
replication is not exclusively continuous as first thought [11,12]. Indeed, repriming of leading strand
replication in prokaryotes is now well documented [13,14]. In addition to repriming, stalled replication
forks can also utilise translesion synthesis (TLS) to directly replicate over damaged nucleobases in
the template strand. Here, specialised, but error-prone, damage tolerant Pols, predominantly of the
Y-family, replace the replicative Pol and synthesise a short section of DNA over the lesion, before
handing back over to the replicase [15,16]. It is widely believed that TLS can occur both at the
replication fork and post-replicatively to fill in ssDNA gaps left opposite damaged bases as a result
of repriming [17–20]. Such gaps may also appear due to the firing of dormant replication origins
downstream of a stalled fork, a process which can itself rescue replication [21]. Aside from TLS, ssDNA
gaps left opposite lesions can also be filled in an error-free manner through recombination-mediated
template switching. Here, the newly synthesised undamaged sister chromatid is used as a template
for extension [22]. Template switching may additionally occur at the replication fork via fork reversal;
remodelling of the stalled fork generates a four-way junction through annealing of the two nascent
DNA strands, thus providing an undamaged template for continued extension [23].

DNA damage tolerance, in particular TLS, has long been associated with the specialised damage
tolerant Pols of the Y-family. However, more recently it is becoming clear that members of the
archaeo-eukaryotic primase (AEP) superfamily also display novel roles in DNA damage tolerance
and repair pathways [24]. In archaea, where many species lack Y-family TLS Pols, the replicative
primase is inherently TLS proficient [25]. This review will focus on a new player in eukaryotic
nuclear and mitochondrial DNA damage tolerance, and only the second human AEP to be identified,
primase-polymerase (PrimPol) (alternative names CCDC111, FLJ33167, EukPrim2 or PrimPol1), encoded
by the PRIMPOL gene on chromosome 4q35.1 [26–28]. After an overview and evolutionary history,
we will describe the domain architecture and biochemical features of the enzyme before moving on to
discuss recent advances in our understanding of its roles, recruitment and regulation in vertebrate cells.

2. Discovery and Evolutionary History of PrimPol

The AEP superfamily is evolutionarily and structurally distinct from the bacterial DnaG-type
primases which, like AEPs in archaea and eukarya, are absolutely required for DNA replication initiation
in bacteria [24]. Nevertheless, DnaG-like primases are also present in archaea, and likewise, AEPs have
been identified in bacteria [29]. In each case, these enzymes have diverged to fulfil alternative roles, for
example in bacteria a member of the AEP superfamily is employed, together with Ku and DNA ligase
homologues, in a non homologous end-joining (NHEJ) DNA break repair pathway [30,31]. It is likely
that the presence of AEPs in bacteria is a result of horizontal gene transfer (HGT), with the enzymes
originally being recruited for replication initiation by the archaeo-eukaryotic lineage following their
divergence from bacteria [24,32]. The catalytic core of AEPs is defined by two structural modules; an
N-terminal module with an (αβ)2 unit, and a C-terminal RNA recognition module-like (RRM-like) fold.
These two modules pack together, with the active site residues located in between them [32].

In 2005, detailed in silico analyses divided the AEP superfamily into 13 major families, which
were further organised into three higher order clades; the AEP proper clade, the nucleo-cytoplasmic
large DNA virus (NCLDV)-herpesvirus primase clade, and the primpol clade [32]. These analyses
also identified PrimPol and assigned it to the NCLDV-herpesvirus clade, whose members are only
present in eukaryotes and their viruses. This clade encompasses the iridovirus primase and herpes-pox
primase families, PrimPol belonging to the latter. Members of the herpes-pox primase family possess a
conserved C-terminal β-strand-rich region, which replaces the Primase C Terminal (PriCT) domain
of the iridovirus primase family [32]. The NCLDV-herpesvirus primase clade is suggested to have
originated from bacteriophage or bacterial proteins possessing a fused AEP and PriCT-2 domain.
Herpes viruses likely acquired their primase from the NCLDV class, before replacing the C-terminal
PriCT domain with the characteristic β-strand-rich region [32].
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PrimPol orthologues are conserved across vertebrates, plants, and primitive eukaryotes including
species of fungi, algae, and protists, such as apicomplexans and the slime mold Dictyostelium. However,
PrimPol is notably absent from prokaryotes and a number of fungi and animal species, including
Caenorhabditis elegans and Drosophila [26,27,32]. This interrupted distribution of PrimPol, coupled with
the diversity of AEPs observed in mobile elements such as viruses and plasmids [24], suggests that
PrimPol was originally obtained through HGT by an early eukaryote and then lost on multiple separate
occasions. Importantly, PrimPol is not closely related to the eukaryotic replicative DNA primase small
subunit (Prim1), a member of the AEP-proper clade, and is dispensable for DNA replication in higher
eukaryotes [26,32]. It has been speculated that PrimPol may have originated as a DNA repair enzyme
in NCLDVs, potentially required due to their large genome size and lack of access to cellular DNA
repair enzymes during replication [32]. Likewise, PrimPol may play a role in DNA replication initiation
in these viruses.

3. What Can PrimPol Do? The Domain Architecture and Catalytic Activities of PrimPol

Since the initial identification of PrimPol in 2005 [32], a number of groups have purified and
characterised the recombinant protein, permitting insight into the architectural and biochemical
properties of the enzyme [26–28]. These studies revealed PrimPol’s impressive range of nucleotidyl
transferase activities, suggesting a number of potential roles in vivo. In this section, we will describe these
activities and the domain architecture of the protein, which underpins its catalytic flexibility (Figure 1).

 

Figure 1. Domain architecture and catalytic activities of primase-polymerase (PrimPol). The domain
architecture of PrimPol is depicted in the top panel. A helix (purple) located at the N-terminus is
connected to ModN by a flexible linker and contacts the DNA major groove. ModN (blue) and
ModC (orange) comprise the archaeo-eukaryotic primase (AEP) domain and contain motifs Ia, Ib, I,
II, and III, required for template binding and catalytic activity. The zinc finger (ZnF) (green) contains
three conserved cysteines and a histidine which coordinate a zinc ion and are required for primase, but
not polymerase, activity. The replication protein A (RPA) binding domain (RBD) (red) containing RPA
binding motif-A (RBM-A) and RBM-B (grey) is located at the C-terminus. A 100 amino acid (aa) scale
bar is shown to the right. The catalytic activities of PrimPol are displayed below.
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3.1. Domain Architecture and Structure

Previously, an alignment of PrimPol homologues identified 14 conserved regions within the
protein, including three characteristic AEP catalytic motifs (motifs I, II, and III) towards the N-terminus,
forming the AEP domain [32]. Interestingly, motif I displays the variant DxE, rather than the typical
DxD motif possessed by most AEPs. Motif I and motif III (xD) together form the divalent metal ion
binding site and are essential for the catalytic activity of the enzyme. Motif II (SxH) was predicted to
form part of the nucleotide binding site, and is again required for all catalytic activity [26,27,33,34].
Recently, the crystal structure of a ternary complex of the AEP domain of PrimPol (residues 1–354)
bound to a DNA template-primer and incoming nucleotide was elucidated, confirming the existence
and role of these motifs and two additional motifs, Ia (RQ) and Ib (QRhY/F), which interact with the
template DNA strand [35]. The structure reveals that PrimPol’s catalytic core encloses the 3′-end of
the primer with two α/β modules, ModN and ModC, lining the cavity. ModN primarily interacts
with the template strand, whilst ModC contains the catalytic residues and interacts with the incoming
nucleotide, as well as the template strand. Intriguingly, the structure of PrimPol’s AEP domain does not
resemble a typical polymerase fold in any way. There is no thumb domain to hold the primer-template,
in fact the primer DNA strand almost completely lacks protein contacts, and ModC was shown to
function as both the finger and palm domains [35].

PrimPol also possesses a second conserved domain, a C-terminal UL52-like zinc finger (ZnF)
containing three conserved cysteines and a histidine, as is typical for herpes-pox primase family
members [32]. The first conserved cysteine and histidine residues of this domain coordinate a zinc ion
and are critical for the primase, but not polymerase, activity of the enzyme [34,36].

3.2. Primase Activity

As predicted by the initial in silico identification, PrimPol is an active primase that is able to utilise
both NTPs and dNTPs for primer synthesis, a unique ability amongst eukaryotic enzymes [26–28].
Surprisingly, PrimPol actually displays a preference for dNTPs over NTPs during primer synthesis,
a feature more typically associated with archaeal primases [26]. Similar to the requirement of templated
pyrimidines for dinucleotide synthesis by Prim1, PrimPol only generates primers on dT containing
templates [26,37]. This primase activity is dependent upon an intact ZnF domain, which is consistent
with previous studies on the herpes simplex virus type I (HSV1) helicase/primase complex. Here,
primase activity was lost when key residues in the UL52 zinc-binding domain were mutated [38,39].
Interestingly, the ZnF domain of PrimPol has been shown to bind single-stranded (ss) but not
double-stranded (ds) DNA, suggesting that this module may be important for stabilising PrimPol on
ssDNA templates to allow synthesis of the initial dinucleotide [34]. The ability of PrimPol to synthesise
DNA primers de novo gives it the potential to reprime and restart replication downstream of DNA
damage lesions and fork-stalling obstacles in vivo.

3.3. Polymerase and Lesion Bypass Activities

In addition to its DNA and RNA primase activity, PrimPol is also a template-dependent DNA
polymerase, with an ability to bypass a number of DNA damage lesions. Notably, PrimPol can bypass
both oxidative and ultraviolet (UV)-induced lesions, including 8-oxo-guanine (8oxoG), and pyrimidine
(6-4) pyrimidone photoproducts (6-4PPs) [26,27]. A recent study analysing the kinetics of 8oxoG bypass
by PrimPol found that the enzyme incorporates dC (error free) opposite the lesion with 6-fold higher
efficiency than dA (error prone). Incorporation of dC opposite 8oxoG occurred at ≈25% efficiency
compared to an unmodified templating dG, suggesting that PrimPol has the potential to function as
an efficient TLS Pol in vivo [40]. However, the accuracy of bypass differs in other reports, in some
instances being only 50% error-free [26,34,41,42]. In the case of 6-4PPs, PrimPol bypasses the lesion
in an error-prone manner [26]. Although unable to directly traverse a cyclobutane pyrimidine dimer
(CPD), PrimPol can extend from mismatched bases opposite a CPD [26]. Additionally, a truncated
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form of PrimPol, lacking the ZnF domain, can facilitate TLS past a CPD [34]. In contrast, in the
presence of manganese, PrimPol’s TLS activity is altered allowing the full-length enzyme to extend
past cyclobutane pyrimidine dimers (CPDs) and abasic sites (Ap sites), in addition to 6-4PPs and
8oxoG lesions [36]. However, the usage of either magnesium or manganese as the primary cofactor for
PrimPol in vivo remains unclear.

3.4. Lesion Skipping and Template Independent Extension

Despite displaying the ability to directly read through some damaged nucleobases, such as 8oxoG,
it appears that PrimPol’s bypass of more bulky or distorting lesions is facilitated through a pseudo-TLS
mechanism. Here, PrimPol is able to re-anneal the primer to a new position downstream of the
lesion prior to extension, thus looping out the templating lesion and generating a shorter extension
product than would be produced from strict template-dependent extension [27,36,43]. This activity
is enhanced in the presence of manganese, permitting bypass of 6-4PPs, CPDs, and Ap sites by
pseudo-TLS [27,36]. Intriguingly, this characteristic is reminiscent of the Ap site bypass strategy
employed by the primase/polymerisation domain (PolDom) of Mycobacterium tuberculosis DNA ligase
(LigD) [44,45]. The ability of manganese to stimulate primer-realignment and template scrunching
by PrimPol offers a clear explanation for the altered TLS ability of the enzyme in the presence of this
metal ion. It has also been reported that manganese increases both PrimPol’s polymerase activity and
affinity for DNA, compared to magnesium [40].

Notably however, manganese also promotes promiscuous template-independent extension
by PrimPol, resulting in the generation of non-complementary homopolymeric strands [34].
The mutagenic effect of manganese on polymerase activity, through increased reactivity and promotion
of non-template-directed nucleotidyl transfer, has been clear for several decades [46–50]. Moreover, the
bypass of lesions via template scrunching is potentially more detrimental than beneficial to genomic
integrity, due to the high risk of generating frame-shift mutations. Therefore, it seems likely that more
low-risk mechanisms would be employed in vivo where available.

The lower affinity of PrimPol for DNA and incoming nucleotides in the presence of magnesium
is often taken as support for manganese as the enzyme’s primary metal ion cofactor in vivo [40].
However, PrimPol’s inherent low affinity for DNA and dNTPs, when using magnesium as a cofactor,
may actually act as an important mechanism to regulate its activity. In support of this, it has previously
been shown that dNTP levels in yeast are increased 6–8-fold in the presence of DNA damage [51].
Importantly, TLS Pols often require ≈10 times greater dNTP concentrations for nucleotide binding
opposite a lesion, compared to a replicative Pol at an undamaged site [52,53]. Increased intracellular
dNTP concentrations have been found to correlate with an increase in damage tolerance, but also
increased mutation rates, potentially due to the unregulated participation of TLS Pols in ‘normal’
replication [51]. Thus, in yeast it appears that the in vivo activity of TLS Pols is partly regulated by
dNTP levels, which increase after DNA damage, consequently restricting the contribution of these Pols
to ‘normal’ DNA replication. Intriguingly, ribonucleotide reductase has been found to be up-regulated
in response to DNA damage in all studied organisms, suggesting that increased dNTP synthesis
in response to damage may be a conserved mechanism across all domains of life [54]. Similarly,
PrimPol’s relatively poor affinity for DNA may be overcome in vivo by association with other factors,
such as replication protein A (RPA) and polymerase-delta interacting protein 2 (PolDIP2 or PDIP38),
again acting to regulate the enzyme by only recruiting it to loci where it is actually required [28,41,55].
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Additionally, it is not clear whether the relatively low intracellular concentrations of manganese
(0.1 to 40 μM) [56–58], compared to magnesium (0.21 to 0.24 mM) [59,60], are sufficient to support
the manganese-dependent TLS activities of PrimPol in vivo. Indeed, PrimPol required manganese
concentrations of 200–1000 μM to facilitate pseudo-TLS bypass of an abasic site in vitro, whilst 100 μM
did not permit any observable bypass [43]. Thus, the cellular relevance of these activities is not
immediately clear. One intriguing possibility is that PrimPol utilises manganese in the mitochondria
only [40]. Here, dNTP concentrations are lower than those in the cytosol, there is a dearth of TLS
Pols, manganese uptake is increased in response to oxidative stress, and the high copy number nature
of mitochondrial DNA (mtDNA) may allow more promiscuous lesion bypass mechanisms to be
employed [40,61]. That said, more recent in vitro reconstitution experiments argue against a TLS-like
role for PrimPol in oxidative damage bypass during mitochondrial DNA replication [42].

3.5. Fidelity, Mutagenic Signature, and Processivity

Typically, the price paid by Pols for DNA damage tolerance is a significant decrease in both
fidelity and processivity. Whilst the structural features of replicative Pols confer extremely efficient
and high fidelity DNA synthesis, TLS Pols possess more spacious active sites, altered finger and thumb
domains, and lack proofreading exonuclease capabilities. These characteristics permit bypass of bulky
lesions, but result in greatly decreased fidelity and processivity on undamaged DNA templates [16].
Likewise, the eukaryotic replicative primase exhibits poor fidelity compared to replicative Pols [62–64].
Rather unsurprisingly, PrimPol, which combines both TLS and primase capabilities, exhibits high
error rates of ≈1 × 10−4, comparable with Y and X-family Pols [55]. Unlike these Pols however,
PrimPol generates insertion-deletion (indel) errors at a much higher frequency than substitution
mutations, which may be a result of its template scrunching ability [55]. Manganese acts to further
decrease PrimPol’s fidelity on undamaged DNA and even more so on 8oxoG containing templates [40].
In addition to poor fidelity, PrimPol shares the characteristic of low processivity with canonical TLS
Pols, incorporating only 1–4 nucleotides per binding event [34]. Intriguingly, the enzyme’s processivity
was found to be negatively regulated by its ZnF domain, which may act to stabilise DNA binding and
allow primer synthesis, whilst additionally limiting primer extension. Removal of the ZnF domain has
also been found to lower PrimPol’s fidelity, suggesting the domain acts to regulate processivity and
fidelity, as well as enabling primase activity [34].

4. What Does PrimPol Do? The Role of PrimPol in DNA Replication

The biochemical classification of PrimPol as both a RNA/DNA primase and a TLS Pol clearly
suggests a role in DNA replication and damage tolerance. Moreover, these two characteristics give
PrimPol the potential to assist the replisome in two different ways; through TLS or repriming. In this
section, we will describe the in vivo characterisation of the enzyme, as well as the consequences of its
deletion on the cell. Using this information, we will discuss recent advances in our understanding of
the cellular roles of PrimPol (Figure 2).
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Figure 2. Repriming roles of PrimPol in nuclear DNA replication. PrimPol is able to reprime
and reinitiate leading strand replication downstream of a range of replicase stalling obstacles.
Here, the ability of PrimPol to reprime downstream of DNA lesions, G4 secondary structures, and
chain-terminating nucleotide analogues, is highlighted. Following repriming, replication can proceed
and the resulting single-stranded DNA (ssDNA) gap is filled through translesion synthesis (TLS) or
template switching mechanisms, permitting subsequent repair or removal of the obstacle. Only the
CDC45, MCM, GINS (CMG) complex, Pol ε, PrimPol, and RPA, are shown for simplicity. A key for
identifying each factor is shown below. CTNA: chain-terminating nucleoside analogues.

4.1. PrimPol—A DNA Damage Tolerance Enzyme

DNA damage tolerance is critical to support continued replisome progression in the presence
of unrepaired DNA damage. An inability to tolerate this damage can lead to prolonged fork stalling,
collapse and, ultimately, genome instability and/or cell death. The importance of DNA damage
tolerance in preserving genomic integrity is highlighted by the consequences on human health of
dysfunction in these mechanisms. An obvious example is the variant form of xeroderma pigmentosum
(XPV). Here, mutation of Pol η, one of many Y-family TLS Pols, causes increased sensitivity to
sunlight and a predisposition to skin cancer [16]. This is thought to occur due to mutagenic bypass of
UV-induced CPDs by alternative TLS Pols.

Interestingly, loss of PrimPol in human XPV cells leads to a synergistic increase in UV sensitivity,
with the enzyme performing a distinct role from Pol η during this process [26]. In line with this,
PrimPol forms sub-nuclear foci, and is recruited to chromatin, in response to UV irradiation [26,36].
Both human MRC5 and avian DT40 cells lacking PrimPol (PrimPol−/−) also accumulate an increased
number of stalled forks, or a reduced ability to restart stalled forks, following UV damage [26,28,36,41].
Unlike human cells, DT40 cells are hypersensitive to UV irradiation in the absence of PrimPol only,
potentially due to the faster doubling times and increased S-phase population of these cells [26].
Interestingly, it has recently been shown that PrimPol−/− avian cells are even more sensitive to UV
damage than previously appreciated [65]. In fact, these cells were found to be more sensitive than
those lacking Pol η when analysed by colony formation assays. This effect was determined to be due to
an extended G2 arrest, which prevented cell cycle progression, rather than an increase in apoptosis [65].
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These reports clearly implicate PrimPol in the maintenance of replisome progression, or restart of
stalled replication forks, in the presence of UV damage lesions.

However, PrimPol is also involved in the tolerance of other types of DNA damage.
PrimPol−/− DT40 cells are hypersensitivity to methylmethane sulfonate (MMS), cisplatin, and
hydroxyurea (HU) [66]. Further deletion of Pols ζ and η in these cells leads to an additional increase in
damage sensitivity to a similar extent as in wild-type cells, again indicating an independent role for
PrimPol in DNA damage tolerance [66]. PrimPol is also required for recovery of stalled replication
forks following HU treatment in HeLa cells [28,36]. Notably, each of these DNA damaging agents acts
to stall the progression of replication forks. MMS causes the generation of abasic sites in the template
strand, cisplatin crosslinks DNA, and HU acts to inhibit ribonucleotide reductase and, consequently,
dNTP production. In contrast, loss of PrimPol does not sensitise cells to ICRF193, camptothecin, or
γ-rays, agents that produce DNA strand breaks. This is suggestive of a broad role for the enzyme
in damage tolerance, but not in break repair [66]. PrimPol associates with chromatin during G1
and S-phase and PrimPol−/− mouse embryonic fibroblasts (MEFs) present chromosome aberrations
indicative of S-phase defects, which are enhanced after aphidicolin treatment [26,36]. Collectively,
these findings place PrimPol at the replication fork during S-phase and indicate a role in the tolerance
of replicase-stalling DNA damage.

4.2. PrimPol Reprimes and Restarts Stalled Replication Forks

The DNA damage tolerance defects observed in the absence of PrimPol potentially indicates
that it acts as both a TLS polymerase and a repriming enzyme. However, more recent reports clearly
support the latter function [34,36,66–68]. Although PrimPol is described as a TLS Pol, the spectrum of
DNA damage types it can traverse by ‘true’ TLS is actually rather limited. Discounting pseudo-TLS
bypass, which may or may not be relevant in vivo, PrimPol is essentially only able to directly bypass
8oxoG lesions [26,27,34,36]. Moreover, a number of other Pols are also able to efficiently and accurately
bypass these lesions [69–71]. If PrimPol’s primary role were as a TLS Pol, this observation would be
at odds with the range of replicase-stalling DNA damaging agents it is involved in tolerating [66].
This implies that PrimPol most likely acts as a repriming enzyme for the tolerance of DNA damage
and this is supported by the study of separation of function mutants [34,36,66,67].

Mutation of PrimPol’s ZnF domain abolishes primase, but actually enhances polymerase
activity [34,36]. This important observation has permitted investigation into the requirement of primase
activity for the enzyme’s role during DNA replication in vivo. In each case, when PrimPol−/− cells
were complemented with the primase-deficient/polymerase-proficient ZnF mutant, it was unable to
rescue any of the observed damage tolerance defects [34,36,66]. In contrast, complementation with
a primase-proficient/reduced-polymerase mutant of PrimPol restored DNA damage tolerance to
wild-type levels [66,72]. In agreement with this, PrimPol was able to facilitate close-coupled repriming
downstream of lesions in vitro, which it cannot bypass by TLS [66]. Aside from increased sensitivity to
DNA damaging agents and decreased replication fork rates, PrimPol−/− and knockdown cells exhibit
persistent RPA foci and increased phosphorylation of Chk1 [28,36]. Both of these stress response
markers are indicative of the generation of stretches of ssDNA [11,73]. This would be an expected
consequence of a lack of repriming by PrimPol, resulting in the uncoupling of leading/lagging strand
replication and excessive strand-specific unwinding by MCM [11]. In agreement, cells compensate
for the loss of PrimPol by increasing both homologous recombination (HR) mediated fork rescue and
dormant origin firing [26,33,36]. These compensatory back-up mechanisms, in addition to redundancy
between PrimPol and TLS polymerases, may explain why PrimPol is dispensable for viability in
human cells and mouse models [27]. These observations give further credibility to a requirement for
PrimPol at the progressing replication fork during S-phase, which might not necessarily be the case if
a TLS-like role was being performed.
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As previously mentioned, TLS can potentially occur both at the replication fork, as well as
post-replicatively, to fill in gaps left opposite lesions following repriming or dormant origin firing [16].
Each of these possibilities are not mutually exclusive, but a number of studies point to post-replicative
gap-filling as the predominant role for TLS. In yeast, DNA damage tolerance mechanisms, including
TLS, have been found to operate effectively in a post-replicative manner, and ssDNA gaps, indicative
of repriming, accumulate following UV-damage [11,17,18]. Likewise, in human cells DNA replication
fork progression in the presence of UV damage was found to be independent of TLS and ssDNA
gaps opposite UV lesions were identified. It was concluded that these gaps were likely a result of
repriming downstream of lesions rather than dormant origin firing [12]. Importantly, mutation of Pol
η or other TLS factors does not appear to significantly alter replication fork rates in the presence of
damage [12,20]. This is in stark contrast to the effect of loss of PrimPol on replication fork progression
following damage, further supporting a repriming, rather than TLS, role for this enzyme in vivo.

4.3. PrimPol Bypasses Non-Canonical Replication Impediments

Whilst DNA damage lesions are some of the best characterised replication impediments, they are
not the only obstacles replication forks must overcome during their progression. In addition to the
B-form of dsDNA we have become familiar with since Watson and Crick’s famous model [74], genomic
DNA can also adopt a number of other secondary structures as a result of specific sequence motifs and
protein interactions [75]. One alternative DNA secondary structure, which has received increasing
attention as evidence for its formation in vivo grows, is the G-quadruplex (G4) [76]. G4s are produced
by the stacking of G-quartets, which form through alternative Hoogsten base-pairing between guanine
bases. These structures may potentially play an important role in transcription and DNA replication in
the cell, but they can also pose as major impediments to replisome progression [77–80]. Consequently,
cells possess a number of specialised helicases and Pols to replicate past G4s [81].

Previously, cells lacking fanconi anemia complementation group J (FANCJ) or REV1 DNA-directed
polymerase were found to stochastically lose Bu-1a protein expression [82,83]. Importantly, the BU-1A
locus contains a G4, which was determined to stall replication in these cells. This stalling causes
uncoupling of replication from histone recycling at the BU-1A locus and consequently leads to the
deletion of epigenetic marks, manifesting in loss of Bu-1a expression. It was recently identified using
Bu-1a read-out assays that PrimPol also plays a critical role in the bypass of these structures during
DNA replication [67]. Consistent with PrimPol’s behaviour at most DNA damage lesions, in vitro
analysis revealed that the enzyme is unable to directly read through G4s, but can bind to and facilitate
close-coupled repriming downstream of these structures. Vitally, close-coupled repriming ≈6 nt ahead
of the G4 would permit the appropriate recycling of histones, and thus maintain epigenetic marks and
Bu-1a expression. Bypass of G4 structures through repriming by PrimPol was confirmed in vivo using
the ZnF primase-deficient mutant discussed previously. Here, complementation of PrimPol−/− cells
with the ZnF mutant failed to prevent instability of Bu-1a expression, in contrast to the wild-type
protein, confirming that PrimPol’s primase activity is critical for G4 bypass [67]. Intriguingly, PrimPol
was found to only be required for G4 bypass during leading strand replication. Presumably, this is
because primers are constantly generated on the lagging strand due to the discontinuous nature of
DNA synthesis on this strand.

Further evidence supporting a general role for PrimPol in repriming replication downstream of
fork-stalling obstacles is provided by studies of chain-terminating nucleoside analogues (CTNAs) [66].
CTNAs cause replication to stall, when incorporated into the 3′-termini of growing DNA polymers,
by preventing further extension as they lack the 3′ hydroxyl required for phosphodiester bond
formation [84,85]. Loss of PrimPol has been shown to cause hypersensitivity to a wide range of
CTNAs [66]. Critically, the inability of Pols to extend from CTNAs rules out bypass by direct extension.
PrimPol was found to be important for the tolerance of CTNAs by repriming downstream. This role
was confirmed by both in vivo characterisation of the ZnF mutant and in vitro analysis of repriming
synthesis after CTNAs [66].
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These critical findings not only establish that PrimPol deploys a repriming mechanism to bypass
G4s and CTNAs, in a similar manner to DNA damage lesions, they also point to the possibility that
PrimPol is able to bypass a wide range of leading strand obstacles during normal and perturbed
replication. This is in contrast to canonical TLS Pols, which are typically highly specialised in the
lesions they can bypass. Consequently, it is likely PrimPol is broadly employed as a general mechanism
to reprime and restart replication ahead of many different leading strand replication impediments.

4.4. A Role for PrimPol in Mitochondrial DNA Replication?

The majority of genetic information in mammalian cells is stored in the nucleus. However, a
small proportion of DNA is also located in the mitochondria. Despite being only ≈16.6 kb long and
encoding just 13 polypeptides, mutation of the mitochondrial genome is responsible for a number of
mitochondriopathies and is implicated in various other pathologies including cancer, cardiovascular
diseases, and neurodegenerative disorders [86]. Unlike nuclear DNA, cells possess many copies of
mtDNA making it highly redundant. In line with this, the rate of mutagenesis is ≈10-fold greater in
the mitochondria than the nucleus [86]. A major function of mitochondria is the generation of ATP
through oxidative phosphorylation (OXPHOS). This process produces reactive oxygen species (ROS)
which can induce damage lesions, including 8oxoG and Ap sites, in mtDNA [86].

A significant proportion of PrimPol has been found to localise to the mitochondria where it interacts
with mitochondrial single-strand binding proteins (mtSSB), suggesting a potential role in the tolerance
of mtDNA damage [26,27,55,87]. This is supported by defects in mtDNA replication and copy number
observed in cells lacking PrimPol [27,87]. However, the ability to generate viable PrimPol−/− mice
demonstrates that this role is redundant. Indeed, mitochondrial RNA Pol (POLRMT) is likely responsible
for generating the initial primers essential for mtDNA replication [88]. These primers are then extended
by Pol γ, which until recently was thought to be the only mitochondrial DNA Pol [89]. In addition
to PrimPol, more recent reports indicate that Pol θ and Pol ζ are also involved in human mtDNA
replication [90,91].

Given that few TLS Pols appear to localise to the mitochondria, in addition to the high levels of
ROS there, it was speculated that PrimPol may be involved in TLS bypass of mitochondrial 8oxoG
lesions and Ap sites [27]. In order to investigate this, a recent study analysed the ability of PrimPol to
assist the mitochondrial replisome in oxidative damage bypass by TLS [42]. Here, it was found that the
mitochondrial replisome is completely stalled by Ap sites and pauses significantly at 8oxoG lesions.
PrimPol did not enhance the bypass of either of these lesions, disagreeing with a TLS role in oxidative
damage bypass in the mitochondria [42]. Thus, it seems more likely that PrimPol functions to reprime
mtDNA replication downstream of blocking lesions, similar to its role in the nucleus. In addition
to oxidative damage, mtDNA is also subject to deletions. Intriguingly, these deletions map in close
proximity to G4-forming sequences [92]. In light of the role of PrimPol in repriming after G4s in nuclear
DNA replication, it would not be surprising if the enzyme fulfilled the same role in the mitochondria.
However, further work is required to confirm a repriming role for PrimPol here. The potential role for
PrimPol in the mitochondria has recently been reviewed in more detail [93].

4.5. Is PrimPol Involved in Somatic Hypermutation?

Generally, mutagenesis during DNA replication is avoided at all costs in order to preserve
genomic stability. However, an exception to this is during the development of the immune system.
Here, mutagenesis occurs in immunoglobulin (Ig) genes to enable variation in the generated antibodies.
This programmed mutagenesis is driven by activation-induced deaminase (AID), which deaminates
dC to dU [94]. Replication of dU facilitates C>T transitions. Additionally, dU may be further processed
by uracil DNA glycosylase (UNG) to generate Ap sites. TLS bypass of these Ap sites can alternatively
create C>A/G/T mutations due to the non-instructive nature of the lesion [95].
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The involvement of TLS Pols in somatic hypermutation (SHM) at Ap sites led to speculation that,
if PrimPol functions as a TLS Pol in vivo, it might also modulate this mutagenesis. Analysis of
DT40 cells found that hypermutation and gene-conversion events are similar in wild-type and
PrimPol−/− cells [66]. Moreover, loss of PrimPol in wild-type and Pol η−/−/Pol ζ−/− avian cells did
not significantly alter the mutation spectrum of the studied Ig gene. Intriguingly, another report, which
analysed large mutational data sets in mice, identified that PrimPol does have a subtle effect on SHM
outcome [68]. In this study, loss of PrimPol was found to selectively increase C>G transversions, but
did not affect other G/C or A/T mutations. Interestingly, PrimPol was found to specifically prevent
the generation of C>G transversions in the leading strand, potentially explaining the G>C over C>G
strand bias of somatically mutated IgH loci [68]. However, this anti-mutagenic activity of PrimPol
was attributed to the enzyme’s primase, rather than TLS polymerase, activity. It was concluded that
PrimPol preferentially reprimes downstream of Ap sites on the leading strand, therefore maintaining
fork progression and preventing error-prone TLS. The resulting ssDNA gap opposite the Ap site could
then be filled in by error-free homology directed repair. Fascinatingly, in the same report, studies of
invasive breast cancers suggested that this leading strand anti-mutagenic activity of PrimPol may be
genome wide.

Together, these reports establish that PrimPol does not act as a canonical TLS polymerase during
SHM. Rather, PrimPol affects the mutational outcome of SHM by repriming downstream of Ap sites
on the leading strand thus preventing C>G transversions. These findings, therefore, further support
mounting evidence that PrimPol’s primary role in DNA damage tolerance is to reprime leading strand
replication and not to perform TLS.

4.6. Why Doesn’t the Pol α-Primase Complex Reprime Leading Strand Replication?

The emerging role for PrimPol in repriming leading strand replication begs the question; why
doesn’t the replicative Pol α-primase complex fulfil this role? In E. coli, DnaG, the replicative primase,
efficiently reprimes replication ahead of replicase stalling DNA damage lesions, permitting bypass
of the damage without dissociation of the replisome [13,14]. Likewise in yeast which lack PrimPol,
leading strand repriming is presumably facilitated by Pol α-primase, suggesting that, at least in these
organisms, the replicative primase has the capacity to also fulfil this role.

Whilst the answer to this question is not completely clear, PrimPol does have one advantage over
Pol α-primase; it preferentially primes using dNTPs. This minimises the amount of RNA processing
required on the leading strand. Although ribonucleotides are routinely incorporated during the
initiation of each Okazaki fragment on the lagging strand and at replication origins on the leading strand,
their persistent presence in DNA can lead to genomic instability [96]. Ribonucleotides incorporated
during primer synthesis are routinely removed through Okazaki fragment maturation [97]. However, it
is not clear how a DNA secondary structure or lesion requiring bypass upstream of the primer would
affect this process.

Ribonucleotides incorporated by replicative Pols are removed by ribonucleotide excision repair
(RER). Intriguingly, in RER deficient yeast leading strand ribonucleotides are removed through a
topoisomerase I (Top1) mediated mechanism, which likely also removes a subset of ribonucleotides
in RER proficient cells [97,98]. This mechanism of ribonucleotide removal, which does not appear to
occur on the lagging strand, is susceptible to causing genome instability. This makes ribonucleotides
present in the leading strand potentially more detrimental than those in the lagging strand. This is
supported by observations that loss of RER and increased ribonucleotide incorporation by Pol ε, but
not Pol α or Pol δ, is lethal [98].

Although RER deficient yeast are viable, loss of this pathway in mice results in embryonic
lethality [99]. Thus, the greater pressure on higher eukaryotes to minimise the presence of ribonucleotides
in their genomes may explain why PrimPol is employed for leading strand repriming using dNTPs
in these organisms. However, this enzyme has been lost in some lower eukaryotes as an alternative
repriming mechanism, possibly involving the replicative primase, appears to be available.
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4.7. Why Is PrimPol Damage Tolerant In Vitro?

If PrimPol’s primary role in vivo is to reprime DNA replication, why does the enzyme display
TLS-like activity in vitro? Although it is possible that PrimPol’s TLS-like activity is important in the
cell, recent studies suggest that the enzyme’s primase activity is more relevant for its in vivo role,
as discussed above. This opens up the possibility that this TLS activity is a ‘side effect’ of being a
primase and this is supported by a number of observations.

Recent studies of the RNA primase domains of human Pol α-primase provide insight into
the unique way primases interact with their DNA template and primer [100,101]. The RNA primase
associated with Pol α is a heterodimer composed of a small catalytic subunit, p49, and a large regulatory
subunit, p58. These reports identify that the C-terminal domain of p58 binds to the DNA/RNA junction
at the 5′-end of the RNA primer, whereas p49 binds and extends the 3′ end of the primer moving
away from p58. The p49 subunit makes few contacts with the DNA/RNA, resulting in distributive
activity. By only contacting the primer at the 5′ and 3′ ends, the primase is unable to sense modified
nucleotides in the RNA strand, potentially explaining the propensity of primases to perform TLS-like
extension [100,101]. The authors suggest that this binding mechanism is broadly applicable to most
primases. In the context of PrimPol, the ZnF is likely functionally equivalent of p58. Indeed, both
are flexibly tethered to the catalytic domain and required for template recognition during priming,
although PrimPol’s ZnF has only been shown to bind ssDNA [34,102]. Nevertheless, the ZnF domain
may bind the ssDNA immediately upstream of the 5′ end of the primer.

The crystal structure of PrimPol’s AEP domain potentially supports this model [35]. Here, only
the templating base is held in the active site cleft, with the rest of the 5′ template strand directed
out of the catalytic centre. Additionally, PrimPol lacks a thumb domain and makes few contacts
with the primer strand. This potentially prevents the enzyme from sensing damaged bases in the
template and allows them to be looped out. Furthermore, unlike TLS Pols, PrimPol does not possess
an ‘open’ active-site cleft and is unable to accommodate bulky lesions such as CPDs and 6-4PPs [35].
This provides further evidence that PrimPol is not a ‘true’ TLS Pol, rather it loops out bulky-lesions
during bypass, resulting in deletions.

The ability of primase-polymerases to perform TLS-like extension is well documented [24].
Some AEPs have co-opted this inherent catalytic versatility for use in other processes such as NHEJ,
becoming specialised and in some instances, losing their ability to prime [24]. However, PrimPol’s
primase activity is critical for its role in vivo and thus it is possible that the TLS-like activities observed
in vitro simply arise as a by-product of the structural features necessary for priming.

5. How Does PrimPol Get to Where It is Needed? The Recruitment of PrimPol to Stalled
Replication Forks

The studies described above strongly indicate that PrimPol’s main role in DNA replication is
to reprime ahead of impediments on the leading strand. In order to fulfil this role, PrimPol must be
efficiently recruited to ssDNA downstream of stalled replication forks. In this section, we will describe
recent advances in our understanding of the interactions and mechanisms governing recruitment
of PrimPol.

5.1. PrimPol Interacts with Single-Strand Binding Proteins

Replication fork stalling can cause uncoupling of leading and lagging strand synthesis,
consequently generating ssDNA stretches on either strand due to continued unwinding by the
replicative helicase [11]. The impact of this on the lagging stand is likely limited by the generation of
new Okazaki fragments. However, in the absence of leading strand fork restart, extended uncoupling
can produce stretches of ssDNA. In nuclear DNA replication, the resulting ssDNA is bound by RPA,
which in turn can trigger the S phase checkpoint response [103].
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Unlike TLS Pols, PrimPol does not interact with proliferating cell nuclear antigen (PCNA) [55].
However, it does interact with both the major nuclear and mitochondrial single-strand binding
proteins (SSBs); RPA and mtSSB [28,55]. PrimPol’s interaction with RPA is mediated by its C-terminal
domain (CTD), which binds to the N-terminus of RPA70 (RPA70N), the largest subunit of the
RPA heterotrimer [55]. The structural basis for PrimPol’s interaction with RPA has recently been
elucidated [104], identifying that PrimPol possesses two RPA binding motifs (RBMs) in its CTD
(RBM-A and RBM-B), which both bind to the basic cleft of RPA70N, independently of each other.
Interestingly, this cleft has previously been shown to interact with, and recruit, a number of different
DNA damage response proteins, including RAD9, MRE11, ATRIP, and p53 [105].

Together, these studies indicate that PrimPol may also be recruited to stalled replication forks
through its interaction with RPA; with mtSSB likely playing an analogous role in mitochondria.

5.2. RPA Recruits PrimPol to Stalled Replication Forks

Previously, it was identified that PrimPol’s CTD is required for its function and co-localisation
with RPA in vivo [28]. However, interpretation of these results is limited as removal of the whole
CTD has been shown to reduce primase activity in vitro and may also abrogate interactions with
other binding partners [34]. Structural studies of PrimPol-RPA complexes have enabled the in vivo
analysis of point mutants that disrupt this interaction. These studies identified that PrimPol’s RBM-A
is the primary mediator of the RPA interaction in vivo, whilst RBM-B appears to play a secondary role.
Furthermore, RBM-A mutants were unable to restore replication fork rates following UV-damage, in
comparison to the wild-type or RBM-B mutant protein [104]. These findings revealed that PrimPol’s
interaction with RPA is required for its cellular role. Moreover, this study also showed that this
interaction is responsible for the recruitment of PrimPol to chromatin, demonstrating that the enzyme
is recruited to stalled replication forks by RPA [104]. Intriguingly, mutations of key residues in each
RBM have been identified in cancer patient cell lines, adding further support that these motifs are
important for PrimPol’s function in vivo [104].

Aside, from identifying the mechanism by which PrimPol is recruited to stalled replication
forks; these studies also add to the growing evidence supporting a role for PrimPol as a repriming
enzyme. PrimPol’s recruitment to RPA, and lack of interaction with PCNA, suggests it binds to ssDNA
downstream of a stalled replicase on the leading strand, the ideal place to facilitate repriming following
initial leading/lagging strand uncoupling to prevent excessive ssDNA generation. A recent report
investigating the role of RAD51 recombinase (RAD51) in aiding replication across UV lesions supports
this [106]. Here, RAD51 and MRE11 depletion was found to favour ssDNA accumulation at replication
obstacles and subsequent PrimPol-dependent repriming. This also supports previous suggestions
that excessive unwinding of DNA following stalling of the replicase is sufficient to promote ssDNA
generation and repriming at replication impediments [12].

Further work is required to elucidate the exact mechanisms controlling PrimPol’s recruitment
by RPA to ssDNA. Interestingly, binding of MRE11 and RAD9 to RPA is enhanced upon RPA32C
phosphorylation [107,108]. Thus, phosphorylation of RPA may act to signal recruitment of DNA
damage response proteins, potentially including PrimPol [109].

6. Regulation of PrimPol during DNA Replication

Recent reports strongly indicate that PrimPol is recruited by RPA to the leading strand, following
replicase stalling, in order to reprime replication and prevent genome instability. However, PrimPol
is an error-prone enzyme and unscheduled or dysregulated activity could lead to mutagenesis [55].
In this section, we will discuss our current understanding of the mechanisms used to limit PrimPol’s
contribution to DNA synthesis during replication (Figure 3).
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Figure 3. Regulation of PrimPol by its ZnF domain and interacting partners. Top panel: PrimPol
is inherently self-regulatory due to the restraining effect of its ZnF domain. The AEP and ZnF
domains of PrimPol form a hinge-like structure, connected by a flexible linker. Binding of PrimPol to
ssDNA is mediated by the ZnF domain, which binds 3′ relative to the AEP domain on the template
strand. Binding of the ZnF stabilises the AEP domain, permitting primer synthesis. The AEP then
extends the primer, but is restricted by the maximum distance it can move away from the ZnF.
The enzyme subsequently dissociates leaving behind a short primer. This mechanism limits the
processivity of the PrimPol; Middle panel: PrimPol is regulated by single-strand binding proteins
(SSBs). At sub-saturating concentrations of RPA, the protein acts to recruit PrimPol to the ssDNA
template, consequently stimulating primer synthesis. In vivo, this interaction is primarily mediated
by PrimPol’s RBM-A, which binds to the basic cleft of RPA70N. At saturating RPA concentrations,
when the ssDNA template is fully coated, PrimPol cannot gain access and primer synthesis is inhibited.
This serves to limit where PrimPol can prime; Bottom panel: Polymerase-delta interacting protein 2
(PolDIP2 or PDIP38) enhances PrimPol’s primer extension activity by binding the AEP domain and
stabilising it on DNA.

6.1. Regulation of the Cellular Concentration of PrimPol

The simplest way to regulate the activity of a protein is by controlling its intracellular concentration.
This is especially true for proteins that are only required to act in response to a specific stress, for
example DNA damage response proteins. This strategy is utilised during the SOS response in E. coli.
Here, ≈40 DNA damage response genes are upregulated in response to DNA damage [110].
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In comparison to Prim1, PrimPol is expressed at very low levels in human U2OS cells (<500 protein
copies per cell compared to ≈13,300) [111]. This is, however, similar to the expression level of TLS Pols,
including η and κ. PrimPol mRNA expression peaks in G1-S phase, although the total protein levels
remain roughly constant throughout the cell cycle [36]. Thus, the increased association of PrimPol
with chromatin during the G1 and S phases of the cell cycle in unperturbed cells is a result of finer
mechanisms controlling recruitment to DNA, rather than increased expression. This may also be
the case with the increased recruitment of the enzyme to chromatin in response to DNA damage.
Nevertheless, the low level of PrimPol expression, in comparison to the replicative primase, acts as the
primary mechanism to restrict its contribution to ‘normal’ replication.

6.2. PrimPol Is Self-Regulating

The structural features afforded to PrimPol by virtue of being a primase also act as
inherent regulatory mechanisms. As mentioned previously, PrimPol displays very low processivity.
This distributive nature appears to be due to two key features. Firstly, the AEP catalytic domain has
a much smaller ‘footprint’ than most polymerases, potentially explaining why the enzyme binds so
poorly to DNA [35]. Secondly, the ZnF domain acts to negatively regulate PrimPol’s processivity
(Figure 3, top panel) [34].

It has been suggested that the p58 subunit of the replicative eukaryotic primase enforces a strict
counting mechanism on the enzyme [112]. Here, the p58 and p49 subunits form a hinge-like structure.
The enzyme binds to ssDNA in a ‘closed’ conformation, with p58 facilitating template recognition.
The p49 subunit then initiates primer synthesis, moving away from p58 that binds the 5′ end of the
primer [101,112]. Thus, an inherent counting mechanism is conferred by the maximum distance p49
can elongate the primer strand away from p58. The ZnF domain of PrimPol is thought to act in a similar
way [104]. In this scenario, the AEP domain and ZnF may form a hinge-like structure, connected by
a flexible linker. The enzyme probably binds to DNA in a closed conformation assisted by the ZnF
domain, which binds on the 3′ side relative to the AEP domain on the template strand. The AEP
domain can then synthesise and elongate the primer strand until further extension is restricted by
the ZnF domain (Figure 3, top panel). It is also conceivable that the AEP and ZnF domains bind
DNA in an open conformation, with the ZnF bound on the 5′ side relative to the AEP on the template
strand, extension would then be limited by inter-domain collisions. In the absence of the ZnF, PrimPol
displays increased, but still poor, processivity due to the weak affinity of the AEP domain for the DNA
template [34].

PrimPol is, therefore, self-regulating. The supervisory effect of the ZnF domain, which permits
priming but limits elongation, coupled with the AEP’s poor affinity for DNA, restricts the ability of
PrimPol to partake in significant unregulated DNA synthesis during DNA replication.

6.3. Regulation by Single-Strand Binding Proteins

The ability of primases to bind and prime on ssDNA gives them the potential to facilitate
unscheduled priming in vivo, wherever ssDNA is available. Despite limiting the synthesis of long DNA
tracts, PrimPol’s self-regulatory mechanisms do not restrict where it can prime. Dysregulated priming
is potentially highly detrimental to the cell, as these primers could be extended by other Pols.
To prevent this, PrimPol is also regulated by RPA and mtSSB (Figure 3, middle panel). Both of
these SSBs stimulate the activity of their respective replicative Pols, δ and γ [113,114]. In contrast,
both RPA and mtSSB severely restrict the polymerase activity of PrimPol [55]. Additionally, these
SSBs can also inhibit primase activity, as is the case with Pol α-primase [55,115]. More recently, it was
reported that RPA’s effect on PrimPol’s primase activity is highly concentration-dependent. In fact,
sub-saturating concentrations of RPA dramatically stimulate primer synthesis but inhibition occurs as
the concentration increases [104].

It is likely that both RPA and mtSSB act to prevent unscheduled priming events by blocking access
to the DNA template. Thus, PrimPol requires a free ssDNA interface adjacent to the SSB in order to be
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recruited (Figure 3, middle panel). This recruitment likely acts to enhance PrimPol’s poor affinity for
DNA, providing a platform for primer synthesis.

RPA binds ssDNA with a defined polarity [116–119]. Initially, the DNA-binding domain A
(DBD-A) and DBD-B oligonucleotide binding (OB) folds of RPA70 bind ssDNA in a tandem manner,
forming an 8-nt binding complex. The interface in contact with DNA is then extended to 20–30 nts by
the binding of DBD-C and DBD-D, which occurs in a defined 5′-3′ direction on the template strand [120].
This would likely position the RPA70N domain, which recruits PrimPol, 5′ relative to rest of the RPA
molecule on the template strand (Figure 3, middle panel). This suggests that PrimPol binds ahead of
RPA in vivo, with the ZnF contacting ssDNA adjacent to RPA and the AEP bound downstream.

The orientation of PrimPol’s interaction with RPA may explain the inhibition observed in primer
extension assays. By preferentially binding on the 5′ side of RPA, PrimPol would not be able to access
the primer stand at the 3′ end of the template. Additionally, replicative Pols are thought to be able to
easily displace RPA as they approach the protein from the 3′ side, encountering the weakly bound
DBD-D and DBD-C domains, before DBD-B and DBD-A [121]. This in turn shifts the equilibrium
from the 20–30-nt RPA complex, to the more weakly bound 8-nt mode, thus permitting displacement.
In contrast, if PrimPol binds to the 5′ side of RPA, it would move away from the protein, preventing
displacement in the same way. It is likely that this interaction also further enhances the regulation
of PrimPol’s processivity by ‘holding’ the ZnF domain and preventing continued extension by the
AEP domain.

6.4. What Generates the ssDNA Interface Required for PrimPol Recruitment?

The requirement of a ssDNA interface downstream of RPA for efficient PrimPol recruitment
begs the question: how is this free ssDNA interface generated in vivo? Although the answer to this
question is currently unknown, one obvious solution would be through the action of the replicative
helicase. Following stalling of the leading strand replicase, leading and lagging strand replication can
become uncoupled. Here, the replisome progresses in the absence of DNA synthesis on the leading
strand. Continued unwinding of duplex parental DNA by MCM generates ssDNA on the leading
strand, which is bound by RPA. Consequently, an RPA/ssDNA interface for PrimPol binding could be
generated directly behind the progressing MCM. Subsequent repriming by PrimPol would prevent
extended leading/lagging strand uncoupling, allowing leading strand replication to resume at the
progressing replisome. The short RPA-bound ssDNA gap left behind could then be filled by TLS or
template switching mechanisms.

In support of this, it has recently been shown that the mitochondrial replicative helicase, Twinkle,
can stimulate DNA synthesis by PrimPol, indicating that replicative helicases can potentially facilitate
PrimPol activity in vivo [42]. It is interesting to note that many DNA primases interact with replicative
helicases, with some even possessing their own helicase domains [112].

6.5. Regulation by PolDIP2

PolDIP2 was originally identified as a binding partner of the p50 subunit of Pol δ, in addition to
PCNA [122]. More recently, PolDIP2 was shown to interact with Pols η, ζ, λ, and Rev1 [70,123]. In vitro,
the protein stimulates the polymerase activity of Pol δ by increasing its affinity for PCNA, as well as
enhancing TLS by Pols η and λ [70]. These observations have led to suggestions that PolDIP2 may play
an important role in the switch between Pol δ and TLS polymerases during DNA replication [70,123].

PolDIP2 also significantly enhances the DNA binding and processivity of PrimPol’s AEP domain
(Figure 3, bottom panel) [41]. Additionally, PolDIP2 appears to be important for PrimPol’s function
in vivo, suggesting it may act as a way to positively regulate the enzyme’s activity. Notably, however,
this was not sufficient to relieve the negative effect of RPA or mtSSB on PrimPol’s polymerase activity.
It seems likely that PolDIP2 acts to assist PrimPol’s AEP domain during primer extension after synthesis
of the initial di-nucleotide, without necessarily allowing synthesis of long DNA tracts. Interestingly,
PolDIP2 binds to PrimPol at a region in close proximity to motifs Ia and Ib, identified in the recent

247



Genes 2017, 8, 20

crystal structure of PrimPol [35,41]. These motifs harbour the majority of the residues responsible
for mediating binding of the AEP domain to the DNA template. PolDIP2, therefore, potentially
changes the conformation of this region to enhance PrimPol’s affinity for the DNA template, resulting
in increased DNA binding and processivity. Additionally, PolDIP2 may also serve as a hand-off
mechanism to the replicative Pol, following primer synthesis by PrimPol (Figure 4).

Intriguingly, Pol δ has recently been implicated in extension of a small fraction of primers
synthesised by Pol α-primase on the leading strand during DNA replication in yeast [124]. Given that
yeast lack PrimPol, this small fraction of primers could in theory be products of repriming by Pol
α-primase. This raises the fascinating possibility that Pol δ can serve to extend primers on the
leading strand following a repriming event, before subsequent replacement by Pol ε. This could
possibly be due to the stalling of Pol ε at the initial impediment, or alteration of the core replisome
following leading/lagging strand uncoupling. In higher eukaryotes, these leading strand repriming
events appear to be facilitated by PrimPol, not Pol α-primase. Thus, PolDIP2 may act as a hand-off
mechanism from PrimPol to Pol δ, given the interaction with both proteins and ability of PolDIP2 to
enhance the Pol δ/PCNA interaction. However, more work is required to investigate this possible
mechanism (Figure 4).

Figure 4. Role, recruitment, and regulation of PrimPol during DNA replication. Top panel: Pol ε is
stalled on the leading strand by a lesion, secondary structure, or CTNA. Lagging strand replication
continues, subsequently generating ssDNA on the leading strand. This ssDNA is bound by RPA as
the CMG complex progresses; Middle panel: The generation of an RPA / ssDNA interface provides
a platform for PrimPol recruitment. PrimPol requires a free ssDNA region adjacent to RPA and
thus is recruited to the exposed ssDNA behind the CMG complex. This recruitment is facilitated
by the interaction between PrimPol’s RBMs and RPA70N. Following recruitment, PrimPol reprimes
the leading strand; Bottom panel: PrimPol elongates its primer, assisted by PolDIP2, before further
extension is restricted by its ZnF and RPA interaction. The primer is then handed-off to the replicative
polymerase, possibly Pol δ, mediated by each protein’s interaction with PolDIP2.
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7. Conclusions and Perspectives

Nearly half a century ago, Rupp and Howard-Flanders identified the presence of ssDNA
gaps left opposite UV photoproducts following DNA replication in nucleotide excision repair
deficient E. coli [125]. A model was proposed which envisaged re-initiation of replication downstream
of the damage on both leading and lagging strand templates; the first suggestion of repriming.
The idea of leading strand re-initiation remained controversial until almost four decades later when
origin-independent leading strand re-initiation was observed [126]. Follow-up studies confirmed
that the replicative primase, DnaG, could reprime leading strand replication downstream of a lesion,
whilst the replisome remained associated with the template [13,14]. Over recent years, evidence
has accumulated to support leading strand repriming as a conserved mechanism for dealing with
replisome-stalling impediments in eukaryotes [11,12,18] and recent studies have established that
PrimPol’s major role in eukaryotic organisms is to act as a primase that facilitates the bypass of a wide
range of leading strand obstacles (Figure 4) [34,36,66–68,104,106].

Since the initial reports describing PrimPol only three years ago, studies from a number of
laboratories have greatly increased our understanding of the role, recruitment, and regulation of the
enzyme during DNA replication [26–28]. However, we are only just beginning to appreciate the novel
roles that PrimPol plays in DNA replication and damage tolerance. The exact interplay between
leading strand repriming by PrimPol and other DNA damage tolerance mechanisms, such as TLS,
is still not yet clear. It is possible that DNA damage tolerance mechanisms work to complement
repriming by filling in the resulting ssDNA gaps. Alternatively, repriming could occur when TLS at
the replication fork fails, in order to prevent extended leading/lagging strand replication uncoupling.
The redundancy between Pol α-primase and PrimPol in vivo is also an interesting avenue for future
studies. The reason for the apparent requirement of PrimPol for leading strand repriming in higher
eukaryotes, but not other organisms, is not yet completely clear. Although leading strand repriming
is emerging as the primary role for PrimPol during DNA replication, the catalytic versatility of the
enzyme may lend itself to disparate roles in other processes, such as transcription [43].

We now know that RPA serves to recruit PrimPol to stalled replication forks in the nucleus [104].
However, mtSSB has not yet been shown to play an analogous role in the mitochondria, although
an interaction between these proteins in vivo has been reported [55]. Additionally, it is possible that
post-translational modifications, as well as interactions with the replicative helicases, play a role in
this process [42]. The necessity of appropriate recruitment and regulation of PrimPol in the cell is
highlighted by the mutations of PrimPol’s RBMs identified in cancer patient cell lines, which likely
adversely affect recruitment of the enzyme [104]. The regulation of PrimPol appears to walk a fine line
between preventing and causing genetic instability, as PrimPol is inherently error-prone and also been
found to be over-expressed in some cancers, such as glioma [55,127]. Although we have highlighted
some of the known mechanisms regulating PrimPol’s activity here, it is likely that additional layers of
regulation remain to be discovered.

The hypersensitivity to DNA damaging agents observed in absence of PrimPol legitimises the
enzyme as a potential target for inhibition in combination with other DNA damage tolerance factors
and DNA damaging chemotherapeutics [26,36,66]. Similarly, PrimPol homologues in trypanosomes
have been identified as essential for survival and thus PrimPol-like proteins in other species may also
be potential targets for anti-parasitic drugs [33]. Further studies will be important in determining the
viability and usefulness of manipulating PrimPol in treating cancer and other diseases.
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Abstract: During cell division, genome integrity is maintained by faithful DNA replication during
S phase, followed by accurate segregation in mitosis. Many DNA metabolic events linked with
DNA replication are also regulated throughout the cell cycle. In eukaryotes, the DNA sliding
clamp, proliferating cell nuclear antigen (PCNA), acts on chromatin as a processivity factor for
DNA polymerases. Since its discovery, many other PCNA binding partners have been identified
that function during DNA replication, repair, recombination, chromatin remodeling, cohesion, and
proteolysis in cell-cycle progression. PCNA not only recruits the proteins involved in such events, but
it also actively controls their function as chromatin assembles. Therefore, control of PCNA-loading
onto chromatin is fundamental for various replication-coupled reactions. PCNA is loaded onto
chromatin by PCNA-loading replication factor C (RFC) complexes. Both RFC1-RFC and Ctf18-RFC
fundamentally function as PCNA loaders. On the other hand, after DNA synthesis, PCNA must be
removed from chromatin by Elg1-RFC. Functional defects in RFC complexes lead to chromosomal
abnormalities. In this review, we summarize the structural and functional relationships among
RFC complexes, and describe how the regulation of PCNA loading/unloading by RFC complexes
contributes to maintaining genome integrity.

Keywords: DNA replication; genome integrity; chromatin; PCNA; RFC complex; PCNA loader;
PCNA unloader; RFC1; Ctf18; Elg1

1. Introduction

Genome integrity requires precise chromosome duplication. Duplication of genomic DNA occurs
only once during S phase in the eukaryotic cell cycle [1]. Before replication is initiated, replication
origins are licensed for replication by minichromosome maintenance (MCM) 2–7 complex loading
onto origin recognition complex (ORC)-bound origins, assisted by Cdc6 and Cdt1 [2]. The next step is
activation of the origins and the formation of replication forks. The active DNA helicase, CMG complex
(comprising Cdc45, MCM2-7, and Sld5(go), Psf1(ichi), Psf2(ni), and Psf3(san) (GINS) complex), unwinds
double-stranded DNA, and DNA polymerases are recruited for replication [3]. Accompanying these
events are several other important processes, including repair; recombination; chromatin formation,
modification, and remodeling; as well as the maintenance of epigenetic information and the prevention
of re-replication during replication fork progression. Moreover, sister chromatid cohesion must occur,
as their alignment is required for faithful chromosome segregation [4,5].

To carry out these various activities, the DNA replication fork requires many proteins that form
a large complex, the replisome, to facilitate the efficient initiation and elongation of DNA synthesis
and chromatin-associated events [6]. Among these proteins, in eukaryotes, the DNA sliding clamp
proliferating cell nuclear antigen (PCNA) plays a fundamental role in coordinating multiple events on
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the DNA [7]. To perform all of its functions, both loading the PCNA onto DNA and removing it from
DNA must be precisely regulated. To achieve this, PCNA uses the molecular PCNA ring-opening
machinery, replication factor C (RFC) complex [8].

Here, we first describe PCNA and then focus on how PCNA loading and unloading are regulated
while coupled to DNA replication. In particular, we highlight the role of the RFC complex as a PCNA
loader or unloader that conducts replication-linked processes, and discuss how these functions are
orchestrated to maintain genome integrity.

2. PCNA, the DNA Sliding Clamp in Eukaryotic Cells

2.1. Structure and Primary Function of PCNA

DNA replicative polymerases, particularly polymerase δ/ε, require additional factors to support
DNA replication [9]. The DNA sliding clamp, PCNA, tethers DNA polymerases, strengthens
the interactions of the polymerases with the template DNA, and enhances their processivity up
to 1000-fold [10–12], which makes PCNA an essential processivity factor for DNA replication.
Many PCNA-binding factors that are involved in replication-coupled processes have been identified [7].

PCNA is a ring-shaped homo trimer, in which the three subunits assemble in a head-to-tail
manner [13,14] (Figure 1). PCNA is loaded onto the DNA in an orientation-dependent manner.
The association between PCNA and DNA is stable as PCNA encircles DNA and can slide freely along
the DNA due to the polarity repelling effects between the inner surface of the PCNA ring and the
DNA. The front face of PCNA has amino acid polarity that interacts with DNA polymerases and
numerous other DNA metabolic enzymes, most of which have a PCNA-interacting protein (PIP)-motif,
to recruit and tether them correctly to the DNA [15] (Figure 2). Because the regions that interact with
these enzymes often overlap, PCNA switches its binding partner depending on the circumstances
of the replication fork progression [7]. In addition, PCNA couples the initiation of DNA replication
to ubiquitin-mediated proteolysis [16]. Thus, as a platform, PCNA plays an important role in the
replisome by accommodating multiple processes at the replication fork [6].

2.2. Post-Translational Modifications of PCNA

Various PCNA modifications also regulate the replisome depending on specific circumstances
during DNA replication [18] (Figure 2). Following DNA damage, PCNA is monoubiquitinated at
K164 in a Rad18-Rad6-dependent manner, which switches the affinity of PCNA from replicative
polymerases to damage-tolerant translesion synthesis polymerases, such as polymerase η [19,20].
The translesion synthesis (TLS) polymerases can bypass DNA damage to continue replication, though
this method of damage bypass is prone to error [21,22]. In contrast, polyubiquitination of the same
site by Mms2-Ubc13 and Rad5 leads to the repair through template switching, which is essentially
an error-free mechanism [19]. PCNA can also be SUMOylated (small ubiquitin-like modifier) at the
same site as K164 and K127 in a Ubc9- and Siz1-dependent manner [18]. SUMOylation mediates the
repression of unwanted homologous recombination through recruitment of the helicase Srs2, which
is well characterized in yeast [23,24]. SUMOylated PCNA also exists in vertebrates. Acetylation
of PCNA appears to have a role in enhancing the processivity of associated polymerases, and
promotes the removal of chromatin-bound PCNA and its degradation during nucleotide excision
repair [25,26]. A recent study revealed that K20 at the inner surface of the PCNA ring is acetylated by
cohesion acetyltransferase Eco1 in response to DNA damage, induces alteration of the PCNA structure,
and stimulates homologous recombination [27].

2.3. PCNA Requires Ring-Opening Factors to Regulate Its ON–OFF DNA Binding

Because PCNA performs many aspects of DNA replication-associated events when loaded onto
the DNA, PCNA loading onto the DNA must be strictly regulated. Conversely, when PCNA completes
its role, it must leave (or unload from) the DNA to suppress illegitimate enzymatic reactions. To bind
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and leave the DNA, PCNA must temporarily open its closed ring, which is achieved by PCNA
ring-opening machinery, RFC complexes [8].

Figure 1. Summary of the functions of the three RFC complexes transacting on PCNA [17]. See text for
details. The “?” marks in the table mean that the main effect of Ctf18-RFC (loading and unloading) on
PCNA in vivo is not well understood.

3. Fundamental Features of RFC Complexes as PCNA Loaders/Unloaders

Eukaryotic cells have three RFC complexes that act on PCNA: RFC1-RFC, Ctf18-RFC, and Elg1-RFC,
which essentially form hetero-pentameric complexes by sharing four small RFC subunits (RFC 2, 3,
4, and 5 [RFC2-5]), and each is distinguished by its largest subunit (i.e., RFC1, Ctf18, and Elg1, also
called ATAD5 in human cells) [8] (Figure 1). Ctf18-RFC and Elg1-RFC are also called Ctf18-RFC-like
complex (Ctf18-RLC) and Elg1-RFC-like complex (Elg1-RLC), respectively. All of these subunits, both
large and small, belong to the AAA+ ATPase family [28,29]. The molecular morphologic similarity of
these RFC complexes suggests that they all interact with PCNA and mediate the interactions between
PCNA and DNA.

In addition to these complexes, eukaryotic cells have another RFC complex, Rad17-RFC (Rad24-RFC
in S. cerevisiae), that acts to load the PCNA-like hetero-trimeric 9-1-1 complex (Rad9-Hus1-Rad1 in humans
and Ddc1-Mec3-Rad17 in S. cerevisiae) at damaged DNA sites depending on checkpoint activation. We do
not discuss this complex in this review and readers are referred to these excellent reviews [30,31].

258



Genes 2017, 8, 52

Figure 2. PCNA loading on and unloading from chromatin by RFC complexes during DNA synthesis.
1© PCNA loader RFC1-RFC or Ctf18-RFC bind to PCNA and recognize the 3′ DNA template, and ATP

binding triggers a conformational change of the RFC complex that allows for a tight interaction
with PCNA and ring opening. 2© ATP hydrolysis by the RFC loader complex is coupled with ring
closure and the release of PCNA, finally encircling the DNA duplex. 3© DNA polymerases bind to
chromatin-loaded PCNA, and DNA synthesis begins. 4© After the DNA synthesis is complete and DNA
polymerase is released, PCNA recruits various enzymes for additional functions such as chromatin
remodeling. PCNA slides along the double-stranded DNA to its functional sites. In 3© and 4©, PCNA
might be modified by mono-ubiquitin, poly-ubiquitin, SUMO (small ubiquitin-like modifier), or acetyl
depending on the circumstances as illustrated in a dotted-line square (note that modification on single
subunit of PCNA trimer is shown). 5© After the role of PCNA is completed, Elg1-RFC unloads PCNA
from the double-stranded DNA in an ATP-dependent manner as a reverse reaction of PCNA loading.
6© During PCNA unloading, its modification might be removed so that it can be recycled. In this figure,

nucleosomes and chromatin structures are omitted.

3.1. RFC1-RFC

3.1.1. Fundamental Features and Structure

A classic RFC complex, RFC1-RFC, comprises five subunits; the largest subunit is RFC1 and
the four small subunits are RFC2-5. Common sequence motifs in these subunits are termed the RFC
box, including the P-loop, a general Walker-type ATPase motif [32] (Figure 3). A yeast genetic study
indicated that RFC1 is the only essential gene among the three RFC large subunits [33,34]. None of the
other alternative RFC complexes is essential, alone or in combination [34]. RFC1 contains both N- and
C-terminal extensions from the RFC box [35] (Figure 3). The C-terminals of the four small subunits
and RFC1 are required to form the RFC1-RFC complex [36,37].

The biochemical activity of RFC1-RFC has been well analyzed, as described later, and structural
analysis has provided details of the PCNA loading mechanism [38,39]. The crystal structure and
electron microscopy images of the complex show that the five RFC1-RFC subunits are aligned in a
circular shape with a gap between RFC1 and RFC5, making it well suited to interact with the PCNA
ring [38,40,41] (Figures 1 and 2). Therefore, RFC1-RFC is generally regarded as the standard for
studying other RFC complexes.
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Figure 3. RFC subunit structures. The center of these subunits includes RFC boxes containing a
P-loop, which is a general Walker-type ATPase motif. The C-terminal regions following the grey boxes
representing the four small subunits (RFC2–5) are required for RFC complex formation. As for the
largest RFC subunits, the domains required for complex formation are not well defined. The N-terminal
of RFC1 contains a BRCT motif and the C-terminal of Ctf18 contains an interaction motif with Dcc1
and Ctf8. The N-terminal of Elg1 includes a SUMO (in Sc, called SIM) or UAF1 (in Hs) binding motif,
which is potentially involved in PCNA binding. The UAF1 binding motif in Hs Elg1 likely has a role as
a SIM, thus referred as “SIM?”. Hs: Homo sapiens, Sc: Saccharomyces cerevisiae.

3.1.2. PCNA Loading/Unloading Activity of RFC1-RFC

The molecular role of RFC1-RFC for PCNA loading was first identified using purified complex
from human HEK293 cells based on its requirement in the SV40 replication system in vitro [42,43]. Many
biochemical analyses revealed that RFC1-RFC has multiple functions that allow for PCNA loading onto
DNA at the 3′ primer/template junction in an ATP-dependent manner (Figure 2): PCNA binding, 3′

end of the primer DNA binding, and ATP binding trigger a conformational change of RFC1-RFC that
allows it to bind tightly with PCNA and induce ring opening, and then ATP hydrolysis is associated
with ring closure and release of the PCNA, which now encircles the DNA duplex. The binding partner
of PCNA then switches from RFC1-RFC to DNA polymerase, and RFC1-RFC leaves the new DNA
synthesizing complex, DNA polymerase/PCNA/DNA complex [6]. RFC1-RFC binds to a specific
side of PCNA, the front face, and loads it in an orientation-dependent manner, so that the front face
of PCNA that binds to its partner is oriented toward the elongating DNA (Figure 2). The ATP-driven
PCNA-loading process by RFC1-RFC is discussed in detail in these excellent reviews [29,39,44–46].

In vitro experiments revealed that RFC1-RFC unloads PCNA from nicked or gapped circular
DNA in an ATP-dependent manner as a reverse reaction of PCNA loading [47,48]. These observations
led us to speculate that RFC1-RFC drives both PCNA loading and unloading during DNA replication.
Whether unloading of PCNA occurs by RFC1-RFC in vivo, however, remains unclear. Interestingly,
the subassembly complex of the four small subunits of RFC can also open PCNA and remove it from
DNA, suggesting that all RFC complexes have the potential to unload PCNA [49].
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3.2. Ctf18-RFC

3.2.1. Fundamental Features and Structure

Ctf18-RFC was the second PCNA-conducting RFC complex identified. It is a hetero-pentamer
formed by the large subunit Ctf18 and two additional subunits, Dcc1 and Ctf8, binding with the small
subunits RFC2-5 [50–53] (Figure 1). These additional subunits are unique to this RFC, interact with
the C-terminal end of Ctf18, and are conceivably located outside of the circle created by the other five
subunits [54,55] (Figure 1). Ctf18, Dcc1, and Ctf8 are conserved from yeast to humans [53,56,57].

Early genetic analysis in S. cerevisiae revealed mutations in Ctf18 in screens for genes important for
preventing chromosome loss, and it was thus termed chromosome transmission fidelity (previously called
Chl12; chromosome loss) [58–60]. The two additional subunits, Dcc1 (defect of chromosome cohesion)
and Ctf8, were also identified as genes required for chromosome segregation [59]. The absence of Ctf18,
Ctf8, or Dcc1 singly or in combination leads to precocious sister chromatid separation accompanied by
pre-anaphase accumulation of cells that depends on the spindle assembly checkpoint [50,61]. Ctf18 is
located at replication forks with Ctf4 and Eco1, which are required to establish cohesion, coupled with
PCNA recruitment [62]. These findings indicate that Ctf18-RFC is primarily required for sister chromatid
cohesion, and might be involved in the regulation of PCNA on chromatin.

3.2.2. PCNA Loading/Unloading Activity of Ctf18-RFC

Electron microscopy images of a recombinant pentameric Ctf18-RFC complex devoid of Dcc1
and Ctf8 subunits and designated here as Ctf18-RFC(5) are indistinguishable from RFC1-RFC, whose
five subunits are aligned in a circle with a gap [54]. In addition, in the course of identifying human
PCNA-interacting proteins by mass-spectrometric analysis, Ctf18 was identified together with RFC1 and
four small subunits [63]. The results suggested that Ctf18-RFC also interacts with PCNA and functions as
a PCNA loader. Actually, Ctf18-RFC loads PCNA onto nicked circular DNA or primed single-stranded
DNA, which have a 3′ end, in vitro with both yeast and human recombinant proteins [52]. Consistent
with this in vitro result, Ctf18 yeast mutants exhibit a reduced amount of chromatin-bound PCNA [62].

Interestingly, Ctf18-RFC(5) also effectively binds to and loads PCNA onto DNA, indicating that
the two additional subunits are dispensable for PCNA-loading activity [54]. Thus, the Ctf18-RFC(5)
supports DNA polymerase δ activity with PCNA on primed M13 single-stranded DNA in vitro, similar
to human RFC1-RFC, demonstrating that Ctf18-RFC-loaded PCNA is functional. This Ctf18-RFC(5),
however, cannot substitute for RFC1-RFC in the in vitro SV40 DNA replication system with a crude cell
extract that includes the proteins required for replication, such as PCNA, RPA, and DNA polymerases,
except RFC(s) [54]. Furthermore, in addition to loading activity, in vitro experiments with purified
Ctf18-RFC showed unloading activity toward the primed DNA template [56]. The detailed activity of
Ctf18-RFC for PCNA loading/unloading in the cells, however, is not fully understood.

3.3. Elg1-RFC

3.3.1. Fundamental Features and Structure

Elg1-RFC is the most recently identified RFC complex forming a hetero-pentamer by RFC2-5
and the large subunit Elg1 [64–66] (Figure 1). Elg1 has a much longer N terminus compared with the
other large subunits, especially in humans (Figure 3). Elg1 was first identified in a series of genetic
screens in yeast, in which mutants exhibited various defects leading to genomic instability (hence,
its name—enhanced levels of genome instability) [64–72]. In mammals, the corresponding gene was
isolated as ATAD5 (ATPase Family, AAA Domain Containing 5).

3.3.2. PCNA Unloading Activity of Elg1-RFC

Three independent groups demonstrated that Elg1-RFC functions as the major PCNA unloader
during DNA replication, in both yeast and mammalian cells [73–75]. Suppression of Elg1 expression
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leads to an extreme accumulation of chromatin-bound PCNA and the corresponding PCNA foci are
larger and more intense, indicating an extended lifespan of PCNA in replication factories. In contrast,
overexpression of Elg1 results in a reduction of PCNA on chromatin (Figure 4A). Elg1 depletion also
leads to an increase in the number of cells in S phase, indicating that abnormal levels of PCNA on
chromatin affect cell-cycle progression [73,75].

By quantitative proteomic analysis of a yeast elg1 deletion strain, Kubota et al. initially observed
a substantial accumulation of PCNA on the chromatin among other proteins [76]. They then used
the auxin inducible degradation (AID)-Elg1 construct for timely depletion or induction of Elg1 in
synchronized cell cultures [74,77]. Application of this system confirmed that the accumulation of
PCNA and its SUMOylated forms on chromatin occurred in the course of the first cycle of DNA
replication, and that lack of Elg1 resulted in a slight delay in S phase progression without checkpoint
activation, similar to mammalian cells [74]. In the absence of Elg1, PCNA is not retained at specific
sites on the chromatin, indicating that the Elg1-RFC unloads PCNA genome-wide, rather than only
from specific chromosomal sites [78].

Partially purified Elg1-RFC from yeast or human cells unloads PCNA from chromatin isolated
from an elg1 mutant in a yeast strain or from permeabilized nuclei from human cells in an
ATP-dependent manner in vitro [74] (Figure 4B). These results strongly support that Elg1-RFC is
a primary PCNA unloader. It remains unclear, however, whether Elg1-RFC is the only PCNA unloader
during normal DNA replication, as Elg1 is not essential for cell division [34].

Figure 4. PCNA loading or unloading function of human RFC complexes. (A) Depletion by RNA
interference (RNAi) or overexpression (OE) of the largest subunits of RFCs in human HEK293 cells.
Whole cell extract (WCE) and chromatin-containing fractions (Chr) were prepared after centrifugation.
The results demonstrated that RFC1-RFC and Elg1-RFC have a primary role in PCNA loading and
unloading, respectively, in vivo. Depletion or overexpression of Ctf18 does not change the level of
PCNA on chromatin in human cells; (B) PCNA unloading assay. Left panel: partially purified Elg1-RFC
complex. HEK293T cells were co-transfected with FLAG-tagged Elg1 and RFC2-5, and complexes were
purified with anti-FLAG antibody. Right panel: PCNA unloading assay. The purified Elg1-RFC was
incubated with permeabilized cell nuclei containing PCNA-loaded chromatin in the presence or absence
of ATP. The purified Elg1-RFC complexes unload PCNA from chromatin in an ATP-dependent manner.
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4. The Three RFC Complexes Contribute to Genomic Integrity by Controlling PCNA
Loading/Unloading

4.1. Roles during DNA Replication Progression

As described above, the three RFC complexes likely share the roles of PCNA loading and/or
unloading in vivo. RFC1-RFC, and probably Ctf18-RFC, primarily function as PCNA loaders and
Elg1-RFC primarily functions as an unloader. Indeed, as shown Figure 4A, our results clearly
demonstrated that depletion or overexpression of RFC1 or Elg1 in human cells have opposite effects
on the PCNA levels on chromatin. In a knockdown experiment, depletion of RFC1 led to decreased
PCNA levels on chromatin, while depletion of Elg1 led to increased PCNA levels. An overexpression
experiment produced completely opposite results.

Once DNA replication is initiated, PCNA must be loaded onto DNA, both on leading and lagging
strands. As expected, PCNA is detected almost twice as often on the lagging strand than on the
leading strand at the replication fork [79]. On chromatin, PCNA plays multiple roles; first, it clamps
the polymerase for DNA synthesis, and then it recruits many of the enzymes required for the following
chromosomal events. The fact that RFC1, but not Ctf18 or Elg1, is essential also reflects the importance
of PCNA loading by RFC1-RFC and its potential unloading activity [34]. While it appears that
Ctf18-RFC can load PCNA on chromatin, it cannot substitute for RFC1 deletion, probably because the
PCNA-loading activity of Ctf18-RFC is weaker than that of RFC1-RFC in vitro, or Ctf18-RFC may load
PCNA for specific purposes such as for establishing cohesion [54,62].

Elg1-RFC is the PCNA unloader during normal DNA replication. The absence of Elg1 leads
to various types of chromosome instability, such as DNA damage sensitivity, replication defects,
enhanced homologous recombination, gross chromosomal rearrangements, chromosome maintenance
defects, elongated telomeres, and cohesion defects [64–72]. In mammals, defects in corresponding
ATAD5 likewise cause genomic instability and predisposition to cancer in human and mouse cells [80].
Mouse embryonic fibroblasts derived from ATAD5 heterozygous mice are highly sensitive to DNA
damaging agents, demonstrating high levels of aneuploidy and genomic instability in response to
DNA damage [81]. In addition, altered levels of recruitment of the PCNA-interacting proteins on
chromatin were observed [75] (see Section 5). All these abnormalities may be due to enhanced retention
of PCNA on chromatin [82].

PCNA unloading must be coupled with the completion of the chromosome replication process,
because not only delayed but also precocious unloading would cause abnormalities in DNA replication
and its associated chromosomal events. Actually, defects of the Okazaki fragment ligase Cdc9 in yeast
leads to PCNA accumulation on chromatin, similar to the accumulation caused by a lack of Elg1 [78].
Thus, PCNA unloading is at least dependent upon completion of the Okazaki fragment ligation during
DNA replication in S phase. The unloading of PCNA may be also dependent on the completion of the
nucleosome assembly, because the absence of its assembly due to inhibition of histone supply causes
PCNA to accumulate on chromatin [83].

Is Elg1-RFC the only PCNA unloader? Even in the absence of Elg1, the PCNA retained on
the chromatin is eventually removed in the M phase [75]; therefore, the PCNA unloading function
could conceivably be performed by RFC1-RFC and/or Ctf18-RFC, as suggested by their biochemical
and genetic analyses. One possible regulation mechanism is modification of the largest subunits
of RFCs, which may switch on either the PCNA loading or unloading activity. It is also possible
that PCNA eventually spontaneously dissociates from DNA without the help of any unloaders [49].
Of course, there may be other novel pathways that can remove PCNA from the chromatin, such as
acetylation-mediated removal and degradation of PCNA [26].

4.2. Roles in Sister Chromatid Cohesion

Ctf18-RFC is required for establishing sister chromatid cohesion, which may involve PCNA
loading that aids the function of cohesion establishment factor Eco1. Eco1 associates with PCNA and
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promotes cohesion by acetylating the cohesion subunit Smc3 during S phase [84–87]. The fact that loss
of either Ctf18, Dcc1, or Ctf8 causes cohesion defects and that these molecules form a DNA polymerase
ε binding module suggest that sufficient levels of PCNA on the leading strand must be supplied by
Ctf18-RFC, which would support polymerase ε and Eco1 acetylation activity [55,88,89].

A previous report indicated that Elg1 also plays a role in sister chromatid cohesion [71]. A yeast
strain with deletion of Elg1, elg1Δ, exhibits precocious sister chromatid separation like the ctf18Δ
mutant. Although the frequency is lower than that of the Ctf18-deleted strain, the elg1Δ strain is
synthetic lethal with the cohesion mutants scc1 or smc1. It is probable that inefficient PCNA unloading
also affects cohesion establishment. Eco1 is recruited by PCNA, and PCNA SUMOylation appears to
counteract Eco1 activity [90]. It is therefore possible that the excess PCNA SUMOylation observed in
an elg1Δ mutant on chromatin interferes with the function of Eco1 in establishing cohesion. Indeed,
a yeast Elg1 mutation that leads to over-SUMOylated PCNA, also causes a cohesion defect [90].

4.3. Roles for Proteolysis to Prevent DNA Re-Replication

Regulation of PCNA loading and unloading also has an important role in the once-per-cell-cycle
replication. Chromatin-loaded PCNA activates the ubiquitin ligase CRL4-Cdt2 to prevent re-replication
in the same cell cycle [16,91]. Cdt1 is a factor that is required for licensing of replication origins in G1
phase [92]. Cdt1 has a PIP-degron composed of a PIP-box sequence and downstream basic amino
acid(s) [93,94]. When PCNA is loaded on chromatin upon the initiation of S phase, Cdt1 associates
through its PIP-box, exposes the PIP-degron to CRL4-Cdt2, and is ubiquitinated for degradation.
Cyclin-dependent kinase (CDK) inhibitor p21 and histone H4K20 mono methyltransferase Set8, which
are also involved in the regulation of origin licensing, have PIP-degrons, and are also degraded by the
same mechanism [95–101]. These proteins begin to re-accumulate around the end of S phase or G2
phase, when all of the PCNA is unloaded. Therefore, timely degradation and accumulation of these
proteins are important for correct regulation of DNA replication, which is likely ensured by correct
PCNA loading and unloading in the cell cycle. Ctf18-RFC is involved in CRL4-Cdt2 recruitment to the
site of PCNA foci to degrade Cdt1, because RNA interference treatment of Ctf18, but not other large
subunits, leads to defects in CRL4-Cdt2 recruitment at the replication fork. In contrast, RFC1-RFC
contributes to CRL4-Cdt2 activation not during S phase, but following UV damage [102].

4.4. Roles of RFCs in Other Events

Several lines of experiments demonstrated that RFC complexes are involved in DNA repair
processes. For example, when cells are irradiated with UV or treated with DNA-damaging reagents,
the DNA repair reaction occurs and PCNA accumulates at the DNA-damaged sites, even though the
cells are not in S phase. Studies of nucleotide excision repair, base excision repair, and mismatch repair
have all demonstrated indispensable roles of RFC1-RFC in a DNA repair reaction to load PCNA and
DNA pol δ/ε repair synthesis [103–114]. Elg1 is also involved in the DNA damage response [80,115].
It is not known, however, whether Elg1-RFC unloads PCNA after repair synthesis of the excised
DNA damage site. A method termed enrichment and sequencing of protein-associated nascent DNA
(eSPAN) was developed to discriminate proteins enriched at either the nascent leading or lagging
strands. This method revealed that in yeast cells, PCNA is unloaded from the lagging strands upon
stalling replication fork with hydroxyurea, and this process is dependent on Elg1 [79]. Cells deficient in
PCNA unloading (elg1Δ) exhibit increased spontaneous chromosome breaks; hence, Elg1 contributes
to genome stability when the supply of nucleotides is limited or when the replication fork encounters
obstacles that cause replication stress.

Several studies revealed other aspects of Ctf18-RFC function that may be distinct from its function
in sister chromatid cohesion. In a genome-wide specific screen for mutants affecting replication
initiation, Ctf18 was newly identified and shown to physically interact with ORC, Cdt1, and MCM
proteins. Furthermore, depletion of Ctf18 reduces pre-RC formation during the M-to-G1 phase transition,
prevents S phase entry, and retards S phase progression [116]. Ctf18 is also essential for activating the
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DNA replication checkpoint upon the replication stress response [76,117,118]. Additionally, Dcc1 and
Ctf8 are required for replication checkpoint activation, and for proper telomere length regulation and
telomere intra-nuclear positioning [119]. Ctf18-RFC associates with DNA polymerase ε mediated by
Dcc1 and Ctf8 at defective replication forks for activating the S phase checkpoint [88,89]. The Ctf18-RFC
complex is also important for replication fork velocity and this effect seems to be linked to its major role
in sister chromatid cohesion [120]. These findings represent new aspects of Ctf18-RFC′s roles. It is not
yet fully elucidated, however, how these roles are related to its PCNA loading and unloading activity.

5. RFC Complexes May Play Roles beyond PCNA Loading/Unloading

5.1. Extended Region of the Large Subunits of RFCs

All large subunits of RFCs, especially human RFCs, have extensions in both the N-terminal and
C-terminal regions from the RFC boxes (Figure 3). The extended regions of the large subunit likely
have multiple roles, such as modulating PCNA loading/unloading, coupling the PCNA on chromatin
with other events, as well as a role completely separate from its PCNA loading/unloading activities.

The N-terminal extension of RFC1 is not essential for cell viability, nor is it required for in vitro
clamp loading activity, but removal of this region results in DNA damage sensitivity in vivo, suggesting
that it has additional roles outside of its primary function as a PCNA loader [37,121]. The N-terminal
extension of RFC1 contains a region that shares homology with DNA ligases, known as the BRCA1
C-terminal (BRCT) domain, though it does not have ligase activity. The structure of the human BRCT
domain in solution suggested a binding model between BRCT and 5′-phosphorylated double-stranded
DNA [122].

Ctf18 has an extended region in the C-terminus. As mentioned, the C-terminal end of Ctf18
interacts with Dcc1 and Ctf8 and forms a DNA polymerase ε binding module that is conserved from
yeast to human cells and is important for activating the DNA replication checkpoint [88,89].

Although the interacting domain on Elg1 was not mapped, a recent finding showed that the
Drosophila KAT6 Enok acetyltransferase complex interacts with Elg1 and inhibits its unloading
activity [123]. The N terminal region of yeast Elg1 has a SUMO-interacting motif (SIM) at the N-terminal,
and Elg1-RFC preferentially interacts and unloads SUMOylated PCNA from chromatin [73]. The
N-terminal domain of yeast Elg1 might make a crucial contribution to PCNA unloading, because this
domain interacts with PCNA and is important for the in vivo function of Elg1. Indeed, cells expressing
Elg1 lacking the N-terminal 215 amino acids exhibit increased methyl methanesulfonate sensitivity
compared with wild-type cells, but less methyl methanesulfonate (MMS) than an elg1Δ mutant [124].
The SIM at the N-terminus of Elg1 interacts with its target SUMOylated PCNA (and also unmodified
PCNA), which helps Elg1-RFC bind PCNA strongly through all five subunits and open the PCNA
ring to release it from chromatin. Because PCNA must be unloaded from double-stranded DNA
passing through the PCNA ring, the unloading steps might not be a simple reverse reaction of PCNA
loading [78].

Human Elg1 has an extremely extended N-terminal region, whose full amino acid length is
2.3 times longer than that of yeast Elg1 (Hs 1844 aa vs. Sc 791 aa; Figure 3). Human Elg1 also has a
SIM in the N-terminal region. In contrast to yeast Elg1, however, the motif interacts with a SUMO-like
domain in the deubiquitination factor UAF1 [125]. Thus, human Elg1 regulates PCNA deubiquitination
by recruiting the USP1-UAF1 complex to ubiquitinated PCNA on chromatin. The different reactions of
N-terminal Elg1 between yeast and human cells may reflect the difference in the levels of modification
of PCNA between the species. In both cases, the N-terminal region may help to detect modified
PCNA on chromatin and to facilitate its unloading. This process may be coupled with removal of the
modification, as the loading of modified PCNA at a new site may bring about an irregular reaction by
modified PCNA on chromatin.
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5.2. RFC Complexes Interact with and Regulate Proteins Other than PCNA

The RFC complexes reported so far have various functions through their interactions with other
factors. RFC1 interacts with DNA ligase I and negatively regulates its activity [126]. RFC1 binds
directly to Asf1, a histone deposition protein, and histone deacetylase 1, and may play a role in
replication-coupled chromatin remodeling or replication fork progression [127,128]. Additionally, RFC1
is suggested to regulate transcription, as it interacts with several transcription factors [129–131]. We
demonstrated that RFC1-RFC and Ctf18-RFC interact with polymerase η, but RFC1-RFC inhibits its
activity and Ctf18-RFC stimulates its activity in vitro [132]. Ctf18 also interacts with DNA polymerase
ε to stimulate DNA synthesis activity [88,89]. RFC1-RFC and Ctf18-RFC appear to interact with the
E3 ubiquitin ligase CRL4-Cdt2. Especially, Ctf18-RFC plays a role to recruit CRL4-Cdt2 to PCNA foci
during DNA replication [102]. Thus, RFC complexes have more roles beyond PCNA loading/unloading
and fulfill multiple functions.

Elg1 depletion in human cells leads to changes in the chromatin-bound levels of chromatin proteins.
Elg1-depleted cells have decreased levels of proteins, such as RanGEF RCC1, SMC3, HBO1, SNF2H,
HP1α, and Rif1 [75]. Most of these proteins bind to chromatin and correlate with chromatin remodeling
behind the replication fork. In contrast, the chromatin levels of factors more directly involved in
DNA replication, such as both PCNA-binding proteins, polymerase δ, DNA ligase I, MSH2, and
non-PCNA binding protein Mcm6, remain the same after Elg1 depletion. These findings suggest that
DNA replication processes such as Okazaki fragment maturation can be fulfilled correctly even in the
absence of Elg1, but PCNA remains on the chromatin behind the active replisomes. Such unremoved
PCNA could inhibit the association of chromatin formation, modification, or modeling factors. It is
also possible that the extended N-terminus of Elg1 contains unidentified domains that interact with
and recruit factors for chromatin transactions. Defects in Elg1 would induce changes in chromosomal
stability. Analysis of cells in which endogenous Elg1 is replaced with nested deletion constructs will be
required to define the role of the N-terminal domain.

6. Conclusions and Perspective

PCNA loading and unloading must repeatedly occur to initiate DNA synthesis and after the
completion of every Okazaki fragment, as well as at replication fork termination. Three PCNA-conducting
RFC complexes share the role of ensuring appropriate PCNA loading or unloading. In addition, all three
RFC complexes have additional functions other than PCNA loading/unloading. It is unclear, however,
why all eukaryotic cells require three similar RFC complexes. Given that RFC1-RFC and Elg1-RFC have
primary roles in PCNA loading and unloading, respectively, it remains to be clarified how strictly the
labor of PCNA loading/unloading is divided and shared by the three RFC complexes. Many questions
remain regarding the detailed functions of the three RFC complexes to maintain genome integrity.
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Abstract: Bacterial nuclease RecJ, which exists in almost all bacterial species, specifically degrades
single-stranded (ss) DNA in the 5′ to 3′ direction. Some archaeal phyla, except Crenarchaea,
also encode RecJ homologs. Compared with bacterial RecJ, archaeal RecJ exhibits a largely different
amino acid sequence and domain organization. Archaeal RecJs from Thermococcus kodakarensis and
Pyrococcus furiosus show 5′→3′ exonuclease activity on ssDNA. Interestingly, more than one RecJ
exists in some Euryarchaeota classes, such as Methanomicrobia, Methanococci, Methanomicrobia,
Methanobacteria, and Archaeoglobi. Here we report the biochemical characterization of two RecJs
from Methanocaldococcus jannaschii, the long RecJ1 (MJ0977) and short RecJ2 (MJ0831) to understand
their enzymatic properties. RecJ1 is a 5′→3′ exonuclease with a preference to ssDNA; however,
RecJ2 is a 3′→5′ exonuclease with a preference to ssRNA. The 5′ terminal phosphate promotes RecJ1
activity, but the 3′ terminal phosphate inhibits RecJ2 nuclease. Go-Ichi-Ni-San (GINS) complex does
not interact with two RecJs and does not promote their nuclease activities. Finally, we discuss the
diversity, function, and molecular evolution of RecJ in archaeal taxonomy. Our analyses provide
insight into the function and evolution of conserved archaeal RecJ/eukaryotic Cdc45 protein.

Keywords: archaeal RecJ; Cdc45-MCM-GINS; nuclease; GINS; interaction

1. Introduction

Nucleases, including endonuclease and exonuclease, play important roles in DNA recombination
and repair, degradation and recycling of DNA and RNA, and maturation of RNA and Okazaki
fragments [1]. RecJ is a kind of nuclease involved in three DNA repair pathways: homologous
recombination, mismatch repair (MMR), and base excision repair. RecJ nuclease belongs to the DHH
phosphodiesterase superfamily with a conserved signature motif DHH. DHH motif is consisted of three
successive conserved residues located at the corresponding N-terminal DHH domain, and the DHHA
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motif, located at the corresponding C-terminal domain, is a typical signature motif for classifying family
of the DHH phosphodiesterase superfamily. Based on the sequence difference of the DHHA motif,
the DHH phosphodiesterase superfamily can be split into DHHA1 and DHHA2 groups. The DHHA1
group has a typical DHHA1 motif of GGGHXXAAG, whereas the DHHA2 group lacks this typical motif
or has a divergent or atypical motif. Based on the difference in biochemical properties and conserved
motifs, DHH phosphodiesterases are classified into four families. Family 1 includes prokaryotic
RecJ nuclease and eukaryotic Cdc45 protein [1–4], Family 2 is composed of various nanoRNases
(Nrn), including NrnA [5] and NrnB [6], which specifically degrade short single-stranded (ss) RNA
molecule [5–7]. Family 3 degrades the nucleotide derivatives, but not oligonucleotides, and includes
eukaryotic Prune and PPX1 [8] and prokaryotic family II inorganic pyrophosphatase [9]. Family 4,
HAN nuclease [10], is a fused protein containing an N-terminal domain and the C-terminal DHH
phosphodiesterase domain, and is specific to archaea kingdom.

The family 1 DHH phosphodiesterase includes three subfamilies: bacterial RecJ, archaeal RecJ
and eukaryotic Cdc45 protein. RecJ has a typical DHHA1 motif, but Cdc45 does not. Bacterial RecJ
nuclease shows both single-stranded DNA (ssDNA)-specific 5′→3′ exonuclease and deoxyribose
phosphatase (dRPase) activities [3]. Its ssDNA-specific 5′→3′ exonuclease is responsible for generating
a long 3′ ssDNA for strand invasion in homologous recombination [11], or a long ssDNA gap for DNA
resynthesis by DNA polymerase in MMR [12]. The 5′ dRPase of RecJ removes deoxyribose phosphate
of the single-strand break generated by the cleavage of an abasic site by apurinic/apyrimidinic (AP)
endonucleases in base excision repair [13]. Structurally, most bacterial RecJs, such as Escherichia coli RecJ,
feature an N-terminal catalytic core, which consists of two domains of DHH and DHHA interconnected
by a long helix, and a C-terminal oligonucleotide/oligosaccharide-binding (OB) domain that improves
ssDNA-binding capability. Some bacterial RecJs, such as the RecJs of Thermus thermophilus and
Deinococcus radiodurans, have an additional C-terminal domain [14,15]. The C-terminal domain IV of
D. radiodurans RecJ (DrRecJ) can increase the 5′→3′ nuclease activity by promoting ssDNA substrate
binding and interacting with the HerA helicase [15].

Compared with the bacterial RecJ nuclease, little is known about archaeal RecJ nucleases.
Research on archaeal RecJs mainly focused on their 5′→3′ exonuclease activity on ssDNA [2,16], 3′→5′

exonuclease activity on single-stranded RNA (ssRNA), and mismatched ribonucleotide of RNA/DNA
hybrids [17]. The 3′→5′ exonuclease on RNA possibly removes 3′-mismatched ribonucleotides from
the RNA primers in chromosomal DNA replication or is involved in the degradation of diverse
ssRNAs [17]. The two potential recj genes from Methanocaldococcus jannaschii DSM 2661 can supply
the capability of DNA recombination repair in an recj-deleted E. coli strain [16]. Unlike bacterial
RecJs, archaeal RecJ nucleases only have two domains corresponding to the bacterial catalytic core
domains of DHH and DHHA but lack the OB domain [14,17,18]. Moreover, archaeal RecJ proteins are
longer by approximately 100 amino acid residues than the bacterial RecJ catalytic core domain [17].
This additional sequence forms a single domain, the minichromosome maintenance (MCM)-binding
domain (MBD), in the topological structure of archaeal RecJ from Thermococcus kodakarensis [19], and
occupies a location similar to the OB-fold domain of DrRecJ and T. thermophilus RecJ (TthRecJ) [14,20].

Despite the broad distribution of RecJ nuclease in bacteria and archaea, RecJ homolog does not
exist in eukaryotes. Cdc45, an essential replication initiation protein whose site-mutations result in
partial defect in DNA replication [21], shows low-sequence similarity to the conserved catalytic core of
the RecJ nuclease subfamily; however, Cdc45 lacks most of the conserved motifs and residues that are
essential for prokaryotic enzymatic activity [4,22]. Despite the lack of nuclease activity, Cdc45 retains
ssDNA- and ssRNA-binding capability and functions as molecular wedge for DNA unwinding [22,23].
Recently, three groups of researchers reported their results on the structures of bacterial RecJs, archaeal
RecJs, and human Cdc45 protein [19,20,24]. These proteins exhibited a similar overall topology,
indicating their evolution from a common ancestor.

In addition to nuclease activity, archaeal RecJ also interacts with some subunits of DNA replisome,
such as the Go-Ichi-Ni-San (GINS) complex, a central component in the archaeal DNA replication
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fork and replicative MCM helicase [2,25,26], to form a multi-subunit complex RecJ-MCM-GINS
(RMG) [19,25]. Similar to archaeal RecJ, eukaryotic Cdc45 also interacts with MCM2–7 and GINS
to form a complex Cdc45-MCM-GINS (CMG), which is believed to act as a DNA helicase during
chromosome replication [27,28]. The crystal structure of human Cdc45 and cryo-electron microscopy
(EM) structure of CMG provide not only a better understanding of the mechanism of subunit interaction
in the CMG complex [24,29,30], but also clues regarding the subunit interaction in RMG [19].

BLAST with the Pyrococcus furiosus RecJ as a query sequence, it identified more than one RecJ gene
in some archaea genomes, especially the methane-producing species. Previous works also found out
the diversity of archaeal RecJ [16,31]. During the preparation of our manuscript, Ishino and coworker
reported the biochemical characterization of two RecJs from Thermoplasma acidophilum [31]. TacRecJ1 is
a ssDNA specific 5′exonuclease, and TacRecJ2 is a 3′ exonuclease on both ssDNA and ssRNA. On the
two RecJ nucleases from M. jannaschii, although they were primarily characterized [16], the protein
preparations were largely impure, just the cell extract of an E. coli that was deleted the recj gene and
supplied with one of two M. jannaschii recj genes [16]. To fully understand the enzymatic properties
of two M. jannaschii RecJs, we recombinantly expressed, purified and biochemically characterized
them in detail. Both RecJs are single-stranded DNA/RNA specific nucleases. RecJ1 (MJ0977) is a
5′→3′ exonuclease with a weak preference to DNA, and RecJ2 (MJ0831) is a 3′→5′ exonuclease with
a preference to RNA. The terminal phosphate affected enzymatic activity differently. The 5′ terminal
phosphate promotes RecJ1 activity, but the 3′ terminal phosphate inhibits RecJ2 nuclease. The GINS does
not interact with either RecJ and thus does not promote their nuclease activities on ssDNA and ssRNA.
Finally, the diversity, function in DNA repair, and molecular evolution of RecJ in archaeal taxonomy are
discussed. Our results provide new clues to understand the functions of archaeal RecJ in nucleic acid
metabolism and its evolution relationship with bacterial RecJ and eukaryotic Cdc45 protein.

2. Materials and Methods

2.1. Materials

KOD-plus DNA polymerase was purchased from Toyobo (Osaka, Japan). Nickel–nitrilotriacetic
acid resin was purchased from Bio-Rad (Hercules, CA, USA). RNase A inhibitor was purchased
from Takara (Shiga, Japan). Oligodeoxyribonucleotides and oligoribonucleotides (Table S1) were
synthesized by Invitrogen (Carlsbad, CA, USA) and Takara (Shiga, Japan), respectively. The expression
vectors of pDEST17 (Invitrogen) and pET28-sumo were used throughout this study. E. coli strain
DH5α was used in the gene cloning and Rosetta 2(DE3)pLysS (Novagen) strain was used to express
recombinant protein. All other chemicals and reagents were of analytic grade.

2.2. Preparation of Recombinant Proteins

Genes encoding for the archaeal RecJ nucleases (MJ0831 and MJ0977) and GINS (MJ0248) were
amplified from M. jannaschii genomic DNA by polymerase chain reaction (PCR) using their respective
primers (Table S1) and then inserted into pDEST17 or pET28-sumo, as described previously [17]. Amino acid
substitutions were introduced into RecJs by PCR-mediated mutagenesis using KOD-plus DNA polymerase
and the appropriate primers (Table S1). Nucleotide sequences were confirmed by DNA sequencing.

Recombinant plasmids were introduced into the Rosetta 2(DE3)pLysS strain of E. coli to express
recombinant proteins. The expressions of recombinant proteins were induced by 0.5 mM isopropylthio-
β-galactoside. The recombinant proteins were purified via immobilized Ni2+ affinity chromatography.
The affinity purification was performed as follows: bacterial pellet was suspended in lysis buffer (20 mM
Tris-HCl, pH 8.0; 0.3 M NaCl, 5 mM mercaptoethanol, 5 mM imidazole, 1 mM phenylmethylsulfonyl
fluoride, and 10% glycerol) and then disrupted by sonication. After incubation for 30 min at 65 ◦C
(not conducted for MjaGINS-sumo protein), cell extract was clarified by centrifugation at 12,000× g for
30 min. After loading the supernatant onto a column pre-equilibrated with lysis buffer, the resin was
washed with >25 column volumes of lysis buffer containing 20 mM imidazole. Finally, bound proteins were
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eluted from the column using elution buffer (20 mM Tris-HCl, pH 8.0; 0.3 M NaCl, 5 mM mercaptoethanol,
200 mM imidazole, and 10% glycerol). After verifying the purity of eluate using 15% sodium dodecyl sulfate
polyacrylamide gel electrophoresis (SDS-PAGE), samples were dialyzed against a storage buffer (20 mM
Tris-HCl, pH 8.0; 0.1 M NaCl, and 50% glycerol) and stored in small aliquots at −20 ◦C.

2.3. Characterization of Methanocaldococcus jannaschii Enzymes

MJ0831 and MJ0977 were characterized in a standard reaction buffer consisting of 20 mM Tris-HCl
(pH 7.5), 50 mM NaCl, 1 mM dithiothreitol (DTT), 2.0 mM MnCl2, and 100 ng/μL BSA before
optimization. Then, the pH value, ions strength, reaction temperature, and divalent ions were
optimized on the basis of standard reaction buffer. Table S1 presents the oligoribonucleotides and
oligodeoxyribonucleotides used in exonuclease activity assays. The dependence of activity on substrate
structures on was characterized using ssDNA, double-stranded DNA (dsDNA), and dsDNA with 3′ or
5′ overhang. The effect of MjaGINS on two MjaRecJ nucleases was determined by assaying nuclease
activity in the presence of increasing concentrations of MjaGINS. After incubation for a specified
time at 50 ◦C, an equal volume of stopping buffer (90% formamide, 100 mM EDTA, and 0.2% SDS)
was added to the reaction. Subsequently, the reactions were subjected to 15% 8 M urea-denatured
polyacrylamide gel electrophoresis (PAGE). After electrophoresis, images of the gels were quantitated
using FL5000 Fluorescent Scanner (FUJIFILM, Tokyo, Japan).

2.4. Determining the Interaction between MjaRecJs and MjaGINS

Two experiments were used to identify the possible interactions of the two MjaRecJs and MjaGINS.
First, co-purification of RecJ and GINS was conducted to determine the interaction between RecJs
and GINS. During co-purification, the purified MjaRecJ with a 6×His tag was mixed with the GINS,
whose 6×His tag and sumo domain were removed by Uip protease, in a molecular ratio of 1:2.
The mixtures were incubated at 37 ◦C for 30 min to form the possible complex. If GINS interacts
with RecJ, It will be co-purified by the 6×His-RecJ. Second, RecJ and GINS were purified separately
and then mixed in a molecular ratio of 1:2 to permit the formation of a possible complex. To check
the existence of RecJ–GINS complex, Gel filtration chromatography was performed using a Hiload
Superdex 200 column (GE Healthcare, Pittsburgh, PA, USA) pre-equilibrated with 20 mM HEPES
(pH 7.0), 100 mM NaCl, 1 mM DTT, 0.1 mM EDTA, and 2% glycerol.

3. Results

3.1. Substrate Preferences of two MjaRecJs

Some archaeal species, such as M. jannaschii DSM 2661, contain more than one RecJ gene. Both
RecJs of M. jannaschii have classical domain combinations, including the MBD domain specific to
archaeal RecJ and Cdc45 protein. Two M. jannaschii RecJs, MjaRecJ1 (MJ0977), and MjaRecJ2 (MJ0831),
have lower sequence similarity of approximately 30%, and show lower similarity to T. kodakaraensis
RecJ (TkoRecJ), which is the only RecJ nuclease in T. kodakaraensis (Figure 1A). The two MjaRecJs
have seven conserved motifs (I–VII), such as DHH (motif III) and DHHA1 (motif VII), which are
common among many DHH phosphodiesterase families. TkoRecJ and MjaRecJs are different with
regard to the conserved residues responsible for interacting with GINS (Figure 1A, red). A complete
phylogenetic analysis of RecJs showed that RecJ1 and RecJ2 from some archaeal groups belong to two
different branches. The RecJs from some archaea that contain a single recj gene such as TkoRecJ and
P. furiosus RecJ (PfuRecJ), belong to the RecJ2 subfamily (Figure 1B). The bacterial RecJs form a distinct
evolutionary branch that does not belong to any of archaeal RecJ groups.

To understand their enzymatic function, the two MjaRecJ proteins were recombinantly expressed,
purified and biochemically characterized (Figure 1C). Activity assays confirmed that both MjaRecJs
showed nuclease activity on ssDNA in opposite direction. M. jannaschii RecJ1 was probably a 5′→3′

exonuclease (Figure 1D), and MjaRecJ2 was probably a 3′→5′ exonuclease (Figure 1E). Their hydrolysis

276



Genes 2017, 8, 211

polarity was further confirmed using phosphothioate-modified substrates in next section. Changing
the conserved motif the DHH to three alanines deprived the nuclease activity, indicating that DHH
motif is essential for the nuclease activity (Figure 1D–E).

Figure 1. Two RecJs from Methanocaldococcus jannaschii demonstrate nuclease activity. (A) Multi-
alignment of three archaeal RecJs. The domain combinations of archaeal and bacterial RecJs,
and eukaryotic Cdc45 protein is compared on the top of panel A, and the names of each domain
are indicated. For multi-alignment of RecJs, red, purple and cyan lines are used to represent the domains
of DHH, MBD, DHHA, respectively. The conserved motifs are marked by black lines, and the motifs of
DHH and DHHA1 are highlighted with red and cyan box, respectively. The middle domain, the MCM
helicase Binding Domain (MBD) and its boundary are highlighted by a purple box with the indicated
number of residues. The residues responsible for interaction with GINS51 subunit are shown in red.
(B) The phylogenetic tree of RecJ homologs is built based on multi-alignment of these sequences. Archaeal
RecJ1 and RecJ2 are classified based on their sequence similarity to M. jannaschii RecJ1 and RecJ2. RecJ
homologs come from archaea of Methanocaldococcus jannaschii DSM 2661 (Mja), Methanococcus aeolicus
Nankai-3 (Mae), Methanospirillum hungatei JF-1 (Mhu), Methanosarcina barkeri strain (str.) Fusaro (Mba),
Thermoplasma acidophilum DSM 1728 (Tac), Archaeoglobus fulgidus DSM 4304 (Afu), Methanomethylovorans
hollandica DSM 15,978 (Mho), Pyrococcus furiosus DSM 3638 (Pfu), and Thermococcus kodakarensis KOD1
(Tko); bacteria of Deinococcus radiodurans R1 (Dra), Thermus thermophilus HB8 (Tth), Bacillus subtilis str.
168 (Bsu), Escherichia coli K12 (Eco), and Brachyspira hyodysenteriae WA1 (Bhy); human Cdc45 (Hsa).
(C) Expression and affinity purification of five M. jannaschii recombinant proteins. Increased amounts of
wild-type (WT) or DHH motif mutated MjaRecJ1 (D) or MjaRecJ2 (E) were incubated with 200 nM 23 nt
5′FAM-labeled ssDNA substrates at 55 ◦C for 20 min in a standard reaction buffer. The degraded amount
of substrate was quantified and listed at the bottom of the panel.
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After positive detection of the nuclease activity, which is consistent with previous results [16],
optimal reaction parameters with regard to pH, ion strength, divalent ions, and reaction temperature
were determined for the two MjaRecJs (Figure 2). The RecJs displayed the highest activity at pH 8.0
(MjaRecJ1, Figure S1A) and 8.5 (MjaRecJ2, Figure S2A). Divalent ion manganese Mn2+ was the most
effective metal cofactor (Figure S1B or Figure S2B), with the optimal concentration at 2.0 mM for
MjaRecJ1 (Figure S1C) and 1.0 mM for MjaRecJ2 (Figure S2C), respectively. The two RecJs showed
higher activity at lower concentrations of NaCl (Figure S1D or Figure S2D). Their optimal reaction
temperatures differed. MjaRecJ1 and MjaRecJ2 showed the highest activities at 65 ◦C (Figure S1E) and
85 ◦C (Figure S2E), respectively. MjaRecJ2 is more thermostable than MjaRecJ1 (Figure S3); the result is
consistent with those for the optimal reaction temperatures.

Figure 2. Optimization of ssDNA hydrolysis by MjaRecJs. pH value (A), divalent ions (B), concentration
of divalent manganese ions (C), ion strength (D), and reaction temperature (E) were optimized for
nuclease activities of two MjaRecJs (40 nM MjaRecJ1 or 50 nM MjaRecJ2) using a 23 nt single-stranded
DNA (ssDNA) as substrate (200 nM). The degraded amount of substrate DNA was quantified and
plotted vs. each value.
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Since some nucleases hydrolyze both DNA and RNA, the (deoxy)ribose dependency of the
two RecJs were characterized using ssDNA and ssRNA as substrates. MjaRecJs had a different
(deoxy)ribose dependence as compared with bacterial RecJ, which only hydrolyzes ssDNA [3,14,15,20].
MjaRecJ1 could hydrolyze both ssDNA and ssRNA from the 5′ side (Figure 3A). MjaRecJ2 favored
ssRNA hydrolysis with a clearly increased rate as compared with ssDNA substrate (Figure 3B).
Therefore, the different (deoxy)ribose preferences of two MjaRecJs may suggest their different roles in
nucleic acid metabolism in vivo.

Figure 3. Preferences for (deoxy)ribose of two MjaRecJs. Reactions were performed at 55 ◦C with
increasing time using 200 nM 23 nt 5′-FAM labeled ssDNA and ssRNA as substrates in their respective
reaction buffer. 40 nM MjaRecJ1 and 50 nM MjaRecJ2 were used, respectively, in each reaction.
The degraded amount of substrate was quantified at each time and listed at the bottom of the panel.

3.2. Hydrolysis Polarity of Two MjaRecJs

The fully phosphothioate-modified ssDNA and ssRNA were used as substrates to verify in detail
the hydrolysis direction of two MjaRecJs. The existence of phosphothioate groups largely decreased
the enzymatic hydrolysis rate and allowed capturing the image of each product during substrate
degradation. For ssDNA degradation by MjaRecJ1 (Figure 4A), DNA ladders were generated from
the 3′-FAM-labeled ssDNA, and only 1 nt products were generated from the 5′-FAM-labeled ssDNA.
These results demonstrated that MjaRecJ1 degraded ssDNA from the 5′ end, and 5′-FAM group did
not inhibit the hydrolysis of the first 5′ phosphodiester bond. For ssDNA degradation by MjaRecJ2
(Figure 4B), DNA ladders were generated from 5′-FAM-labeled ssDNA, and products did not appear
for 3′-FAM-labeled ssDNA. These results confirmed that MjaRecJ2 degraded ssDNA in the 3′→5′

direction, and the 3′-FAM group strongly inhibited the hydrolysis of the 3′ first phosphodiester bonds.
The degradation of fully-phosphothioate-modified ssDNA also showed that RecJ1 was more processive
than RecJ2 (Figure 4A,B). For the fully phosphothioate-modified ssRNAs, MjaRecJ1 degraded ssRNA
in the 5′→3′ direction (Figure 4C), and MjaRecJ2 degraded ssRNA in the 3′→5′ direction (Figure 4D).
In summary, MjaRecJ1 was a 5′ exonuclease on both ssDNA and ssRNA, and MjaRecJ2 was a 3′

exonuclease on both ssDNA and ssRNA.
Using the partially phosphothioate-modified ssDNA as substrate, the two MjaRecJs also showed

the same manner of degradation (Figure S4). The phosphothioate groups at the 5′ end clearly blocked
the hydrolysis of ssDNA by MjaRecJ1 (Figure S4A; lanes 6, 10 and 12). When several phosphothioate
groups exist at the 3′ end, they strongly blocked the degradation of ssDNA by MjaRecJ2 (Figure S4B;
lanes 4, 6 and 12). The internal successive phosphothioate groups strongly hindered degradation
before the modifications by MjaRecJs (Figure S4, lanes 4 and 10).
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Figure 4. Hydrolysis polarities of two MjaRecJ nucleases. Two MjaRecJs (1.5 μM MjaRecJ1 or 10 μM
MjaRecJ2) were incubated with fully phosphothioate-modified 200 nM 23 nt ssDNA or 17 nt ssRNA
substrates in their respective reaction buffer at 55 ◦C with increasing time. SsDNA and ssRNA are
labeled with fluorescence group fluorescein FAM at 5′ or 3′ end, respectively. The degraded amount of
substrate was quantified at each time and listed at the bottom of the panel.

3.3. Opposite Effect of Terminal Phosphate Groups on MjaRecJs Activity

The terminal phosphate group generally affected exonuclease activity [32]. We characterized
the effect of phosphate groups on the exonuclease activity of the two MjaRecJs (Figure 5). The 5′

phosphate group clearly promoted MjaRecJ1 activity on ssDNA (Figure 5A) but weakly affected the
ssRNA substrate (Figure 5C). In contrast to MjaRecJ1, MjaRecJ2 showed a largely decreased activity on
3′-phosphorylated ssDNA and ssRNA (Figure 5B or Figure 5D). Furthermore, the 3′-phosphorylated
ssRNA substrate displayed a more intensive inhibition than ssDNA.

Interestingly, 3′-phosphorylated ssDNA and ssRNA inhibited the 5′ exonuclease activity of
MjaRecJ1 (Figure S5A, lane 4). Although MjaRecJ2 did not show clear 5′ exonuclease activity on
ssDNA and ssRNA with a 5′-OH terminus (Figure S5B, lane 6), distinct 5′ exonuclease activity was
observed on 5′-phosphorylated ssDNA and ssRNA (Figure S5B, lane 8). These results suggested that
MjaRecJ2 may also function as a 5′ exonuclease especially on 5′-phosphorylated DNA.

Figure 5. Cont.
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Figure 5. Effect of terminal phosphate group on M. jannaschii RecJ activity. Two MjaRecJs (40 nM
RecJ1 or 50 nM RecJ2) were incubated with 200 nM 23 nt ssDNA or 12/16 nt ssRNA substrates in their
respective reaction buffer at 55 ◦C with increasing time. The substrates are labeled with fluorescence
group FAM at 5′ or 3′ end, and have 3′ or 5′ terminal phosphate groups. The degraded amount of
substrate was quantified at each time and listed at the bottom of the panel.

3.4. Preferred Substrate Length of MjaRecJs

The two MjaRecJs had different preferences for substrate length. MjaRecJ1 could hydrolyze all
length ssDNA (Figure 6A), and ssRNA ≥ 6nt (Figure 6B). MjaRecJ2 was preferable to shorter ssDNAs,
which were degraded with extremely low efficiency when longer than 23 nt (Figure 6C). Only ssRNAs
that are 12 or 16nt could be hydrolyzed, with a higher efficiency than ssDNA, by MjaRecJ2, and shorter
ssRNAs (4 and 6 nt) are degraded from the 3′ end with very lower efficiency.

Figure 6. Substrate length preferences of MjaRecJs. Two MjaRecJs (40 nM MjaRecJ1 or 50 nM MjaRecJ2)
were incubated with 200 nM 5′-FAM-labeled ssDNA or ssRNA with different lengths as substrates in
their respective reaction buffer at 55 ◦C for 20 min. The degraded amount of substrate was quantified
at each time and listed at the bottom of the panel.

3.5. Strand Preferences of MjaRecJs

Provided that the two MjaRecJs could efficiently hydrolyze ssDNA, double-stranded (ds) DNAs
with different single-stranded structures were used to observe MjaRecJs activity on these molecules.
Our results showed that ssDNA was the most favored substrate of two MjaRecJs (Figure 7). MjaRecJ1
hydrolyzed DNAs in the order of ssDNA > 5′ overhang > 5′ fork > 5′ blunt ≈ 5′ recess, and MjaRecJ2
followed the order of ssDNA > 3′ fork ≈ 3′ overhang >> 5′ blunt ≈ 5′ recess.
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Figure 7. Selectivity of two MjaRecJs on DNA secondary structure. Two MjaRecJs (40 nM MjaRecJ1
or 50 nM MjaRecJ2) were incubated with 200 nM DNA substrates at 55 ◦C for 0, 20, and 40 min in
their respective reaction buffer. DNA secondary structures are single-stranded, forked, overhanged,
recessed, and blunt. The degraded amount of substrate DNA was quantified at each time and listed at
the bottom of the panel.

3.6. No Interaction between MjaRecJs and MjaGINS

Considering that archaeal RecJ nuclease, TkoRecJ, forms a complex with the GINS [2,19,26],
we characterized the possible interaction between MjaRecJs and MjaGINS. Surprisingly, both MjaRecJs
did not form a complex with MjaGINS. However, the work on the RecJs from Thermoplasma acidophilum
showed that TacRecJ2 forms a complex with GINS, but TacRecJ1 not [31]. Our result on MjaRecJ1 is
consistent to that of TacRecJ1, but MjaRecJ2 showed the result contrary to TacRecJ2. The retention time
of the mixtures of MjaRecJ1 and GINS were similar to that of any of the two proteins alone, indicating a
lack of interaction between MjaRecJ1 and MjaGINS (Figure 8A). The mixtures of MjaRecJ2 and GINS did
not generate a peak that moved faster than that of any of alone protein (Figure 8A), indicating that there
was no interaction between MjaRecJ2 and MjaGINS. Another possibility is that MjaRecJ2 and GINS do
interact but the complex takes a changed conformation and with the similar elution time to those of
MjaRecJ2 or GINS. Surprisingly, MjaRecJ2 might exist in dimer based on its elution time (Figure 8A).
It is possible that the dimer of MjaRecJ2 hinders its interaction with MjaGINS, for example, the dimer
interface occupies the interaction surface for interacting with MjaGINS. Pulldown experiments using
the mixtures of MjaRecJ and MjaGINS also confirmed that both MjaRecJs did not form a complex
with MjaGINS (Figure 8B). However, the PfuRecJ forms a stable complex with PfuGINS (Figure S6A).
Pulldown experiments using the induced E. coli cells co-expressing the MjaRecJ and MjaGINS further
confirmed that no clear interaction existed between MjaRecJ and MjaGINS (Figure S6A). Since the
tagged proteins were used in the pulldown experiment, the tag might have a potential negative
effect on protein-protein interactions. Meanwhile, we also did a Microscale Thermophoresis (MST)
experiment, an analysis technology for protein interaction. Our MST experiments also confirmed that
the interaction does not exist between GINS and MajRecJs (Figure S6B). By checking the residues of
MjaRecJs and TkoRecJ, we observed that the residues interacting with GINS have changed largely in
MjaRecJ1, but they retained the most conservation in MjaRecJ2. T. kodakaraensis GINS51 promotes RecJ
nuclease activity via forming a complex [2,19]. Consistent to the interaction results, MjaGINS51 had
no promotion on the activities of two MjaRecJs (Figure S7), indirectly supporting the result that the
two MjaRecJs do not interact with MjaGINS.
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Figure 8. Methanocaldococcus jannaschii GINS does not interact with any of MjaRecJs. (A) Gel filtration
was used to characterize the existence of complexes between MjaGINS51 and MjaRecJ1 or MjaRecJ2.
Each peak was collected for protein identification by sodium dodecyl sulfate polyacrylamide gel
electropheresis (SDS-PAGE). (B) The pulldown experiments were used to characterize the interaction
between M. jannaschii GINS and RecJ1 or RecJ2. 6×Histine-Tag RecJs were co-purified with the
no His-Tag GINS using a Ni-NTA Resin. His-Tag MjaRecJ1 or MjaRecJ2 was mixed with MjaGINS
(His-Tag free) in a molecular ratio of 1:2. After binding and washing, and resins were eluted with buffer
containing 200 mM imidazole. Protein(s) in elutes were verified by 15% SDS-PAGE.

4. Discussion

4.1. Important Evolutionary Marker of Archaeal RecJ and Cdc45

Compared with bacterial RecJ, archaeal RecJ and hCdc45 possess a separate domain, namely
the MBD domain (Figure 1A), that locates between the motifs IV and V of the DHH domain and
participates in the interaction with MCM binding [13,19]. Although human Cdc45 and TkoGAN
exhibit the similar structural fold [13,19], when compared with archaeal RecJ, hCdc45 has an additional
sequence inserted between motifs III and IIIa of the DHH domain [17,19]. Perhaps, both mutations of
the conserved residues and insertion of two additional domains caused Cdc45 to evolve into a protein
that specifically binds ssDNA and prevents occasional slippage of the leading strand from the core
channel of the CMG complex [33], or interacts with other DNA replication proteins, such as Sld3 [34].
It is also possible that a nuclease activity is at the heart of the ancestral replisome [35].

The similarity of crystal structures and conserved motifs may aid in the elucidation of the
evolutionary origins of the RecJ/Cdc45 subfamily. It can be speculated that the ancestor of the
RecJ/Cdc45 protein might originally evolve into bacterial and archaeal RecJ branches. Then, the bacterial
RecJs had evolved into specific nucleases by adding the OB-fold domain. The archaeal RecJ branch,
except for functioning as a nuclease in archaea, also had evolved into Cdc45 by inserting another
domain between motifs III and IIIa. For archaea with two RecJs, the ancestor archaeal RecJ split into two
groups: 3′ and 5′ exonucleases. The RecJ phylogenetic tree showed that TkoRecJ and PfuRecJ belongs
to the archaeal RecJ2, but not RecJ1 the subfamily (Figure 1B). However, TkoRecJ and PfuRecJ have
a nuclease activity similar to MjaRecJ1, but not to MjaRecJ2. Since TacRecJ2 interact with GINS, it is
possible that the GINS-interaction characteristic makes PfuRecJ and TkoRecJ, which both interact with
GINS, are more similar to archaeal RecJ2.
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4.2. Hydrolysis Polarity of Archeal RecJs

The diversified hydrolysis polarity of archaeal RecJs might be universal in archaea. More than
one archaea species possesses two or more recJ genes. We selected three other species, Thermoplasma
acidophilum, Archeoglobus fulgidus, and Methanococcus voltae, to characterize the enzymatic activities of
their RecJ homologs. For T. acidophilum we confirmed the 5′ exonuclease of RecJ1 and the 3′ exonuclease
of RecJ2 [31]. The two RecJ1s from A. fulgidus and M. voltae were also 5′ exonuclease specific on ssDNA,
while we could not identify any nuclease activity of their RecJ2s.

Both TacRecJ1 and TkoRecJ demonstrated 5′→3′ exonuclease activity only on ssDNA [2,31].
PfuRecJ, a homologue with higher sequence similarity to TkoGAN, can also hydrolyze ssDNA and
ssRNA in the 5′→3′ and 3′→5′ direction [17], respectively. However, MjaRecJ1 hydrolyze both ssDNA
and ssRNA in the 5′→3′ direction. To understand the hydrolysis polarity and its evolution in the DHH
phosphodiesterase superfamily, the co-crystal structure of archaeal RecJ and ssDNA or ssRNA should
be determined to characterize their catalytic mechanism.

4.3. Function of MjaRecJs in Archaeal DNA Replication and Repair

Both euryarchaeal and crenarchaeal GINS form a stable complex with archaeal Cdc45 homologs
(RecJ in the former and RecJdbh in the latter) [2,19,25,36]. However, we did not confirm the interaction
between MjaGINS and its two RecJs. Since the two MjaRecJs did not form a complex with MjaGINS,
it suggests that the MjaRecJs do not participate in unwinding the chromosomal DNA during DNA
replication. In future more experiments should be conducted to confirm whether an in vitro or in vivo
interaction exists between MjaRecJs and GINS. On the other hand, the knockout of two recj genes in
archaea, which has genetic operation tools, should be done to confirm their functions in vivo based on
the corresponding phenotypes of mutants.

Similar to the Eukaryotic CMG complex, archaea also have a complex RecJ-MCM-GINS (RMG) [25].
Updates to the function of RMG are still unknown. In Crenarchaea, RMG possibly functions as
replicative DNA helicase [36]. The six-subunit complex of heterogenous GINS tetra-subunits and
RecJdbh (namely, GC complex in a ratio of 2:2:2) in Crenarchaea Sulfolobus is specifically located in
the replicative fork, indicating that the complex is essential for DNA replication [36]. However, the
euryarchaeal Haloferax volcanii did not require the recj gene for its normal growth [37]. Recent works on
T. kodakarensis also demonstrated that GAN could be deleted with no discernable effects on viability
and growth, indicating that it is not essential to the archaeal MCM replicative helicase [38].

Since MjaRecJ1 and MjaRecJ2 can complement the function of the deleted recj gene during DNA
recombination repair in E. coli [16], they also probably function in DNA repair processes, such as
recombination repair, similar to that in bacterial RecJ [39]. Considering the existence of several different
DNA resection pathways in prokaryotes [40,41], the two RecJs possibly undergo two-directional
resection during the recombination repair of dsDNA break in M. jannaschii. TkoGAN might participate
in primer removal during Okazaki fragment maturation cooperated with Fen1 and RNase HII. Failing
in deleting both Fen1 and GAN genes suggested that both enzymes catalyze primer removal in vivo
as a nuclease [38]. Similar to GAN, MjaRecJ1 might remove the RNA primer by its 5′-exonuclease on
the flapped RNA section of Okazaki fragment. Since MjaRecJ2 has more pronounced 3′ exonuclease
activity on ssRNA than on ssDNA; thus, it also may be responsible for degrading diverse abnormal
ssRNAs (such as fragmental RNAs), as observed for the nanoRNase of DHH phosphodiesterase
superfamily [5–7]. Therefore, more studies should be conducted to confirm the importance of recj and
gins genes in archaeal DNA replication and repair and to determine the functional diversity of archaeal
RecJ and GINS homologs, especially in archaea with two RecJs and only one GINS51 subunit.

In summary, on the basis of identification of nuclease activity by Rajman & Lovett [16], we have
further confirmed the reverse hydrolysis polarity of two MjaRecJs that are ideal models for investigating
the molecular mechanism to determine the hydrolysis direction using structural and biochemical
approaches. Meanwhile, the two MjaRecJs are also good models for studying the evolutionary pathway
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of archaeal RecJ and eukaryotic Cdc45 protein, and for elucidating the functions of RecJs in DNA
replication and repair.

Supplementary Materials: The following are available online at www.mdpi.com/2073-4425/8/9/211/s1.
Figure S1 Biochemical characterization of MjaRecJ1. Figure S2 Biochemical characterization of MjaRecJ2.
Figure S3 Thermostabilities of MjaRecJs. Figure S4 Hydrolysis polarity of two MjaRecJs confirmed by special
phosphothioate-modified substrates. Figure S5 Effect of terminal phosphate group on M. jannaschii RecJs activity.
Figure S6 Interaction identification of MjaRecJs and MjaGINS. Figure S7 Effect of MjaGINS on MjaRecJs activity.
Table S1 Oligonucleotides used in this research.
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Abstract: As one of the most common forms of oxidative DNA damage, 7,8-dihydro-8-oxo-2′-
deoxyguanosine (8-oxoG) generally leads to G:C to T:A mutagenesis. To study DNA replication
encountering 8-oxoG by the sole DNA polymerase (Gp90) of Pseudomonas aeruginosa phage PaP1, we
performed steady-state and pre-steady-state kinetic analyses of nucleotide incorporation opposite
8-oxoG by Gp90 D234A that lacks exonuclease activities on ssDNA and dsDNA substrates. Gp90
D234A could bypass 8-oxoG in an error-free manner, preferentially incorporate dCTP opposite 8-oxoG,
and yield similar misincorporation frequency to unmodified G. Gp90 D234A could extend beyond
C:8-oxoG or A:8-oxoG base pairs with the same efficiency. dCTP incorporation opposite G and
dCTP or dATP incorporation opposite 8-oxoG showed fast burst phases. The burst of incorporation
efficiency (kpol/Kd,dNTP) is decreased as dCTP:G > dCTP:8-oxoG > dATP:8-oxoG. The presence of
8-oxoG in DNA does not affect its binding to Gp90 D234A in a binary complex but it does affect it
in a ternary complex with dNTP and Mg2+, and dATP misincorporation opposite 8-oxoG further
weakens the binding of Gp90 D234A to DNA. This study reveals Gp90 D234A can bypass 8-oxoG in
an error-free manner, providing further understanding in DNA replication encountering oxidation
lesion for P.aeruginosa phage PaP1.

Keywords: P. aeruginosa phage PaP1; DNA polymerase; 8-oxoG; steady-state kinetics; pre-steady-state
kinetics; nucleotide incorporation

1. Introduction

Accurate synthesis of DNA is of great importance for genomic integrity in all forms of life. DNA
replication is generally performed by DNA polymerases with high fidelity. Accurate DNA replication is
under constant threat, which are formed within the genome [1]. DNA damage incurred by a multitude
of factors constitutes an unavoidable challenge for the replication machinery [2]. Reactive oxygen
species are a major source of DNA damage. One of the most common lesions induced by oxidative
stress is 7,8-dihydro-8-oxo-2′-deoxyguanosine (8-oxoG) [3], which is representative of nucleoside
damage and shows genotoxicity [4]. The deleterious effects of 8-oxoG on DNA replication can be
attributed to its dual-coding potential that leads to G:C to T:A transversions [5].

Lesion tolerance is achieved, in part, by special translesion synthesis (TLS) polymerases, which
are able to bypass lesions during DNA replication [6]. Compared with replicative DNA polymerases,
TLS polymerases have relatively larger active sites, allowing them to accommodate mismatched base
pairs and bulky DNA lesions at the cost of a lower fidelity [7,8]. Most DNA polymerase nucleotides
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incorporate opposite template 8-oxoG lesions with reduced efficiency and accuracy [9]. Error-free
DNA synthesis involves 8-oxoG adopting an anti-conformation to the base pair with cytosine, whereas
a mutagenic bypass involves 8-oxoG adopting a syn-conformation to the base pair with adenine [10].

Human DNA polymerase α, human DNA polymerase η, and Bacillus stearothermophilus DNA
Polymerase I are capable of bypassing 8-oxoG in a mostly error-free manner [11]. The sole Y-family
DNA polymerase Dpo4 in Sulfolobus solfataricus, can efficiently and reliably incorporate dCTP opposite
8-oxoG and extend from an 8-oxoG:C base pair with a mechanism similar to the bypass of undamaged
DNA [12]. In crystal structures, Arg-332 in Dpo4 stabilizes the anti-conformation of the 8-oxoG
template base, which results in increased efficiency for dCTP insertion and less favorable formation of
a Hoogsteen pair between 8-oxoG and dATP [13].

Human DNA polymerase ι is error-prone in 8-oxoG bypass with low fidelity [14]. Human DNA
polymerase β has similar efficiencies for dCTP and dATP insertion opposite 8-oxoG [15]. Human DNA
polymerase κ bypasses 8-oxoG in an error-prone manner by mainly inserting dATP. Crystal structures
of hPol κ ternary complex reveal nonproductive alignments of incoming nucleotides (dGTP or dATP)
with 8-oxoG. The interactions between the N-clasp and finger domains of hPol κ stabilize the syn
orientation of 8-oxoG that contributes to error-prone dATP incorporation. Mutation of Leu-508 into
lysine at the little finger domain of hPol κ modulates the insertion of dCTP opposite 8-oxoG, leading
to more accurate bypass [16].

Pseudomonas aeruginosa is difficult to treat because of drug resistance. PaP1, as a lytic phage of
P. aeruginosa, is a potential alternative to treat P. aeruginosa infections. Recently, our group has identified
that DNA polymerase (Gp90) in P. aerugiosa phage PaP1 is an A-family DNA polymerase containing
ssDNA and dsDNA exonuclease activities [17]. As the sole DNA polymerase in PaP1 [18], Gp90 has
a significant role in DNA synthesis in PaP1 propagation. Studies on DNA replication by Gp90 will
contribute to our understanding of PaP1 propagation in hosts infected with P. aeruginosa. As one of
the most common oxidation lesions, 8-oxoG may affect DNA replication by Gp90. We performed
steady-state and pre-steady-state kinetic analyses of nucleotide incorporation opposite, or beyond,
8-oxoG using Gp90 to understand how PaP1 bypasses 8-oxoG.

During nucleotide incorporation, the nucleotide binding step, conformational change, and
chemistry steps are three important elementary steps that directly determine the fidelity of 8-oxoG
bypass [19]. Steady-state kinetic analysis of nucleotide incorporation can provide information on enzyme
specificity and efficiency, but cannot determine these elementary steps. With the pre-steady-state kinetic
method, these elementary steps are directly examined in the first turnover, eliminating the effect of
the subsequent slow dissociation of polymerase from the DNA [20]. In this study, we performed
steady-state and pre-steady-state kinetic analyses of dNTP incorporation opposite, or beyond, 8-oxoG
and determined that Gp90 can ensure error-free bypass of 8-oxoG, indicating that PaP1 can tolerate
oxidation lesions during its propagation.

2. Materials and Methods

2.1. Materials

Mutagenesis was performed using a QuikChange site-directed mutagenesis kit (Stratagene,
La Jolla, CA, USA). Oligonucleotides were synthesized by Midland Certified Reagent Co (Midland, TX,
USA). All unlabeled dNTPs and T4 polynucleotide kinases were obtained from Amersham Bio-sciences
(Piscataway, NJ, USA). Ni-NTA mini-spin columns were purchased from GE Healthcare (Pittsburgh,
PA, USA). [γ-32P] ATP was obtained from PerkinElmer Life Sciences (Boston, MA, USA). Bio-spin
columns were obtained from Bio-Rad (Hercules, CA, USA). Phage PaP1 was propagated and extracted,
and its genomic DNA was extracted and purified as described previously [21,22]. Other commercially
available reagents were of the highest quality.
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2.2. Construction, Expression, and Purification of Gp90 Mutants

Glu-60, Asp-137 and Asp-234 were predicted as the potential exonuclease active residues of Gp90
by alignment of the sequences of Gp90, T7 DNA polymerase, and Escherichia coli polymerase I [17].
These residues in Gp90 were then mutated to alanine using a QuikChange site-directed mutagenesis
kit. Three Gp90 mutants (Gp90 E60A, Gp90 D234A, and Gp90 E60A D137A D234A) were prepared.
The primers used for mutagenesis were listed below:

E60A: sense, 5′-GTAGTAGCCGCCCACGGCGGTAACATTCTGGCGTTCTAC-3′;
antisense, 5′-GCC GTGGGCGGCTACTACGACACAGTGATGACTGTAGCT-3′.

D137A: sense, 5′-ATTAACTTCGCCCTTATGTCGATGAAGCTTGTGGAAGATATG-3′;
antisense, 5′-CGACATAAGGGCGAAGTTAATCATGTTGTGAGCCACTACGCG-3′.

D234A: sense, 5′-TGTATCTATGCCGTAAAGGCGAACACCGCTGTATGGCACTGG-3′;
antisense, 5′-CGCCTTTACGGCATAGATACAGTAGTAAAGCATATCGGCTGC-3′.

The DNA sequences were confirmed by sequence analysis prior to bacterial expression. Wild-type
and three mutants were expressed in E. coli A307 (DE3) cells, followed by purification through a
HisTrapTM FF column (5 mL; GE Healthcare) as described previously [17].

2.3. Examination of Exonuclease Activities of Gp90 Mutants

The ssDNA or dsDNA exonuclease activities were determined by mixing 10 nM each of DNA
polymerase with 20 nM 32P-labeled 27-mer ssDNA or 32P-labeled 27-mer/62-mer primer/template
dsDNA, respectively, in a buffer containing 40 mM Tris-HCl (pH 7.5), 30 mM Mg2+ and 10 mM DTT
at 37 ◦C. After 0.5, 1, 2, or 5 min, reactions were terminated with a quench solution containing 20 mM
EDTA, 95% formamide (v/v), bromphenol blue, and xylene cyanol. The samples were then separated
on a 20% polyacrylamide (w/v)/7 M urea gel. Products were visualized and quantified using a
phosphorimaging screen and Quantity OneTM software (Bio-Rad, Hercules, CA, USA) [23].

2.4. Primer Extension by Gp90 Mutants Using All Four dNTPs

A 32P-labeled 27-mer primer, annealed to 62-mer template oligonucleotide, was extended in the
presence of all four dNTPs in a buffer containing 40 mM Tris-HCl (pH 7.5), 30 mM Mg2+, 10 mM
DTT, and 50 mM potassium glutamate at 37 ◦C. The reactions were initiated by mixing 20 nM DNA
substrates with 10 nM Gp90 or Gp90 mutants and 350 μM each of dNTP for 0.5, 1, 2, or 5 min. Reactions
were terminated by a quench solution containing 20 mM EDTA, 95% formamide (v/v), bromphenol
blue, and xylene cyanol. The samples were then separated on a 20% polyacrylamide (w/v)/7 M urea
gel. Products were visualized and quantified using a phosphorimaging screen and Quantity OneTM

software. Primer extension beyond 8-oxoG were performed similarly by mixing 20 nM DNA substrates
containing 8-oxoG with 10 nM Gp90 or Gp90 D234A and 350 μM each of dNTP and reacted for 0.5, 1,
2, or 5 min.

2.5. Steady-State Kinetics Analysis of Single-Base Incorporation and Next-Base Extension

Steady-state kinetic analysis of single-base incorporation and next-base extension by Gp90 D234A
were performed using 32P-labeled 27-mer/62-mer and 32P-labeled 28-mer/62-mer dsDNA substrates,
respectively (Table 1). The molar ratio of Gp90 D234A to DNA substrate was <0.10. The concentration
of Gp90 D234A and reaction time were adjusted to control the extension of the primer <0.2 [24].
All reactions were performed in buffer containing 40 mM Tris-HCl (pH 7.5), 30 mM Mg2+, 10 mM DTT,
and 50 mM potassium glutamate. Reactions products were analyzed by gel electrophoresis, visualized
using phosphorimaging and quantified by Quantity OneTM software. Graphs of product formation
rates versus dNTP concentrations were fit by nonlinear regression (hyperbolic fits) using GraphPad
Prism Version 6.0 (San Diego, CA, USA) to determine kcat and Km values [25]. The misincorporation
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frequencies were calculated by dividing the misincorporation efficiency (kcat/Km) of incorrect dNTP
by that of the correct dCTP.

Table 1. Oligodeoxynucleotieds used in this study.

27-mer 5′-GCTACAGAGTTATGGTGACGATACGTC-3′

28C-mer 5′-GCTACAGAGTTATGGTGACGATACGTCC-3′
28A-mer 5′-GCTACAGAGTTATGGTGACGATACGTCA-3′
30-mer 5′-TTTGCTACAGAGTTATGGTGACGATACGTCdd-3′
62-mer 3′-CGATGTCTCAATACCACTGCTATGCAGG*CTATCTCGCCTAATGATATGATGTAATCTTAAGT-5′

G*: G or 8-oxoG.

2.6. Pre-Steady-State Kinetic Analysis

Rapid chemical quench experiments were performed using a model RQF-3 KinTek Quench
Flow Apparatus (KinTek Corp, Austin, TX, USA) with 50 mM Tris-HCl (pH 7.5) buffer in the
drive syringes [26]. Reactions were initiated by rapidly mixing 240 nM 32P-labeled 27-mer/62-mer
primer/template dsDNA substrate and 160 nM Gp90 D234A mixtures with an equal volume of
2 mM dNTP and 60 mM Mg2+ complex, incubated for a varied time (0.005–60 s) at 37 ◦C, and then
quenched with 0.6 M EDTA. Substrate and product DNA were separated by electrophoresis on a 20%
polyacrylamide (w/v)/7 M urea gel. The products were then visualized using phosphorimaging
and quantified using Quantity OneTM software. The product and time were fit to Equation (1),
corresponding dNTP incorporation in the first binding phase and the subsequent steady-state phase:

y = A (1 − ekp t) + kss t (1)

where A is the amount of active complex formed in the first binding phase, nM; kp is the dNTP
incorporation rate in the first binding phase, s−1; kss is the rate of steady-state dNTP incorporation,
s−1; and t is time, s−1.

Nucleotide incorporation rates in the first binding phase could also be determined by rapidly
mixing 400 nM Gp90 D234A and 200 nM DNA with an equal volume of different concentrations of
dNTP and 60 mM Mg2+, and incubated for a varied time. The product amount and time were fit to
Equation (2), corresponding dNTP incorporation only in the first binding phase:

y = A (1 − e−kobs t) (2)

where A is the amount of active complex formed in the first binding phase, nM; kobs is the dNTP
incorporation rate in the first binding phase (burst rate), s−1; and t is time, s−1.

Burst rates (kobs) and concentrations of dNTP were fit to hyperbolic Equation (3) to obtain kpol
and Kd,dNTP values:

kobs= kpol [dNTP]/([dNTP]+ Kd,dNTP) (3)

where kpol is the maximal rate of dNTP incorporation, s−1; and Kd,dNTP is the equilibrium dissociation
constant for dNTP in the burst phase, μM [27].

2.7. Biophysical Binding of Gp90 D234A to DNA Containing G or 8-oxoG

Surface plasmon resonance analysis was performed by using a Biacore-3000 instrument
(Biacore, Uppsala, Sweden) [22]. An annealed DNA (600 RU) consisting of a primer
(5′-Biotin-TTTGCTACAGAGTTATGGTGACGATACGTCdd-3′) and a template (5′-TGAATTCTAAT
GTAGTATAGTAATCCGCTCTATCGGACGTATCGTCACCATAACTCTGTAGC-3′) was coupled to
a streptavidin (SA) chip. The Cdd (double deoxycytosine) at the 3′-end of primercan stop DNA
polymerization. A varying concentration of Gp90 or Gp90 D234A (20–600 nM) was flowed over the
chip in a buffer containing 40 mM Tris-HCl (pH 7.5), 10 mM DTT, and 50 mM potassium glutamate at
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a flow rate of 10 μL/min at room temperature. In a control flow cell, biotin was used instead of the
biotinylated DNA to compensate for background. The chip surface was regenerated by injection of
1 M NaCl solution at a flow rate of 100 μL/min. The binding signal was fitted to Equation (4)
using a steady-state model provided by BIA evaluation 3.0.2 computational software (Biacore).
The dissociation constants Kd were calculated using the steady-state average RU.

Y = B × RUmax/(B + Kd) (4)

where Y is the response signal corresponding to the binding, RU; B is the concentration of protein, nM;
RUmax is the maximal binding amount, RU; and Kd is the dissociation constant, nM. All experiments
were carried out three times, and standard errors were derived using Prism 6.0 software.

The similar binding assays were also performed in the presence of 30 mM MgCl2 and 1 mM
dCTP or dATP. In the presence of Mg2+ and dNTP, the active site of DNA polymerase would locate
at the 3′-end of primer where dNTP is paired or mispaired opposite G or 8-oxoG in the template
strand. The binding affinities of the polymerase to DNA were determined by the same methods as
described above.

3. Results

3.1. Examination of Exonuclease and Polymerase Activities of Gp90 Mutants

Glu-60, Asp-137, and Asp-234 were predicted as the potential exonuclease active residues of Gp90
by alignment of the sequences of Gp90, T7 DNA polymerase and E. coli polymerase I [17]. SsDNA
exonuclease activities of Gp90 and its three mutants were tested using a 32P-labeled 27-mer ssDNA
(Figure 1A). With increasing the reaction time, short ssDNA products were gradually produced by
Gp90 and Gp90 E60A, demonstrating 3′–5′ ssDNA exonuclease activity. SsDNA exonuclease activity of
Gp90 E60A was partially decreased compared with Gp90. Gp90 D234A and Gp90 E60A D137A D234A
showed no obvious degraded ssDNA products, indicating that their ssDNA exonuclease activities
have been eliminated.

Figure 1. (A) ssDNA exonuclease assays. ssDNA exonuclease activities of Gp90 mutants were
examined by mixing 10 nM each of DNA polymerase with 20 nM 32P-labeled 27-mer ssDNA in
a buffer containing 40 mM Tris-HCl (pH 7.5), 30 mM Mg2+, and 10 mM DTT at 37 ◦C for 0.5, 1, 2, or
5 min. (B) dsDNA exonuclease assays. dsDNA exonuclease activities of Gp90 mutants were examined
as described above, except for using 32P-labeled 27-mer/62-mer dsDNA substrate. (C) Polymerase
activity assays. Polymerase activities of Gp90 mutants were examined by mixing 10 nM polymerase
with 20 nM 32P-labeled 27-mer/62-mer dsDNA substrate and 350 μM each of dNTP in the same
reaction buffer for 0.5, 1, 2, or 5 min. Representative data from multiple experiments are shown.

DsDNA exonuclease activities were examined using 32P-labeled 27-mer/62-mer primer/template
dsDNA substrate (Figure 1B). Compared with wild-type Gp90, Gp90 E60A exhibited partial dsDNA
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exonuclease activity. Short degraded products were gradually produced, demonstrating 3′–5′ dsDNA
exonuclease activities. Gp90 D234A and Gp90 E60A D137A D234A were deficient in dsDNA
exonuclease activity. Polymerase activities of Gp90 and its three mutants were also examined by
full-length extension of a 32P-labeled 27-mer/62-mer dsDNA substrate in the presence of all four
dNTPs. The 27-mer primer was readily extended to 62-mer by Gp90 and Gp90 D234A (Figure 1C). Gp90
E60A showed partial polymerase activity and Gp90 E60A D137A D234A almost lost its polymerase
activity. Therefore, mutation of Asp-234 to Ala can efficiently abolish exonuclease activity, but can
almost retain the polymerase activity. Gp90 D234A was then used asexonuclease-deficient in this work.

3.2. Primer Extension beyond 8-oxoG by Gp90 D234A Using All Four dNTPs

Gp90 D234A readily extended 27-mer primer to 62-mer on unmodified template G (Figure 2).
No intermediate product bands were observed, similar to previous results that Gp90 was a highly
processive DNA polymerase [17]. The extension beyond 8-oxoG was partially inhibited, as evidenced
by the presence of more unextended primer and less full-length extended products. Some 28-mer and
29-mer products were also observed for 8-oxoG. Therefore, the presence of 8-oxoG in the template
partially inhibited DNA polymerization.

Figure 2. Extension of 32P-labeled primer beyond 8-oxoG by Gp90 D234A in the presence of all
four dNTPs. Extension assays were performed by mixing 10 nM Gp90 D234A, 20 nM 32P-labeled
27-mer/62-mer dsDNA substrate, and 350 μM each of dNTP in a reaction buffer as described in
Materials and Methods. Representative data from multiple experiments are shown.

3.3. Steady-State Kinetic Analysis of Single-Base Incorporation Opposite G or 8-oxoG by Gp90 D234A

The steady-state kinetic parameters (i.e., kcat and Km) for each single dNTP incorporation opposite
G or 8-oxoG by Gp90 D234A were measured (Table 2). dCTP was preferentially incorporated opposite
G and the misincorporation frequencies of other dNTPs were in the range of 10−4 to 10−5. In detail, the
kcat values of all four dNTPs were similar, but the Km values of three incorrect dNTPs were significantly
increased compared with that of dCTP. For 8-oxoG, dCTP was still highly preferentially incorporated
and the misincorporation frequencies of other dNTPs were in the range of 10−4 to 10−5. Notably, all of
incorporation efficiencies opposite 8-oxoG were significantly reduced compared with those opposite G.
The efficiency of dCTP incorporation opposite 8-oxoG was reduced by 700-fold compared with that of
dCTP opposite G because of the increased Km value, but unchanged kcat value. dNTP misincorporation
opposite 8-oxoG generally resulted in higher Km and lower kcat values compared with that of dCTP
incorporation opposite 8-oxoG.
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Table 2. Steady-state kinetic analysis of single-base incorporation by Gp90 D234A.

Template Base dNTP Km,dNTP μM kcat, ×10−3min−1 kcat/Km, μM−1min−1 Misincorporation
Frequency

G

C (1.3 ± 0.1) × 10−3 840 ± 10 650
A 12 ± 1 750 ± 50 0.06 9.3 × 10−5

G 7.7 ± 0.5 800 ± 10 0.10 1.5 × 10−4

T 4.2 ± 0.5 430 ± 8 0.10 1.5 × 10−4

8-oxoG

C 2.9 ± 0.1 850 ± 10 0.85
A 300 ± 36 190 ± 8 6.1 × 10−4 7.2 × 10−4

G 73 ± 9 0.15 ± 0.01 2.1 × 10−6 2.5 × 10−4

T 120 ± 9 0.25 ± 0.01 8.3 × 10−6 1.0 × 10−5

3.4. Steady-State Kinetic Analysis of Next-Base Extension beyond G or 8-oxoG by Gp90 D234A

Th steady-state kinetic parameters (i.e., kcat and Km) for the next-base extension beyond G or
8-oxoG by Gp90 D234A (Table 3) were measured. The C or A at the 3′-end of primer was paired or
mispaired with template G or 8-oxoG, respectively (Table 1). dGTP was incorporated opposite the next
template base C. The incorporation efficiency was approximately 10-fold higher in extension beyond
C:G (primer:template) than A:G because of the higher kcat, but unchanged Km values. For template
8-oxoG, both C:8-oxoG and A:8-oxoG base pairs were similarly extended by Gp90 D234A, but the
efficiencies were reduced 490-fold compared with the extension beyond the C:G base pair because of
the increased Km values. Gp90 D234A preferentially extended the C:G base pair rather than the A:G
mispair, but extended beyond C:8-oxoG or A:8-oxoG base pairs with the same efficiency.

Table 3. Steady-state kinetic parameters for next-base extension by Gp90 D234A.

Template Base Primer X Km,dGTP μM kcat, ×10−2min−1 kcat/Km, μM−1min−1 Efficiency
relative to G:C

G
C 0.05 ± 0.01 49 ± 1 9.8 1
A 0.04 ± 0.01 5 ± 0.2 1.3 8-fold less
T 0.05 ± 0.01 1 ± 0.1 0.2 49-fold less

8-oxoG
C 20 ± 2 40 ± 1 2.0 × 10−2 490-fold less
A 20 ± 2 46 ± 1 2.3 × 10−2 490-fold less

3.5. Pre-Steady-State Kinetic Analysis of Single dNTP Incorporation by Gp90 D234A

Generally, incorporation of a correct dNTP by most DNA polymerases shows a biphasic character
(burst phase and linear steady-state phase) [23]. In the burst phase, dNTP is quickly incorporated
opposite the template base during the first binding of polymerase to DNA (the first turnover); in the
linear steady-state phase, polymerase is dissociated from DNA, then binds to DNA and incorporates
dNTP, all of which are limited by the slow dissociation of polymerase from DNA. The presence of
biphasic shapes indicates that dNTP incorporation is much faster than the subsequent dissociation of
polymerase from DNA.

Excess molar concentration of DNA, compared with polymerase, was used to determine the
rates of dNTP incorporation opposite G or 8-oxoG by Gp90 D234A in burst and linear steady-state
phases [19]. Among four dNTPs, dCTP was preferentially incorporated opposite G and showed
a fast burst phase, indicating that dCTP incorporation was faster than the dissociation of Gp90
D234A from DNA (Figure 3A). For dCTP, dATP, or dTTP incorporation opposite G, the product and
reaction time exhibited a linear steady-state phase, without a fast burst phase. dCTP or dATP was
preferentially incorporated opposite 8-oxoG and exhibited a fast burst phase (Figure 3B). dGTP or
dTTP incorporations opposite 8-oxoG showed a linear steady-state phase. Therefore, dCTP or dATP
incorporation opposite 8-oxoG was faster than the dissociation of Gp90 D234A from DNA and dTTP
or dGTP incorporation opposite 8-oxoG.
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Figure 3. Pre-steady-state kinetic analysis of nucleotide incorporation by Gp90 D234A. Gp90 D234A
(80 nM) was incubated with 100 nM 32P-labeled 27-mer/62-mer primer/template containing G (A) or
8-oxoG (B), 1 mM each individual dNTP, and 30 mM Mg2+ in a RQF-3 KinTek quench flow apparatus
as described in Materials and Methods. Representative data from multiple experiments are shown.

dCTP incorporation opposite G and dCTP or dATP incorporation opposite 8-oxoG exhibited
fast burst phases. Moreover, the maximal rates of nucleotide incorporation (kpol) and the apparent
dissociation constants of dNTP from the Gp90-DNA-dNTP ternary complex (Kd,dNTP) were estimated
by fitting the burst rates against dNTP concentrations to Equation (3) (Figure 4). kpol of dCTP
incorporation opposite G was 46 s−1 and Kd,dCTP was 6 μM. For dCTP incorporation opposite 8-oxoG,
kpol was decreased by three-fold, Kd,dCTP was increased by 20-fold, and total efficiency (kpol/Kd,dCTP)
was reduced by 59-fold compared with dCTP incorporation opposite G. The efficiency of dATP
incorporation opposite 8-oxoG was further reduced by 188-fold compared with dCTP incorporation
opposite 8-oxoG mainly because of the 115-fold reduction in kpol.

Figure 4. Pre-steady-state incorporation of a single dNTP opposite G or 8-oxoG by Gp90 D234A. Gp90
D234A (200 nM) incubated with 100 nM 32P-labeled 27-mer/62-mer primer/template complexes was
fast mixed with varying concentrations of dCTP to initiate reactions in a rapid quench-flow instrument.
Plots of product concentrations versus time were fit to a single exponential equation to obtain kobs

at every dCTP concentration. Then, plots of burst rates (kobs) versus dCTP concentrations were fit
to a hyperbolic equation to obtain kpol and Kd values. A and D, incorporation of dCTP opposite G.
B, and E, incorporation of dCTP opposite 8-oxoG. C and F, incorporations of dATP opposite 8-oxoG.
Representative data from multiple experiments are shown.
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3.6. Binding of Gp90 D234A to the PrimerTemplate Containing 8-oxoG

The dissociation constants (Kd,DNA) between DNA and DNA polymerase were determined by
surface plasmon resonance to determine whether 8-oxoG affects the binding affinity of Gp90 D234A
to DNA [28]. DNA containing G or 8-oxoG (300 RU) was immobilized on the SA chip and different
concentrations of polymerase were flowed over the chip to measure the binding of polymerase to
DNA. Kd,DNA was obtained by fitting the observed response signals against protein concentrations
to Equation (4) using the steady-state model. In the absence of dNTP and Mg2+, DNA polymerase
randomly bound to DNA to form a binary complex. The binding of polymerase to DNA containing G
or 8-oxoG exhibited a similar Kd of 108 and 116 nM, respectively (Figure 5), indicating that 8-oxoG
does not affect the binding affinity of Gp90 D234A to DNA.

Figure 5. Biophysical binding of Gp90 D234A to DNA containing G or 8-oxoG in the absence of Mg2+

and dCTP. (A,B) Sensorgrams for binding of Gp90 D234A (20-600 nM) to DNA immobilized on the
SA chip (300 RU) in buffer containing 40 mM Tris-HCl (pH 7.5), 10 mM DTT, and 50 mM potassium
glutamate. (C,D) The binding affinities of Gp90 D234A to DNA were determined using the steady-state
average response at each concentration of Gp90 D234A. The solid lines represent the theoretical curve
calculated from the steady-state fit model (Biacore). Representative data from multiple experiments
are shown.

In the presence of dNTP and Mg2+, DNA polymerase, DNA, and dNTP formed a ternary complex,
in which polymerase was preferentially positioned at the 3′-end of the primer strand. The Kd,DNA
values were significantly reduced compared with those without dNTP and Mg2+ (Figure 6). Therefore,
the presence of dNTP and Mg2+ stabilized the binding of polymerase to DNA. Notably, Kd,DNA of
8-oxoG complex (34 nM) was three-fold higher than that of the G complex (11 nM) in the presence
of dCTP and Mg2+, indicating that 8-oxoG in the template reduced the binding of Gp90 to DNA by
three-fold. In the presence of dATP and Mg2+, Kd,DNA of 8-oxoG complex was further increased to
45 nM, showing that the presence of incorrect dATP further reduces the binding affinity of Gp90 D234A
to DNA.
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Figure 6. Biophysical binding of Gp90 D234A to DNA containing G or 8-oxoG in the presence of
Mg2+ and dNTP. Scheme for measuring the interaction of Gp90 D234A with DNA that was prepared
and immobilized onto the SA chip (300 RU). (A–C) Sensorgrams for the binding of Gp90 D234A
(20–600 nM) to DNA immobilized on the SA chip (300 RU) in the presence of dCTP or dATP and
Mg2+ in a buffer containing 40 mM Tris-HCl (pH 7.5), 10 mM DTT, and 50 mM potassium glutamate.
(D–F) The binding affinities of Gp90 D234A to DNA were determined using the steady-state average
response at each concentration of Gp90 D234A. The solid lines represent the theoretical curve calculated
from the steady-state fit model (Biacore). Representative data from multiple experiments are shown.

4. Discussion

Gp90 is the sole DNA polymerase responsible for DNA replication in PaP1 [18]. The exonuclease
activity of Gp90 should be eliminated to analyze 8-oxoG bypass by Gp90 kinetically. In our previous
results, Glu-60, Asp-137, and Asp-234 were predicted as the exonuclease active residues of Gp90 [29].
Gp90 D234A, in which Asp-234 was replaced with Ala, can efficiently abolish the ssDNA and dsDNA
exonuclease activities while maintaining its polymerase activity (Figure 1). Thus, Asp-234 should be a
crucial residue for exonuclease activity. This residue corresponds to Asp-501 in E. coli DNA polymerase
I and Asp-174 in T7 DNA polymerase based on sequence alignment analysis. Furthermore, Gp90
D234A was used as exonuclease-deficient DNA polymerase for kinetic analysis in this work.

Steady-state kinetic analysis dNTP incorporation opposite G or 8-oxoG provides information
on the efficiency and accuracy of DNA replication [30]. Among four dNTPs, dCTP is preferentially
incorporated opposite either G or 8-oxoG, yielding misincorporation frequencies of 10−4 to 10−5

for G and 8-oxoG (Table 2). Gp90 D234A can accurately bypass 8-oxoG without obvious dATP
misincorporation. However, the incorporation efficiencies opposite 8-oxoG are significantly reduced.
These results further confirm that 8-oxoG partially inhibits primer extension compared with G in the
presence of four dNTPs.

Similar to Gp90 D234A, S. solfataricus DNA polymerase Dpo4 [12] and human DNA polymerase
η [2] can also accurately bypass 8-oxoG without obvious dATP misincorporation, although the
incorporation efficiencies are partially reduced. By contrast, T7 DNA polymerase [31], yeast DNA
polymerase ηcore [24], human DNA polymerase ι [32] and human DNA polymerase β [15] lead to
dCTP incorporation and obvious dATP misincorporation. Notably, human DNA polymerase κ [16]
preferentially incorporates dATP opposite 8-oxoG and leads to G:C to T:A conversion.

Misincorporations opposite G inhibit next-base incorporation; whereas misincorporations
opposite 8-oxoG do not affect next-base incorporation (Table 3). Gp90 D234A preferentially extends the
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C:G base pair rather than the A:G mispair but shows the same priority in extension beyond C:8-oxoG
or A:8-oxoG.

For most DNA polymerases, incorporation of a correct dNTP shows a biphasic character; whereas
misincorporation shows only a linear steady-state phase. Unexpectedly, dCTP or dATP incorporation
opposite 8-oxoG by Gp90 D234A shows a biphasic character (Figure 3), although dATP incorporation
efficiency (kpol/Kd,dATP) is lower than that of dCTP. Similarly, human Y-family DNA polymerase κ also
shows a fast burst phase for dATP incorporation opposite 8-oxoG [16]. T7 DNA polymerase exhibits
a similar burst rate for dCTP or dATP incorporation opposite 8-oxoG [31]. However, for most DNA
polymerases, dATP misincorporation opposite 8-oxoG shows only a linear steady-state phase without
a fast burst phase [9].

The physical binding of Gp90 D234A to DNA containing G or 8-oxoG was measured. In the
absence of dNTP or Mg2+, Gp90 D234A randomly binds to DNA to form a binary complex. The similar
Kd,DNA values (Figure 5) show that 8-oxoG in the template does not affect the binding of Gp90 D234A
to DNA. In the presence of dNTP and Mg2+, DNA polymerase is prone to bind at the 3′-end of
the primer strand and form a ternary complex [22]. The lower Kd,DNA values of ternary complexes
compared with binary complexes indicate that the presence of dNTP and Mg2+ stabilizes the binding
of polymerase to DNA for G and 8-oxoG. Notably, the Kd,DNA value of 8-oxoG ternary complex was
three-fold higher than that of G ternary complex in the presence of dCTP and Mg2+, indicating that
8-oxoG in the template reduces the binding of Gp90 D234A to DNA (Figure 6). In the presence of
dATP and Mg2+, the misincorporation further weakens the binding affinity of Gp90 D234A to DNA.

Since the crystal structures of PaP1 DNA polymerase in complex with DNA containing 8-oxoG
are not available, crystal structures of other DNA polymerases may provide insight in how Gp90
bypasses 8-oxoG. S. solfataricus DNA polymerase Dpo4 catalyzes 8-oxoG bypass efficiently and
accurately. Crystal structures reveal the potential role of Arg332 in stabilizing the anti-conformation
of 8-oxoG through the hydrogen bond or ion-dipole pair, which results in an increased enzymatic
efficiency for dCTP insertion and a less favorable formation of a Hoogsteen pair between 8-oxoG
and dATP [13]. DNA polymerase κ can bypass 8-oxoG in an error-prone manner by mainly inserting
dATP. dATP:8-oxoG insertion events are two-fold more efficient than dCTP:G insertion events. Crystal
structures of a complex of human Pol κ and DNA containing 8-oxoG show that the N-terminal
extension of Pol κ stabilizes its little finger domain that surrounds the Hoogsteen base pair of 8-oxoG
and incoming dATP, explaining the increase in efficiency for dATP incorporation opposite 8-oxoG [16].

5. Conclusions

In this work, we investigated the steady-state and pre-steady-state kinetics of nucleotide
incorporation opposite G or 8-oxoG using Gp90 D234A, which has eliminated the ssDNA and dsDNA
exonuclease activities. Among four dNTPs, dCTP was preferentially incorporated opposite G or
8-oxoG, exhibiting similar misincorporation frequencies of 10−4 to 10−5. Misincorporation opposite
G inhibits its subsequent extension, whereas misincorporation opposite 8-oxoG does not inhibit its
subsequent extension. dCTP incorporation opposite G and dCTP or dATP incorporation opposite
8-oxoG show a fast burst phase, indicating that the incorporation step is faster than the subsequent
dissociation of polymerase from DNA. The burst incorporation efficiency is decreased in the following
order: dCTP:G > dCTP:8-oxoG > dATP:8-oxoG. 8-oxoG in the template does not affect the binding
of Gp90 D234A to DNA in the binary complex, in contrast to that in the ternary complex in the
presence of dCTP and Mg2+. dATP misincorporation opposite 8-oxoG further weakens the binding
affinity of Gp90 D234A to DNA. This study reveals that Gp90 D234A can ensure error-free bypass of
8-oxoG, providing an understanding of the DNA replication while encountering oxidation lesions for
P. aeruginosa phage PaP1.
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The authors wish to make the following correction to their paper [1]. The title of the paper should
be corrected to “Error-Free Bypass of 7,8-dihydro-8-oxo-2′-deoxyguanosine by DNA Polymerase of
Pseudomonas aeruginosa Phage PaP1”. Additionally, the affiliation 1 should be corrected to “College of
Pharmacy and Bioengineering, Chongqing University of Technology, No. 69 Hongguang Street,
Banan District, Chongqing 400054, China”. The authors would like to apologize for any inconvenience
caused. The change does not affect the scientific results. The manuscript will be updated and the
original will remain online on the article webpage.
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