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Preface

The publication of this volume marks the reintroduction of the Recent Advances
in Phytochemistry (RAP) series, an annual journal supported by the Phytochemical
Society of North America. In the past, RAP was a proceedings book representing
the focus of the PSNA annual meeting, and production of the annual RAP volume
was largely the responsibility of an editor in chief with the assistance of the local
organizing committee of the annual Society meeting. Recent years have brought
significant changes to biological science in general and phytochemically related
fields in particular. As a result, the annual meetings of the PSNA are no longer
centered on a single theme, but rather represent the most interesting advances and
newest technologies developed by the membership of the Society in the broadest
sense. The meetings are now organized to be of interest to all members of the
Society, whether they study the biosynthesis of natural products or regulation of
metabolism, the ecology of specialized metabolites or the evolution of their path-
ways, or the effects of natural products or plants on human health, or whether they
are involved with genomics, proteomics, metabolomics, natural product structural
determination or new technology development, medicinal chemistry or metabolic
engineering, or any of the myriad of fields that are now closely associated with what
may be called “traditional phytochemistry” and plant biochemistry. The advent of
post-genomics-based ways of thinking, of systems biology, of synthetic biology,
of comparative genomics/proteomics/transcriptomics/metabolomics, and especially
of the introduction and establishment of a mentality that leads to support of large
collaborative projects, has opened up many new doors to scientists interested and
versed in the (bio)chemistry of plants. In response to these changes, an Editorial
Board was established to oversee the reintroduction and future production of the
RAP series.

With the reintroduction of the RAP series, the Editorial Board decided to include
two main types of articles in the journal format: Perspectives and Communications.
Perspectives in RAP are expected to synthesize results from the primary litera-
ture and perhaps from new/novel results and place these in perspective relative
to the broader field. These articles may be similar to review articles, but also are
intended to present important ideas and hypotheses, and may present proposals for
interesting directions in the field. It is the hope of the Editorial Board that these
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vi Preface

articles will be of great value to a large audience. Communications are intended
to represent new advances in the field that will be of interest to a large audience.
Articles of both types are typically solicited from the Society membership based
on the content of the annual meeting talks, but in keeping with the title “Recent
Advances in Phytochemistry,” the editorial board reserves the right to solicit addi-
tional Perspectives and/or Communications from non-attendees as well (e.g., where
an editorial board member has knowledge of an interesting recent advancement that
would be of general interest to the society membership).

All submissions to RAP go through a rigorous peer review process, overseen
by the Editorial Board, which includes external review. Starting this year, all RAP
papers will be published electronically on SpringerLink.com with Springer journals
as well as in book format.

This marks a significant change from past volumes of RAP, and it is the hope of
the Editorial Board that this will lead to broader dissemination of the contents of
and greater interest in RAP.

This 41st volume of RAP includes a total of 12 articles, all based on talks
presented at the 49th annual meeting of the PSNA. These eight Perspectives and
four Communications give a very good picture of the state of plant (bio)chemistry
research in North America, which is also indicative of the state of the field world-
wide. Each of these articles describes the integration of several different approaches
to ask and then answer interesting questions regarding the function of interesting
plant metabolites, either in the plant itself or in interactions with the environment
(natural setting or human health application).

The first three Perspectives have a strong ecological focus. Tholl and Lee
describe how volatiles such as homoterpenes are involved in ecological interactions
between plants such as Arabidopsis thaliana, their herbivores and their parasites,
such as by attracting parasitic wasps and mites in tritrophic interactions. Pedras
outlines how natural products mediate molecular interactions between crucifers
(Brassicaceae) with their pathogenic fungi, and how specific compounds are utilized
by specific fungi in these interactions. Bernards et al. describe how complex metabo-
lites such as the ginsenosides, a class of triterpenoid saponins, act to deter attack by
non-pathogens but are potentially utilized by some pathogens as host recognition
factors.

The next three Perspectives focus more on the biosynthesis of specific classes of
natural products, although the roles of these compounds in their respective plants
are also delineated. Umezawa et al. explain the importance of control of enantios-
electivity in the biosynthesis of large numbers of specialized metabolites derived
from the lignan, neolignan, and norlignan pathways. Guzman et al. describe recent
advances in our understanding of color (e.g., carotenoid, flavonoid, chlorophyll),
heat (capsaicinoid), and flavor (terpenoid, aldehyde) production in peppers. Owens
and McIntosh outline what is known about flavonoid production in Citrus species,
especially regarding the role that glycosylation plays in production of these com-
pounds in these species, and make a strong case that future work on glycosyl
transferases will be an important springboard for any efforts to alter flavonoid
metabolism in these plants.
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The Perspectives by Maschek et al. and by Stevens and Reed are more appli-
cation oriented. Maschek et al. describe efforts to identify antiviral compounds
from Antarctic red algae, and outline progress and challenges in following up
on strong leads when very active compounds appear to be present at low levels.
Stevens and Reed outline development and optimization of a fermentation procedure
that resulted in efficient production of glucolimnanthin-derived isothiocyanate and
nitrile natural herbicides from Meadowfoam (Limnanthes alba) seed meal, and they
describe analytical methods used to characterize these compounds from complex
sample extracts.

Four Communications are also included in this volume. McIntyre et al. describe
how variation in ginsenoside content in Ontario-grown North American ginseng
(Panax quinquefolius) is correlated with anti-glycation and antioxidant activities
and propose that identifying variation in ginsenoside profiles is important for quality
control and landrace development of ginseng. Kovinich et al. provide a perspective
on anthocyanin biosynthesis in black soybean and potential strategies for engineer-
ing seed colors in light of substantial equivalence. Sharma et al. outline an efficient
method to extract and fractionate proanthocyanidins from grape seed that can be
achieved on a scale suitable for generation of sufficent material for bioactivity assays
and animal feeding studies. Finally, Luu et al. describe how ginsenosides in gin-
seng extracts inhibit CYP3A4 but not CYP2C9 in vitro, suggesting that CYP3A4
inhibition by ginsenosides warrants further study in a clinical setting.

We hope that you will find these Perspectives and Communications to be interest-
ing, informative, and timely. It is our goal that RAP will act not only as the voice of
the PSNA, but that it will serve as an authoritative, up-to-date resource that helps to
set the gold standard for thought and research in fields related to plant biochemistry.

We welcome suggestions for future articles and comments on the new format.

The RAP Editorial Board

Pullman, WA David R. Gang
London, ON Mark A. Bernards
Pullman, WA Laurence B. Davin
Vancouver, BC Reinhard Jetter
Peoria, IL Susan McCormick
Tampa, FL John T. Romeo
Towson, MD James A. Saunders
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Chapter 1
The Pursuit of Potent Anti-influenza Activity
from the Antarctic Red Marine Alga
Gigartina skottsbergii

J. Alan Maschek, Cynthia J. Bucher, Alberto van Olphen, Charles D. Amsler,
James B. McClintock, and Bill J. Baker

1.1 The Necessity for Antiviral Treatments

Humans, plants, insects, and other animals are all susceptible to viral infection;
therefore, prevention and control of viral disease carry important health and eco-
nomic implications. The common cold, acquired immune deficiency syndrome
(AIDS), and some cancers are carried by viruses. Viral plant diseases are known
to impact fruit trees, tobacco, and many vegetables [1]. Both insects and animals
have the ability to transfer viral disease to humans and other animals. The health
and economic consequences of viral disease carry enormous consequences, and sig-
nificant advances have been made toward amelioration of antiviral threats. There is
a critical need to identify novel drug classes and new chemical structures, which can
be exploited for antiviral drug development.

Influenza is an enveloped RNA virus infecting birds and mammals. The World
Health Organization (WHO) estimates that 3–5 million people are infected each
year, and as many as 500,000 people die from the complications of influenza
infections. Three influenza pandemics have occurred within the past century. The
deadliest outbreak ever recorded (1918–1919) killed about 40 million people world-
wide, including about 650,000 in the United States. Both seasonal and pre-pandemic
influenza are a reality that requires continued effort for the development of vaccines
and novel drugs. The emergence of new influenza viral strains, for which the popula-
tion is immunologically naive, represents an undeniable challenge and a continued
threat for the military and civilian population. The current lag in vaccine produc-
tion underscores the role that anti-influenza virus drugs play in the treatment and
mitigation of the spread of this viral infection. Existing treatments have significant
limitations: the list of FDA-approved drugs effective against seasonal, avian, and the
most recent pre-pandemic swine influenza is composed of two anti-neuraminidase
compounds with the same chemical scaffold (oseltamivir and zanamivir). The M2
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ion channel blockers amantadine and rimantadine have long been in use around the
globe; however, they are not well tolerated, are ineffective against the avian H5N1
and 2009 H1N1 strains, and drug-resistant strains have been isolated [2–6]. To fur-
ther darken the therapeutic scenario of flu treatment, both natural and drug-induced
resistances to these medicines are widespread and possible links to the appearance
of neurological side effects from neuraminidase inhibitors have been reported [7–9].

1.2 Natural Products: Red Marine Algae and the Antarctic
Peninsula

Dietary supplement-producing companies are currently marketing a Gigartina-
based red marine algal (RMA) extract as a “flu fighter,” with claims of sul-
fated polysaccharides that boost immune response and fight influenza, although
they acknowledge these claims have not been evaluated by the Food and Drug
Administration (FDA) [10]. RMA are known to contain significant amounts of
sulfated polysaccharides, also known as carrageenans, which have demonstrated
a broad range of biological activities, most notably against human immunodefi-
ciency virus (HIV), Herpes simplex virus (HSV) types 1 and 2, and respiratory
syncytial virus (RSV) [11], as well as variable effects on the immune system and
anticoagulant activity [12, 13].

Gigartina is widely cultivated as a source of carrageenans for the food addi-
tive industry. Carrageenans are a family of linear sulfated polysaccharides found
in many red algae. Various species, including Gigartina stellata, G. chamissoi,
G. tenella, and G. skottsbergii, are farmed for commercial use, the majority cul-
tivated from suspended rafts along the coasts of Chile. These carbohydrates are
gelatinous and stable under stress and have been used in the food industry as thick-
ening and stabilizing agents. Other products where carrageenans are used are as
follows: desserts, ice cream, beer, toothpaste, various gels, shampoo, marbling, shoe
polish, biotechnology, diet soda, soy milk, pet food, personal lubricants, and as a
health supplement.

In preparation for this project, extensive collecting of marine invertebrates, algae,
and microorganisms was performed from the shallow water environment of the
western Antarctic Peninsula, where recent efforts have revealed a diverse fauna
replete with defensive chemistry [14]. Screening of extracts from these organ-
isms against influenza viruses has revealed that the red marine alga G. skottsbergii
elaborates potent anti-influenza chemistry. It is of note that although this alga in
Antarctica is morphologically very similar to G. skottsbergii from Chile, recent
molecular taxonomic studies indicate that it is probably a distinct species [15, 16].
Nevertheless, until a new species designation is formally proposed and published,
G. skottsbergii remains the correct name for this entity. This perspective describes
the bioassay-guided fractionation utilizing a cell-based primary screening assay
to rapidly identify natural product extracts exhibiting inhibitory activity on viral
growth evidenced by reduction in the development of cytopathic effect (CPE) on
susceptible cultured cells. A hemagglutination assay has provided some insight into
the possible mechanisms of action by interference of viral docking. SDS-PAGE gel
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electrophoresis and sequencing of the active fraction reveal some homology with
actin and/or lectins.

1.3 Primary and Secondary Screening of Extract Library

Initial screening of lipophilic and hydrophilic extracts against influenza
A/WY/03/2003 (H3N2) was selected from a library of diverse marine inverte-
brates, algae, and microorganisms. The primary influenza screen used in this
study begins with a microscopic evaluation of the cytopathic effect of extracts
on virus-infected mammalian cells and is quantified by an MTT stain. From 800
screened extracts, only one, well A4 in Fig. 1.1, which is the crude extract from G.

A

B

C

D

E

F

G

H

0.89 0.83 0.86 1.46 1.04 0.99 1.00 0.99 0.84
0.94 0.80 0.59 1.00 0.82 0.83 0.91 0.88 0.91 1.06 0.81 1.57
0.88 0.89 0.71 0.92 0.93 0.90 0.84 1.13 0.84 0.81 1.00 1.33

D 1.12 0.74 0.91 1.03 0.81 1.15 0.86 0.83 0.67 1.14 0.82 1.44
E 0.81 0.93 1.20 1.04 1.07 0.93 0.87 1.05 0.88 0.91 1.05 1.39
F 0.79 0.76 0.77 0.84 0.97 0.88 0.99 0.58 0.94 1.03 0.71 1.45
G 0.88 0.84 1.04 0.86 1.13 0.75 0.81 0.91 0.99 1.00 0.92 1.09
H 0.99 1.02 1.17 0.87 0.99 1.00 1.02 1.02 1.15 0.98 1.09 1.07

12345289
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–44.4
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–55.6
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% protection against CPE

10 11 12
A 1.01 0.88 1.46
B
C
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A –50.2 –65.8 –58.8 102.2 –9.8 –24.8 –25.1 –64.4 –19.2 –54.0 101.7

B –37.9 –73.8 –131.4 –21.6 –69.5 –65.8 –53.2 –44.1 –4.4 –71.4 130.9

C –52.7 –51.6 –99.0 –43.0 –40.1 –47.6 –62.8 –72.2 –21.3 67.4
D 11.7 –89.9 –46.0 –12.7 –71.4 17.8 –67.7 –110.3 15.1 –69.5 96.9

E –71.1 –39.5 31.5 –10.6 –1.5 –38.7 –7.9 –53.7 –45.2 –8.4 83.5

F –78.1 –86.2 –84.0 –63.1 –29.3 –52.9 –24.3 –133.3 –37.7 –12.2 –98.7 99.6

G –52.9 –64.4 –11.4 –57.7 13.3 –88.8 –71.1 –44.4 –24.0 –47.0 –42.7 3.3
H –24.3 –15.1 23.4 –55.6 –23.2 –20.8 –15.4 –16.5 17.8 –27.7 2.0 –3.3

–59.6

2 3 4 5 6 7 8 9 10 11 121
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1 2 3 4 5 6 7 8 9

Fig. 1.1 Representative of primary screening results for a library of marine extracts. Crystal violet-
stained plate (top panel), optical density (OD reading) and corresponding percentage protection
(% protection against CPE) deduced from the cell viability assay. The crude extract in posi-
tion A4 (Gigartina skottsbergii) was determined to protect against influenza-induced CPE using
light microscopy and cell viability assay at 100 μg/mL. The extract in position E3 partially pro-
tected against CPE. Wells A-C12 contained uninfected cell control, D-F12 contained control drug
ribavirin at 5 μg/mL, and G12 and H12 are virus-infected control
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skottsbergii, displayed complete protection of the mammalian host cells. For com-
parison, healthy, unaffected cells in this assay stain violet, as shown in both well
A4, and along the control lane, column 12.

Extracts that exhibited significant inhibitory activity, defined as ≥50% inhibition
of CPE at 100 μg/mL, were advanced into secondary screening, which includes con-
firmation of activity observed during the primary screen using an expanded range
of concentrations (dose response), plaque inhibition assay, and a one-step growth
inhibition and testing of additional influenza viruses. As shown in Fig. 1.2a, the
quantitative dose response assay was used to assess the potency of the most two

A4

F2

R
ib

av
iri

n

66.6 44.4 29.6 19.7 13.1 8.7 5.8. 3.9
Virus

control
Cell

control

5.0 2.2 1.5 1.0 0.7 0.4 0.3 0.2

500 PFU

50 PFU

Mock
infected

Ribavirin
5 µg/ml

F2
50 µg/ml

No DrugA4
50 µg/ml

a

b

µg /ml

µg /ml

Fig. 1.2 a Microtiter plate illustrating dose response activity of an extract of the red alga Gigartina
skottsbergii (A4) as well as unrelated and ineffective extract in well F2. b Plaque reduction assay
depicting a marked reduction of virus replication in cells treated with extract A4 (50 μg/mL)
compared with “No Drug” or the unrelated ineffective extract F2. The effect of A4 is similar to
that of the control drug ribavirin
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active fractions, A4 and F2. Extracts were serially diluted 2/3-folds over eight con-
centrations and the percentage protection determined using the same approach as
the one described for the primary screening. The extract in well A4 displayed activ-
ity against H3N2 influenza virus in vitro in a dose-dependent manner as visualized
by the decreasing amounts of violet stain going across the well plate. A plaque
reduction assay was also performed, demonstrating the extract present in well A4
performed almost as well as in the control drug ribavirin (Fig. 1.2b). Briefly, a
plaque assay is a method whereby infected cells form plaques – shown here as the
circular holes in the stain allowing quantification of the effectiveness of the drug by
looking at both the size and number of the plaques formed. The active extract A4
induced the formation of smaller plaques than the untreated or extract controls.

Additional assays included a selectivity evaluation and cytotoxicity assay where
both good selectivity and low cytotoxicity were documented. The extract was also
tested on unrelated viruses and other influenza viruses. Extract A4 was the only
one to maintain the activity through secondary screening, and with that as a target,
purification of the active extract commenced.

1.4 Purification of Active Extract

The thawed alga was vigorously extracted in methanol and then partitioned between
organic solvents and water to derive five fractions, of which all three of the
organic fractions exhibited antiviral activity (Fig. 1.3a). Fraction A performed the
best, possessing an EC50 value of 39 μg/mL. Subfraction I – a very polar frac-
tion – showed the strongest activity, with an EC50 value of 28 μg/mL. Reverse
phase HPLC evolved 11 fractions. However, when these fractions were submitted
for bioassay, activity had been lost – even when the fractions were recombined.
Traditional spectroscopic techniques did not provide insight into the nature of the
active subfraction I, leading to the tentative conclusion that the extract did not con-
tain small-molecule (i.e., natural product) components. Concentration of the active
fractions with high molecular weight filters and SDS-PAGE gel electrophoresis pro-
vided evidence that the active fraction could be a protein or a polymeric. Sequencing
data from the active fraction, although not yet conclusive, exhibited homology with
actins and/or lectins at ≤85% confidence levels. Because of the failure to evolve
further active fractions from traditional small molecule purification schemes, chro-
matographic methodology for proteins was undertaken. As shown in Fig. 1.3b,
thawed algae were blended and extracted in water and then adsorbed onto XAD-
1180 resin multiple times to eventually yield four fractions. Fraction 3 that eluted
with 1 M NaOH – the fraction the manufacturer’s protocol recommended for the
elution of proteins and peptides – was active in the assay. A size exclusion column
separation of fraction 3 generated 10 fractions. Subfraction A was active toward both
the Wyoming H3N2 virus and H1N1, with EC50 values of 30 and 10 μg/mL, respec-
tively. Although activity is reproducible among the disparate separation methods, a
pure, active compound has not yet been obtained.
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PSC07-52 Gigartina skottsbergii
12.1 kg wet

MeOH (48 hrs × 3)
344.4 g

hit

EC50 39.4 ± 19.2 µg/ml

EC50 27.8 ± 8.8 µg/ml

A/Wyo03/2003 H3N2
virus

CH2Cl2
A CHCl3

B H2O
E

EtOAc
C

BuOH
D

12.1 g on 240 g Si column; 100% hex-> 100% EtOAc->
100% MeOH, on NP ISCO;  03/26/08

C FA D G H J

27 mg

1B 2B 3B 4B 6B 7B 8B 9B
activity lost

RP HPLC C18 column 5% ACN/water->
100% ACN; 2 inj

a

A B C D F G H J

EC50 5.0 µg/ml
Wyoming H3N2 virus

PSC08-08 Gigartina skottsbergii
19.6 g thawed plant - blanded and extracted in 1L H2Ohit

MPLC~50 mL XAD 1108 resin

HPLC BioSep-SEC-S 2000;
eluted with 20 mM PBS pH 6.8

180 mg aliquot

brought to pH 7; filtered
with Amicon 3kD cut-off

0
flow through

1
0.5% HCl (250 mL)

H2O (250 mL)

3
1 M NaOH (250 mL)

4
MeOH (250 mL)

b

B E I K

E I EC50 10.30 µg/ml
H1N1 virus

Fig. 1.3 Fractionation schemes for extracts from the red alga Gigartina skottsbergii. a The initial
classic small molecule isolation scheme and b alternative protein isolation scheme
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1.5 Insight into the Mechanism of Action via Hemagglutination
Assay and Drug Combination Studies

Hemagglutination assays (HAs) have provided some insight into the possible mech-
anism of action. Hemagglutination is the agglutination involving red blood cells
whereby proteins on the surface of the virus bind – or hemagglutinate – to the neu-
raminic acid receptors allowing for quantification of viral dilution and infection. A
positive result is denoted in this assay by visible agglutination of the red blood cells
when compared with the negative control well, observed as the settling of the red
blood cells in the test well. When neuraminic acid receptor mimics are introduced,
hemagglutination interference occurs and the erythrocytes will settle to the bottom
of the well. When neuraminic acid binding compounds are introduced, hemagglu-
tination will occur with protection of the cells as the mimics are outcompeting the
surface of the erythrocyte. As shown in Fig. 1.4a, hemagglutination occurs when
untreated cells are infected with virus (Virus A/WSN33), resulting in a suspension
of the virus and erythrocyte binding in solution. Cells treated with the active fraction
(Extract I + Virus) exhibit agglutination as well, whereby the extract is protecting the
uninfected cell from virus by blocking viral entry. Rows “Extract I only” and “Virus

Drug only Human RBCs

ug/ml

20 13.3 8.9 5.9 4 2.6 1.8 1.2 18 0.5 0 20 13.3 8.9 5.9 4 2.6 1.8 1.2 18 0.5 0

Drug only Chicken RBCs

Ribavirin

Zanamivir

Amantadine

Rimantadine

PSCO7-
52-A-I (A4)

+ hemagglutination

Virus (A/WSN/33)
4 HA units

PSCO7-52-A-I (A4) only

Virus (A/WSN/33)
Back titration

PSCO7-52-A-I (A4) + virus

– hemagglutination

a

b

Fig. 1.4 Hemagglutination assay results from the active fraction of the red alga Gigartina
skottsbergii. a Red blood cells (RBCs) hemagglutinate in the presence of influenza virus (top row)
and with extract A4 + virus or extract A4 alone. The bottom two rows present the back titration of
the virus used in this experiment. b In contrast to the other anti-influenza drugs (ribavirin, amanta-
dine, rimantadine, and zanamivir) that do not induce hemagglutination of human as well as chicken
RBCs, extract A4 does it in a dose-dependent manner
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HA” are controls used for quantification of the assay. As shown in Fig. 1.4b, the
control drugs were observed causing no hemagglutination while protecting the cell.
Subfraction I, however, protects the cell while exhibiting a complete to almost com-
plete hemagglutination in the well. This suggests that a protein in subfraction I may
be competing with the viral surface proteins and working by a different mechanism
than control drugs.

With the noted differences observed between the control drugs and subfraction I
in the assays, drug combination assays were conducted. The results revealed impres-
sive results as combinations with the active subfraction I (Fig. 1.3), and the drugs
zanamivir and ribavirin consistently observed protection greater than the sum of
each. Zanamivir (2.5 μg/mL) displayed 10.4% protection, the active subfraction I
(8.8 μg/mL) exhibited 41.1% protection, but together proved to protect 59.1%
of the cells from infection (Fig. 1.5a). Experiments with ribavirin showed even
greater increased response. Ribavirin (1.25 μg/mL) and subfraction I (8.8 μg/mL)

Zanamivir
(2.5 µg/ml)

PSC07-52-A-I
(8.8 µg/ml)

PSC07-52-A-I
(8.8 µg/ml)

Ribavirin
(2.5 µg/ml)

Combination

Combination

10.4 41.1 59.2

38.0 32.6 112.0% Protection
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Fig. 1.5 Percentage
protection results for
combination drug assays
using extract of the red alga
Gigartina skottsbergii
PSC07-52-A-I (A4) at 8.8
μg/mL with (a) zanamivir at
2.5 μg/mL alone and in
combination with
PSC07-52-A-I and (b)
ribavirin at 2.5 μg/mL alone
and in combination with
PSC07-52-A-I



1 The Pursuit of Potent Anti-influenza Activity 9

displayed 38.0 and 32.6% protection, respectively (Fig. 1.5b), but in combination
exhibited complete protection, suggesting a synergistic effect and perhaps offering
potential value in drug combination therapies.

1.6 Conclusions

These results emphasize the importance of exploring the marine realm for the pres-
ence of antiviral compounds. Mori et al. [17] have reported a potent antiviral lectin
from the red alga Griffithsia sp., which is perhaps similar in nature to the active
component of G. skottsbergii. Subfraction I possesses strong anti-influenza activ-
ity toward both the Wyoming H3N2 virus and H1N1 virus, with EC50 values in
the range of 5–10 μg/mL. This chapter validates a successful cell-based screening
assay capable of accurately identifying active crude extracts from extensive collec-
tions. In addition, this in vitro assay was able to reproduce the published EC50 values
of known antivirals (i.e., ribavirin, amantadine, rimantadine, and zanamivir). These
results underscore the value of screening natural products not only for identifica-
tion of small molecules but also as a source of potent macromolecules with antiviral
activity.

1.7 Experimental

General Experimental Procedures: MPLC fractionation was performed using an
Isco CombiFlash, and HPLC isolation was performed using Shimadzu pumps and
detector and YMC-Pack ODS-AQ C18 column.

Plant Material: Collection of the rhodophyte G. skottsbergii was done manually
during scuba dives within 3.5 km of Palmer Station on Anvers Island off the western
Antarctic Peninsula (64◦ 46.5’ S, 64◦ 03.3’ W) at a depth of 5–12 m. Identifications
were made by Prof. Bill J. Baker (University of South Florida) and Prof. Charles D.
Amsler (University of Alabama at Birmingham).

Extraction and Isolation: Thawed algae (12.1 kg) were extracted with MeOH
(4 L × 3). The combined extract was concentrated (344.4 g), and the residue was
partitioned between CH2Cl2 and H2O. Subsequently, the organic layer was con-
centrated in vacuo to give a dark green crude (20.2 g). The residue was subjected
to Si gel column chromatography with a hexanes/EtOAc/MeOH gradient solvent
system to give 12 fractions. The active fraction (2.9 g) eluted with approximately
50–75% MeOH/EtOAc and then fractionated by RP HPLC (YMC-PAK ODS-AQ),
with a gradient of 50% aqueous MeOH to 100% MeOH to yield eight fractions.
The active fraction (11 mg) eluted in approximately 75% MeOH/H2O. Whole algae
thalli (200 g (wet wt.)) were used for the preparation of protein extracts using
the commercial kit P-PER (Pierce). Using membrane filtration, the aqueous phase
was sequentially concentrated by Amicon filter devices of decreasing size (30, 10,
and 3 kDa), evolving three retentate and three filtrate fractions. Retentate 1 (MW
≥30 kDa) possessed the strongest antiviral activity and decreased proportionally
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in subsequent fractions. There was no activity in the final filtrate (MW <3 kDa).
Thawed algae (400 g) was blended and extracted in H2O; after concentration the
light red gel was loaded onto XAD-1180 resin and eluted with 0.5% HCl, 1 M
NaOH, and 100% MeOH to evolve three fractions. The basic fraction was expected
to elute peptides and proteins, and subsequent bioassay identified this fraction as
active.

Thawed algae (180 g) were blended and extracted in H2O (600 mL × 4) and
then lyophilized. The pink solid was brought up to a concentration of 25 mg/mL
in H2O and then put on ice in plastic conical centrifuge tubes (15 mL × 2). Cold
EtOH of 15 mL was added to each tube and allowed to settle on ice for 1 h and
then kept overnight at 4◦C. The tubes were centrifuged at 3,000 rpm for 1 h and
supernatants combined and subsequently reduced by rotavap and lyophilizer. The
lyophilized supernatant was brought to a concentration of 25 mg/mL in ddH2O and
put on ice. Crystalline molecular biology grade NH4SO4 (19 g) was added to bring
the percentage saturation to 75%. The supernatant was allowed to precipitate on ice
for 2 h and then centrifuged at 3,000 rpm for 45 min. The supernatant was poured
off, and the pellet was resuspended in a minimum amount of sterile PBS (1.8 mL)
with 0.02% sodium azide added to prevent bacterial growth. The amount of protein
was quantitated via NanoDrop to give a concentration of 2.18 mg/mL.

Cells and Viruses: Cell cultures used in screening are Madin-Darby canine
kidney (MDCK) cells, obtained from American Type Culture Collection (Manassas,
VA, CCL-34, passage 55) and grown in Eagle’s minimum essential medium (MEM,
Invitrogen) with 10% reconstituted fetal calf serum (HyClone III). The cells are
trypsinized and then resuspended at 3 × 105 cells per mL in assay media (for sec-
ondary screening DMEM, high glucose without phenol red) supplemented with gen-
tamicin and 0.5% BSA for all subsequent steps. Cells are plated manually and incu-
bated at 37◦C and 5.0% CO2 for 24 h prior to virus addition. Influenza virus stocks
are prepared by growing influenza strains A/PR8/38 (H1N1), A/Wyoming/3/2003
(H2N3), and B/Lee/40 in MDCK cells. The supernatant from infected MDCK
cells is serially diluted and used for isolation of a single plaque. A single plaque
from the second round of plaque purification is selected and resuspended in
serum-free Dulbecco’s modified Eagle’s medium (DMEM, Invitrogen, Carlsbad,
CA) containing 0.35% bovine serum albumin (BSA, Invitrogen, Fraction V). The
plaque-purified virus is used to inoculate three T-150 flasks containing MDCK cells
(see below) at a multiplicity of infection of 0.001 PFU per cell. The supernatant is
collected 72 h post infection, aliquotted, and stored a –80◦C until needed.

Primary Screening: A single-dose (100 μg/mL), single-well per extract was
tested in 96-well plates. Reduction of CPE was qualitatively evaluated by direct
observation of cytopathic effect using an inverted light microscope. Optical density
was measured at absorbance of 490 using a BioTek HT plate reader. The per-
centage of protection was calculated using the following formula: (1–((μc–OD of
sample)/(μc–μv)))×100, where μc is the mean optical density (OD) value of the
uninfected cells and μv the mean OD value of the infected cells. After measure-
ment of the cell viability, the plates were stained using a 2.5% crystal violet solution
in PBS containing 4% formaldehyde.
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Secondary Screening: A plaque reduction assay was used to test the ability of the
extract to inhibit the growth of the virus in multiple rounds of replication. For these
experiments, six-well plates containing 80% confluent MDCK cells monolayer were
inoculated with the indicated PFU and incubated for 1 h at 37◦C before adding a
semisolid agar overlay containing 50 μg/mL of extract. Ribavirin was used as drug
control at 5 μg/mL. The plates were incubated at 37◦C for 72 h and then stained
using crystal violet/formalin solution. An uninfected well containing 50 μg/mL
of the extracts was included to evaluate the toxicity of the compounds. Ribavirin
completely inhibited the formation of plaques at a dose of 5 μg/mL.

Dose-Dependent Response: Extracts are serially diluted 2/3-fold over eight dif-
ferent concentrations (Fig. 1.2) using a Biomek 3000 (Beckman, Fullerton, CA),
and the percentage protection is determined using the same approach as the one
described for primary screening. Quantitative analysis is performed using the cell
viability assay previously described (CellTiter 96 AQueous One Solution, Promega,
Madison, WI).

Concentration response data are analyzed by a nonlinear regression logistic dose
response model. Each of the crude extracts are fractionated into 10–15 subfractions.
For each crude extract and the associated subfractions, IC50s and IC90s are deter-
mined as outlined above. All crude and subfractions of a particular marine organism
are assayed simultaneously (within one assay) and include ribavirin as reference
drugs using only A/WY/03/2003 virus.

Drug Combination Assay: In a 96-well assay plate, extracts are serially diluted
2/3-fold over nine different concentrations from columns one through nine as above.
Zanamivir or ribavirin was serial diluted 0.5-fold in duplicate over three concen-
trations in rows A through F. The remaining wells were used for extracts and
compounds uncombined, and the negative and positive control. Cells and virus are
added as previously described. The percentage protection is determined using the
same approach as the one described for the primary screening. The quantitative
analysis is performed using the cell viability assay previously described (CellTiter
96 AQueous One Solution, Promega). Concentration response data are analyzed by
a nonlinear regression logistic dose response model.
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Chapter 2
Ginsenosides: Phytoanticipins or Host
Recognition Factors?

Mark A. Bernards, Dimitre A. Ivanov, M. Andreea Neculai,
and Robert W. Nicol

2.1 Introduction

Plants produce a wide range of natural products, also referred to as secondary
metabolites, including alkaloids, isoprenoids, and phenolics, many of which possess
potent biological activity. While it is often difficult to distinguish between “primary”
and “secondary” metabolism, a functional definition describes secondary metabo-
lites as those molecules that are involved in the interaction between plants and their
environment [1]. From a human perspective, the biological activity of plant natural
products has been exploited by their use as medicinal compounds (either directly
or as starting point for the development of synthetic analogs); several examples are
provided within this volume. However, plants do not make natural products for the
benefit of humans, but instead as protective measures against the myriad challenges
(both biotic and abiotic) that they face in their environment. The evolutionary devel-
opment of natural products has been driven by these challenges [2]. In this chapter,
we provide a summary of our work investigating the potential role of ginsenosides
(a subclass of triterpene saponins produced by Panax spp.) in the ecology of Panax
quinquefolius (American ginseng). In doing so, we draw upon the vast literature
on saponins in general and provide our perspective on the ecological relevance of
ginsenosides in the ginseng-P. irregulare pathosystem.

2.2 Saponins

2.2.1 Chemical Structure and Diversity

Saponins are glycosylated natural products with soap-like properties [3]. The
aglycones (sapogenins) are either triterpenoid- or steroid-derived. Dicotyledonous
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Fig. 2.1 Structures of some
common saponins. The
structures of some of the
saponins described in the text
are shown, including aescin
from horse chesnut, avenacin
A-1 and avenacoside A from
oat, and α-tomatine from
tomato. The glucose molecule
enclosed in square brackets in
the structure of avenacoside
A highlights the glucose
moiety that is cleaved off by
hydrolysis by glycosidases in
disrupted oat leaf tissue,
leading to the fungitoxic
26-desglucosyl avenacoside
A. Redrawn from [94]

plants, for example, have pentacyclic (e.g., α- and β-amyrin) or tetracyclic (e.g.,
the dammaranes) triterpenoid sapogenins, although in the Solanaceae, steroidal gly-
coalkaloid saponins (nitrogen analogs of steroidal saponins) are also present. In
monocotyledonous plants, steroidal saponins are common. Examples of several
common saponins are shown in Fig. 2.1.

The structural diversity of saponins is further enhanced by the number and place-
ment of sugars around the aglycone. That is, saponins can be either mono- or
bidesmosidic, with the latter having sugar moieties attached at either end of the
parent carbon skeleton. Monodesmosidic saponins are generally glycosylated at the
C-3 hydroxyl group; bidesmosidic saponins are generally glycosylated at the C-3
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hydroxyl group as well as elsewhere in the molecule. Glucose, arabinose, galactose,
rhamnose, and xylose, as well as sugar acids, may be present, either as monosac-
charides or as higher order oligomers. Subtle differences in the sugar substitution
pattern of a common carbon skeleton result in large numbers of compounds with
closely related structures and properties.

2.2.2 Involvement of Saponins in Host–Pathogen Interactions

Saponins are biologically active phytochemicals that act upon diverse organisms,
including fungi [4, 5]. For example, alfalfa, clover, oat, soybean, potato, ginseng,
tomato, and pepper all contain either triterpenoid, steroid, or glycoalkaloid saponins,
and many of these saponins possess fungitoxic activity. However, assessment of fun-
gitoxicity through the use of in vitro bioassays has limited use when the goal is to
elucidate host-pathogen interactions. The Osbourn group in the United Kingdom
has used a variety of approaches over the past 15 years to clearly demonstrate that
saponins can act as constitutive plant defenses (i.e., phytoanticipins) [6]. This study
complements earlier avenacin bioassay observations [7]. Taken as a whole, the ave-
nacin model appears to have confirmed the long-held assumption that the ecological
function of saponins is to defend the plant against fungal pathogens, and this concept
has taken hold within the literature [8, 9]. With acknowledgment that the “saponins
as defense” story has been told by many groups using different pathosystems, the
most complete story is represented by avenacin A-1 from oat and α-tomatine from
tomato, which is described in the sections that follow.

2.2.2.1 Avenacin A-1 and α-Tomatine as Models for Plant Defense

Oat produces structurally diverse triterpenoid saponins in different plant organs.
Bidesmosidic saponins (avenacosides) are produced in oat leaves and monodesmo-
sidic saponins (avenacins) are produced in oat roots [6]. Avenacin A-1 is considered
the main oat root saponin and is represented by a pentacyclic oleanane skeleton with
a trisaccharide (arabinose and two glucose moieties) at C-3 (Fig. 2.1). Research
with saponin-deficient oat mutants clearly demonstrated the link between in planta
saponin content and defense against fungal pathogens. Avenacin fluorescence was
used to screen for saponin-deficient (sad) mutants of a wild oat, Avena strigosa.
Saponin-deficient mutants were found to have an increased susceptibility to the
fungus Gaeumannomyces graminis var tritici (which is usually only pathogenic to
wheat) as well as pathogenic species of Fusarium [10].

Glycoalkaloid saponins are found mainly in the Solanaceae. In tomato, for exam-
ple, the glycoalkaloid saponin, α-tomatine, is found in relatively high concentrations
in unripe fruits and is fungitoxic [11–13]. However, the tomato pathogen Fusarium
oxysporum f. sp. lycopersici can degrade tomatine via the tomatinase enzyme Tom1.
Targeted disruption and overexpression studies of the Tom1 gene demonstrated that
this enzyme is required for the pathogen to reach full virulence on this plant [14].
Heterologous expression of a tomatinase in yeast resulted in improved yeast saponin
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resistance [15] and provides further evidence that this glycoalkaloid saponin likely
functions in plant defense.

2.2.2.2 Mode of Action Through Membrane Disruption

Avenacin A-1, α-tomatine, and other saponins are toxic to fungi because saponins
form complexes with sterols [16–18] and thereby disrupt the integrity of biological
membranes. Formation of pores and leakage of cell contents have been observed
in membranes treated with avenacin and tomatine alike [11, 12, 16, 18]. For exam-
ple, incubating fungal mycelium with α-tomatine caused loss of electrolytes from
different fungal isolates. Of particular note, three pathogens of tomato were more
resistant to the effects of α-tomatine than four nonpathogens [11]. It is presumed that
saponins exert their effect in fungi by binding to ergosterol, the major membrane
sterol of higher fungi [19].

The structure of saponins, especially the position of the sugar moieties at one
(monodesmosidic) or two (bidesmosidic) sites on the sapogenin, has a great influ-
ence on fungitoxicity. Monodesmosidic, amphiphilic saponins are more fungitoxic
than bidesmosidic saponins, and removal of one, some, or all of the sugars of the
monodesmoside generally results in a reduction in toxicity [9, 12, 20]. A recent
report [12] demonstrated that some sapogenins exerted fungitoxic effects on yeast,
but it was concluded that the mode of action was not through the disruption of
membranes. In stark contrast, oomycete pathogens are reported to be unaffected by
saponins in vitro. It is probably the lack of ergosterol in these species that allows
them to avoid saponin toxicity and provides “innate resistance” [21].

2.3 Ginsenosides Are Bidesmosidic Saponins with Mild
Fungitoxicity

2.3.1 Structure, Nomenclature, and Biosynthesis of Ginseng
Saponins

Although numerous secondary metabolites can be found in ginseng, many of the
pharmacological virtues of this plant are generally thought to be due to triterpenoid
saponins called ginsenosides [22]. Both American (P. quinquefolius) and Asian
species of ginseng (e.g., Panax ginseng, P. notoginseng, P. vietnamensis) contain
numerous, and often overlapping, types of ginsenosides. While there are >25 known
ginsenosides [23] in American ginseng, the most common are ginsenosides Rg1,
Re, Rb1, Rb2, Rc, and Rd (named on the basis of their original chromatographic
elution order). All ginsenosides are based on a tetracyclic dammarane skeleton
[24] (Fig. 2.2), and since they have saccharides attached at both C-3 (or C-6) and
C-20, they are bidesmosidic. They are further classified into two groups, according
to the hydroxylation pattern of the parent aglycone and the attachment position of
the various saccharide molecules. For example, ginsenosides Rb1, Rb2, Rc, and Rd
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Fig. 2.2 Structures of common ginsenosides. The core damarane structure common to gin-
senosides is shown along with the carbon skeletons of the 20(S)-protopanaxadiol and 20(S)-
protopanaxatriol ginsenosides. The sugar decorations of the most common ginsenosides are
indicated in the table below the structures. Legend: Ara(f), arabinose (furanose form); Ara(p),
arabinose (pyranose form); Glc, glucose

are based on a 3,12,20-trihydroxylated-20(S)-protopanaxadiol aglycone, with sugars
attached to the hydroxyl groups at positions 3 and 20. Ginsenosides Rg1 and Re, on
the other hand, are based on a 3,6,12,20-tetrahydroxylated-20(S)-protopanaxatriol
aglycone, with sugars attached to the hydroxyl groups at positions 6 and 20.

Biosynthetically, ginsenosides and sterols share a common intermediate precur-
sor, oxidosqualene. Whereas cycloartenol synthase catalyzes the first committed
step in sterol production, the enzyme dammarenediol synthase catalyzes the alterna-
tive folding and cyclization of 2,3-oxidosqualene into dammarenediol, the precursor
of the dammarane skeleton of the ginsenosides [25, 26]. Unlike other classes of
terpenoids, such as the chloroplast-derived monoterpenoids and diterpenoids, triter-
penoids are a product of the cytosolic mevalonate pathway [27]. Newer results from
the overexpression of squalene synthase [28], as well as interference on dammarene-
diol synthase [29] and cycloartenol synthase [30], have improved our understanding
of the regulation of ginsenoside biosynthesis and demonstrated the feasibility of
increasing ginsenoside content in planta using biotechnological approaches.

2.3.2 Distribution of Ginsenosides Within the Plant

American ginseng (P. quinquefolius L.) is a native North American member of the
Araliaceae, a family whose more than 800 species are found mostly in the tropics
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[31]. P. quinquefolius is a perennial understory herb that is associated with decidu-
ous forests [32, 33] and ranges from Ontario and Quebec, south to northern Florida,
and west to Minnesota [22]. The aboveground tissues senesce at the end of each
growing season and estimates of the maximum age of this plant are from 23 to 30
years [33] to greater than 50 years [34]. However, occurrences of wild populations
of American ginseng are becoming increasingly rare, and virtually all American gin-
seng products currently on the market are derived from cultivated sources. American
ginseng has a long history of cultivation in North America. For example, Proctor
and Bailey [35] estimate that this plant has been commercially grown in Canada
since the late nineteenth century under artificial shade or in woodlands. The main
commercial product from both cultivated and wild ginseng alike is the root system,
which is usually harvested after 3–5 years and is sought for its medicinal properties.

Ginsenosides have been demonstrated to occur throughout the plant including
within the main roots, secondary roots, stem, leaves, flowers, and fruit [36, 37].
Although much of the research and medicinal uses have traditionally focused on
ginseng roots, the foliage also contains high amounts of ginsenosides, sometimes
at concentrations higher than those found in the roots [36, 37]. In American gin-
seng, the six main ginsenosides Rg1, Re, Rb1, Rb2, Rc, and Rd represent between
3 and 5% of the dry weight of the roots. With analyses that include a more com-
plete profile of ginsenosides, this value can reach over 5% [37]. The distribution of
the ginsenosides in different plant organs is not uniform. For example, the highest
concentrations of ginsenoside Rb1 and Rd are found in the roots and leaves, respec-
tively, whereas ginsenoside Re is found in relatively equal amounts throughout the
plant [36–38].

2.3.3 Fungitoxicity of Ginsenosides

Even though American ginseng accumulates large amounts of structurally different
saponins, this plant is attacked in commercial gardens by a diverse array of fungi.
These include the foliar pathogens Alternaria panax, Alternaria alternata, and
Botrytis cinerea and the root pathogens Cylindrocarpon destructans, Rhizoctonia
solani, Phytophthora cactorum, P. irregulare, P. ultimum, and several species of
Fusarium, including Fusarium oxysporum and Fusarium solani [39–43]. Although
the pathogens in the family Pythiaceae (i.e., Phytophthora cactorum, P. irregulare,
and P. ultimum) are superficially similar to and share the same nutritional mode as
the other pathogens, these organisms are not true fungi. The Oomycota, a phylum
that contains water molds and phytopathogens that cause downy mildews, is more
related to golden algae, brown algae, and diatoms and belongs collectively with
these organisms in the Stramenopila. Most of the other ginseng pathogens, as well
as Trichoderma spp. that may act as agonists of the pathogens in the soil, are true
fungi belonging to the ascomycetes.

The fungitoxic activity of ginsenosides on many of these phytopathogens and
agonists have recently been completed [44, 45] and represent the most compre-
hensive research in this area to date. Ginsenosides were characterized as mildly
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fungitoxic, mainly based on a comparison to aescin, a mixture of saponins from
horse chestnut. A clear selectivity in fungitoxicity was observed when ginsenosides
were tested against true fungi in vitro. The growth of Trichoderma spp., as well
as the leaf pathogen A. panax, was inhibited to a greater degree than the growth
of the root pathogens Fusarium spp. and C. destructans [44]. For example, the
fungus that exhibited the greatest growth inhibition was Trichoderma harzianum
(over 26% less growth than control), whereas the fungus that exhibited the least
growth inhibition was C. destructans (over 7% more growth than control) at con-
centrations of 1 mg/mL crude ginsenoside fraction [44]. In addition, similar results
were obtained when the tests were repeated under different temperature and nutri-
ent regimes (R.W. Nicol, PhD Thesis, The University of Western Ontario, 2003).
Unexpected growth stimulation was observed when the oomycotan pathogens were
exposed to ginsenosides. The colony weights of both P. cactorum and P. irregu-
lare grown with 5 mg/mL crude ginsenoside fraction were found to be significantly
higher than controls [45]. Thus, both the fungal and oomycete root pathogens of
American ginseng exhibited greater resistance to the chemical defenses of this plant.
Moreover, the growth of P. irregulare was clearly stimulated by ginsenosides in a
concentration-dependent manner [45].

2.3.4 Ginsenosides in the Rhizosphere

Although plant roots are known to influence the composition of soil microbes [46,
47], the exact mechanisms remain unknown. Several groups [45, 48, 49] have since
suggested that secondary metabolites exuded from plant tissue can influence the
composition of rhizosphere microbes. For example, our initial investigations into
the exudation of ginsenosides from American ginseng revealed that these secondary
compounds are present in ginseng garden rhizosphere soil as well as in root exu-
dates collected from plants grown in a greenhouse. LC-MS and HPLC analyses
of rhizosphere soil demonstrated that ginsenosides were present in this material at
a concentration of 0.06% [45]. Moreover, when this low and ecologically relevant
concentration of ginsenosides was used in bioassays, the growth of P. irregulare was
found to be significantly greater than control [45].

2.4 Some Pathogens Can Degrade/Detoxify Saponins

2.4.1 Overview of “Saponinases” from Plant Pathogens

“Saponinases” are pathogen-produced glycosidases able to hydrolyze plant
saponins, often leading to their detoxification/degradation. Numerous pathogenic
fungi produce saponinases and some of these enzymes have been shown to deter-
mine host specificity [50, 51]. The most studied is the cereal-infecting fungus
G. graminis var. avenae. While this species normally produces an extracellular
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“avenacinase,” which detoxifies the oat triterpenoid saponin avenacin A-1 [50–52],
mutants of the same species that do not produce the enzyme were unable to infect
the saponin-containing host [50].

Septoria avenae and Stagonospora avenae are other examples of pathogens that
are able to detoxify oat saponins. However, these two pathogens infect the leaves,
and unlike G. graminis (which encounters avenacins when infecting the roots), they
encounter a different family of antifungal compounds: the 26-desglucoavenacosides
[20]. Both species have been shown to metabolize these saponins via extracellular
glycosidases; while Septoria avenae secretes an avenacosidase with dual activity
(α-L-rhamnosidase and β-D-glucosidase) [53], Stagonospora avenae secretes an
α-rhamnosidase and two β-glucosidases [54]. Even though Stagonospora avenae
α-rhamnosidase and β-glucosidases are expressed during infection [54], and
Septoria isolates unable to deglycosylate the 26-DGAs are nonpathogenic to oats
[53], neither of the Stagonospora β-glucosidases or Septoria avenacosidase has
been proven to be either required for resistance to 26-desglucoavenacosides or
pathogenicity to oats [53, 54].

The tomato leaf spot fungus Septoria lycopersici produces an extracellular
tomatinase capable of converting α-tomatine into β2-tomatine, which is much less
toxic to fungi [55–58]. Targeted mutation of the tomatinase gene in S. lycopersici
resulted in the loss of the pathogen’s ability to degrade α-tomatine and an increase in
its sensitivity to the saponin [56, 58]. The ability of S. lycopersici to infect Nicotiana
benthamiana (a solanaceous species that produces saponins) was shown to require
the presence of tomatinase [59]. Further, the hydrolysis products were found to sup-
press the induced defense responses in plants by interfering with signal transduction
processes associated with disease resistance [59]. The expression of tomatinase in
Nectria haematococca, which resulted in its ability to detoxify α-tomatine and infect
green tomato fruits [58, 60], also confirmed the involvement of this saponinase in
pathogenicity.

Although the avenacinase of G. graminis var. avenae and the tomatinase of S.
lycopersici are specific for their respective host saponins, both enzymes hydrolyze
terminal β-1,2-linked D-glucose molecules and have similar mechanisms of action
[55]. Sequence analysis of tomatinase has established that this enzyme belongs to
the same family of β-glucosyl hydrolases as G. graminis avenacinase [55]. Other
tomato-infecting fungi such as Alternaria solani [61], Verticillium albo-atrum [62],
F. oxysporum f. p. lycopersici [63–65], F. solani [66], and B. cinerea [67] have
also been reported to produce saponinases that deglycosylate the glycoalkaloid
α-tomatine. Moreover, the causal agent of gray mold disease in many crops and
vegetables, B. cinerea, is believed to possess at least three distinct saponin-specific
glycosidases (a xylosidase and two different glucosidases), enabling it to detoxify
avenacin, avenacosides, and digitonin [67, 68].

Although tomatinases from different fungal sources share the same substrate,
they cleave different sugar moieties from α-tomatine. For example, tomatinases of
S. lycopersici [55] and V. albo-atrum [62] remove the terminal β-1,2-linked glu-
cose molecule, while that from B. cinerea removes the terminal β-1,3-linked xylose
[67]. On the other hand, F. oxysporum sp. lycopersici [63, 64], F. solani [66], and



2 Ginsenosides: Phytoanticipins or Host Recognition Factors? 21

A. solani [61] remove the β-1-linked galactose and release the aglycone tomatidine
along with the tetrasaccharide β-lycotetraose (F. oxysporum and F. solani), or the
four individual monosaccharides (A. solani).

Gibberella pulicaris, a fungus that causes potato dry rot, is also able to detoxify
saponins, particularly α-chaconine and α-solanine from potato, by removing the
α-1, 2-L-rhamnose moieties of these molecules [69]. A chaconinase from this fungus
has been purified, and although it was shown to be induced by its substrate, the
enzyme’s importance to virulence was not yet determined [70]. G. pulicaris was also
shown to deglycosylate α-tomatine, by removing the β-lycotetraose as described for
F. oxysporum f. sp. lycopersici [20, 71].

More recently, saponinases that are able to hydrolyze soybean saponins have
been purified from the soybean pathogen Neocosmospora vasinfecta [72] and the
saprotrophs Aspergillus oryzae and Eupenicillium brefeldianum [73]. While the
saponinase of N. vasinfecta is considered to be required for detoxification of soy-
bean saponins, the saponin hydrolases from A. oryzae and E. brefeldianum do not
induce defense responses in plant cells [73]. Consequently, while saponin deglyco-
sylation may be a component of the infection process of some organisms, it may
not be sufficient in and of itself for pathogenicity. Even though the N. vasinfecta,
A. oryzae, and E. brefeldianum saponin hydrolases belong to the same glycosidase
family, they possess different specific activities, reflecting the organism’s adaptation
to different environments [73].

The majority of the fungal saponin-detoxifying glycosidases that have been
characterized to date belong to family 3 of glycosyl hydrolases, along with
cellobiose-degrading enzymes from yeasts and Trichoderma species [74]. Still other
tomatinases, such as those secreted by F. oxysporum f. sp. lycopersici and G. puli-
caris, belong to family 10 of glycosyl hydrolases, among many fungal xylanases
[20, 60].

Unlike fungal saponinases, little is known about hydrolytic enzymes secreted
by phytopathogenic oomycetes or their role in pathogenicity [75, 76]. Although
innate resistance is believed to be the main mechanism by which oomycetes avoid
the toxicity of saponins (see above), some oomycetes have been found to produce
saponin hydrolases [77], as well as other glycosyl hydrolases [76].

2.4.2 The Metabolism of Ginsenosides by Pathogens of Ginseng

As noted above, ginsenosides are mildly fungitoxic against leaf pathogens and non-
pathogenic fungi, but appear to promote the growth of more virulent root pathogens
such as P. irregulare and C. destructans. Since the fungitoxic properties of some
saponins are reduced through enzymatic degradation by pathogen-produced glycosi-
dases, we explored the possibility that pathogens of ginseng produce glycosidases
that degrade ginsenosides (R.W. Nicol, PhD Thesis, The University of Western
Ontario, 2003) [77]. Accordingly, we cultured pathogenic (P. irregulare, C. destruc-
tans, P. cactorum) and nonpathogenic (Trichoderma hamatum) organisms in the
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presence of ginsenosides in vitro, and after several days of growth, profiled the gin-
senosides that could be recovered from the spent medium. While minor alterations
in the profile of ginsenosides recovered from the nonpathogenic fungus T. hamatum
(e.g., decrease in Rb1 and gypenoside XVII and an increase in Rd and F2) were
observed, the overall profile was nearly identical to that of the profile of ginseno-
sides added to the medium at the start of the incubation (Fig. 2.3a,b). By contrast,
the profile of ginsenosides recovered from cultures of P. irregulare (Fig. 2.3c–
e), C. destructans, and P. cactorum (R.W. Nicol, PhD Thesis, The University of
Western Ontario, 2003) were both quantitatively and qualitatively different from
the initial ginsenoside mixture added to the culture medium. These alterations in
ginsenoside profiles suggested either the degradation of ginsenosides or the pres-
ence of ginsenoside-hydrolyzing enzymes in the culture medium. Interestingly, the
ability of different P. irregulare isolates to alter ginsenoside profiles was different
(Fig. 2.3c–e). Two isolates (BR 598 and BR 1068), originally obtained from cul-
tivated ginseng plants, nearly completely degraded all the 20(S)-protopanaxadiol
ginsenosides (Fig. 2.3d, e), while a third isolate (BR 486; obtained from bean)
showed limited activity (Fig. 2.3c).

2.4.3 P. irregulare Specifically Deglycosylates
20(S)-Protopanaxadiol Ginsenosides into Ginsenoside F2

One striking feature of the ginsenoside profiles obtained from the spent medium of
P. irregulare cultures incubated with a crude mixture of ginsenosides is the appar-
ent selectivity toward 20(S)-protopanaxadiol ginsenosides (Fig. 2.3). That is, in
all profiles, the amount of 20(S)-protopanaxatriols (Rg1, Re) remained unchanged,
whereas significant quantitative changes were noted for all 20(S)-protopanaxadiol
ginsenosides. While the amounts of most 20(S)-protopanaxadiol ginsenosides were
depleted, one compound became enhanced in the profiles (Fig. 2.3d, e). The iden-
tity of this compound was confirmed as the 3,20-bis(O-β-D-glucose)-substituted
20(S)-protopanaxadiol ginsenoside F2, by a combination of LC-MS, 1H-, and 13C-
NMR as well as negative ion FAB-MS [77]. Examination of the structures of the
major 20(S)-protopanaxadiol ginsenosides reveals that F2 represents a structural
core that could arise via simple deglycosylation of the 20(S)-protopanaxadiol gin-
senosides Rb1, Rb2, Rc, and Rd (Fig. 2.4). Based on the existence of saponinases in
other organisms that degrade saponins (see above), we concluded that P. irregulare
also produces saponinases, which include specific ginsenoside-degrading ones; we
termed these ginsenosidases.

2.4.4 P. irregulare Ginsenosidases Are Induced by Exposure
to Ginsenosides In Vitro

Ginsenosidases of P. irregulare appear to be induced by their substrate in vitro.
For example, when P. irregulare is incubated in the presence or absence of
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Fig. 2.3 HPLC analysis of
ginsenosides recovered from
the spent medium of
Trichoderma hamatum and
Pythium irregulare isolates. A
ginsenoside mixture extracted
from 3-year-old ginseng roots
was added to the culture
medium of both T. hamatum
and Pythium irregulare,
recovered after several days
of incubation and analyzed by
HPLC. The profile of
ginsenosides added to the
culture medium (a) included
ginsenosides Rg1, Re, Rb1,
Rb2, Rc, Rd, and F2, as well
as gypenoside XVII
(G-XVII). (b–e) Profiles of
ginsenosides recovered from
T. hamatum isolate 3–323 (b),
and Pythium irregulare
isolates BR 486 (c), BR 598
(d), and BR 1068 (e).
Adapted from M.A. Neculai,
MSc Thesis, The University
of Western Ontario, 2008

ginsenosides and screened for ginsenosidase activity the cultures pre-exposed to
the ginsenosides show higher ginsenosidase activity (L.F. Yousef, MSc Thesis, The
University of Western Ontario, 2005) [78]. Interestingly, both pre-exposed cultures
and those that had not been exposed to ginsenosides (termed naiv̀e) secreted proteins
with glycosidase activity (measured with the artificial substrate p-nitrophenyl-β-D-
glucoside, pNPG); however, the former secreted two to three times more proteins
and ten times more glycosidase activity than naïve cultures [78]. Although in this
case the two cultures had very similar glycosidase profiles, only glycosidases from
cultures pre-exposed to ginsenosides readily deglycosylated the ginseng saponins



24 M.A. Bernards et al.

Fig. 2.4 Structural relationship between common 20(S)-protopanaxadiol ginsenosides and gin-
senoside F2. The common core structure of ginsenoside F2 is highlighted in bold (black) within
the structures of ginsenosides Rb1, Rd, and gypenoside XVII. The sugar molecules that are cleaved
off by hydrolysis by extracellular glycosidases are shaded in gray. In order to convert common
20(S)-protopanaxadiol ginsenosides into the common ginsenoside F2 product, the combined activ-
ity of both β(1→2) and β(1→6) glycosidases is required. Two additional 20(S)-protopanaxadiol
ginsenosides, Rb2 and Rc (data not shown), which contain an arabinose-glucose disaccharide at
position C-20, could also feed into the production of ginsenoside F2; however, it is not clear at
this time whether the same glycosidase that converts Rb1 into Rd can also hydrolyze the arabinose
β(1→6) glucose linkages of Rb2 and Rc

[78]. In a manner similar to that reported for glycosidases of G. pulicaris [70]
and F. oxysporum f. sp. lycopersici [64], we conclude that the secretion of gin-
senosidases by P. irregulare is induced by the presence of the substrate. In other
words, little or no saponinase activity was present in the filtrates of cultures pre-
exposed to ginsenosides for 3–6 days, even though glycosidases were present. After
that, ginsenosidases were found in relative abundance [78], suggesting an induc-
tive process. Although these data may indicate involvement of ginsenosidases in the
pathogenicity of P. irregulare toward American ginseng, further studies involving
purified enzymes had to be undertaken.
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2.4.5 Purification and Characterization of Ginsenosidases
from P. irregulare

Three ginsenoside-deglycosylating enzymes were purified 13- to 25-fold from
P. irregulare cultures grown in the presence of ginsenosides, by employing ace-
tone precipitation (50% v/v), chromatofocusing between pH 7 and 4, gel filtration
on Sephacryl S-200, and ion-exchange chromatography on Q Sepharose Fast Flow
[78]. Chromatofocusing indicated the presence of more than one glycosidase in
the sample or of different isoforms of the same glycosidase, similar to the tomati-
nase isolated from F. oxysporum f. sp. lycopersici [64], and predicted the isoelectric
points of the enzymes to be 4.5–5.0. Gel filtration separated two distinct glycosidase
activities, designated G1 and G2. Ion-exchange chromatography further purified
the two glycosidase activities and electrophoretic analysis of the final ion-exchange
fractions identified three enzymes: G1, which had eluted in the first peak with gly-
cosidase activity after gel filtration (i.e., the G1 fractions), and G2/3, two enzymes
similar in size, which had both eluted in the second peak with glycosidase activity
from gel filtration (i.e., the G2 fractions) [78].

The molecular weights of P. irregulare ginsenosidases were estimated by gel fil-
tration and SDS-PAGE. While gel filtration estimated 161 kDa for G1 and 46 kDa
for G2/3, SDS-PAGE revealed a 78 kDa protein for G1, and two proteins of 61
and 57 kDa, respectively, for G2 and G3. It was concluded that G1 is a homodimer
with two subunits of 78 kDa, and G2/3 are two monomeric enzymes [78]. Overall,
the molecular weights and pI values of P. irregulare glycosidases were found to
be similar to those of other characterized ginsenosidases such as the β-glucosidase
secreted by Panax ginseng [79], the arabinopyranosidase and arabinofuranosidase
of Bifidobacterium breve [80], and the β-glucosidase from Fusobacterium [81].
Moreover, these properties were also shared by some of the fungal saponinases
(e.g., the tomatinase and avenacinase of B. cinerea [67, 68], the tomatinase of
F. oxysporum sp. lycopersici [65]) previously characterized.

Although both purified glycosidase fractions (i.e., G1 and G2/3 obtained after
ion-exchange chromatography) were found to deglycosylate ginsenosides, differ-
ences in the catalytic mechanisms were observed. While G1 showed β(1→6)
hydrolytic activity, cleaving the terminal glucose from the disaccharide at C-20
of ginsenosides Rb1 and G-XVII (to form Rd and F2, respectively), G2/3 showed
β(1→2) hydrolytic activity, cleaving the terminal glucose from the disaccharide at
C-3 of ginsenosides Rb1 and Rd, with accumulation of G-XVII and F2, respec-
tively [78]. These findings were confirmed by incubating partially purified enzyme
preparations (i.e., culture filtrates subjected only to gel filtration) with a crude mix-
ture of ginsenosides, but also with pure Rb1 and Rd [78]. In comparison to G1 and
G2/3 isolated from P. irregulare, the β-glucosidase of Fusobacterium showed both
β-1→2 and β-1→6 activities able to deglycosylate ginsenoside Rb1 to F2, and fur-
ther transforming ginsenoside F2 into compound K (CK) [81]. Similar to G1, the
β-glucosidase isolated from P. bainier was found to be able to convert ginsenoside
Rb1 to Rd, showing β-1→6 activity [82].
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De novo sequence analysis of purified P. irregulare ginsenosidases and sub-
sequent comparison of the generated peptide sequences against the NCBI non-
redundant protein sequence database revealed a number of interesting findings.
Firstly, G2 (61 kDa) and G3 (57 kDa), the enzymes that eluted in the same frac-
tions after gel filtration, were found to be different enzymes, sharing only six
peptide sequences out of the 150 and 130, respectively, generated by PEAKS
[78]. Moreover, both G2 and G3 were found to share sequence similarities with
β-glucosidases from a variety of organisms, but exhibited the highest homology to
enzymes from plants and bacteria, all classified in the glycosyl hydrolase family-1
[78]. On the other hand, only 20 peptide sequences were generated for G1 (78 kDa)
and none of them showed similarities with known glycosidases [78].

2.5 The Involvement of Ginsenosides and Ginsenosidases
in the Ginseng-P. irregulare Pathosystem

P. irregulare glucosidases are induced in the presence of ginsenosides and these
enzymes catalyze the conversion of 20(S)-protopanaxadiol ginsenosides to gin-
senoside F2, a metabolite with monosaccharides (glucose) at C-3 and C-20 of the
sapogenin [78]. It is still unclear how (or if) these reactions contribute to the growth
stimulation of P. irregulare observed in vitro [44]; however, we are working under
the assumption that enzymatic conversion of ginsenosides into a common metabo-
lite F2 could increase pathogen growth in a manner similar to that observed in vitro
for ergosterol (on P. irregulare) [77] or soybean sterols (Phytophthora sojae) [83]. In
addition, glucosidases converting ginseng saponins to ginsenoside F2 may be a part
of the pathogen’s host recognition processes. Both of these scenarios, elaborated on
below, would have important implications for the severity of disease in ginseng.

Generally, oomycetes are unable to synthesize sterols because of deficiencies at
key points in the sterol pathway [84, 85] and they are therefore dependent upon
exogenous sterols for growth and development. These organisms acquire sterols
from the environment through the action of the sterol-carrying proteins, known
as elicitins [86–88]. Ginsenosides are structurally and biosynthetically similar to
sterols; therefore it is possible that the sterol-binding (elicitin-like) proteins of
Pythium spp. [89, 90] transport ginsenoside metabolites into the hyphae of the
pathogen. The action of elicitin-like proteins, coupled with specific glycosidase
activity, and the recovery of ginsenoside F2 from the hyphae of P. irregulare [77]
could account for the growth stimulation of P. irregulare observed in vitro [44].
The induction of G1 and G2/3 in cultures supplemented with ginsenosides, but
not in naïve cultures, although the latter also produce glycosidases [78] supports
the idea that the formation of ginsenosidases by P. irregulare may represent an
important step in the recognition of host roots by this pathogen. This is further
supported by the observation that P. irregulare isolates obtained from different
plant sources appear to have different levels of ginsenosidase activity in vitro
(see Section 2.3.2).
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As a working hypothesis, the role of ginsenosides and ginsenosidases in the
ginseng–P. irregulare pathosystem may be conceptualized as follows: ginseng
plants produce ginsenosides, which, over time, are released into the rhizosphere.
P. irregulare secretes broad specificity glycosidases into its surroundings, which
may encounter ginsenosides. The degradation of ginsenosides and the formation of
products like ginsenoside F2 may signal the presence of ginseng roots to P. irregu-
lare and lead to the expression of more specific glycosidases (i.e., with either 1→2
or 1→6 hydrolytic activity) by the pathogen. Alternatively, the small amount of F2
found in the ginsenoside profile of some roots may be sufficient to trigger the same
response. Regardless, the subsequent, specific degradation of ginsenosides in the
rhizosphere leading to a gradient in F2 concentration may lead P. irregulare to host
roots (Fig. 2.5).

Fig. 2.5 Conceptual model for the role of ginsenosides in the interaction between ginseng and
Pythium irregulare. Ginseng plants secrete/leach ginsenosides into the rhizosphere; similarly,
Pythium irregulare secretes broad specificity glycosidases into its environment. When ginsenosides
are encountered by glycosidases, at least one degradation product (F2) may be used by Pythium
irregulare as a signal, resulting in the expression of more specific ginsenosidases by Pythium irreg-
ulare, which in turn generates more F2. Ultimately, Pythium irregulare moves toward the source
of ginsenosides (gray arrow)

By contrast, given that P. irregulare tends to attack young seedlings (e.g., 1- or
2-year old plants), which may not have produced large quantities of ginsenosides,
it may be that this pathogen does not use ginsenosides to find its host. Rather, it
can be argued that P. irregulare uses mature plant secretions to locate a place where
young seedlings will soon emerge; i.e., the presence of ginsenosides in the soil may
lead to a build-up of inoculum that can infect subsequent plantings (whether natural
or artificial). Such a hypothesis is supported by the “replant problem” associated
with commercial ginseng production in which a new crop cannot be re-planted in
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the same gardens as previous ones [91]. Regardless, further experimental evidence
is required to explicitly address this hypothesis.

2.6 Summary and Future Directions

The question posed in the title of this chapter remains to be answered. Are gin-
senosides phytoanticipins? Or are they host recognition factors? Arguably, they
are both. Since they are preformed antifungal compounds, they are by definition
phytoanticipins. Their effectiveness is tempered by the fact that some organisms,
but especially the oomycetes, are unaffected by their fungitoxicity, either via
innate resistance or through active degradation. While such broad generalizations
require further experimental validation, it has been shown that the ginseng pathogen
P. irregulare can selectively deglycosylate the 20(S)-protopanaxadiol ginsenosides
via extracellular glycosidases. We hypothesize that P. irregulare uses ginsenoside-
specific glucosidases to help find its host and/or obtain nutrients/growth factors
from its environment [78]. This hypothesis is supported by two unrelated obser-
vations: (1) different isolates of P. irregulare have been shown to have significant
differences in pathogenicity between hosts [92] and (2) different isolates of P. irreg-
ulare have different levels of ginsenosidase activity in vitro (M.A. Neculai, MSc
Thesis, The University of Western Ontario, 2008) (Fig. 2.3). If these observations
are related, then the virulence of P. irregulare isolates on ginseng should correlate
with ginsenosidase activity.

If the correlation between virulence and ginsenosidase acitivity exists, it may be
feasible to generate avirulent strains of P. irregulare by knocking down these gin-
senosidases in vitro. The corollary may also be true: if exposure to ginsenosides
induces ginsenosidase activity (as suggested by in vitro data; [78]) and ginsenosi-
dase activity is correlated with pathogenicity, then one might expect to increase
a given isolate’s pathogenicity toward ginseng (i.e., alter its host selectivity) by
pre-exposing it to ginsenosides. This is supported by the observation that P. irreg-
ulare isolates are not necessarily more pathogenic on their host of origin but rather
more selective in their pathogenicity toward different hosts [92]. This same trend of
selective host pathogenicity based on genotypic relation has also been reported for
Pythium sylvaticum and P. ultimum [93]. Establishing the selective host pathogenic-
ity of P. irregulare will be vital in understanding the infection cycle of this oomycete
and how exactly it is related to the metabolism of ginsenosides. This could inevitably
lead to the establishment of better pathogen protection for ginseng growers whose
crops are heavily affected by this pathogen.
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Chapter 3
Fractionation of Grape Seed Proanthocyanidins
for Bioactivity Assessment

Vaishali Sharma, Chungfen Zhang, Giulio M. Pasinetti, and Richard A. Dixon

3.1 Introduction

Proanthocyanidins (PAs), also known as condensed tannins, are polymeric flavonoid
compounds composed of flavan-3-ol subunits and are widespread throughout the
plant kingdom. They play a role in plant defense by accumulating in many dif-
ferent organs and tissues where they provide protection against predation [1]. PAs
are the major class of phenolics in grape and grape-derived products such as
wine, juice, and dietary supplements. These compounds are located in the skin and
seeds and are responsible for imparting astringency to grape beverages [2]. Grape
seed extract (GSE) is a complex mixture of PA monomers, oligomers, and poly-
mers consisting of (+)-catechin, (–)-epicatechin, and (–)-epicatechin gallate subunits
linked by C4→C8 or C4→C6 interflavan bonds (Fig. 3.1). The chemical struc-
tures of grape seed flavan-3-ols dictate their physical and biological properties. For
example, the sensory perception of astringency and bitterness in wine changes in
response to the degree of polymerization (DP) and degree of galloylation (DG) of
the flavan-3-ols [2].

Recent studies indicate that PAs are strong antioxidants, and these compounds
have been ascribed a number of potential activities beneficial to health, including
protection against cancers, cardiovascular disease, and Alzheimers’s disease [3–5].
As many as 5.3 million Americans and 27 million people worldwide are living with
Alzheimer’s disease, which is characterized by a build-up of proteins (plaques and
tangles) in the brain, leading to loss of connection between neurons. Recent studies
suggest that moderate red wine consumption reduces the incidence of Alzheimer’s
disease [6]. Moreover, grape-derived polyphenolic compounds may inhibit deposi-
tion of the beta-amyloid protein in spaces between the nerve cells, a process also
called Aβ oligomerization [7]. Studies at Mount Sinai School of Medicine showed
that dietary grape seed extract significantly reduced Alzheimer’s disease-type
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Fig. 3.1 Structures of (a) catechin, (b) epicatechin, (c) epicatechin gallate, (d) general structure
of PAs, and (e) procyanidin dimer

cognitive deterioration in mice by prevention of amyloid formation in the brain [8].
However, the clinical relevance of these findings for GSE application in human dis-
eases remains unknown, primarily because of our incomplete understanding of the
metabolism and bioavailability of the polyphenolic components of GSE. Since GSE
is a complex mixture of polyphenolics and other components, it is critical to purify
the active fractions to the level of individual compounds or a small group of com-
pounds in order to identify the bioactive compound(s) and determine whether there
are synergies between molecular species.

The complete fractionation of PAs in plant material is somewhat difficult because
of their structural complexity, in particular their different degrees of polymerization.
Several methods ranging from fractionation on C18 Sep Pak cartridges, liquid–
liquid extraction, gel permeation chromatography, and HPLC have been developed
to separate oligomeric and polymeric PAs [8–11]. These methods generally allow a
good separation of PA oligomers, but the resolution becomes poor with increasing



3 Fractionation of Grape Seed Proanthocyanidins for Bioactivity Assessment 35

degree of polymerization. In addition, irreversible adsorption can occur during chro-
matographic separations, particularly for polymeric species that interact strongly
with adsorbent phases. On the other hand, a few methods based on liquid–liquid
extraction [12] and precipitation [13] allow isolation of PAs from crude polyphe-
nolic extracts, but the fractionation obtained is not sufficient to fully characterize
a PA extract. Finally, direct analysis of PAs by ESI-MS without initial fractiona-
tion can identify oligomers and even polymers, but the size distribution remains
undetermined [14].

The aim of this chapter is to highlight recent advances in fractionation tech-
niques for grape seed PAs, using as examples methods we are using for large-scale
fractionation into monomers, oligomers, and polymers for assessment of bioactivity
and bioavailability in animal model studies of Alzheimer’s disease. Our methods
represent modifications/combinations of previously described approaches. We first
discuss the available methods and modifications and then present a case study for
the fractionation of MegaNatural-AZ GSE.

3.2 Methods for PA Extraction, Separation, and Analysis

3.2.1 Extraction of Grape Seed PAs

The total extractable phenolics in grapes are present at only about 10% in pulp, 60–
70% in the seeds, and 28–30% in the skin. The most abundant phenolics isolated
from grape seeds are catechins (catechin, epicatechin) and their polymers (PAs)
[15, 16]. The solubility of PAs is governed by their chemical nature that may vary
from simple to very highly polymerized substances. The usual methods for the isola-
tion of PAs depend on their differential solubility in various solvents. Solvents such
as acetone, methanol, ethanol, ethyl acetate, and their combinations, often with dif-
ferent proportions of water, have been used for the extraction of PAs from plant
material [10, 17–19]. Other factors that play an important role in extraction include
pH of the extraction medium, particle size of the biological material, temperature,
and oxidation. Some researchers have reported the use of acidified solvents for the
extraction of PAs from plant tissue [20, 21], while others have expressed concern
that the presence of acids could induce degradation of PAs during extraction [22].
PAs from grape solids (seed, stem, skin) have been extracted at room temperature in
the presence of nitrogen gas [23]. This reduces the degradation of PAs compared to
extraction at high temperature in the presence of air (oxygen). Figure 3.2 shows the
extraction efficiencies of grape seed PAs in different solvents [22].

3.2.2 Fractionation of PAs

Various methods have been reported for fractionation of PAs, among which sol-
vent (liquid–liquid) extraction [10], column chromatography on Sephadex G25,
LH20, or Toyopearl [8, 9], and solid phase extraction on C18 Sep-Pak cartridges
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[8] are the most commonly used. Liquid–liquid extraction with ethyl acetate to iso-
late oligomeric PAs and with ether to isolate monomers has been used by several
researchers [10]. However, the recovery is poor and only small amounts of PAs can
be isolated in time-consuming separation steps. Therefore, the preparative isolation
of PAs is most commonly achieved by employing Sephadex LH-20 and Toyopearl
HW-40 column chromatography [8, 18, 20, 21, 24, 25]. The crude extract is applied
to the column and non-tannin compounds are eluted with methanol followed by elu-
tion of PAs with aqueous acetone. According to Derdelinckx and Jerumanis [26],
use of Toyopearl HW-40 allows PAs to be obtained in an advanced state of purity.

We have employed two different protocols for the chemical fractionation of GSE
obtained from MegaNatural-AZ based on the amounts needed for bioactivity-based
assays. Batches of GSE (50 g) were extracted in acetone/water (7:3) under N2 with
mechanical agitation for 12 h. The acetone was removed on a rotary evaporator and
the aqueous phase was freeze-dried to yield 48 g of tannin crude extract (TCE). TCE
was further fractionated following two different methods.

3.2.2.1 Solvent Precipitation

This fractionation of GSE follows the method of Saucier et al. [10]. TCE (2 g) was
dissolved in Milli-Q water (10 g/L) and extracted three times with equal volumes
of ethyl acetate. The organic phase (EA) was evaporated to dryness (35–40◦C) and
redissolved in 60 mL of water. The solution was then applied to an SPE Column
(ENV1 18, 10 g, Supelco, Bellefonte, PA) and the monomers were eluted with
diethyl ether. The oligomers were recovered by elution with 60 mL of methanol,
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Solvent extraction

Tannin crude extract
Ethyl acetate
partitioning

Organic phase Solid phase extraction on
C18 reverse phase cartridge

Ether

Methanol

(F6)

Water phase

Chloroform addition
50% of total volume

Filtrate

Successive precipitations with

60% chloroform Precipitate (F2)

70% chloroform Precipitate (F3)

75% chloroform Precipitate (F4)

Filtrate (F5)

Fig. 3.3 Fractionation protocol for GSE based on successive solvent precipitations (adapted with
permission from [10])

then evaporated to dryness, redissolved in a minimal volume of water, and freeze-
dried to give fraction F6. The efficiency of monomer removal was checked by
thin-layer chromatography on silica gel with ethyl acetate/formic acid (98:2, v/v)
as mobile phase. The aqueous layer was evaporated to dryness and redissolved in
100 mL of methanol followed by addition of chloroform (100 mL). The precipitate
that formed was collected by filtration and retained for the next steps. The methano-
lic extract was evaporated, redissolved in water, and freeze-dried to give fraction
F1. This process was then repeated by adding successively 50 (60%), 83 (70%), and
66 (75%) mL of chloroform to the filtrate. This resulted in the F2, F3, and F4 pre-
cipitates and the final filtrate (F5). All these were evaporated, redissolved in water,
and freeze-dried. Figure 3.3 shows the flow chart for fractionation of GSE by this
procedure.

3.2.2.2 Fractionation on Toyopearl HW-40S

This protocol was developed for large-scale fractionation of grape seed PAs into
specific size classes (monomer, oligomer, polymer). TCE (20 g) was dissolved in
Milli-Q water (10 g/L) and extracted three times with equal volumes of ethyl acetate.
The organic phase was evaporated to dryness (35–40◦C) and redissolved in 60 mL
of water. The solution was then applied to an SPE column (ENV1 18, 10 g, Supelco).
The monomers were eluted with diethyl ether and evaporated to dryness, redissolved
in a minimum volume of water, and freeze-dried to give the monomer fraction.
The aqueous layer from the ethyl acetate extraction was evaporated to dryness and
freeze-dried to give the aqueous extract. Fractionation was carried out by injecting
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methanolic solutions containing 15 g of the aqueous extract material onto a 48 ×
4.8 cm glass column filled with Toyopearl HW-40S resin attached to an Isolera
flash purification system (Biotage, Charlottesville, VA). The compounds were eluted
with 50% methanol at a flow rate of 6 mL/min and monitored at 280 nm. Thirty
fractions each of 240 mL were collected, and the column was further eluted with
60% acetone and another 10 fractions of 240 mL were collected. Organic solvents
were evaporated at 35–40◦C and the residue was freeze-dried. All fractions were
analyzed by normal phase (NP)-HPLC using the post-column derivatization method
described below. Figure 3.4 shows the flow chart for fractionation of GSE by this
method.

Grape Seed Extract

Solvent Extraction

Tannin Crude Extract

Chromatography of Aqueous Phase on Toyopearl HW- 40

Liquid - Liquid Extraction/PartitioningSolid Phase Extraction of Organic Phase on
C18 Column

Normal Phase HPLC Analysis of Fractions

Active Fractions Containing Monomers, Oligomers and Polymers Pooled
Separately

Scale-Up of PA Fractionation for Bioavailability Studies

Monomers Eluted with Diethyl Ether

Oligomers Eluted with 50% Methanol and Polymers Eluted with
60% Acetone 

Fig. 3.4 Large-scale fractionation protocol for GSE on Toyopearl resin

3.2.3 Quantification of PAs

Methods used for the detection of PAs in crude or partially purified extracts can also
be adapted for post-column analysis after fractionation (see below). Direct quanti-
tative analysis of PAs in crude grape phenolic extracts is often impossible due to
the complex sample matrix. Thus, fractionation or purification is often necessary
before analysis. The Folin-Ciocalteu and Prussian Blue assays are widely used for
the quantification of total polyphenols in plants [27, 28]. These methods are not spe-
cific for PAs due to the reaction of other phenolic compounds with these reagents.
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Aldehydes are known to react with m-diphenols to form a colored carbonium ion in
acid, and this reaction has been utilized for assay of flavanols because the A-rings
of flavanols have m-diphenol functionality [29].

Vanillin, an aromatic aldehyde, has been used for PA assay [30], but vanillin
protocols have, however, been reported to suffer from a lack of sensitivity, speci-
ficity, and reliability [31–33]. Another aldehyde, 4-dimethylaminocinnamaldehyde
(DMACA), was reported to give a deep blue coloration after reaction with flavan
3-ols and is regarded as being specific for flavan 3-ols and their polymers (PAs) [34–
36]. Figure 3.5 records this specificity by presenting standard curves for epicatechin
and cyanidin-3-O-glucoside with DMACA reagent.
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Fig. 3.5 Standard curves of epicatechin and cyanidin-3-O-glucoside with DMACA reagent

3.2.4 Determination of PA Complexity

High-performance liquid chromatography (HPLC) techniques are widely used for
separation of phenolic compounds. Both reverse- and normal-phase HPLC methods
have been used to separate and quantify PAs but have enjoyed only limited success.
In reverse-phase HPLC, PAs smaller than trimers are well separated, while higher
oligomers and polymers are co-eluted as a broad unresolved peak [8, 13, 37]. For our
reverse-phase analyses, HPLC separation was achieved using a reverse phase, C18,
5 μm 4.6 × 250 mm column (J. T. Baker, http://www.mallbaker.com/). Samples
were eluted with a water/acetonitrile gradient, 95:5 to 30:70 in 65 min, at a flow
rate of 0.8 mL/min. The water was adjusted with acetic acid to a final concentration
of 0.1%. All mass spectra were acquired using a Bruker Esquire LC-MS equipped
with an electrospray ionization source in the positive mode.
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Normal-phase HPLC has been used increasingly during the past few years for the
separation of PAs from grape seed and cocoa [11]. PAs up to decamers were sepa-
rated and resolved into equally spaced peaks in an order consistent with the degree
of polymerization. However, for more complex polymers extracted from grape, the
resolution becomes lower.

Several DMACA protocols have been developed for post-column detection of
flavanols following HPLC analysis of beverages [31, 35, 36]. In our method, normal-
phase HPLC analysis is performed using an HP 1100 system equipped with a diode
array detector. Samples are analyzed using the post-column derivatization method
described by Peel et al. [38]. Separations are done on a 250 × 4.6 mm Luna 5
μm silica column using methylene chloride and methanol in 4% acetic acid/water.
Post-column derivatization is accomplished using a separate HPLC pump (Alltech
model 426), which is used to deliver the DMACA reagent (1% DMACA in 1.5 M
H2SO4 in methanol) to a mixing tee where effluent from the column and the reagent
can combine and pass through an 8-m coil of 0.2 mm i.d. PEEK tubing prior to
detection at 640 nm.

3.2.5 Determination of the Mean Degree of Polymerization of PAs

The degree of polymerization and nature of the flavan-3-ol subunits of PAs is usually
determined by thiolysis or phloroglucinolysis. PAs under acidic conditions release
terminal subunits as flavan-3-ol intermediates. These electrophilic intermediates can
be trapped by a nucleophilic reagent to generate analyzable adducts. The two most
commonly used nucleophilic reagents are phloroglucinol [25] and benzyl mercap-
tan [39]. The use of phloroglucinol as a trapping agent has two major advantages
over benzyl mercaptan: (a) phloroglucinol is odorless and has no special handling
requirements and (b) there is more selectivity in the formation of 3,4-trans adducts
from 2,3-trans flavan-3-ol extension subunits [40].

For phloroglucinolysis, a solution of 0.1 N HCl in MeOH, containing 50 g/L
phloroglucinol and 10 g/L ascorbic acid, is prepared. The PA of interest is reacted
in this solution at 50◦C for 20 min and then combined with 5 volumes of 40 mM
aqueous sodium acetate to stop the reaction. After acid-catalyzed cleavage in the
presence of phloroglucinol, the fraction is depolymerized and the terminal subunits
released as flavan-3-ol monomers and the extension subunits released as phloroglu-
cinol adducts of flavan-3-ol intermediates. These products are then separated and
quantified by HPLC [25].

3.3 Case Studies for Fractionation of MegaNatural-AZ GSE

Dietary intervention with crude MegaNatural-AZ grape seed extract significantly
reduced (by 30–50%) Alzheimer’s disease-type cognitive deterioration in mice
by prevention of amyloid formation in the brain [8]. However, it is essential to
determine which components of the extract exhibited bioactivity in the transgenic
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mouse model of Alzheimer’s disease and how this correlated with the bioavailabil-
ity of the individual components. To this end, we have pursued the fractionation of
GSE in quantities sufficient for analysis of the protective effects of its individual
components against Alzheimer’s disease in animal behavior models.

3.3.1 Solvent Precipitation

GSE was extracted with aqueous acetone to obtain a crude tannin extract (TCE).
Normal-phase HPLC analysis of TCE (Fig. 3.6) showed that it is a mixture of
monomers, oligomers, and polymers with a mean degree of polymerization of 4.
This agrees with the results from previous studies [10, 41]. TCE was fractionated
into six fractions by successive solvent extractions and precipitation (Fig. 3.3).
Oligomers were extracted by ethyl acetate (fraction F6) and monomers were
removed by solid phase extraction on C18 with diethyl ether according to the
method of Saucier et al. [10]. However, monomer peaks still persist in the F6
fraction (Fig. 3.7f). The remaining polymers were dissolved in methanol and pre-
cipitated successively by adding increasing amounts of chloroform. Five fractions
were recovered by vacuum filtration and analyzed on NP-HPLC with post-column
derivatization with DMACA (Fig. 3.7a–e). The degree of polymerization of the
fractions was obtained by phloroglucinolysis and is given in Table 3.1. The frac-
tions have decreasing degree of polymerization with increasing fraction number, in
accordance with the results of Saucier et al. [10]. This is a rapid method for the
preparation of different molecular weight fractions of grape seed PAs, but there
is still significant cross-contamination between the fractions. Moreover, individual
fractions containing monomers, oligomers, and polymers were not separated by this
method.
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Table 3.1 Mean degree of polymerization (mDP) of GSE fractions determined by phlorogluci-
nolysis

Mole %

EC-
phloro
adduct

Catechin-
phloro
adduct

ECG-
phloro
adduct

EGC-
phloro
adduct Catechin EC mDP

TCE 52.6 5.0 13.4 2.4 12.7 13.5 4.0
Fraction 1a 53.0 8.1 15.0 5.9 10.2 11.6 4.5
Fraction 2a 52.0 8.9 14.0 1.1 10.9 13.0 4.1
Fraction 3a 51.4 8.9 14.8 1.6 11.2 13.4 4.0
Fraction 4a 53.2 7.4 11.9 1.3 11.2 16.0 3.6
Fraction 5a 47.1 6.9 13.8 1.2 13.4 18.6 3.1
Fraction 6a 40.7 6.5 14.8 1.4 18.0 19.8 2.6
Oligomer-richb 39.0 5.5 4.87 1.5 20.0 29.0 2.0
Polymer-richb 63.0 7.2 12.0 3.3 8.1 6.0 7.2

aGSE fractions from protocol 1.
bGSE fractions from protocol 2.
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3.3.2 Fractionation on Toyopearl Resin

In order to obtain large amounts of monomers, oligomers, and polymers for bioac-
tivity determination, we have employed another fractionation protocol combining
different techniques of solvent extraction, partitioning, column chromatography on
Toyopearl resin, and HPLC (Fig. 3.4). The purity of the fractions was confirmed by
LC-MS. TCE was extracted repetitively with ethyl acetate and the organic layer
containing monomers was further purified by solid phase extraction on a C18
cartridge with diethyl ether (Fig. 3.8a). Oligomers and polymers were fraction-
ated from the aqueous layer of the TCE by column chromatography on Toyopearl
resin. The three fractions were monomer-rich, oligomer-rich, and polymer-rich.
NP-HPLC profiles of tannin crude extract, oligomer-rich fraction, polymer-rich
fraction, and monomer-rich fraction are shown in Figs. 3.5 and 3.8 (a–d). The LC-
MS analysis of the oligomer-rich fraction confirmed the presence of procyanidin
B2 (Fig. 3.9). The oligomer-rich fraction has a mean degree of polymerization
(mDP) of 2.0 and the polymer-rich fraction has an mDP of 7.2 as determined
by phloroglucinolysis (Table 3.1, Fig. 3.10). There is little cross-contamination
of the components in the monomer-rich, oligomer-rich, and polymer-rich
fractions.
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Fig. 3.10 Reverse-phase HPLC chromatogram of PA phloroglucinol cleavage products from the
polymer-rich fraction of GSE

3.4 Conclusions

Crude GSE can be separated into distinct components from monomer-rich to
oligomer- and polymer-rich fractions by solvent extraction followed by chro-
matography on Toyopearl resin. The pre-fractionation of the tannin crude extract
by liquid–liquid extraction with ethyl acetate fractionates the monomers into the
organic phase and improves the subsequent fractionation of oligomers and poly-
mers on Toyopearl HW 40 resin. This fractionation technique is easy to operate and
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is reproducible. Furthermore, it can be achieved on a large-scale suitable for gener-
ation of sufficent material (5–10 g batches of specific size fractions) for bioactivity
assays/animal feeding studies.
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Chapter 4
Coloring Soybeans with Anthocyanins?

Nikola Kovinich, John T. Arnason, Vincenzo De Luca, and Brian Miki

4.1 Anthocyanin Biosynthesis in Black Soybean for the Visual
Identification of Transgenic Grains?

The commercial production of genetically engineered (GE) crops has risen to
250 million acres worldwide [1]. As the prevalence and diversity of engineered
crops increase, contamination of non-modified grain with transgenics is becom-
ing problematic [2]. Distinct colors for the visible identification and quantitation of
transgenic materials may provide increased safety to the consumer and freedom to
the producer. Black soybean, long considered a medicinal food and consumed only
occasionally in Japan and Korea, is similar in composition to cultivated yellow soy-
bean, except that it accumulates anthocyanin and proanthocyanidin (PA) pigments
in the seed coat. Recent advances in the understanding of anthocyanin biosynthesis,
composition, and flux in black soybeans may enable the engineering of distinct seed
colors with low potential for unintended effects on the biosafety of food and feed.
Since the first reported engineering of a “novel” flower color by the expression of
a maize enzyme in petunia [3], numerous experiments have successfully modified
flower color in various plant species [4]. However, successful engineering of target
colors is likely uncommon, as exemplified by more than one decade of attempts to
engineer a true blue rose [5, 6]. Thus, a better understanding of black color in plant
tissues may enable the engineering of different, yet unpredictable colors from black
soybeans.
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4.2 Anthocyanins in Black Soybean

4.2.1 Anthocyanin Composition in the Seed Coat of Black Soybean

In black soybean seeds, anthocyanins accumulate within the seed coat pal-
isade cells (the epidermal layer). Until 2009, only major anthocyanins within
the black soybean seed coat had been reported. They were structurally simple,
consisting of 3-O-glucosides of cyanidin, delphinidin, and petunidin in most vari-
eties [7]. In 2009, Lee et al. [8] reported an in-depth analysis of anthocyanin
composition from the seed coats of black soybean and identified six addi-
tional anthocyanins that included major amounts of pelargonidin-3-O-glucoside,
catechin-cyanidin-3-O-glucoside, and minor amounts of cyanidin-3-O-galactoside,
delphinidin-3-O-galactoside, cyanidin, and peonidin-3-O-glucoside. This suggests
that anthocyanin biosynthesis in the seed coat is more complex than previously
envisioned.

4.2.2 Anthocyanin Biosynthesis, Flux, and Accumulation
in Black Soybean

Despite the requirement for various regulatory, structural, and transport genes
required for coordinate biosynthesis and accumulation of anthocyanins [9], only
six genetic loci (I, R, T, Wp, W1, and O) have been reported to control seed
coat color in soybean [10, 11]. These loci likely represent nonredundant regula-
tors of anthocyanin biosynthesis. Chalcone synthase, the branch-point enzyme that
commits phenylpropanoid flux to flavonoid/anthocyanin biosynthesis (Fig. 4.1),
is encoded by a small gene family (CHS1–CHS9) [12]. CHS7 and CHS8 func-
tion in the seed coat [13, 14]. It is by silencing CHS7 and CHS8 specifically
in the seed coat palisade via RNA interference [13, 14] that the Inhibitor (I)
locus reduces flux into the flavonoid pathway causing the absence of visual
pigments and a yellow seed appearance. There are four alleles of the I locus
(I, ii, ik, and i), each of which results in different spatial distribution of pigments
in the seed coat [10]. It is recessive allele i that does not silence CHS7 and
CHS8, allowing for pigment production throughout the seed coat palisade cells

�
Fig. 4.1 (continued) Anthocyanin biosynthetic pathway in the seed coat of black soybean. Only
major anthocyanins are shown. Metabolites are represented in lowercase, enzymes in uppercase,
locus alleles in shaded boxes. Major flux control points (large arrows). A circled plus indicates
positive regulation, a vertical bar, inhibition, and a question mark, an unknown mechanism.
AOMT, anthocyanin-O-methyltransferase; CHI, chalcone isomerase; CHS7, CHS8, chalcone
synthases; DFR, dihydroflavonol 4-reductase; F3H, flavanone 3-hydroxylase; F3′H, flavonoid
3′-hydroxylase; F3′5′H, flavonoid 3′5′-hydroxylase; LDOX, leucoanthocyanidin dioxygenase;
UF3GT, UDP-glucose:flavonoid-3-O-glucosyltransferase
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(Fig. 4.1). Allelic differences in the I locus were attributed to sequence differ-
ences in their promoters [15]; however, the transcription factors (TFs) that interact
with these promoters have not been identified. In addition, environmental factors
such as low-temperature stress appear to affect I locus and CHS expression [16]
and represent an additional level of regulation that remains largely unexplored
(Fig. 4.1).

The T locus encodes the enzyme flavonoid 3′-hydroxylase (F3′H) [17, 18], and
is an important controller of flux in the anthocyanin pathway in soybean seed coats
(Fig. 4.1). F3′H diverts metabolic flux away from biosynthesis of orange (pelargoni-
din) and blue (delphinidin) anthocyanins toward the red cyanidin-3-O-glucoside,
which is the main anthocyanin in the seed coats of black soybean [7, 8]. T increases
the accumulation of delphidin-3-O-glucoside in black seed coats, even though it is
not required for its biosynthesis [19]. Possible mechanisms for this include positive
feedback, or the stabilization of the putative anthocyanin biosynthetic metabolon
[20] by F3′H-derived membrane anchoring (Fig. 4.1).

The W1 locus encodes flavonoid 3′5′-hydroxylase (F3′5′H) [21]. F3′5′H diverts
metabolic flux into the blue delphinidin branch of anthocyanin biosynthesis
(Fig. 4.1). In the absence of F3′H activity (t), W1 and recessive w1 give imper-
fect black and buff seed colors, respectively [10]. However, in black seeds, F3′H (T)
phenotypically masks W1. In contrast to its role in seeds, W1 has a prominent role in
flower colors, as delphinidin-based anthocyanins are the major pigments in purple
soybean flowers [22, 23]. Interestingly, F3′5′H is expressed at very low levels in
flowers and seeds [21]. This suggests that, out of the two branch-point genes (i.e.,
F3′H and F3′5′H), it is the strong expression of F3′H in seed coats and weak expres-
sion in the flowers that determines preferential accumulation of cyanidin-based and
delphinidin-based anthocyanins in these respective tissues [21].

In contrast to W1, the recessive allele of the Wp locus (wp) results in a
change from black to a lighter grayish seed coat color [24]. Wp encodes flavanone
3-hydroxylase (F3H1) [24] an enzyme essential for anthocyanin biosynthesis
(Fig. 4.1). Similar to F3′H, F3H1 is expressed at high levels in the seed coat rel-
ative to the flowers. A reduction in the expression of F3H1 in the seed coat by the
wp mutation may not be sufficient to cause a drastic visible change in seed coat
color phenotype (black to gray) as it does in the flower (purple to pink).

The R locus determines the presence (R) or absence (r) of anthocyanins in the
seed coat. R is required (with i and T) to produce black seed [10]. However the
identity of the gene product encoded by this locus has not been reported. Todd and
Vodkin [25] have demonstrated that brown seed coats (r) contain proanthocyanidin
(PAs) and black seed coats (R) contain anthocyanins in addition to PAs and sug-
gested that R acts subsequent to the formation of leucoanthocyanidin but previous
to the formation of anthocyanins. UDP-glucose:flavonoid 3-O-glucosyltransferase
(UF3GT) should be considered a candidate gene of the R locus but its identification
has not yet been reported.

Perhaps the least understood of the five loci that control seed coat color in soy-
bean is the O locus [10, 11]. The O locus only affects the phenotype of brown
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Fig. 4.2 HPLC-DAD chromatograms of anthocyanins from soluble and insoluble extracts of
black, red-brown, and brown soybean seed coats at 520 nm. (a, d) Black (Clark), (b, e) red-
brown (M11), and (c, f) brown (M100) seed coats. (a and b) Pulverized fresh seed coats
extracted with 80% methanol in water. (d–f) Insoluble pulverized seed coat fraction extracted with
1-butanol/HCl (19:1) 1% SDS. Compound identifications were based on comparison of retention
times and absorption spectra to authentic standards. Peak 1, unknown; peak 2, delphinidin-
3-O-galactoside; peak 3, delphinidin-3-O-glucoside; peak 4, cyanidin-3-O-galactoside; peak 5,
cyanidin-3-O-glucoside; peak 6, petunidin-3-O-glucoside; peak 7, pelargonidin-3-O-glucoside;
peak 8, peonidin-3-O-glucoside; and peak 9, malvidin-3-O-glucoside

(I T r) seeds [10]. O gives brown, whereas recessive o gives a red-brown pheno-
type. Preliminary analysis reveals the anthocyanin content of red-brown seed coats
to differ from brown by the presence of 3-O-galactosides of cyanidin and delphini-
din (Fig. 4.2). An enzyme with minor 3-O-galactosyltransferase activity has been
identified [26], but it remains to be determined whether genetic differences in this
gene account for red-brown versus brown seed coat color.

Four additional genetic loci (W2, W3, W4, and Wm) affect flower but not seed
coat color and have been summarized elsewhere [27].
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4.3 Is the Black Color in Plants Determined by Anthocyanins?

4.3.1 Anthocyanin Levels Versus Composition in Black
Plant Tissues

It is currently not understood whether specific anthocyanin types, levels, or addi-
tional factors are required to color plant tissues black. Cyanidin monoglycosides
are the predominant anthocyanins in black rice [28] and seven species of black
berries [29, 30]. By contrast, delphinidin monoglycosides are the major antho-
cyanins in black Lisianthius nigrescens flowers [31], black tulip [32], and the seed
coats of black bean (Phaseolus vulgaris L.) [33]. Black carrot [34] and black cur-
rant [30] contain anthocyanin 3-diglycosides, but black pansy petals are perhaps the
only reported plant organ to contain major anthocyanins glycosylated at the 5- and
3-positions [35]. Glycosides of other anthocyanidins have not been reported to con-
stitute the major anthocyanins of black plant tissues. Cyanidin-3-O-glucoside is the
most abundant anthocyanin in black soybean [7, 8], whereas the 3-O-galactoside is
the most abundant in red-brown soybeans (Fig. 4.2). Relative to black soybean, red-
brown seed coats have a simple anthocyanin composition and reduced anthocyanin
levels (Fig. 4.2).

Anthocyanin levels are significantly higher in black fruits versus their red coun-
terparts. Data from Wu et al. [30] show that black plum and black currant have
anthocyanin levels 6 and 36 times higher than their respective red counterparts.
Presently, there have been no reports of engineering black color in plant tissues
despite numerous successful attempts to increase anthocyanin levels by overexpress-
ing structural and regulatory genes. A 350-fold increase in anthocyanin levels in
tomatoes by overexpression of two snapdragon transcription factors resulted in dark
purple rather than “black” color [36]. This suggests one or more additional factors
may be involved in coloring tissues black.

4.3.2 Are Anthocyanic Vacuolar Inclusions (AVIs) Required
to Color Plant Tissues Black?

The extraordinary accumulation of anthocyanins in black petals of wild L.
nigrescens is thought to be achieved in part by the formation of anthocyanic vac-
uolar inclusions (AVIs) [31]. Their uncommon presence in flower petals has been
shown to enhance both color darkness and intensity [37, 38]. AVIs are insoluble
subvacuolar bodies consisting of a protein matrix that binds specific anthocyanins,
concentrating them to levels higher than found freely in vacuolar solution [38]. In
the AVIs of lisianthius, minor acylated anthocyanins were bound to a protein matrix.
Delphinidin triglycosides, with a terminal rhamnose, were “trapped” by this struc-
ture, whereas those that lacked this moiety were located in the surrounding vacuolar
solution [38]. Pourcel et al. [39] have recently demonstrated that a change in antho-
cyanin content from 3,5-glycosylated to only 3-glycosylated molecules increases
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Fig. 4.3 Bright field microscopy of palisade peels from soybeans at early maturation stage
(400–500 mg fresh seed weight). (a) Black (Clark) with AVIs (black arrowheads). (b) Red-brown
(M11). Scale bar = 20 μm. Effect of oxidation on seed coat color demonstrated by exposing imma-
ture seeds (400–500 mg fresh seed weight) (c–f) to air for 2 h (g–j). (c, g) Black (Clark), (d, h)
red-brown (M11), (e, i) brown (M100), and (f, j) yellow (Clark)

AVI frequency in Arabidopsis. These reports suggest that anthocyanin conjuga-
tion may dictate how anthocyanins are packaged. The seed coat palisade of black
soybean has vesicle-like AVIs (Fig. 4.3a), similar to those found in the abaxial
epidermis of L. Nigrescens’ petals [40]. Interestingly, the seed coat palisade cells
of red-brown soybean do not contain AVIs (Fig. 4.3b). Soluble anthocyanin pro-
files from the black soybean seed coat (Fig. 4.2a) were similar to those reported
previously [8]. Cyanidin-3-O-glucoside (Fig. 4.2a, peak 5) was the major antho-
cyanin, but the 3-O-galactoside (Fig. 4.2b, peak 4) was predominant in red-brown
seed coats. By contrast, more stringent extraction of the insoluble seed coat frac-
tion resulted in completely different anthocyanin profiles (Fig. 4.2). Both black
(Fig. 4.2d, peak 3) and red-brown (Fig. 4.2e, peak 3) soybean seed coats con-
tained delphinidin 3-O-glucoside as the main insoluble anthocyanin, but black seed
coats contained an additional unknown compound (Fig. 4.2d, peak 1). Whether
high levels of delphinidin 3-O-glucoside or the unknown compound is required
for AVI formation and black seed coat color in soybean seeds remains to be
determined.
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4.3.3 Does Co-pigmentation and Oxidation Have a Role
in Blackening Seeds?

The role of co-pigmentation in black tissues may be best exemplified by the flow-
ers of wild L. nigrescens, which accumulate an equal ratio of anthocyanins and
flavones [31]. Co-pigmentation is generally considered to occur by physical interac-
tions between anthocyanins and other molecules [41]. In brown seeds such as brown
soybean, oxidized proanthocyanidins (PAs) are the major pigments [42]. PAs are
flavonoid polymers or oligomers composed of (epi)flavan-3-ol units. The polymer-
ization reaction of PAs is not yet fully understood but may require enzymatic and/or
nonenzymatic oxidation reactions [43–45]. In black and brown soybean seed coats,
proanthocyanidin molecules are relatively large (up to 30 subunits [45]), suggesting
frequent oxidative reactions. Anthocyanin and PA accumulation occurs simultane-
ously in the seed coat palisade of black soybean at later stages of development [26]
and both molecules generally accumulate in the vacuole [42]. To determine whether
oxidation may have a role in producing black soybean seed color, fully grown seeds
were exposed to air to mimic the effect of oxidation that occurs during desiccation
(Fig. 4.3c–j). Anthocyanin- and PA-containing seeds of black soybean oxidized to
black (Fig. 4.3c, g) while seeds that contained only PAs browned (Fig. 4.3e, i) and
immature red-brown seeds that contain PAs and lower levels of anthocyanins rela-
tive to black darkened (Fig. 4.3d, h). Seeds that lacked both pigments (except in the
hilum) did not change significantly (Fig. 4.3f, j). This suggests that oxidation in air
has a role in enhancing the coloration of black soybeans. Reducing PA levels may
be required to engineer vibrant seed colors for the visual identification of transgenic
grains.

4.4 Engineering Seed Coat Color for the Visual Identification
of Transgenic Grains

Coloring transgenic plants, plant organs, and other transgenic materials intended
for commercial markets to enable their visual identification could provide increased
safety features to consumers and increased freedom to producers. These have been
cited as the two main issues that threaten the adoption of genetically engineered
plants and foods [1]. The introduction of foreign proteins or metabolites could
potentially be used to mark transgenic materials. However, the introduction of a sub-
stance that is new to the food supply would require additional regulatory scrutiny
under the concept of substantial equivalence [47], as it may pose increased health
or environmental risks. Some potentially safe alternatives for labeling transgenic
materials, such as using green fluorescent protein [48], may not be practical, as
machinery are required for their detection. A potentially safe and economical alter-
native would be to produce distinct colors in transgenic plants of natural products
that are currently already part of the food supply and that are generally recog-
nized as safe. To exemplify this concept, we are presently attempting to suppress
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anthocyanin and/or proanthocyanidin (PA) biosynthesis in the seed coats of black
soybean. We have chosen to suppress genes specific to the anthocyanin and PA
pathways to minimize the potential for unintended effects on food or feed biosafety.

4.5 Concluding Remarks and Future Perspectives

Recent advances have improved our understanding of anthocyanin biosynthesis,
composition, and flux in black soybean. However, several areas such as regula-
tory genes, environment-responsive signaling pathways, and mechanisms of AVI
formation remain largely uninvestigated. Our understanding of black color in plant
tissues is presently speculative, but future efforts to engineer seed color in black soy-
bean will provide great insight. Engineering reduced anthocyanin levels in the seed
coat of black soybean using RNAi or anti-sense technologies could potentially be
used to produce distinct seed colors to enable the visual identification of transgenic
grains. Genes encoding herbicide tolerance, pest resistance, or other commercial
traits could be genetically linked to color-modifying elements in a single construct
for plant transformation. Coloring transgenic materials to enable their visual identi-
fication could provide increased safety to consumers and freedom to producers and
should not be limited in the future to anthocyanin biosynthesis or black soybean.
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Chapter 5
Pharmacogenetics in Potential Herb–Drug
Interactions: Effects of Ginseng on CYP3A4
and CYP2C9 Allelic Variants

Alice Luu, Brian C. Foster, Kristina L. McIntyre, Teresa W. Tam,
and John T. Arnason

5.1 Introduction: Ginseng Drug Interactions

Ginseng species (Panax spp.) have been used for thousands of years to treat a
variety of ailments including fatigue, insomnia, impotence, and chronic illnesses
such as diabetes. There are currently 16–18 recognized species of Panax, depend-
ing on taxonomic treatment [1]. Panax ginseng C.A. Meyer (Asian ginseng) and
Panax quinquefolius L. (American ginseng) are the most commonly used and com-
mercially grown species. Their pharmacological activities have been attributed to
several bioactive components, of which the ginsenosides, also known as triterpenoid
glycosides, are the most important (Fig. 5.1) [2].

In general, ginseng is not associated with any serious adverse effects if taken at
recommended doses. However, there have been frequent reports of adverse reac-
tions such as insomnia, gastric irritation, anxiety, and headaches. There has also
been growing concern for the development of herb–drug interactions with the use
of ginseng. Recently, Health Canada has indicated cautions for the concomitant use
of P. ginseng with warfarin and phenelzine [3, 4]. Although other studies have not
been able to confirm such interactions, these reports suggest that the administration
of ginseng may interfere with the metabolism of drugs in the body.

5.2 Cytochrome P450 (CYP) Enzymes

CYP3A4 and CYP2C9 are the major drug-metabolizing enzymes involved in the
biotransformation of over 70% of clinically prescribed drugs. Ginseng could poten-
tially inhibit or induce these enzymes, predisposing an individual to potential
herb–drug interactions. Indeed, some studies in the literature have shown that gin-
senosides, along with their metabolites, can inhibit CYP3A4 and CYP2C9 [5–8].
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Fig. 5.1 Chemical structures of ginsenosides. Ginsenosides can be separated into protopanaxadi-
ols (a) or protopanaxatriols (b), depending on the presence or absence of a substituent group at
carbon 6. Individual ginsenosides differ according to their sugar moieties, as indicated by R1 and
R2 in the table

Other studies, however, have not been able to reproduce these results. Etheridge
et al. [9], for example, did not find any significant alteration of enzyme activity
using a ginseng root extract and ginsenoside metabolites in human liver micro-
somes (HLM) containing CYP3A4 and CYP2C9. Based on the totality of evidence,
it remains unclear whether the administration of ginseng could have a significant or
physiologically relevant effect on CYP3A4 and CYP2C9 activity.

5.3 The Role of Polymorphisms

Pharmacogenetics is another important factor to consider during the assessment
of herb–drug interactions. In the past, herb–drug interactions have only been
examined using wild-type CYP enzymes with normal function. However, poly-
morphisms in the human genome are a common occurrence, leading to modified
enzyme structure and/or function. Indeed, many polymorphisms have been identi-
fied in CYP genes, including those encoding CYP3A4 and CYP2C9. Interestingly,
the CYP3A4 gene can tolerate many polymorphisms in the genetic code without
being compromised in function. The gene for CYP2C9, however, is not as toler-
ant and polymorphisms often give rise to mutant alleles associated with clinical
complications [10]. Although over 50 polymorphisms have been identified in the
CYP2C9 gene, only two allelic variants (CYP2C9∗2 and CYP2C9∗3) have been
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considered to be clinically relevant and both variants harbor a single nucleotide
mutation [11]. These alleles are most prominent in Caucasian populations and are
associated with a decrease in enzyme activity when compared to the wild-type
allele. Although research has examined the impact of CYP2C9 polymorphisms on
drug metabolism, little is known about the potential of serious interactions when
CYP2C9∗2 or CYP2C9∗3 is inhibited. Furthermore, there is currently no informa-
tion on the effects of ginseng, one of the most widely used herbs, on CYP2C9 allelic
variants.

5.4 Recent Results on CYP3A4 and CYP2C9 Allelic Variants

The effects of ginseng on CYP3A4, CYP2C9∗1, CYP2C9∗2, and CYP2C9∗3 were
recently examined in our laboratory using a method adapted from Tam et al. [12].
A collection of 6–8 ginseng products was tested in 96-well plates, where activity
was detected using a fluorescence-based plate reader. The four commercial root
products were assigned Natural Product Number (NPN) accession numbers and
vouchers have been deposited in the herbarium at the University of Ottawa (U of
O). The in-house preparations consisted of one P. ginseng C.A. Meyer sample and
three P. quinquefolius L. root samples while the commercial products were root
samples equally representative of both species. To maintain company anonymity,
the commercial products from local distributors were coded NPN1, NPN2 for
P. ginseng samples and NPN3, NPN4 for P. quinquefolius samples. In brief, all
ginseng products were prepared as extracts and incubated with CYP enzymes,
substrate (dibenzylfluorescein, DBF; 7-methyloxytrifluorocoumarin, MFC), nicoti-
namide adenine dinucleotide phosphate, reduced form (NADPH), and reaction
buffer [12]. In addition to these bioassays, the ginseng products were also analyzed
using high-performance liquid chromatography with diode array detection (HPLC-
DAD) to characterize them for six major ginsenosides (Rg1, Re, Rb1, Rc, Rb2, and
Rd) [13].

Our results showed that all ginseng products had weak (0–40%) to moderate
(40–80%) inhibitory activity, depending on the CYP enzyme studied. For CYP3A4,
it was found that the ethanol (EtOH), aqueous, and methanol (MeOH) extracts of
Ontario ginseng prepared in-house were significantly more inhibitory than any other
tested product (Fig. 5.2). Based on these results, we tested whether the degree of
CYP3A4 inhibition by different ginseng products could be correlated with total
ginsenoside content (% w/w). The correlation between inhibitory activity and gin-
senoside content was statistically significant with a very high r2 value (Fig. 5.3,
Table 5.1).

When the three allelic variants of CYP2C9 were studied, the commercial
products inhibited the wild-type enzyme (CYP2C9∗1) to a comparable degree
as CYP3A4, but the Ontario ginseng samples showed much less inhibition. The
CYP2C9∗3 variant gave a profile of inhibition similar to the wild-type enzyme, but
there was low inhibition of CYP2C9∗2 by all products. When inhibition of each of



62 A. Luu et al.

CYP3A4 CYP2C9*1

CYP2C9*2v CYP2C9*3

Fig. 5.2 The inhibitory potential of different ginseng products on CYP3A4 and three CYP2C9
allelic variants. A typical 200 μL reaction mixture contained cDNA-expressed enzymes (0.3 pmol
for CYP3A4, 5 pmol for CYP2C9∗1, 5 pmol for CYP2C9∗2, and 10 pmol for CYP2C9∗3),
NADPH (0.54 mM), probe substrates (1 μM dibenzylfluorescein for CYP3A4, 0.2 mM MFC
for CYP2C9 assays), and ginseng samples (80 μg/mL) in 185 mM reaction buffer. Except for
CYP2C9∗3 whose incubation time was set to 60 min, all other CYP assays were incubated for
20 min at 37◦C. All data were expressed as means ± SEM. Samples were tested in triplicate with
assays repeated three times (n = 3). One-way ANOVA was performed, followed by Bonferroni
multiple comparison tests. Means with significant differences are distinguished by different letters
(p<0.05)

the three CYP2C9 variants was correlated with ginsenoside content, no significant
correlation was found. In summary, the present in vitro findings showed that the inhi-
bition of CYP3A4 was dependent on ginsenoside concentration across all products,
but this was not observed for any of the allelic variants of CYP2C9. Ontario-grown
ginseng had the highest inhibitory effect on CYP3A4 due to its high ginsenoside
content. Such interactions could cause the plasma levels of concomitantly adminis-
tered drugs to be higher, posing a potential risk for serious herb–drug interactions.
While the in vitro results predict a possible interaction, further clinical studies are
needed to determine whether the effect can occur in vivo.
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Fig. 5.3 Correlation between
total ginsenoside content and
log-transformed IC50 values.
The IC50 values of different
ginseng products were plotted
against their total ginsenoside
content. Only products
quantified by HPLC-DAD
were included in the analysis.
Pearson correlation yielded a
value of r = –0.997
(p<0.0001)

Table 5.1 Characterization of ginsenoside content and composition across products through
HPLC-DAD analysis

Ginsenoside profile

Ginseng producta Rg1 (%) Re (%) Rb1 (%) Rc (%) Rb2 (%) Rd (%) Total (%)

NPN3 0.160 1.04 2.33 0.258 0.059 0.324 4.18
NPN4 0.201 0.857 2.30 0.670 0.120 0.712 4.86
Panax Ginseng (MeOH) 1.24 0.355 1.73 1.00 0.576 0.184 5.09
Ontario ginseng (EtOH) 0.509 3.26 5.16 0.840 0.187 0.793 10.7
Ontario ginseng

(Aqueous)
0.542 3.37 5.79 0.803 0.199 0.687 11.4

Ontario ginseng
(MeOH)

0.160 1.86 5.92 0.814 0.156 2.24 11.1

aOnly products with chromatograms suitable for quantification were presented. Owing to the pres-
ence of excipients, NPN1 and NPN2 could not be quantified using HPLC-DAD. These products
were omitted in subsequent statistical comparisons and correlations.

In terms of the impact of polymorphisms, our results demonstrated that genetic
mutations did not lead to differences in the inhibition of CYP2C9 or its allelic
variants. This suggests that genetic background may not be involved in the
predisposition of herb–drug interactions for ginseng with this enzyme.

5.5 Future Implications

Herb–drug interactions are of growing concern due to the increased use and aware-
ness of natural health products. They generally arise when natural health products
inhibit CYP enzymes, altering the rate of metabolism for other drugs in the
system. It is important to note, however, that interactions may also arise when
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CYP enzymes are induced, resulting in reduced plasma drug levels. Alternatively,
CYP enzymes could also undergo mechanism-based inhibition, whereby a CYP
enzyme can be completely inactivated by covalent bonding to a component of
the herb. Furthermore, botanicals can elicit a biphasic cellular response, whereby
CYP activity may be inhibited initially, followed by induction after prolonged
incubation or repeated administration. Such factors would need to be consid-
ered in future studies in order to establish the true risk of ginseng in herb–drug
interactions.

Although the results from the present study suggest that the risk of herb–drug
interactions is low even in the presence of polymorphisms, extrapolating in vitro
findings to clinical settings is difficult due to a number of extraneous factors that
need to be considered. For example, our study only investigated the effect of ginseng
products on human cDNA-expressed enzymes with a single substrate. In clini-
cal practice, different CYP2C9 genotypes including CYP2C9∗1/∗2, CYP2C9∗1/∗3,
CYP2C9∗2/∗3 with varying amounts of probe compounds would need to be con-
sidered before drawing conclusions. Furthermore, these genotypes only represent a
limited subset of all possible combinations, and are associated with different phar-
macokinetic profiles. Such complex relationships have been a common challenge in
the field of pharmacogenetics and further research would be required to establish
the true clinical relevance of polymorphisms in herb–drug interactions.

5.6 Conclusions

Natural health product consumers are generally under the impression that alterna-
tive treatments are safe and efficacious since they are derived from natural sources.
Furthermore, many of these consumers do not consult with their physicians while
taking medications. This practice can potentially lead to severe clinical complica-
tions if not monitored carefully. The risk of developing herb–drug interactions is
affected by many factors, including the quality and species of the herb used, the
concentration of active CYP enzyme inhibitors, as well as the intrinsic and extrin-
sic factors that affect drug disposition in an individual. The significance of the
particular drug-metabolizing enzyme studied and ginsenoside profile is now appar-
ent and necessary, especially since scientific advancement has made it possible to
analyze these factors. It is important for future research to begin examining the
impact of genetic polymorphisms on drug metabolism and how such differences
could lead to herb–drug interactions. The results of such studies will ultimately
help predict and prevent serious herb–drug interactions for natural health product
users.
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Chapter 6
Biosynthesis and Function of Citrus
Glycosylated Flavonoids

Daniel K. Owens and Cecilia A. McIntosh

6.1 Citrus Flavonoids and Flavonoid Glycosides

Citrus is one of the long-standing horticultural and agricultural plant genera with a
rich history from centuries of cultivation. As a result, there are many species and
varieties (cultivars) within species, each with characteristic properties. These prop-
erties include vegetative growth pattern as well as fruit characters such as flavor,
seediness, size, and appearance.

Flavonoids in fruit and the impact of these compounds on the marketability of
fruit and fruit products were the driving forces for much of the early work identify-
ing the major flavonoids in Citrus. In general, Citrus is known for the accumulation
of large amounts of flavonoid diglycosides in some fruit and vegetative tissues.
The most prevalent diglycoside sugar linkages found are the neohesperidosides
and rutinosides. Neohesperidosides are rhamnoglucosides with C-1 of the rhamnose
attached to C-2 of the glucose via an O-glycosidic linkage (Fig. 6.1). The 1→2 link-
age results in a bitter flavor [1], and one of the more prevalent bitter compounds is
the flavanone neohesperidoside, naringin (Fig. 6.1). C-1 of rhamnose is covalently
bound to C-6 of the glucose via an O-glycosidic linkage in rutinosides (Fig. 6.1) and
flavonoid rutinosides (e.g., narirutin) are tasteless [1]. Some Citrus species such as
pummelo (C. maxima, C. grandis) produce predominantly neohesperidosides, while
others, such as orange (C. sinensis), produce predominantly rutinosides. Grapefruit
(C. paradisi) produces both types of 7-O-diglycosides, and this and other evidence
support the hypothesis that grapefruit is a result of a cross between pummelo and
orange [2, 3].

There have been many survey studies of citrus flavonoids, yet by no
means has an exhaustive analysis been performed for all species and culti-
vars. Surveys often are initiated by hydrolysis of tissue extracts and iden-
tification of the flavonoid aglycones present in the tissues. This provides
a basis for subsequent identification of the glycosylated compounds present
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Fig. 6.1 Biosynthesis of naringin, neohesperidin, narirutin, and hesperidin in Citrus

and this has been performed using a variety of strategies. In 2003, the
USDA posted a database of flavonoid aglycones in foods (http://www.nal.usda.
gov/fnic/foodcomp/Data/Flav/flav.pdf). Information on flavonoid aglycones in fruit
can be found at http://www.villagewineryandvineyards.com/USDA-elderberry-
Flavonoid-chart.pdf. A relatively comprehensive survey of flavonoids and flavonoid
glycosides in many varieties of Citrus was published in 1998 by Berhow et al.
[2] including information on tissue source. Peterson et al. [4] reviewed reports
of flavanone glycoside content in oranges, mandarins, tangors, tangelos, and sour
oranges. A recent review on flavonoids found in fresh-squeezed and commer-
cial citrus juice focusing on sweet orange, tangerine, and hybrids as well as sour
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orange, lemon, lime, and grapefruit has been published by Gattuso et al. [5].
Additionally, a study of flavonoids found in citrus leaves from plants subject to
different environmental conditions has recently been reported [6].

The impact of high levels of production of flavanone and flavone rutinosides
and neohesperidosides on consumer acceptance of commercial citrus products has
been known for many decades and includes concern of bitterness due to neohes-
peridoside levels as well as issues of excessive clouding in products from Citrus
producing high levels of rutinosides [7, 8, partially reviewed in 5]. Results from
studies performed to determine variability in flavonoid glycoside content in differ-
ent fruit varieties [5, 9–11], levels during fruit development and maturation [12, 13],
and during re-differentiation in tissue cultures [14–16] indicate a dynamic metabolic
process. These studies and others have renewed interest in the synthesis and the
regulation of biosynthesis of flavonoid glycosides in Citrus.

6.2 Biosynthesis of Flavonoids in Citrus

Table 6.1 is a summary of the phenylpropanoid and core flavonoid biosynthetic
enzymes that have been established in Citrus, accession numbers for the correspond-
ing genes, and notation of those genes for which identity has been verified through
either testing of enzymes isolated from Citrus tissues or heterologously expressed
proteins. The following is a review of flavonoid biosynthesis in general with specific
information on biosynthesis of core flavonoids in Citrus (Fig. 6.2).

6.2.1 Phenylalanine Ammonia Lyase

A series of radioactive tracer experiments suggested that hydroxycinnamic acids
were important predecessors of plant secondary products, including the flavonoids,
and it was later proposed by Neish [17] that these compounds could originate
from direct deamination of amino acids. Subsequently, the enzyme now known as
phenylalanine ammonia lyase (PAL; EC 4.3.1.5) was purified, shown to convert
phenylalanine to trans-cinnamate, and biochemically characterized from Hordeum
vulgare L. var. Aravat (barley) [18]. PAL is an important branch point enzyme
between primary and secondary metabolism. It appears to be the only connec-
tion between the shikimate pathway and the production of flavonoids as well as a
number of other natural products. Although tyrosine ammonia-lyase (TAL; 4.3.1.5)
was initially proposed to serve as another shikimate pathway connection in mono-
cotyledonous plants, this enzyme has been identified only in a few bacterial species
[19]. The TAL activity previously reported in monocots has since been attributed to
PAL accepting both phenylalanine and tyrosine as substrates in some plant species,
although typically with a stronger preference for phenylalanine.

PAL is a tetramer of 226–340 kDa, and is composed of either identical or very
similar subunits [20, 21]. PAL catalyzes the trans-elimination of ammonia and the
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Table 6.1 Citrus phenylpropanoid and core flavonoid biosynthetic enzymes

Description
Accession
number

Full
length Enzymology

PAL Citrus limon PAL (pal6) mRNA U43338 Y [158] N
Citrus clementina X Citrus reticulata

PAL (Fpal1) mRNA
AJ238753 Y [28] Y [28, 32]

Citrus clementina X Citrus reticulata
PAL (Fpal2) mRNA

AJ238754 Y [28] Y [28, 32]

Citrus sinensis PAL mRNA DQ088064 N [101] N
Citrus limon PAL mRNA AY681119 N [160] N

C4H Citrus paradisi C4H mRNA AF378333 Y N
Citrus sinensis C4H CYP73 (C4H1)

mRNA
AF255013 Y [45] N

Citrus sinensis C4H CYP73 (C4H2)
mRNA

AF255014 Y [45] N

4CL – – – –
CHS Citrus unshiu CHS mRNA FJ887898 Y N

Citrus sinensis CHS mRNA (CitCHS2) AB009351 Y [56] N
Citrus sinensis CHS mRNA (CitCHS1) AB009350 Y [56] N
Citrus jambhiri CHS mRNA AB050890 N [159] N

CHI Citrus unshiu CHI mRNA FJ887897 Y N
Citrus sinensis CHI mRNA AB011794 Y [57] N
Citrus maxima CHI mRNA FJ976039 N N
Citrus sinensis fruit tissue CHI protein – – Y [66]
Citrus paradisi fruit tissue chalcone

cyclase protein
– – Y [64]

F3H Citrus maxima cultivar Guanxi pomelo
F3H mRNA

GQ121373 Y N

Citrus sinensis CitF3H F3H mRNA AB011795 Y [57] Y [73]
Citrus paradisi leaf tissue F3H protein – – Y [76]

FNS – – – –
FLS Citrus unshiu CitFLS FLS mRNA AB011796 Y [92] Y [93, 95]
DFR Citrus sinensis cultivar tarocco DFR

gene
DQ084723 Y [102] Y [102]

Citrus sinensis cultivar navel DFR gene DQ084722 Y [102] N
Citrus sinensis DFR mRNA AY519363 Y [102] Y [102]

ANS Citrus sinensis ANS mRNA AY581048 Y N
Citrus sinensis ANS mRNA AY500593 N [109] N

F3′H Citrus sinensis callus F3′H protein – – Y [113]
F3′5′H – – – –

pro-3S hydrogen from L-phenylalanine to generate trans-cinnamate without the
need for external cofactors. The enzyme is inhibited by the product of the reaction,
trans-cinnamate, suggesting the potential for feedback inhibition [18]. The mech-
anism of PAL activity is an active area of research that has been greatly aided by
solving the crystal structures of PAL from Rhodosporidium toruloides (a yeast) and
Petroselinum crispum (parsley) [22, 23].

In the Rutaceae, PAL activity was initially identified from flavedo disks of
C. paradisi fruit [24]. The ability of PAL to produce trans-cinnamic acid was shown
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to decrease as C. paradisi fruit size increased and was positively correlated with the
accumulation of naringenin glycosides in whole fruit. PAL isolated from acetone
powders of C. paradisi fruit showed a pH optimum of 9.3 [25]. PAL activity in cal-
lus cultures was demonstrated for the first time from grapefruit, and subsequently in
Citrus limon, Burm (lemon); C. sinensis, Osbeck (navel orange); Citrus reticulata,
Blanco (clementine X Wilking mandarin hybrid); and Fortunella sp. X (C. sinensis
X Poncirus trifoliata, Thomasville citrangequat) [26]. Grapefruit PAL activity was
not light activated [27], but light activation was observed for PAL in navel orange
and Thomasville citrangequat [26].

In C. clementina Hort. ex Tanaka x C. reticulata, Blanco (fortune mandarin), two
PAL genes (AJ238753 and AJ238754) were isolated from a flavedo cDNA library
and subsequent Southern blot analysis confirmed that two or more copies of the
gene were present in the genome [28]. In silico analysis of expressed sequence tags
(ESTs) from C. sinensis (L) Osbeck identified three putative PAL isoforms in this
species [29]. Most species analyzed to date (reviewed in 30, 31) have also shown
that PAL is encoded by a multigene family.

In citrus, PAL has been investigated in relation to its possible effects upon fruit
storage and quality. For example, ethylene treatment during cool storage tempera-
tures of fruit was shown to increase PAL activity, and this was postulated to serve as
a defense mechanism against chilling, thereby increasing storage times [27, 32–34].
It was also demonstrated that γ-irradiation enhanced PAL activity and it was pro-
posed that this would lead to accumulation of phenolic compounds which may, in
turn, increase fruit quality upon storage [35].

6.2.2 Cinnamate 4-Hydroxylase

Cinnamate 4-hydroxylase (C4H; EC 1.14.13.11, also defined as CYP73A [36])
catalyzes the p-hydroxylation of trans-cinnamate to form trans-p-coumarate. The
enzyme has a requirement for molecular oxygen and NADPH as well as association
with the electron donor NADPH-cytochrome P450 reductase (CPR; EC 1.6.2.4) for
activity. C4H was the first characterized plant P450 [37, 38].

C4H is relatively unstable, present in fairly low abundance, and membrane
bound, making it a challenging enzyme for analysis. C4H was initially purified
from Helianthus tuberosus (Jerusalem artichoke) [39] and Vigna radiata (mung
bean) [40] using newly developed chromatographic techniques. Subsequently, the
first C4H gene sequences were isolated from Jerusalem artichoke [41], mung bean
[40], and Medicago sativa (alfalfa) [42]. Within the cell, C4H appears to be local-
ized to the endoplasmic reticulum (ER) [43] and has been predicted to serve as one
anchor for the proposed phenylpropanoid/flavonoid multienzyme complex [44].

Two full-length cDNAs for C4H, C4H1 (AF255013) and C4H2 (AF255014),
have been isolated from Valencia orange, and this was the first time that dif-
ferential expression patterns were demonstrated for C4H isoforms [45]. C4H2
was constitutively expressed and predicted to have housekeeping functions in the
phenylpropanoid pathway, while C4H1 was found only in flavedo and leaf tissue
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after wounding. C4H2 was expressed at levels 3–10 times higher than C4H1, even
after wound induction of C4H1 expression. Southern blot analysis indicated that
C4H2 is a single-copy gene, while C4H1 might be represented by two copies in the
genome.

6.2.3 4-Coumarate:CoA Ligase

The 4-coumarate:CoA ligase (4CL; EC 6.2.1.12) enzyme activates 4-coumaric acid,
caffeic acid, ferrulic acid, and (in some cases) sinapic acid by the formation of CoA
esters that serve as branch-point metabolites between the phenylpropanoid pathway
and the synthesis of secondary metabolites [46, 47]. The reaction has an absolute
requirement for Mg2+ and ATP as cofactors. Multiple isozymes are present in all
plants where it has been studied, some of which have variable substrate specificities
consistent with a potential role in controlling accumulation of secondary metabolite
end-products. Examination of a navel orange EST database (CitEST) for flavonoid
biosynthetic genes resulted in the identification of 10 tentative consensus sequences
that potentially represent a multi-enzyme family [29]. Further biochemical charac-
terization will be necessary to establish whether these genes have 4CL activity and,
if so, whether preferential substrate usage is observed.

6.2.4 Chalcone Synthase

Chalcone synthase (CHS; 2.3.1.74) was the first type III polyketide synthase iden-
tified. It is considered to be the key, committing enzyme for flavonoid biosynthesis
as it produces the C15 backbone, which is derived to form all flavonoid compounds
[21]. In vivo, CHS catalyzes the condensation of three molecules of malonyl-CoA
with 4-coumaroyl-CoA to form naringenin chalcone without the need for cofac-
tors [48]. In vitro activity with other hydroxycinnamic-CoA esters often has been
observed. CHS activity was initially identified in parsley cell suspension cultures,
and the enzyme was purified and a thorough biochemical characterization was
conducted [49, 50]. During initial biochemical characterization, CHS was initially
misnamed flavanone synthase since the predominant product from the reaction was
naringenin. At that time, the spontaneous enantiomeric cyclization of naringenin
chalcone to naringenin in solution was not known. The reaction mechanism for CHS
has been intensively studied, and a crystal structure of the Medicago sativa (alfalfa)
CHS homodimer has been solved, allowing further refinement of these studies
[51, 52].

The first nucleotide sequence for CHS was determined from cultured parsley
cells [53]. Since then, its expression and regulation have been extensively studied in
numerous plant systems in relation to a myriad of different conditions and stimuli
[e.g., 21 and ref therein]. Due to its key role in flavonoid biosynthesis, CHS has
been a popular target for various gene-silencing techniques in attempts to generate
flavonoid-deficient plants [16, 54 and ref therein].
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In Citrus, CHS activity was first identified from cell-free extracts of calamondin
(C. reticulata var. austera x Fortunella sp. = Citrus mitis Blanco = Citrofortunella
mitis = Citrus madurensis), and all of the radioactive-labeled products generated
from the reaction corresponded to naringenin by TLC analysis [55]. The detection
of naringenin instead of naringenin chalcone was likely due to autocyclization as
previously described. CHS enzyme activity levels appeared to parallel flavanone
glycoside accumulation in young leaves and fruit [55].

In Valencia orange, two CHS clones (CitCHS1; AB009350 and CitCHS2;
AB009351) have been identified and differential mRNA expression patterns
observed [56]. The expression of CitCHS2 was shown to correlate with the accumu-
lation of flavonoid compounds during embryogenesis, while CitCHS1 expression
was barely detectable. Subsequent investigations in Satsuma mandarin (Citrus
unshiu Marc. cv. Miyagawase) demonstrated expression of the CitCHS1 homolog in
young leaves, mature leaves, flowers, and fruitlets while expression of the CitCHS2
homolog was seen in young leaves, flowers, fruitlets, and albedo. This demonstrated
varying expression patterns throughout the whole plant and fruit [57]. Recently, the
CitCHS2 sequence was used to isolate a CHS gene (EU410483) from C. sinensis
(L.) Osbeck cv. Ruby (ruby blood orange), and three copies of CHS were shown to
exist in the genome by fluorescent in situ hybridization (FISH) [58]. AB009351 and
EU410483 vary by only 11 nucleotides, which result in only 4 changes at the amino
acid level.

In an attempt to influence flavor characteristics, CHS antisense and overexpres-
sion constructs were introduced into grapefruit by Agrobacterium tumefaciens [16,
59]. CHS overexpression constructs were shown to lead to morphological abnormal-
ities and frequently to death, while a number of CHS antisense constructs resulted
in a statistically significant reduction in flavonoid content in the transgenic plants
even though there was a large variation in the flavonoid concentration [16].

6.2.5 Chalcone Isomerase

The stereospecific cyclization of chalcones to (2S)-flavanones is a prerequi-
site for the synthesis of the majority of flavonoid subclasses derived from
this branch point metabolite. This reaction is catalyzed by chalcone isomerase
(CHI, CFI; EC 5.5.1.6). CHI exists in two forms, one that accepts only
6′-hydroxychalcones and another that accepts both 6′-hydroxy-(naringenin chal-
cone) and 6′-deoxychalcones (isoliquirgentin), the latter generally found in legumes.
Although 6′-hydroxychalcones will spontaneously convert to a racemic flavanone
mixture, the CHI-catalyzed reaction proceeds at a rate 36 million-fold faster and
is highly stereoselective for the formation of (2S)-flavanones [60]. Spontaneous
isomerization of 6′-deoxychalcones does not substantially occur without enzyme
catalysis.

The enzyme was initially purified from soybean (Glycine max = Soja hispida)
and biochemically characterized primarily using isoliquirgentin as the substrate [60,
61]. CHI was active as a monomer and no cofactors were required for enzyme
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activity. A crystal structure for alfalfa CHI in complex with naringenin has been
solved [62].

CHI activity was first identified in lemon (C. limon) peel extracts with crude
chalcone preparations chemically derived from the flavonoid glycosides naringin
(isolated from Citrus natsudaidai) and poncirin (isolated from Poncirus trifoliata),
as well as the aglycone, isosakuranin (synthesized from poncirin) [63]. Extracts
from acetone powders of C. paradisi fruit were shown to convert isoliquiritigenin
(6′-deoxychalcone) to liquiritigenin [25]. A number of other unidentified spots
were noted during TLC analysis of these CHI reaction products. The activity with
isoliquiritigenin could not be verified in subsequent experiments with C. para-
disi fruit tissues; however, chalcone cyclase (CC) activity was noted for chalcone
glycosides bearing a 4′-neohesperidoside [64].

As all other CHI enzymes characterized only accept aglycones as substrates,
the discovery of CC activity led to the hypothesis that an alternate form of the
flavonoid biosynthetic pathway, in which glycosylation occurs before cyclization
of the chalcone, may exist in Citrus. Resolution was further complicated when
it was demonstrated that chalcones did not need to be glycosylated before their
conversion to flavanones in calamondin [55]. It was then shown that flavanone
UDP-glucosyltransferase and UDP-rhamnosyltranferase activities exist in cell free
extracts of calamondin, pummelo, also called shaddock (Citrus maxima = Citrus
grandis), and grapefruit, demonstrating that glycosylation could occur after the
cyclization reaction [55, 65]. More recently, Fouche and Dubery [66] have purified
(to apparent homogeneity) and biochemically characterized a CHI from C. sinensis
that only accepts naringenin chalcone as a substrate. Thus, most current evidence
supports the existence of a citrus flavonoid biosynthetic pathway that parallels that
which has been observed in other plants. The significance of the CC activity still
needs to be resolved.

A cDNA clone for CHI was isolated from young Valencia orange seed and used
to generate probes for Southern and northern analyses [57]. Southern blot analysis
suggested that there was only one copy of CHI in the satsuma mandarin genome.
Northern analysis demonstrated high expression levels in young developing tissue,
which decreased in senescing tissue and during fruit development. These patterns
were paralleled by the CitCHS1, CitCHS2, and CitF3H expression seen in Valencia
orange [57]. CHI-sense and CHI-antisense constructs have been introduced into
grapefruit in an attempt to influence fruit flavor characteristics with varying lev-
els of success. CHI-antisense constructs had no significant effect upon flavonoid
accumulation in leaf tissue, while CHI-sense constructs did have a statistically sig-
nificant impact upon flavonoid accumulation, likely due to co-suppression effects
[59, more detailed information in 16].

6.2.6 Flavanone 3β-Hydroxylase

Flavanone 3β-hydroxylase (F3H, FHT; EC 1.14.11.9) is a selective enzyme that
catalyzes the stereospecific 3β-hydroxylation of 2S-flavanones to form 2R,3R
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dihydroflavonols [21]. The enzyme requires 2-oxoglutarate, Fe2+, and ascorbate
as cofactors and was the first 2-oxoglutarate-dependent dioxygenase identified in
the flavonoid pathway. F3H was initially characterized in parsley (Petroselinum
crispum) and Matthiola incana [67]. The majority of the subsequent biochemi-
cal characterization was carried out with the Petunia hybrida protein [68]. F3H
is active as a monomeric protein, and several studies have identified amino acid
residues that are important for activity [69–72]. This work has been hampered by
the fact that the enzyme undergoes proteolytic degradation in plant extracts as well
as in recombinant expression systems [69–73]. In addition to Petunia F3H, tea
(Camellia sinensis), apple (Malus domestica cv. ‘M9’), and Arabidopsis thaliana
F3H enzymes have been investigated thoroughly at the biochemical level [73–75].

Although citrus F3Hs have not been biochemically characterized in depth,
conversion of naringenin to dihydrokaempferol has been established for a recom-
binantly expressed orange F3H [73] and from crude extracts of young grapefruit
leaves [76]. The latter analysis focused predominantly on developing an assay for
the enzyme employing capillary electrophoresis.

A full-length F3H cDNA clone was isolated from seeds of Valencia orange and
used to generate probes to analyze F3H in satsuma mandarin [57]. Southern blot
analysis suggested that F3H may exist in multiple copies in the mandarin genome.
Northern blot analysis indicated expression levels were highest in young, rapidly
growing tissues such as young leaves and fruitlets. In grapefruit, F3H was demon-
strated to be a single copy gene, and expression across multiple developmental
stages and tissues was examined by RT-PCR [77]. Petunia F3H expression levels
were examined in parallel, and it was shown that grapefruit F3H was expressed at
higher levels in all tissues examined. This suggested that accumulation of flavanone
glycosides in grapefruit, which have not been identified in petunia, was not due to
lowered F3H expression levels and was more likely due to biochemical properties
of grapefruit flavonoid glycosyltransferases [77].

6.2.7 Flavone Synthase

Flavone synthase (FNS; EC 1.14.11.22) introduces a double bond between C2 and
C3 of a flavanone to produce the corresponding flavone. This activity was initially
identified in parsley cell suspension cultures and subsequently shown to be encoded
by a 2-oxoglutarate-dependent dioxygenase [67, 78, 79]. This enzyme, now known
as FNS-I, appears to have very limited distribution. To date, it has only been iden-
tified in the Apiaceae family (Umbellifers). The more widely occurring FNS-II
(CYP93B) was initially identified from snapdragon (Antirrhinum majus) flowers
[80] and was subsequently shown to be a P450 enzyme. FNS-I, FNS-II, and the
various roles flavones play in plant species have recently been reviewed by Martens
and Mithöfer [81]. Subsequent to this review, Yu et al. [82] demonstrated that the
characteristic lack of natural accumulation of flavones in Brassicaceae could not
be overcome in A. thaliana even by overexpression of recombinant parsley FNS-I.
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However, exogenous naringenin supplied in the growth media did lead to significant
accumulation of apigenin within the plants. It remains to be seen if similar results
would be observed if FNS-II was used in a comparable set of experiments.

Citrus species are well-known for their accumulation of flavone- and flavanone-
glycosides, and thus should contain all of the enzyme activities necessary for the
synthesis of these compounds. Two tentative consensus sequences for FNS-II have
been identified by in silico analysis of the CitEST database, apparently represent-
ing the first identification of putative FNS-II genes in this genus [29]. Biochemical
determination of function and analysis of the proteins encoded by these genes will
be an important step toward elucidating flavone synthesis in Citrus.

6.2.8 Flavonol Synthase

Flavonol synthase (FLS; E.C.1.14.11.23) catalyzes the committed step in the
production of flavonols by introduction of a double bond between C2 and C3
of the corresponding dihydroflavonols. Like F3H, FLS has been described as a
2-oxoglutatarate-dependent dioxygenase based on its cofactor requirements for
2-oxoglutarate, Fe2+, and ascorbate. FLS was initially identified in enzyme prepara-
tions from illuminated parsley cell suspension cultures [67]. Subsequently, FLS was
characterized from the flower buds of Matthiola incana and carnation (Dianthus
caryophyllus L.), and it was suggested that there was regulation between flavonol
and anthocyanidin biosynthesis [83, 84].

The first FLS gene identified was isolated by differential screening of a P. hybrida
cDNA library, and gene identity was confirmed by performing enzyme activity
assays with recombinant protein [85]. In Arabidopsis thaliana, FLS is the only cen-
tral flavonoid biosynthetic pathway enzyme to be encoded by multiple isoforms
[86]. Of the six FLS genes identified in the Arabidopsis genome, fls2, fl4, and fls6
are thought to encode pseudogenes as they lack residues that were previously shown
to be required for biochemical activity in dioxygenases [87–89]. Only one of the
predicted functional isoforms (FLS1) was actually shown to have enzymatic activ-
ity with in vitro assays, and only the corresponding FLS1 T-DNA knockout plant
lines were shown to impact flavonol accumulation in planta [87, 90]. Although
FLS3 has no measurable activity in standard in vitro assays and although T-DNA
knockout lines have no significant impact on in planta flavonol accumulation, it
has been shown that recombinant yeast cells expressing FLS3 cultured with dihy-
droflavonols in the media (20 mg substrate per 50 mL of culture) will produce
detectable quantities of flavonols after highly extended (48 h) incubation times [91].

Much of the FLS biochemical and structure/function analysis has focused on a
protein from C. unshiu (mandarin). A cDNA was isolated based on sequence homol-
ogy to an Arabidopsis FLS EST (153O10T7) and used as a probe to determine
regulation of gene expression [92]. Higher expression was observed in young leaf,
flower, peel, and juice sac/segment epidermis tissues. Expression decreased with tis-
sue age, as has been observed for citrus CHS, CHI, and F3H [57]. Southern analysis
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using a mandarin FLS-specific probe suggested that several FLS genes or related
sequences may be present in this species. A thorough biochemical characterization
of recombinant mandarin FLS protein showed that it had a sixfold higher affinity for
dihydrokaempferol than dihydroquercetin [93]. Site-directed mutagenesis revealed
two FLS residues that are strictly conserved across species, Gly68 and Gly261, were
important for enzyme activity and were likely involved in proper folding of the
enzyme. The C. unshiu enzyme has also been shown to have promiscuous activity
with naringenin, as previously identified for Arabidopsis FLS [94, 95]. This promis-
cuous acceptance of substrates is in sharp contrast to the strict regiospecificity of the
early pathway dioxygenase, F3H.

6.2.9 Dihydroflavonol 4-Reductase

Dihydroflavonol 4-reductase (DFR; EC 1.1.1.219) is a member of the short-chain
dehydrogenase/reductase family and catalyzes the stereospecific conversion of
(+)-(2R,3R)-dihydroflavonols to the corresponding (2R,3S,4S) flavan-3,4-cis-diols
(leucoanthocyanidins), with NADPH as a required cofactor. The enzyme activ-
ity was first identified in cell suspension cultures of Douglas fir (Pseudotsuga
menziesii) and was shown to be related to the accumulation of flavan-3-ols and
proanthocyanidins [96]. Leucoanthocyanidins and DFR were later shown to be
required for anthocyanidin formation by complementation of Matthiola incana
mutants blocked between dihydroflavonol and anthocyanidin biosynthesis [97, 98].
DFR has been purified to apparent homogeneity and biochemically analyzed from
flower buds of Dahlia variabilis [99]. DFR was shown to accept different substrates
depending on the plant species from which it was isolated (reviewed in 100).

Although Citrus species do not generally produce anthocyanins, the blood orange
cultivars (e.g. Tarocco, Moro, and Sanguinello) are an exception, being defined by
their accumulation of anthocyanins in the fruit flesh and peel. DFR, CHS, and a
predicted anthocyanidin 3-O-GT were shown by RT-PCR to be up-regulated in
response to cold temperature exposure in Tarocco [101]. In a following study,
genomic and cDNA clones for DFR were isolated from blood orange (Tarocco) and
blond orange (Navel and Ovale) fruit, and Southern blot analysis showed that the
gene is present as a single copy in all samples analyzed [102]. The DFR sequences
of blood and blond orange were shown to be 100% identical, and enzyme activity
was demonstrated for a DFR clone expressed recombinantly in Escherichia coli.
[102]. Therefore, the lack of accumulation of anthocyanins in blond oranges is
not due to an inactive DFR enzyme. However, expression of DFR as quantified by
RT-PCR was approximately 250-fold lower in blond oranges as opposed to blood
cultivars. Additionally, DFR enzyme activity was measurable only in crude lysates
from blood orange fruit. This has led to the hypothesis that the variation in antho-
cyanin production between blond and blood oranges may result from a mutation in a
regulatory gene that impacts DFR expression. Because no Citrus has been shown to
produce proanthocyanidins or catechins (alternative fates for leucoanthocyanidins),
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the potential function of a gene encoding an active DFR enzyme in blond orange
remains unknown.

6.2.10 Anthocyanidin Synthase

Anthocyanidin synthase (ANS, LDOX; EC 1.14.11.19) is a 2-oxoglutarate-
dependent dioxygenase that catalyzes the conversion of leucoanthocyanidins to
the colored anthocyanidins. ANS was initially identified by its ability to comple-
ment the A2 mutation in corn (Zea mays), which was known to be blocked in
the ability to convert leucoanthocyanidins to anthocyanidins [103, 104]. ANS was
initially classified as a dioxygenase based on sequence similarity, and this was sub-
sequently confirmed in Perilla frutescens and Arabidopsis by direct biochemical
evidence (including cofactor requirements of 2-oxoglutarate, Fe2+, and ascorbate)
using recombinant enzymes expressed in E. coli [105, 106]. ANS has been proposed
to have promiscuous substrate usage, and in vitro experiments with recombinant
enzyme using cis- and trans-dihydroquercetin predominantly produced flavonols
with anthocyanidins as a minor product [107, 108].

In Citrus, in silico analysis suggested one copy of the ANS gene in orange [29].
In a variety of blood orange cultivars, mRNA accumulation for ANS as well as for
CHS and a proposed anthocyanidin 3-O-GT was shown to be positively correlated
with anthocyanidin accumulation [109]. It was further suggested that these genes are
not missing from blond orange, but downregulated at the level of mRNA expression.
Clearly, much remains to be discovered for ANS in Citrus.

6.2.11 Flavanone 3′-Hydroxylase

Flavanone 3′-hydroxylase (F3′H; EC1.14.13.21; CYP75B) activity was initially
identified in microsomal preparations of golden weed (Haplopappus gracilis) [110].
F3′H from irradiated parsley cell cultures was later biochemically analyzed and
characterized as a cytochrome P450 having an absolute requirement for NADPH
and molecular oxygen as cofactors [111]. The enzyme has been shown to have activ-
ity with flavanones, flavones, dihydroflavonols, and flavonols, but does not appear
to have activity with anthocyanidins [111]. The first cDNA clone for F3′H was iso-
lated from Petunia [112]. It has been suggested that F3′H may serve as an anchor
for the proposed flavonoid multi-enzyme complex on the cytosolic surface of the
endoplasmic reticulum [44].

F3′H activity from the microsomal fraction of cell cultures of C. sinensis (L.)
Osbeck cv. Hamlin (Hamlin) has been biochemically characterized and verified
to be a cytochrome P450 [113]. The enzyme was shown to use naringenin, dihy-
drokaempferol, and kaempferol, but not apigenin as substrates. F3′H activity was
also demonstrated from young leaves of Hamlin orange as well as from the flavedo
of Hamlin orange, Marsh grapefruit, and Lisbon lemon fruits [113]. The fact



80 D.K. Owens and C.A. McIntosh

that F3′H activity was present in young leaves but not in older Hamlin leaves is
consistent with what has been seen previously for other flavonoid pathway enzymes.

6.2.12 Flavanone 3′,5′-Hydroxylase

Flavanone 3′,5′-hydroxylase (F3′5′H; EC 1.14.13.88; CYP75B) activity was first
reported from cell-free extracts of Verbena hybrida flowers [114] and, like F3′H,
it has been characterized as cytochrome P450 based on its cofactor require-
ments (NADPH, O2) and inactivation by P450 inhibitors [48]. The enzyme can
hydroxylate naringenin and dihydrokaempferol (4′-OH-containing compounds) at
the 3′ and 5′ positions as well as eriodictyol and dihydroquercetin (3′,4′-OH
containing compounds) at the 5′ position to form the corresponding 3′,4′,5,5′,7-
pentahydroxyflavanone and dihydromyricetin. F3′5′H is not ubiquitous, but it has
been identified in a number of ornamental species and has been studied extensively
in relation to its role in generating blue flowers [100].

There have been no apparent reports of F3′5′H from any citrus species in the
scientific literature or gene sequences deposited in available databases. Also, no
strong candidate consensus sequence has been identified in the citrus HarvEST
databases after conducting homology searches with various known F3′5′H gene
sequences from non-citrus species (Owens, unpublished). Although the 2003 USDA
Database for the Flavonoid Content of Selected Food indicates that myricetin,
which requires F3′5′H activity for its synthesis, has been identified at low levels
in orange, grapefruit, and lemon juices, a closer review of the primary litera-
ture revealed that the concentrations were actually below the level of detection
for the RP-HPLC technique used [115]. However, the identification of delphini-
din 3-glucoside, delphinidin 3,5-diglucoside, delphinidin 2-(6′-malonylglucoside),
petunidin 3-glucoside, and petunidin-3,5 glucoside as minor pigments in the juices
of blood orange varieties suggests that F3′5′H activity is likely present in blood
oranges [116, 117, 118, 119].

6.3 Flavonoid Glycosylation in Citrus

As discussed previously, the vast majority of naturally occurring flavonoids in cit-
rus are present in glycosylated forms, with the most abundant being flavanone- and
flavone-7-O-glycosides. C-glycosylated flavonoids are also present [2, 120] but in
lower abundance. Early studies on flavonoid glycosylation focused on results from
radiotracer incorporation or on demonstration of glycosyltransferase activity. For
example, Lewinsohn et al. [121, 122] demonstrated 7-O-glucosylation of exoge-
nous naringenin by citrus liquid suspension cultures (Table 6.2). This group also
demonstrated 7-O-glucosylation in vitro using crude cell extracts [55].

McIntosh and Mansell [65] identified and partially purified flavanone-7-, flavone-
7-, chalcone-4′-, and flavonol-O glucosyltransferases from young C. paradisi leaves.
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Table 6.2 Biochemical properties of Citrus flavanone-7-O-Glucosyltransferases

Property

Citrus
paradisi cell
culturea

Citrus mitis
and Citrus
maxima
young
fruit/leaves

Citrus paradisi young
leavesb

Citrus limon
several tissues

Purification
factor

NA NA 1,476 Not reported

Primary
substrates
(Km

app, μM)

naringenin
hesperetin

naringenin
hesperetin

naringenin (62)
hesperetin (124)

hesperetin
apigenin, crysin
kaempferol, morin

Other
compounds
tested

luteolin, apigenin
kaempferol, quercetin
rhamnetin, naringenin
chalcone

Sugar donor
(Kmapp, μM)

UDP-glucose (51 with
nae 124 with hae)

UDP-glucose
(14 with hae)

pH optimum 7.5–8.0
pIapp 4.3
MW (kDa) 54.9
Inhibitors (Kiapp) UDP (>10 mM) UTP,

ATP, TTP
Ref. [121, 122] [55] [65, 123] [124]

aBiotransformation study.
bFlavanone specific.

They subsequently purified a flavanone-specific 7-O-glucosyltransferase to near
homogeneity (Table 6.2), resolved it from other glucosyltransferase enzymes in
grapefruit seedlings, and characterized its biochemical and kinetic properties [123].
They also reported properties of other flavonoid glucosyltransferases in grape-
fruit seedlings. The flavanone-specific 7-O-glucosyltransferasee is responsible for
catalyzing the first sugar transfer reaction in the synthesis of flavanone-7-O-
neohesperidosides or rutinosides [65, 123] in grapefruit. Berhow and Smolensky
[124] demonstrated the existence of an analogous enzyme in both C. limon leaves
and flowers, although levels of activity were 30-fold higher in young leaf tissue
(Table 6.2).

Flavanone-specific 7-O-glucosyltransferase from grapefruit leaves is a very
active yet low abundance enzyme that is over 10,000 times less sensitive to UDP
inhibition as compared to other flavonoid enzymes using UDP-glucose as the sugar
donor [65, 125, 126, and ref therein]. Because this enzyme is involved in the
first aglycone-capturing glycosylation reaction leading to the formation of naringin
and other flavanone 7-O-diglycosides in grapefruit, it is logical to postulate that
the low sensitivity to inhibition by UDP may make a significant contribution to
naringin biosynthesis in vivo. At this time it is not known if the analogous enzyme
in orange (leading to production of hesperetin 7-O-diglycosides) shares this prop-
erty. The effect of UDP on reaction kinetics was not determined for the partially
purified enzyme from lemon [124]. Because of the potential impact of biochemical
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regulation of enzymes in the overall regulation of flavonoid metabolism, it is unfor-
tunate that the information on UDP inhibition is not more widely available in the
literature. The labile nature of flavonoid glucosyltransferase activity during isolation
and purification has no doubt been a confounding factor.

As stated previously, the majority of the flavonoid glycosides found in citrus are
flavanone or flavone diglycosides. Isolation of glucosyltransferases in Citrus sup-
ports the hypothesis that addition of sugars to form diglycosides is a stepwise pro-
cess involving separate sugar-transferring enzymes. This was first demonstrated by
Jourdan and Mansell [127] when they established that three different glucosyltrans-
ferase enzymes were necessary for the synthesis of kaempferol-3-O-triglucoside in
Pisum sativum. Kleinehollenhorst et al. [128] subsequently established a similar
pattern in Tulipa. Since then, many other instances have been documented [21 and
ref therein].

Because of the economic significance of naringin in grapefruit and hesperidin
in orange and lemon, the rhamnosylation reactions involved in the last biosynthetic
step leading to synthesis of these compounds are of significant interest (Table 6.3).
Lewinsohn et al. [122] showed that crude extracts from C. maxima and C. mitis
could synthesize rhamnoglucoside in addition to 7-O-glucoside in assays using
hesperetin and UGP-14C-glucose as substrates. This suggested the presence of an
enzyme converting UDP-glucose to UDP-rhamnose was present in these tissues
as well as a rhamnosyltransferase. McIntosh and Mansell [65] demonstrated this

Table 6.3 Biochemical properties of Citrus flavanone 7-O-Glucoside, 2′′-O-Rhamnosyl-
transferases

Citrus
paradisi
young leaves

Citrus mitis and
Citrus maxima
young fruit/leaves Citrus maxima leaves

Purification factor NA NA 2,735
Primary substrates

(Km
app, μM)

prunin (via
naringenin)

prunin
hesperetin-7-glc

prunin (2.4)
hesperetin-7-glc (42.5)
apigenin-7-glc
luteolin-7-glc

Other compounds tested naringenin
hesperetin
quercetin
naringenin-5-glc

Sugar donor (Km
app, μM) UDP-rhamnose (1.1–1.3)

pH optimum ND
pIapp ND
MW (kDa) 52
Inhibitors (Ki

app, μM) UDP (10 μM)
UTP
hesperetin
naringenin
quercetin

Gene accession no. AY048882 [130]
Reference [65] [55] [129, 130]
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same phenomenon in C. paradisi leaf crude extracts, and the rhamnosyltransferase
activity was separated from the glucosyltransferase activity during purification,
further supporting the existence of separate enzymes for the glucosylation and
rhamnosylation reactions (Table 6.3).

Historically, the study of flavonoid UDP-rhamnosyltransferase (RT) enzymes
has been challenged by the lack of a commercial source of UDP-rhamnose.
In 1991, Bar-Peled et al. [129] reported on the purification and characteriza-
tion of UDP-rhamnose:flavanone-7-O-glucoside-2′′-O-rhamnosyltransferase from
pummelo leaves (Table 6.3). They synthesized UDP-14C-rhamnose from UDP-14C-
glucose in a method that took advantage of the endogenous process in pummelo
[129]. This RT enzyme was sensitive to inhibition by UDP (unlike the flavanone-
specific glucosyltransferase from grapefruit [65]), catalyzed the 1–2 addition of
rhamnose to glucose, and was specific for flavanone- and flavone-7-O-glucosides;
it did not rhamnosylate naringenin-5-O-glucoside (Table 6.3). Activity with other
flavonoid-7-O-glucosides was not determined. In a more recent study, Frydman
et al. [130] isolated the 1-2RT gene (Cm1,2RhaT) from pummelo and estab-
lished its biochemical function using a transgenic approach (Table 6.3). They
demonstrated that cell cultures of the transgenic tobacco line could produce
naringin when fed naringenin-7-O-glucoside. Further, because the tobacco cell
line contained an endogenous broad specificity flavonoid-7-O-glucosyltransferase,
transgenic cultures fed naringenin also were capable of synthesizing naringin.
They reported that while cultures also produced kaempferol- and quercetin-7-
O-glucosides, neohesperidosides of these compounds were not synthesized by
the transgenic line. This supports the specificity of this RT for flavanone- and
flavone-7-O-glucosides.

One of the intriguing biochemical questions that remain to be solved is that
of the structure/function relationships of the 1–2RT and the 1–6RT in Citrus. As
an example, consider the rhamnosylation of naringenin-7-O-glucoside into either
narirutin or naringin (Fig. 6.1). In both instances, the substrates are naringenin-
7-O-glucoside and UDP-rhamnose. Therefore, substrate recognition sites will be
similar, yet one enzyme will catalyze addition of rhamnose to the #2 carbon of
glucose to make the bitter linkage and the other enzyme will catalyze addition
of rhamnose to the #6 carbon of glucose to make the tasteless diglycosides. RTs
catalyzing 1–6 additions have been found in other species but the homology to
the 1–2RT from pummelo is low [130]. It is common to see low homology for
flavonoid glycosyltransferase enzymes from different species even those catalyz-
ing the same reaction, although those from varietals or related species have higher
homology [126, 131, 132, and ref therein]. Frydman and Eyal have posted a cDNA
sequence defined as a putative 1–6RT gene from C. sinensis (DQ119035); how-
ever, biochemical evidence for the function of the protein has not yet been reported.
Once biochemical identity is established, comparison of the structures of the 1–2RT
and the 1–6RT enzymes and conducting analysis of structural elements confer-
ring these different specificities would provide opportunity for analysis at a deep
level and address questions regarding structural characters imparting the specific
additions to the #2 or #6 carbon of glucose. It may be especially interesting to
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compare the RTs in grapefruit or in other species that produce both rutinosides and
neohesperidosides.

With the exception of the 1-2RT in pummelo, the approach of obtaining structural
information or genes using amino acid sequence information from purified citrus
glycosyltransferases has not been successful [133]. The contributing factors are
relative low abundance in tissue as well as protein instability through several sequen-
tial purification processes. While the Plant Secondary Product Glycosyltransferase
(PSPG) box can be used as a sequence marker for identification of putative GTs
(Fig. 6.3), the current futility of a purely in silico approach for assigning plant GT
function based solely on primary sequence information is well known [e.g., 126,
132, 134 and ref therein]. While this has led to efforts to use alternate approaches
for in silico analysis [e.g., 132, 135], these approaches have not yet realized their
full potential. Therefore, alternate approaches for structure/function analysis must
be employed.

Recently, we have used several approaches to obtain putative flavonoid GT clones
from young grapefruit leaf cDNA. Genes are cloned into pCD1 expression vector
[73], transformed into expression cells, and induced to express recombinant protein.
The pCD1 vector is a modified pET32 vector that includes a thrombin cleavage
site immediately adjacent to the GT, thereby allowing for removal of tags. Thus,
recombinant protein and protein with the tags removed can be assessed for GT
activity.

Fig. 6.3 Alignment of PSPG box sequences from Citrus flavonoid glycosyltransferases and
other putative secondary product glucosyltransferase clones. The aligned regions are from Citrus
paradisi cv. Duncan flavonol 3-O-GT (GQ141630), Citrus sinensis putative flavonoid 3-O-GT
(AY519364), Citrus maxima flavonoid 1–2 RT (AY048882), Citrus sinensis putative 1–6 RT
(DQ119035), Citrus paradisi cv. Duncan putative glucosyltransferases (PGT1-6,9-11) Citrus
unshiu limonoid GT (AB033758), Citrus paradisi cv. Marsh putative limonoid GT (EU531464),
Citrus sinensis cv. Shahsavari putative limonoid GT (EU531465), and Citrus paradisi cv. Duncan
putative limonoid GT(PGT8). Astericks (∗) indicate that function was established biochemically
and ‘x’ denotes current evidence indicates GT does not act on flavonoid substrates



6 Biosynthesis and Function of Citrus Glycosylated Flavonoids 85

Of the 11 clones we currently have in-hand (Fig. 6.3), 1 has been shown to encode
a protein with flavonol-specific 3-O-glucosyltransferase activity [126] and its prop-
erties are summarized in Table 6.4. Two clones encode proteins that did not have
activity with flavonoid substrates [131; McIntosh, unpublished results]. Another
clone has over 95% identity to limonoid-17-O-glucosyltransferases in C. unshiu
[136] and the activity of the grapefruit homolog is being determined. We have full-
length clones for five other putative flavonoid GTs, and these are in different stages
of characterization at this time. Determination of final consensus sequences for the
remaining two clones is in progress. In spite of using the pCD1 vector containing a
thioredoxin tag to increase solubility of protein expressed in an E. coli system, there
is a consistent issue with the majority of expressed protein being packed into bacte-
rial inclusion bodies. This is not an unusual occurrence for secondary product GTs
[126, 137, Mallampalli, unpublished; Blount, personal communication]. For some
clones, sufficient soluble protein for analysis of enzymatic activity can be obtained
through manipulation of culture conditions. For others, we are exploring alternate
expression systems.

The importance of rigorous testing of enzymatic activity of the recombinant
proteins cannot be overemphasized. To fully evaluate the binding ability, catalytic
specificity, and reaction kinetics and to use information obtained from in vitro
analyses to inform assignment of in vivo function, it is important to test many
flavonoid classes as potential substrates and conduct thorough identification of
reaction product(s). Such an approach was used to assign function of the flavonol-
specific-3-O-glucosyltransferase clone from grapefruit [126]. Testing clone function
through direct assay of the protein is a critical aspect in order to correlate results

Table 6.4 Biochemical properties of Citrus flavonol 3-O-glucosyltransferases

Citrus paradisi, leaf
heterologous expression

Citrus sinensis
(Tarocco)a fruit

Purification Factor NA
Primary substrates (Km

app, μM) kaempferol (12); quercetin (67); myricetin
(33)

Other compounds tested cyanidin, apigenin, luteolin
4′-methoxyflavonol
3′,4′-dimethoxyflavonol
4′acetoxy-7-OH-6-methoxyisoflavone
naringenin
dihydroquercetin

Sugar donor (Km
app, μM) UDP-glucose (669)

pH optimum 7.5
pIapp 6.27
MW (kDa) 51.2
Inhibitors UDP (69.5 μM)

(Ki
app) Cu2+, Fe2+ Zn2+

Gene accession no. GQ141630 [126] AY519364 [101]
Reference [126]

aBiochemical characterization of recombinant protein in progress (Owens et al., unpublished).
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from biochemical analyses of enzymes isolated from plant tissues with results from
putative GTs identified through molecular and/or bioinformatic techniques as was
done for the 1–2RT [129, 130].

6.3.1 Specificity of Flavonoid Glycosyltransferases in Citrus

There have been reports of promiscuous flavonoid GTs in plants as well as reports
of highly specific enzymes [21 and ref. therein, 123, 125, 132, 137–142]. In some
cases, apparent promiscuity could be the result of the presence of other contam-
inating GTs in the preparation. Presence of a large tag in recombinant enzymes
also raises a question about the relationship of observable characters of the tagged
recombinant enzyme to the role of the native enzyme in vivo. It is notable, how-
ever, that some rigorously purified and characterized enzymes have also exhibited
promiscuous use of flavonoid substrates. A report of expression of a promiscuous
flavonoid GT induced by treatment with salicylic acid may indicate multiple strate-
gies for expression and activity of different GTs depending on life stage and stress
levels [143]. To date, citrus flavonoid GTs that have been purified to a significant
level of enrichment or apparent homogeneity, as well as recombinantly expressed
and purified GTs, have been shown to be regiospecific and specific to one or at most
two flavonoid classes [65, 123, 126, 129, 130]. If these properties exist for other
citrus flavonoid GTs, then, considering the variety of flavonoid glycosides in Citrus,
there are likely dozens more flavonoid GTs to be found and characterized.

6.4 Function of Citrus Flavonoid Glycosides

The impact of flavanone neohesperidosides on flavor of fruits and processed prod-
ucts of some varieties, the role of flavanone rutinosides in formation of “cloud” in
other varieties, and the impact of these compounds on consumer acceptance were
discussed above. It is logical to hypothesize that the high level of bitter flavonoids in
young leaf and very young fruit tissues may have a role in defense from herbivory,
at least until seeds within the fruit are mature, although actual experiments have
not been conducted. Recent reviews of general roles of flavonoids in plants include
many other possibilities [144, 145]. Some direct testing of roles of flavonoids in
citrus have shown polymethoxyflavonoids are key for defense against microbes
[146–148 and ref therein].

Because of human consumption of plant and plant products, there has been
much interest on the impact of flavonoids on human health and this has been
recently reviewed [149, 150 and ref therein]. Additionally, Passamonti et al. [151]
have recently reviewed the issue of bioavailability of dietary flavonoids. Citrus
flavonoids have been shown to have many beneficial effects on human health
including anti-inflammatory activity, anticancer activity, antioxidant activity, and
protection against coronary heart disease [reviewed in 152–154]. This has led to
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renewed efforts to increase efficiency of recovery of bioactive flavonoids from pro-
cessed products [155, 156]. There is no doubt that additional roles will continue to
be discovered in the future as research in this area continues. Citrus contains many
other health-promoting compounds in addition to flavonoids and sustained interest
in crop improvement is one of the motivating factors for an international Citrus
genomics effort. This has been recently reviewed by Talon and Gmitter [157].

6.5 Concluding Remarks and Future Perspectives

Citrus contains many different glycosylated flavonoids with a variety of functions in
plants and in human health. The diversity of flavonoid GTs present in Citrus makes
it an attractive model system for in-depth structure/function analysis of this group
of enzymes. The economic impact of the glycosylated flavonoids, and the poten-
tial benefit of up-regulating some and down-regulating others, is a logical driver
for exploring biotechnological applications of modifying flavonoid metabolism in
Citrus. The challenge is working efficiently with transgenic citrus and to get a
handle on the inherent natural variability in synthesis and accumulation of economi-
cally important compounds. Because most compounds are in glycosylated form, the
impact of GT enzymes must be recognized as an important factor for understanding
flavonoid metabolism and the potential impact of perturbing the system.
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Chapter 7
Ginsenoside Variation Within and Between
Ontario Ginseng Landraces: Relating
Phytochemistry to Biological Activity

Kristina L. McIntyre, Alice Luu, Cathy Sun, Dan Brown, E.M.K. Lui,
and John T. Arnason

7.1 Introduction

Cultivated American ginseng (P. quinquefolius L., Araliaceae) is one of North
America’s most valuable medicinal crops, worth an estimated $100 million annu-
ally, and is also one of the top-selling dietary supplements in the United States
[1, 2]. Ontario has recently become the largest grower of American ginseng with
over 5,000 acres in production [3]. Ginseng is commercially important in Canada
and the United States and great quantities are exported to Asian markets [3].

In traditional Chinese medicine, American ginseng is used to treat a “yin”
deficiency, or to replenish vital energy as a general tonic. Ginseng has been
examined for a wide array of activities, including antidiabetic, anticancer, and
antioxidant activities, and immunostimulation [4–8] and it contains several bioactive
chemical constituents, including ginsenosides, polysaccharides, and polyacetylenes.
Ginsenosides have received the most attention as they are commonly believed to
be responsible for the majority of ginseng’s biological activity. Roots have been
the focus of study due to their high ginsenoside levels, traditional use, and high
commercial value.

The amount of ginsenosides present in roots varies due to several factors includ-
ing plant age, time of harvest, and location [9–12]. A recent study of ginseng
populations in New York State reported some populations with higher Rg1 than
Re content, the opposite of previous reports [10]. An inverse relationship between
Rg1 and Re was observed where when Rg1 content was low, Re content was high
and when Re content was high, Rg1 content was low. Schlag and McIntosh [9]
later identified two distinct chemotypes, a low Rg1/high Re Northern chemotype
and a high Rg1/low Re Southern chemotype. Variation between locations is of par-
ticular interest due to the potential for unique ginsenoside profile and chemotype
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identification. Different ginsenoside profiles may translate to different levels of bio-
logical activity. Identifying differences in ginsenoside profiles could be important
for quality control and landrace development.

Ontario ginseng cultivation began over 100 years ago with the Hellyer family in
Norfolk County [3]. Seeds were cultivated from wild root and cultivation in Ontario
has grown to include close to 400 growers. Today Ontario ginseng comprises sev-
eral unimproved landraces [13, 14], which are farmer-selected populations that have
likely diverged significantly from wild populations, developing separately for sev-
eral decades. This study examines the variation of six major ginsenosides (Fig. 7.1)
within and between five Ontario landraces. As ginsenosides have been associated
with antidiabetic and antioxidant activities, the effect of ginsenoside variation on
these activities is discussed. This is one step toward improving the characterization
of Ontario ginseng.

A Rb1 -glucose2-glucose -glucose6-glucose
Rb2 -glucose2-glucose -glucose6-arabinose (pyranose)
Rc -glucose2-glucose -glucose6-arabinose (furanose)
Rd -glucose2-glucose -glucose

B Re -glucose2-rhamnose -glucose
Rg1 -glucose -glucose

Ginsenoside R2R1

A - Protopanaxadiol B - Protopanaxatriol

6 6
HO

OR1

R1O

OHOH
R2OR2O

Fig. 7.1 Chemical structures of six major ginsenosides – (a) protopanaxadiol and (b) protopanax-
atriol

7.2 Methods

7.2.1 Ginseng Collection and Extraction

A total of 21–25 4-year-old roots were collected from 1 m × 1 m plots from five
ginseng farms in Norfolk County, Ontario. Root sections with diameter between 4
and 10 mm were examined. A total of 400 mg of ground root was added to 10 mL
of 70% methanol and sonicated for 25 min at room temperature, centrifuged and
the supernatant removed. The extraction was repeated twice using 10 and 4 mL,
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phases combined and brought to 25 mL. For HPLC analysis, 100 μL of 5% KOH
was added to 1 mL of extract and incubated in the dark for 2 h. The extract was then
neutralized with 14% KH2PO4 and filtered through a 0.2-μm PTFE filter [15]. For
assays, extracts were dried using a speed vac and lyophilized.

7.2.2 HPLC-DAD Analysis

Samples were analyzed using a validated HPLC-DAD method developed by Paula
Brown [15] and ginsenosides Rg1, Re, Rb1, Rc, Rb2, and Rd were quantified. HPLC
analysis was conducted on a Hewlett-Packard Chemstation series 1100 chromato-
graph (Agilent, Palo Alto, CA) consisting of an autosampler, quaternary pump, and a
diode array detector (DAD). Solvents were HPLC grade (Fisher Scientific, Ottawa,
ON). A Phenomenex Luna C18 column (150 mm × 4.6 mm; 5 μm particle size;
100 Å pore size) was kept at 25◦C and a flow rate of 1.5 mL/min maintained. The
mobile phase consisted of water (A), 80:20 acetonitrile/water (B), and acetonitrile
(C). Initial conditions of 76% A: 24% B were held isocratically for 8 min and then
changed following linear gradients to 68% A: 32% B in 18 min, 60% A: 40% B
in 25 min, and 52% A: 48% B in 42 min. The column was washed with 100% C
over the next 11 min and returned to initial conditions. The column was allowed to
re-equilibrate at initial conditions for 7 min between samples. 10 μL of sample was
injected and the profile was monitored at 203 nm.

7.2.3 Anti-glycation Activity

The elevated formation of advanced glycation end products (AGEs) is an underlying
mechanism of diabetic complications. AGE formation is increased under hyper-
glycemic conditions and they lead to the crosslinking of proteins, and tissue and
cellular damage [16]. Reducing AGE formation could be a potential target for reduc-
ing diabetic complications. To determine the potential of Ontario ginseng to inhibit
AGE formation, we conducted a fluorescence-based in vitro assay. This assay was
carried out as described by Farsi et al. [17] with modifications [18]. Briefly, bovine
serum albumin (BSA) was incubated with a glucose/fructose mixture, both prepared
in phosphate buffer, and extract at various concentrations while shaking for 7 days.
Positive (quercetin), negative (vehicle only), extract fluorescence, and BSA fluo-
rescence controls as well as a blank treatment with only buffer were included.
Fluorescence was measured at excitation and emission wavelengths of 355 and
460 nm, respectively. Percentage of inhibition and IC50 values were calculated as
previously described [17].

7.2.4 Antioxidant Activity

Oxidative stress is implicated in a range of health concerns, including diabetes mel-
litus, cancer, and cardiovascular disease among many other degenerative diseases
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[19]. As phenolics are well-known antioxidant agents, the Folin-Ciocalteau total
phenolics assay was performed to assess phenolic content in ginseng roots. This
assay was performed as described by Singleton et al. [20] with modifications [21].
Briefly, extract dissolved in 70% methanol was combined with Folin-Ciocalteau
reagent, incubated for 5 min, and then 7.5% NaHCO3 was added. Samples were
transferred into microplate wells in triplicate, incubated in darkness for 2 h, and
then absorbance read at 725 nm. Samples were blanked against a treatment with
only solvent. A standard curve of quercetin was produced and data were expressed
as quercetin equivalents.

Free radical scavenging activity was assessed using the DPPH (1, 1-di-phenyl-
2-picrylhydrazyl) assay as described by Harbilas et al. [22] with incubation time
increased to 65 min. Briefly, 250 μL of 100 μmol/L DPPH dissolved in methanol
was added to 40 μL of extract (tested at 5 concentrations) in a microplate well. A
standard curve of ascorbic acid (positive control) was included as a reference and
all data were blanked against a treatment with only methanol. Absorbance was read
with a microplate reader at 517 nm. The inhibitory concentration for 50% scaveng-
ing (IC50) of each extract was calculated and compared to the IC50 of the ascorbic
acid standard curve.

7.2.5 Statistics

Ginsenoside content was expressed as ginsenoside weight relative to dry root weight
(% w/w). As ginsenoside content data were not normally distributed, the Kruskal–
Wallis test was used to determine differences in ginsenoside content between
landraces. Results were considered significant when p<0.05. Linear regression was
used to assess the correlation between ginsenoside or phenolic content and DPPH
activity.

7.3 Results and Discussion

7.3.1 Ginsenoside Variation

A typical chromatogram from one root sample is presented in Fig. 7.2. Significant
variation in the content of most ginsenosides was seen between landraces, with Rg1
being the only ginsenoside not differing in quantity between at least two landraces
(p>0.05) (Table 7.1). These results may reflect different environmental and farmer-
initiated selection pressures on plants at individual farms. Total ginsenoside levels
were significantly reduced in one landrace. Ginsenoside composition was similar
between landraces with the following general trend: Rb1 > Rd ≈ Re > Rc > Rg1 >
Rb2. This profile is unique in comparison to American ginseng populations in other
locations where Rd is typically one of the lowest contributing ginsenosides [9–11]
(Table 7.2). The greatest range in total ginsenosides within an individual landrace
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Fig. 7.2 HPLC-DAD chromatogram of one Ontario ginseng root sample

Table 7.1 Mean ginsenoside content (% w/w) (± SD) of roots from 5 Ontario landraces (n =
21–25). Significant differences between populations are indicated by different letters

Ginsenoside content (% w/w) (±SE)

Landrace Rg1 Re Rb1 Rc Rb2 Rd Total

1 0.17
(0.08)a

1.45
(0.58)a

4.23
(1.36)a,b

0.66
(0.28)a,b

0.13
(0.05)a

1.74
(1.08)a

8.38
(2.80)a

2 0.17
(0.08)a

1.31
(0.41)a

4.53
(0.85)a

0.58
(0.23)a,b

0.11
(0.04)a,b

1.83
(1.09)a

8.53
(2.11)a

3 0.16
(0.09)a

1.16
(0.30)a,b

4.21
(1.03)a

0.44
(0.11)a

0.11
(0.07)b

1.39
(0.71)a

7.47
(1.63)a

4 0.18
(0.07)a

1.40
(0.47)a

4.45
(1.63)a

0.63
(0.24)b

0.12
(0.04)a

1.59
(0.95)a

8.38
(2.81)a

5 0.17
(0.09)a

0.99
(0.27)b

3.09
(0.86)b

0.46
(0.14)a

0.12
(0.08)a,b

0.71
(0.32)b

5.54
(1.43)b

was between 4.36 and 16.61% w/w and the lowest range was between 4.24 and
10.24% w/w (Table 7.3).

Our study showed mean total ginsenoside levels that were greater than
means reported in several other locations including New York State, Maryland,
British Columbia, and wild populations in Ontario, Quebec, Vermont, Maine, and
Wisconsin (Table 7.2) [9–11, 23]. This may be due to the use of root sections in
our study versus whole roots. Roots ranging from 5 to 10 mm in diameter have
been shown to contain higher levels of some individual ginsenosides than roots with
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Table 7.2 Comparison of total ginsenoside content between different locations and cultivation
methods

Mean ginsenoside content (% w/w)

Study Total Rg1 Re Rb1 Rc Rb2 Rd
Production
method Location

This study 7.7 0.17 1.26 4.1 0.55 0.12 1.45 Cultivated Ontario
[23] 3.0 0.18 0.18 1.22 0.18 0.02 0.29 Cultivated British

Columbia
[11] 4.9 0.25 0.25 1.88 0.36 0.13 0.48 Cultivated Quebec
[11] 5.8 0.94 0.94 2.81 0.42 0.09 0.29 Wild Ontario,

Quebec,
Maine,
Vermont,
Wisconsin

[10] 2.7 0.80 0.80 0.95 0.20 0.05 0.1 Wild and
cultivated

New York
State

[9] (high
Rg1/low
Re)

2.3 1.04 1.04 0.69 0.23 n/a 0.05 Wild and
cultivated

Maryland

[9] (low
Rg1/high
Re)

2.5 0.23 0.23 0.83 0.23 n/a 0.1 Wild and
cultivated

Maryland

Table 7.3 Range of ginsenoside content (% w/w) within individual landraces (n = 21–25)

Ginsenoside content range (min.–max. % w/w)

Landrace Rg1 Re Rb1 Rc Rb2 Rd Total

1 0.07–0.43 0.66–3.31 2.63–7.47 0.19–1.49 0a–0.17 0.42–3.65 5.34–13.74
2 0.09–0.37 0.52–2.57 3.28–6.70 0.30–1.40 0.06–0.24 0.48–4.74 5.39–11.80
3 0.05–0.45 0.67–1.84 2.33–6.89 0.29–0.64 0.06–0.32 0.36–3.33 4.24–10.24
4 0.10–0.35 0.83–2.14 1.97–9.84 0.33–1.32 0.08–0.26 0.70–5.03 4.36–16.61
5 0.10–0.41 0.60–1.73 1.66–5.37 0.23–0.95 0.07–0.40 0.27–1.36 3.03–9.61

aNot present at a detectable level.

a 15–38 mm diameter, though total ginsenoside levels were not significantly dif-
ferent between roots within this entire diameter range [24]. It is also possible that
differences in extraction methods, chromatographic conditions, and root age could
account for the differences in ginsenoside levels.

More important than overall mean ginsenoside levels, it is most significant that
high variation is seen between landraces in this study as well as between pop-
ulations when compared to previous reports. A study of wild American ginseng
populations collected in Ontario, Quebec, Maine, Vermont, and Wisconsin and one
cultivated population in Quebec showed total ginsenoside levels significantly dif-
fered among populations with the highest content at 10.93 ± 1.96% w/w and lowest
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at 2.73 ± 0.63% w/w [11]. This range was greater than the range of total ginseno-
sides observed between landraces in the current study. This may be due to the wider
age range and geographical distribution which would result in greater environmen-
tal variability. Furthermore, wild populations are expected to contain more genetic
variation than cultivated landraces. As was seen in this study, significant variation
was also reported among and within ginseng populations in Maryland with variation
in total ginsenosides ranging from 0.85 to 5.78% w/w in wild roots and 1.04–4.07%
w/w in cultivated roots [9]. In a study of cultivated ginseng in British Columbia,
significant variations were seen among 9 fields, though Rb1, Rc, and Rd were the
only individual ginsenosides that varied significantly [23]. The variation in ginseno-
side levels between growing locations is important for quality-control purposes as
it cannot be assumed that American ginseng obtained from different locations will
contain similar ginsenoside content. Furthermore, as levels can vary significantly
within populations, it is important to assess multiple roots from each population to
obtain an accurate estimation of ginsenoside content.

7.3.2 Anti-glycation and Antioxidant Activity of Ginseng In Vitro

One reason for assessing ginsenoside variation is that variation in active constituents
may lead to variation in biological activity. For example, in clinical trials with
both non-diabetic participants and patients with well-controlled type 2 diabetes,
American ginseng was shown to significantly reduce post-prandial glycemia [7, 25,
26]. However, in a subsequent trial no significant reduction was found and this gin-
seng batch was shown to have a 48% lower total ginsenoside content compared to
the initial effective batch [27]. This demonstrates the importance of considering the
phytochemical profile when assessing biological activity.

Ontario ginseng root extract was not a significant inhibitor of AGE formation.
Inhibition did not reach 50%, with an extrapolated IC50 of >10 mg/mL (Table 7.4).
This value was high in comparison to extracts high in phenolic content such as
lowbush blueberry and corn silk, which have IC50 values in the 1.3–78.7 μg/mL
range [17, 18] and the standard quercetin. Pure ginsenosides also had relatively low
activity.

Table 7.4 Inhibitory
concentration 50% (IC50) of
advanced glycation end
product formation by pure
ginsenosides and an Ontario
ginseng extract (n = 3)

Ginsenoside IC50 range

Rb1 1–10 mg/mL
Rd 1–10 mg/mL
Re >10 mg/mL
Rg1 0.5–1.0 mg/mL
Ontario ginseng extract >10 mg/mL
Quercetin 1.8 μg/mL
Lowbush blueberry leaves 6.3 μg/mL [17]
Lowbush blueberry stem 3.1 μg/mL [17]
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Ontario-grown American ginseng extracts were shown to have low total phenolic
content in comparison to some previously tested extracts. Ontario ginseng samples
ranged from 0.67 to 6.98 μg quercetin equivalents/mg extract whereas values were
in the order of 60–269 μg quercetin equivalents/mg extract for plants known to be
rich in phenolic compounds (such as quercetin, catechin, and other flavonoids) [21].

Ontario ginseng samples produced IC50 values ranging from 1.35 to 3.01 mg/mL
in the DPPH radical scavenging assay. The biologically active concentration range
was similar to a previously tested American ginseng extract [28]. IC50 values of
samples were assessed in comparison to the IC50 for ascorbic acid and the rela-
tive activity was rather low. The maximum value for log IC50 ascorbic acid/log
IC50 ginseng sample was 0.14, which was low in comparison to other samples
high in phenolic content that range between 0.5 and 1.1 [22]. There was a correla-
tion between DPPH radical scavenging activity and ginsenoside content (R2=0.84)
(Fig. 7.3a) and also a correlation between DPPH activity and total phenolic content
(R2=0.89) (Fig. 7.3b). In the case of ginseng, the phenolic component is small but
likely contributes to the antioxidant activity. Although ginsenoside levels are high,
as illustrated above, in general, phenolic-rich plants have tended to have greater
antioxidant and anti-glycation activity than ginseng samples. It is possible that the
antioxidant activity seen may be more related to phenolics than to ginsenoside
content.

Given the literature on anti-diabetic effects of ginseng, it was interesting that
Ontario ginseng did not show strong anti-glycation and antioxidant effects in vitro.
It may be possible that ginseng acts by influencing glutathione in cells. Oxidative
stress can lead to a reduction in glutathione levels and a study of ginsenoside Re
administration to diabetic rats resulted in increased glutathione (GSH) levels in
the eye and kidney [29]. In a study examining the effects of Panax ginseng on
astrocyte cells under oxidative stress, glutathione reductase (which converts the
oxidized glutathione disulfide (GSSG) to its normal reduced state) activity was sig-
nificantly increased [30]. To our knowledge, only one study has examined the effect
of American ginseng on glutathione levels in vivo. In this study, American ginseng
did not substantially improve glutathione regeneration in mouse hepatic tissue and
also did not show significant in vitro antioxidant activity in the DPPH assay [31].
Further investigation needs to be completed to determine the mechanism by which
ginseng exerts antioxidant and anti-diabetic effects.

7.4 Conclusions and Future Directions

This is the first attempt to examine family-held ginseng landraces that have been in
cultivation for several decades. Clearly, there is evidence of variation between these
landraces. Although HPLC-DAD analysis clearly quantified ginsenoside levels and
showed variability, it did not present unique characteristics that would rapidly iden-
tify each landrace. Currently, Nuclear Magnetic Resonance (NMR) methods are
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Fig. 7.3 Radical scavenging activity as measured in the DPPH assay versus (a) total ginsenoside
content (% w/w) and (b) total phenolics (μg quercetin per mg extract) of eight ginseng root samples
(n = 3). The log IC50 of each sample was divided by the log IC50 of the standard ascorbic acid to
serve as a comparison to the positive control

being developed in collaboration with Bruker BioSpin to differentiate ginseng pop-
ulations. This will allow for rapid quality control and standardization and may
complement DNA fingerprinting. This will potentially provide a unique fingerprint
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for each population. As unique landrace characteristics are identified, it is possible
that these may be correlated with important activities. This could then lead to the
development of unique, easily identifiable cultivars, each with distinct biological
uses.

Although significant in vivo anti-diabetic effects have been reported, this did not
translate into strong in vitro anti-glycation and antioxidant activities. There may be
stronger in vivo antioxidant and anti-glycation activities, which will be an important
area of future investigation.
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Chapter 8
Heat, Color, and Flavor Compounds
in Capsicum Fruit

Ivette Guzman, Paul W. Bosland, and Mary A. O’Connell

8.1 Peppers

Peppers, belonging to the Capsicum genus, are called by a variety of names includ-
ing aji, chile, chillie, chili, chile pepper, paprika, and are one of the most popular
vegetables and spices around the world. Originating in the New World, peppers are
one of the oldest vegetables known. Pre-Columbian cultivation and trade of this
plant was extensive throughout Central America as well as portions of North and
South America. Archeological evidence shows domesticated pepper starch fossils
in southern Mexico 6,000 years ago [1]. Through Portuguese trade ventures, distri-
bution of pepper increased worldwide, resulting in greater cultivation of this crop.
They are grown not only to provide a fiery spice but also for their rich pigments
used as natural dyes.

Peppers are important and common ingredients in many cuisines; ubiquitous
throughout virtually all Asian and Latin American cuisines, this ingredient is also
prominently found in many Mediterranean and African dishes. Pepper fruits are
processed and sold in two ways: as a fresh product including canned, frozen, and
pickled, and as a dehydrated product like cayenne powder. In 2006 the United
Nations Food and Agriculture Organization reported that the United States pro-
duces 4% of the world’s sweet and hot peppers, ranking sixth behind China, Mexico,
Turkey, Indonesia, and Spain [2]. According to the USDA, pepper use in the United
States increased by 38% from 1996 to 2006. In 2007, per capita use of chile pep-
pers (on a fresh-weight basis) totaled 6.1 pounds. Consumers in the United States
now use more peppers than many traditional vegetables, including asparagus (1.3
pounds), cauliflower (2.1 pounds), and green peas (3.3 pounds) [3]. Peppers are one
of the fastest growing specialty produce items due primarily to the changing US
diet, the search for alternative flavors and coloring agents, and the influence of a
diverse immigrant population.
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Pepper belongs to the nightshade family, Solanaceae, in the genus Capsicum.
This family also includes tomato, potato, eggplant, and tobacco. Globally, pepper
breeders have developed a large array of pepper varieties ranging in fruit phenotypes
depending on heat level, size, shape, and color forms. To date, 25 species have been
reported from blocky bell-type pods with no heat to the small pungent piquin type
[4]. Within each species there is variation in fruit shape, color, rate of maturation,
and degree of hotness. The five species most commonly cultivated are C. annuum,
C. baccatum, C. chinense, C. frutescens, and C. pubescens. The most common
method of developing new varieties is inter- and intraspecific hybridization with
subsequent backcrosses to generate the desired combinations of characteristics
including heat, flavor, and color [5]. As Capsicum is a member of the Solanaceae,
rapid progress in molecular genetics is possible using the related resources devel-
oped in tomato and potato; many regions of the chromosomes of these crops are
syntenic [6, 7]. Further, many of the genes identified originally in Capsicum as
morphological traits have related counterparts in tomato [8, 9].

The three key fruit quality traits, color, heat, and flavor, are independent charac-
teristics. The color of a fruit does not predict the hotness, despite many consumers
associating green peppers with no-heat bell peppers and red powder with hot
cayenne chile. Hence in New Mexico, the state question is “Red or Green?” to deter-
mine which version of the host’s salsa or enchilada is hotter. From a phytochemical
perspective the independence of these traits relates to the biosynthetic pathways for
these compounds and the genes for both the structural and regulatory genes for those
pathways. This review describes some of the recent advances in the analyses of the
compounds, enzymes, and genes associated with color and flavor in Capsicum.

8.2 Pigments

Peppers are rich in phytochemicals, which give them a diverse range of colors con-
sisting of red, yellow, orange, purple, and brown. The pigments include three classes
of phytochemicals: chlorophyll, carotenoids, and anthocyanins. The range of pepper
fruit color is due to the accumulation of one or more of these pigments. Pigments
are photosynthetic compounds involved in many plant functions. These molecules
absorb light at different wavelengths and aid in the conversion of light energy into
chemical bond energy during photosynthesis [10]. Pigments act as ultraviolet and
visible light protectants in plant tissues and can have additional antioxidant proper-
ties [11–13]. Not only do pigments function at a cellular level, they also function as
attractants for pollinators and seed dispersal agents [14].

8.2.1 Chlorophyll

Chlorophylls are hydrophobic compounds made of four modified pyrole rings with
an Mg atom and an attached long C20 hydrocarbon tail (Fig. 8.1). In pepper, unripe
fruit colors can vary from ivory, green, or yellow. The green color is accumulation
of chlorophyll in the chloroplast while ivory indicates chlorophyll degradation as
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Fig. 8.1 Four pepper-ripening stages illustrating the structure of the phytochemical in the tissue
where it is synthesized

the fruit ripens [15]. There is a condition in peppers however that inhibits the degra-
dation of chlorophyll and is associated with the chlorophyll retainer gene (cl) [16].
The persistent presence of chlorophyll in fruit ripening to accumulate other pig-
ments like carotenoids or anthocyanins produces brown or black mature fruit colors
(Fig. 8.1). Chlorophyll in black pepper fruit is 14-fold higher compared to violet
fruit [17].

8.2.2 Carotenoids

Yellow, orange, and red color in mature pepper fruits is a result of carotenoid
metabolism and accumulation in the chromoplasts of the pericarp (Fig. 8.1).
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Carotenoids are the largest group of natural plant pigments [10]. Carotenoids help in
photosynthesis as light-harvesting pigments given that they absorb at different wave-
lengths than chlorophyll [18]. They also protect the photosynthetic centers from
photooxidative damage by acting as quenchers of triplet excited states in chlorophyll
molecules. In 1998, Matsufuji et al. [19] reported that the carotenoid, capsanthin, in
peppers had a longer lasting radical scavenging effect compared to other antioxi-
dants. Some peppers can accumulate as much as 1.2 mg total carotenoids per gram
fruit fresh weight [20].

Carotenoid catabolic products also have a physiological role in the plant.
Oxidative cleavage of carotenoids by carotenoid cleavage dioxygenases (CCDs)
generates apocarotenoids [21]. Apocarotenoids serve the plant as antifungal agents
or in the synthesis of flavor or aroma of flowers and fruits. A well-known down-
stream product of an apocarotenoid is abscisic acid (ABA), a phytohormone in
plants [21].

During fruit ripening, the pepper carotenoid biosynthetic pathway is able to make
a variety of carotenoids including β-carotene, violaxanthin, capsorubin, and capsan-
thin (Fig. 8.2) [18]. The latter two are ketoxanthophylls specific to peppers and are
not found in other plants. Capsanthin and capsorubin accumulate in red-colored
peppers, while β-carotene is responsible for orange-colored fruit (Fig. 8.1).

Carotene-rich peppers are important sources of vitamin A, with some varieties
accumulating 136 μg of β-carotene per gram fresh weight [20, 22]. Carotenoids are
so important that the USDA recommends incorporating orange fruits or vegetables
twice a week in a diet [23]. Red and orange peppers, especially, have a high content
of carotenoids.

Pepper breeders are interested in making carotenoid-rich peppers not only for
higher vitamin A content but also for use in red pigment extraction. The red pig-
ments are extracted as an oleoresin and used as a natural colorant. This dye is used
in a variety of products ranging from cosmetics to food coloring [24].

Carotenoids are lipid-soluble terpenoids derived from the isoprenoid pathway
and are located in hydrophobic areas of cells. All have a 40-carbon isoprene back-
bone with a variety of ring structures at one or both ends (Fig. 8.2) [25]. The carbon
skeleton is derived from five-carbon isoprenoid groups and contains alternating
conjugated double bonds. There are two kinds of carotenoids (Fig. 8.2): carotenes
composed of carbon and hydrogen and xanthophylls composed of carbon, hydrogen,
and oxygen.

8.3 Biosynthesis of Carotenoids in Peppers

In pepper as in many plants, there are two sources of isoprene monomers: the
mevalonic acid pathway and the plastidal pool from pyruvate and glyceraldehyde-
3-phosphate [26]. Pepper carotenoid biosynthesis uses the plastidal pathway for the
isopentyl pyrophosphate monomers and the resident terpenoid synthases and trans-
ferases [27]. Using the 5-carbon isoprene pool, the prenyl transferases sequentially
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synthesize 10-carbon (geranyl), 15-carbon (farnesyl), and 20-carbon (geranylger-
anyl) pyrophosphate polymers (GGPP). The enzyme phytoene synthase, PSY,
commits GGPP to the carotenoid pathway. PSY is responsible for the head-to-head
condensation of two 20-carbon GGPP molecules to form phytoene. Phytoene, a
40-carbon molecule with alternating carbon double bonds, is the backbone for all
carotenoids (Fig. 8.2) [28]. The gene for PSY was one of the first genes on this
pathway to be cloned and characterized in pepper [29].

A series of desaturation reactions convert phytoene to ζ-carotene and then to
lycopene, the important red pigment in tomatoes. In pepper, lycopene undergoes a
cyclization reaction on both ends by lycopene β-cyclase, thus producing β-carotene
(Fig. 8.2) [25]. Beta-carotene is then converted to β-cryptoxanthin, zeaxanthin,
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by β-carotene hydroxylase (CrtZ-2) [30]. Zeaxanthin epoxidase generates anther-
axanthin and violaxanthin [31]. Capsanthin is made with the aid of an enzyme
called capsanthin–capsorubin synthase, CCS [32], which can also convert vio-
laxanthin to capsorubin, the other red pigment in pepper. The desaturases and
cyclases that synthesize the specific carotenoids are thought to form a multi-enzyme
carotenogenic complex in the thylakoid membrane and stroma of the chromoplasts
and chloroplasts [28].

Hurtado-Hernandez and Smith [33] demonstrated that there are three indepen-
dent loci C1, C2, and Y determining fruit color and eight phenotypes, using an F2
population of a hybridization between white and red peppers. In this hybridization,
red color is dominant, and the F2 progeny displayed fruit colors ranging from red,
orange, peach, and white. Lefebvre et al. [34] demonstrated that Ccs is a candi-
date gene for the Y locus, while Huh et al. [35] proposed that phytoene synthase,
Psy, may be encoded at the C2 locus. The biochemical function at the C1 locus,
however, has not been determined.

There are, however, two theories as to what makes the orange color in pepper.
The orange phenotype could be due to low amounts of red pigments, capsan-
thin/capsorubin, or no red pigments and high β-carotene concentrations [36]. An
inactivation of CCS would result in no synthesis of the red pigments, capsanthin
and capsorubin, as seen in several studies [34, 37, 38]. Further, PSY, the rate-limiting
enzyme in carotenoid production, may be responsible for the C2 locus discrimina-
tion between red and orange cultivars [35, 39]. Hence, the orange or light colors
could be a result of reduced PSY activity, yielding a reduced production of all
carotenoids.

8.4 Carotenoid Analysis

The extraction, separation, identification, and quantification methods of carotenoids
in peppers have improved over the years. As the fruit ripens xanthophylls become
esterified, with 50–80% esterified at one to four possible hydroxyl positions on the
rings [40]. Further, this complex mixture is light sensitive and prone to oxidation.
Commercial standards are available for the free carotene and xanthophyll struc-
tures. Saponification of the carotenoid extract can generate free xanthophyll forms
and reduce the complexity of the mixture. Co-migration of the standards and the
saponified extract will also allow identification and quantification of carotenoids.
Separation by thin-layer chromatography is an excellent tool for rapid and quali-
tative analyses. Quantification has been carried out using high-performance liquid
chromatography (HPLC) [20, 36]. Resolution of these complex mixtures is best
achieved with the use of an ultra-performance liquid chromatography (UPLC).
Along with better separation, the system uses much smaller volumes; thus, smaller
samples are used, sensitivity is increased, and the run times are shorter [36]. The
resolution of Capsicum pericarp carotenoids by UPLC is demonstrated in Fig. 8.3.
Six carotenoid standards were well resolved with base line separation, allowing the
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Fig. 8.3 UPLC analysis of Capsicum-lyophilized pericarp carotenoids. Carotenoids detected by
absorption at 454 nm, following separation on a waters acquity C18 1.8 μm HSS particle, 2.1 ×
100 mm column resolved with 10% isopropanol (v/v) (a) and 100% acetonitrile (b). The solvent
profile included two linear phases (0–3 min at 75% (b); 3–11 min from 95 to 100%); flow rate
of 0.75 mL/min. (a) Standards (each at 100 ppm): capsorubin (1.7 min), capsanthin (2.08 min),
antherxanthin (2.69 min), zeaxanthin (2.97 min), β-cryptoxanthin (4.86 min), and β-carotene
(8.15 min). (b) Valencia pericarp extract. (c) NuMex Sunset pericarp extract

identification of these carotenoids in complex extraction mixtures from Capsicum
fruit. Two examples are provided: C. annuum cv. Valencia and C. annuum cv.
NuMex Sunset. Both of these fruit appear orange; however, only Valencia has
detectable levels of β-carotene (Fig. 8.3b, c).

The production of β-carotene-rich crops is an important agricultural topic. The
availability of carotenoid biosynthetic genes, as well as new molecular techniques,
has opened the doors for metabolic engineering. This has resulted in transgenic
plants with improved nutritional quality: the development of “golden rice” [41]. The
levels of β-carotene in the endosperm (1 to 2 μg β-carotene/g FW rice endosperm)
although higher than wild-type rice, as this is a tissue that normally does not



116 I. Guzman et al.

accumulate carotene, provide less than 10% of the daily recommended amount
[26]. Manipulation of these pathways for increased provitamin A levels in crops like
tomato or pepper may be much more productive. Capsicum is able to accumulate a
diverse number of carotenoids and, in high concentrations, the expression and reg-
ulation of the carotenoid genes in pepper could lead to new metabolic engineering
tools.

Owing to the variability in color and the reason for the color, further studies
are needed to understand how these genes are expressed and how the pathway is
regulated in plants of worldwide agronomic importance. Chile pepper ripening is an
attractive model to study carotenogenesis because it differentiates green chloroplasts
from non-green plastids called chromoplasts, which accumulate large amounts of
carotenoids. In particular, xanthophylls are produced in massive quantity, which
implies that pepper chromoplasts, unlike tomato chromoplasts that accumulate
mainly lycopene, possess enzymes for the whole carotenoid biosynthetic pathway.
Molecular markers for carotenoid biosynthetic enzymes have been mapped and are
available for Capsicum annuum [6, 42].

8.4.1 Anthocyanins

In some peppers, immature pepper fruit and leaves can appear violet to black in
color (Fig. 8.1) [17]. These colors are attributed to anthocyanin accumulation in the
vacuoles. Anthocyanins are flavonoids synthesized from the phenylpropanoid path-
way [43]. The first committed step in the anthocyanin pathway is the synthesis of
tetrahydroxychalcone by the enzyme chalcone synthase. These products are then
isomerized to make the colorless flavanones, which are further modified to produce
the colorful anthocyanins. Black or violet peppers metabolize and accumulate the
anthocyanin delphinidin as both an aglycone and a glycosylated compound [17].
The intense black pigmentation in pepper leaves and fruit is characteristic of high
concentrations of delphinidin, chlorophyll, and carotenoids, with the leaves accumu-
lating sevenfold higher levels of delphinidin than the fruit. Other than delphinidin,
there are no other anthocyanins known to accumulate in peppers. There are at least
two loci affecting anthocyanin accumulation in pepper, A and a second locus, mod-
ifier of A (MoA), which when expressed, modifies the intensity of the purple color
in the presence of A [43]. Ben Chaim et al. [44] mapped A to chromosome 10. The
gene product at A is a myb transcription factor, similar to a gene in petunia that also
controls the anthocyanin biosynthetic pathway [45].

8.5 Capsaicinoids

The nitrogenous compounds produced in pepper fruit, which cause a burning sen-
sation, are called capsaicinoids. Capsaicinoids are purported to have antimicrobial
effects for food preservation [46], and their most medically relevant use is as an
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analgesic [47, 48]. Capsaicinoids have been used successfully to treat a wide range
of painful conditions including arthritis, cluster headaches, and neuropathic pain.
The analgesic action of the capsaicinoids has been described as dose dependent,
and specific for polymodal nociceptors. The gene for the capsaicinoid receptor has
been cloned (TRPV1) and the receptor transduces multiple pain-producing stimuli
[49, 50].

Capsaicinoids all share a common aromatic moiety, the vanillylamine, and dif-
fer in the length and degree of unsaturation of the fatty acid side chain (Fig. 8.4)
[51, 52]. The perception of burn from these individual capsaicinoids will also vary
slightly; capsaicin and dihydrocapsaicin are the hottest and deliver their bite every-
where from the mid-tongue and palate to down in the throat [53]. The traditional
method for quantifying the heat of chile preparations has been the organoleptic test
designed by Scoville in 1912 [24]. The dilution factor at which heat can no longer be
detected is recorded as Scoville Heat Units (SHU). Currently, HPLC analysis of the
individual capsaicinoids in organic extractions of chile preparations is the accepted
method [54]; however, the unit of description is still commonly SHU, where 1 ppm
is equal to 16 SHU.

Capsaicinoids are very potent, humans can perceive >1 ppm; yet capsaicinoids
are odorless and tasteless. As birds are insensitive to capsaicinoids, the accumulation
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of capsaicinoids in chile serves as herbivory repellents for mammals without inter-
fering with the consumption of the fruit by birds, which serve as seed dispersal
agents [55, 56].

8.5.1 Capsaicinoids Are Products of the Phenylpropanoid Pathway
and the Branched Chain Fatty Acid Pathway

Capsaicinoids are synthesized by the condensation of vanillylamine with a short
chain branched fatty acyl CoA. A schematic of this pathway is presented in Fig. 8.4.
Evidence to support this pathway includes radiotracer studies, determination of
enzyme activities, and the abundance of intermediates as a function of fruit devel-
opment [51, 52, 57–63]. Differential expression approaches have been used to
isolate cDNA forms of biosynthetic genes [64–66]. As this approach worked to
corroborate several steps on the pathway, Mazourek et al. [67] used Arabidopsis
sequences to design primers to clone the missing steps from a cDNA library. They
have expanded the schema to include the biosynthesis of the key precursors pheny-
lalanine and leucine, valine and isoleucine. Prior to this study it was not clear
how the vanillin was produced, and thus the identification of candidate transcripts
on the lignin pathway for the conversion of coumarate to feruloyl-CoA and the
subsequent conversion to vanillin provide key tools to further test this proposed
pathway.

Validation of the role of feruloyl-CoA in the synthesis of the vanillin precur-
sor will be detection of the appropriate intermediates and/or enzyme activities in
placental extracts that could account for the production of the predicted levels
of capsaicinoids. The presence of low levels of monolignol intermediates could
be explained by lignin biosynthesis. An alternate route from phenylalanine to
vanillin has been considered by some investigators; Orlova et al. [68] demon-
strated the role of the benzenoid pathway in petunia flowers for the biosynthesis
of phenylpropanoid/benzenoid volatiles.

The intermediates for the branched chain fatty acid production have been
detected in tissues [69]. The saturated and desaturated forms of the branched
chain acyl-ACP and acyl-CoA are in the same relative amounts as in the
final capsaicinoid products, as demonstrated for two different cultivated species,
habanero (C. chinense) and jalapeño (C. annuum). From these results the
authors indicate that the desaturation step occurs prior to release from the FAS
complex.

The substrates for capsaicinoid synthase were first defined by Fujiwake et al.
[70] to be vanillylamine and 8-methyl-6-nonenoyl CoA. The synthesis of dihy-
drocapsaicin and the other naturally occurring variants are achieved by conden-
sation of vanillylamine with the respective branched chain acyl, for example,
8-methylnonanoyl-CoA. The gene for capsaicinoid synthase has been linked to an
acyltransferase (At3 or Pun1) cloned by Kim et al. [66] and mapped to the C locus on
chromosome 2 [71, 72]. Direct biochemical confirmation of capsaicinoid synthase
remains to be established.
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8.5.2 Capsaicinoids Accumulate in the Epidermal Cells
of the Placenta

Capsaicinoids start to accumulate 20 days post anthesis and synthesis usually per-
sists through fruit development [59, 62, 73]. The site of synthesis and accumulation
of the capsaicinoids is the epidermal cells of the placenta in the fruit (Fig. 8.5) [60,
72, 73]. Ultimately, the capsaicinoids are secreted extracellularly into receptacles
between the cuticle layer and the epidermal layer of the placenta [74]. These recep-
tacles of accumulated capsaicinoids are macroscopically visible as pale yellow to
orange droplets or blisters on the placenta of many chile types (Fig. 8.5).
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Fig. 8.5 Capsaicin accumulates in blisters/vesicles on surface of placenta. (left panel) Total ion
chromatogram of oil in habanero vesicle. The oil in the vesicle was collected directly with a
Hamilton syringe, diluted with hexane, and analyzed on a varian GC-MS, DB-5 column. The
capsaicin peak was identified based on match with NIST MS library. (right upper panel) A stere-
oscope view of habanero placenta (5× magnification) and seeds are visible (upper left panel).
Arrows indicate blisters. (right lower panel) A scanning electron micrograph of habanero placenta
(40× magnification). A color version of the image is on line

8.5.3 Genetic and Environmental Effects on the Expression
of Pungency

The ability to synthesize capsaicinoids is controlled by a single dominant gene,
C [75], or Pun1, mapped to chromosome 2 [71, 72, 76, 77]. No-heat types have
been identified among many of the domesticated species and fruit types [78, 79];
bell pepper is an example of a no-heat C. annuum var. annuum. And among almost
all of these mutants, the same locus controls the ability to accumulate capsaicinoids,
that is, Pun1. These inheritance studies along with the gene sequence data support
the hypothesis that the gene product at Pun1 is capsaicinoid synthase. Confounding
the presumption of Pun1 as the gene for capsaicinoid synthase are the observations
by Iwai et al. [80, 81] that capsaicinoids could be detected in non-pungent fruit if
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stored under continuous light, and placental extracts from non-pungent fruit could
synthesize capsaicinoids if vanillylamine and isocapric acid are provided. Together,
these results raise the possibility that the gene product at Pun1 is a regulatory gene
or a structural gene upstream in either the phenylpropanoid pathway or the branched
chain fatty acid pathway and not capsaicinoid synthase.

Screening for no-heat mutants in Capsicum collections and populations is a com-
mon practice for pepper breeders, as capsaicinoid accumulation is unique to the
members of genus. A second locus for control of capsaicinoid production exists in
at least two other species, C. chinense and C. chacoense [82], and the mutation that
revealed this second locus is called loss of vesicle (Lov). The blisters on the placen-
tal surface that fill with capsaicinoids are absent in these no-heat mutants. The gene
product and map location of this mutation are not known.

In addition to the simple Mendelian control of the ability to produce capsaici-
noids at all controlled by Pun1 and Lov, there is also quantitative genetic inheritance,
controlling the degree of heat [83, 84], and several QTLs associated with capsaici-
noid accumulation have been reported [77, 85]. A review of this approach for linking
genetic markers with capsaicinoid biosynthetic genes is presented by Mazourek
et al. [67].

Finally, in addition to the qualitative and quantitative genetic control on the
expression of pungency, there is very strong environmental influence [24, 86, 87].
Any environmental stress will increase the heat level. For example, elevated night
temperatures and water-deficit conditions induce an increased accumulation of cap-
saicinoids. The environmental effects are strong enough for mild and moderate
cultivars to switch ranks in accumulation of capsaicinoids depending on the environ-
mental conditions of production. Perhaps as a result of these environmental effects,
there is extensive fruit-by-fruit variability on a single plant for this trait [88, 89].

8.6 Flavors or Volatile Aroma Compounds

Although most consumers appreciate the fieriness of chile, capsaicinoids are not
perceived through odor or taste receptors but through the nociceptive pain receptors
described earlier. The compounds in chile fruit that create the flavor and aroma are
produced in the fruit wall. Buttery et al. [90] generated vacuum steam distilled oil
from green bell pepper macerate, with well over 40 peaks on subsequent GC/MS
analysis. Of these peaks, the major flavor compound associated with “bell pepper
aroma” was 2-methoxy-3-isobutylpyrazine (Fig. 8.1). They also reported several
monoterpenoids in abundance, limonene, trans-β-ocimene, and linalool as well as
other aliphatic aldehydes and ketones. The flavor composition of dried red bell
pepper powder (sweet paprika) extracted with ether identified 44 key peaks by
GC/MS [91]. In these dried samples the key compounds were β-ionone and sev-
eral furanones. The post-harvest processing and the different fruit maturities as well
as possible varietal differences are all causes for the different aromatic profiles.
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Solid phase microextraction (SPME) is an ideal approach to monitor volatile fla-
vor components. This approach has been used to identify the volatile compounds
in the headspace of fresh fruit during maturation [92]. Using SPME fibers and
GC/MS, the key flavor components are hexanal, 2-isobutyl-3-methoxypyrazine,
2,3-butanedione, 3-carene, trans-2-hexenal, and linalool (Fig. 8.1). In this study, the
principal aroma compounds whose abundance varied during fruit development were
specifically identified.

8.7 Concluding Remarks

The quality traits in Capsicum fruit are the result of accumulations of diverse phy-
tochemicals to generate cultivar specific differences in heat, color, and flavor. These
chemicals are important nutrients and have medically relevant bioactive proper-
ties. The production and accumulation of these compounds in their fruit tissues
depend greatly on four factors: the genetic background of the variety, develop-
mental regulation of the structural genes, specificity of gene expression depending
on organ or tissue, and the impact of environmental factors. For more than 4,000
years, people in the Americas have selected for these traits giving us an immensely
diverse germplasm. Today the international community has generated and shared
molecular markers and DNA sequence information that allows us to rapidly link
genes, enzymes, and metabolite levels to phenotypic characters. Capsicum provides
a wealth of resources for biochemical geneticists seeking to understand the expres-
sion and regulation of genes in networks controlling heat, color, and flavor. Early on
in this review we implied that these key quality traits in Capsicum fruit were unre-
lated. From a systems biology perspective that will clearly not prove to be true; if
we learn how to model the flow of metabolites from photosynthesis through primary
metabolism and then through these diverse organ-specific biosynthetic pathways, we
will undoubtedly describe how the production of red carotenoids in fruit pericarp
impacts the levels of capsaicinoids in fruit placenta.
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Chapter 9
Fungal Attack and Cruciferous Defenses:
Tricking Plant Pathogens

M. Soledade C. Pedras

9.1 Plant–Pathogen Interactions: A Never-Ending Arms Race

Plants and their pathogens are in close contact through a sophisticated commu-
nication system that uses a battery of secondary metabolites aimed at defeating
each other’s defenses. The communication in such interactions involves a metabolic
attack–counterattack that is generally unique to a particular plant–pathogen system.
Secondary metabolites with different structures can have equivalent functions in
different systems; hence, potential correlations among various systems are initially
difficult to make. With time, as the functions of secondary metabolites from plants
and pathogens become known, general principles can be envisioned and strategies
developed to protect the plant and control the pathogen.

Phytopathogenic fungi are able to infect plants using secondary metabolites with
very diverse chemical structures that damage plant tissues irreversibly, thus facil-
itating attack and colonization. Such phytotoxic metabolites are generally known
as phytotoxins, which can be host-selective, if only toxic to plants that host the
pathogen, or non-selective when a variety of non-host plants can also be affected.
However, it continues to be a greatly challenging task to prove which of these fun-
gal metabolites are produced during infection and indeed that such metabolites
are involved in compatible plant–fungus interactions. In addition to phytotoxins,
phytopathogenic fungi produce many other groups of metabolites mediating plant
defense responses. Among those fungal metabolites are the elicitors, which are of
great interest as they induce plant defense responses such as cell wall reinforce-
ment, biosyntheses of phytoalexins, and pathogenesis-related proteins [1]. General
elicitors are able to trigger defenses both in host and in non-host plants, whereas
race-specific elicitors induce defense responses leading to disease resistance in
specific hosts. General elicitors are also called microbial or pathogen-associated
molecular patterns (MAMPs or PAMPs) and include lipids, lipopolysaccharides,
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chitin, β-glucans, and fungal-specific glycosylated proteins as well as some smaller
molecules [2, 3]. PAMPs sensing by plant transmembrane pattern recognition
receptors leads to non-host resistance [4].

To protect themselves from fungal invaders, plants produce physical and chemi-
cal/biochemical barriers. In addition, plants have, like animals, some sort of innate
immunity, which in plants is due to “pattern recognition receptors” that recognize
PAMPs/MAMPs [5]. Once plants detect a pathogen’s signal(s), complex mixtures of
macromolecules (e.g., callose, chitinases, glucanases, and proteases) and secondary
metabolites are produced to deter the invader [6, 7]. Plant defensive metabolites
include phytoalexins and phytoanticipins while phytoalexins [8] are biosynthesized
de novo in response to biotic and abiotic stresses (e.g., microbial attack, heavy metal
salts, or UV radiation), phytoanticipins are constitutive plant defenses whose con-
centrations can increase under stress conditions [9]. Blends of these metabolites
have synergistic activities and additional functions relative to single metabolites,
which adds another degree of complexity to the interaction [10].

The “arms race” between plants and their fungal invaders continues to cause
enormous crop losses. Despite the widespread use of fungicides, a frequent out-
come of the plant–pathogen warfare is the worldwide loss of many primary crops.
Indeed, since the 1950s, fungal plant pathogens have been partly controlled by the
use of general fungicides; however, because these practices are not sustainable, the
discovery of novel strategies that prevent crop losses due to pests and diseases is of
vital importance. The ongoing arms race must be controlled; can plants be protected
by tricking fungi?

9.2 Pathogen Attack: Phytotoxins and Elicitors
from Cruciferous Fungi

Fungal pathogens of crucifers (family Brassicaceae) are very diverse and can have
either very high to low economic significance according to the various agricultural
regions around the world. Because rapeseed (Brassica napus L. and B. rapa L.)
and canola (B. napus L., B. rapa L., and B. juncea L.) are cultivated worldwide
and are of enormous economic significance, their microbial pathogens are among
the most investigated. Currently, Phoma blackleg and Alternaria black spot are the
most significant diseases of Brassica species from a global perspective. The fun-
gal species Leptosphaeria maculans (Desm.) Ces. et de Not (asexual stage Phoma
lingam [Tode ex Fr.] Desm.) and L. biglobosa cause blackleg disease (or Phoma
stem rot) in rapeseed and canola worldwide [11, 12] including Canada and the
United States [13, 14]. L. maculans comprises various pathotype groups and sub-
groups of isolates virulent to global crops (B. napus, B. rapa, and/or B. juncea).
Before 2000, all these isolates were included in the species L. maculans, but a
reclassification introduced the species L. biglobosa to enclose the isolates tradition-
ally known as avirulent/weakly virulent to B. napus and/or B. rapa [15]. However,
reverse pathogenicity was observed in two isolates of L. maculans, Laird 2 and
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Mayfair 2, that is, these isolates were not virulent on canola (B. napus and B. rapa),
but were virulent on brown mustard (B. juncea) [16, 17]. Besides attacking impor-
tant Brassica sp., cruciferous condiments such as wasabi (Wasabia japonica M.) and
white mustard (Sinapis alba L.) are also susceptible to blackleg fungi. Alternaria
black spot (or dark leaf spot) is also caused by a complex of species that include
Alternaria brassicae (Berkeley) Saccardo and A. brassicicola (Schwein.) Wiltshire.
Brown mustard is highly susceptible to black spot disease, which is prevalent in
Asia, namely in India. The lack of availability of sources of resistance against
Alternaria black spot within Brassicaceae makes Alternaria black spot one of the
most damaging and widespread fungal diseases of mustard crops [18].

A recent review of the metabolites of L. maculans and L. biglobosa produced
in diverse culture conditions [19] emphasized that both species biosynthesize
host-selective and non-selective phytotoxins. Importantly, it was shown that the
composition of metabolite profiles of L. maculans depended on the composition
of the culture medium. In a chemically defined liquid medium, isolates virulent
on canola produced mainly sirodesmin PL (1), a non-host-selective phytotoxin,
minor sirodesmins with one, three, or four sulfurs bridging the dioxopiperazine
ring (sirodesmin H (3) [20], sirodesmin J (4) and K (5) [21]) and phomalirazine
(6) (Fig. 9.1). The various sirodesmins 1–5 and phomalirazine (6) caused necrotic
lesions of different intensities on leaves of both resistant and susceptible plants.
Phomalide (7), the first host-selective phytotoxin isolated from virulent isolates of
L. maculans, caused disease symptoms (necrotic, chlorotic, and reddish lesions) on
canola (susceptible to L. maculans) but not on brown mustard or white mustard
(species resistant to L. maculans) at concentrations ranging from 10–5 to 10–4 M.
Interestingly, it was observed that production of phomalide (7) was detected in
30–60-h-old cultures, but once the cultures started to produce sirodesmins the pro-
duction of phomalide stopped [22]. Phomalide (7) was detected in infected leaves
of canola, which suggested its involvement in the early stages of plant infection
[23]. The detection of phomalide (7) but not sirodesmin PL (1) in infected leaves
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was consistent with the inhibitory effect of sirodesmin PL (1) on the production of
phomalide (7) in the culture media. Recently however, traces of sirodesmin PL (1)
were detected in older leaves of canola infected with L. maculans using LC-MS
[24].

L. maculans isolates Laird 2 and Mayfair 2 (virulent on brown mustard but not
on canola) produced in a chemically defined medium the host-selective phytotoxin
depsilairdin (8) (Fig. 9.2), containing a novel amino acid residue ((2S,3S,4S)-3,4-
dihydroxy-3-methylprolyl) and a sesquiterpene moiety (lairdinol A, synthesized
recently [25, 26]). Depsilairdin (8) caused disease symptoms similar to those caused
by the pathogen on brown mustard, that is, strong necrotic and chlorotic lesions, but
no lesions on canola.

It was concluded that the sirodesmins biosynthetic genes were not expressed in
L. maculans cultured in potato dextrose media, where production of maculansin A
(9), a unique derivative of mannitol, was discovered [27]. It is noteworthy that this
phytotoxin was not produced in a chemically defined medium where sirodesmin
PL (1) was produced in large amounts. Together with maculansin A (9), a mix-
ture of epimers of maculansin B (10) was isolated from potato dextrose cultures.
Maculansin A (9) did not show elicitor activity either on resistant or on suscep-
tible plants but was found to cause more tissue damage on plants resistant to L.
maculans/P. lingam (B. juncea L. cv. Cutlass, brown mustard) than on susceptible
plants (canola) (Fig. 9.3). This selective reverse phytotoxicity of maculansin A (9)
continues to be intriguing but appears consistent with reports on expansion of the
host range of isolates of L. maculans from canola to brown mustard. An additional
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intriguing aspect in this discovery is the similarity between the chemical structures
of maculansin A (9) and brassicicolin A (11), a host-selective toxin produced by
A. brassicicola (Fig. 9.3) [28].

The Alternaria black spot fungi A. brassicae and A. brassicicola produce host-
selective toxins as well. While A. brassicicola produces brassicicolin A (11) as
the major host-selective phytotoxin [28], A. brassicae produces destruxin B (12)
(Fig. 9.4) [29]. Consistent with the virulence of these phytopathogens, both brassici-
colin A (11) and destruxin B (12) appeared to be more phytotoxic to the susceptible
cruciferous species B. juncea than to the tolerant B. napus.
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Regarding the discovery of novel metabolites from fungal species previously
investigated, it is of interest to point out that several fungal genome sequences cur-
rently available in public databases have revealed the existence of many “orphan”
biosynthetic pathways for which the encoded natural products remain unknown
[30]. Therefore, it is likely that further new metabolites and/or phytotoxins will be
isolated from fungal species such as L. maculans and A. brassicicola when grown
under different conditions such as culture medium or temperature.

A recent search for general and specific elicitors from L. maculans demonstrated
that the phytotoxins sirodesmin PL (1) and deacetylsirodesmin PL (2) are general
elicitors since both induced the production of phytoalexins in resistant brown mus-
tard and in susceptible canola [31]. Furthermore, two specific elicitors, a mixture of
cerebrosides C (13) and D (14), were reported from mycelia of liquid cultures of
L. maculans virulent on canola (Fig. 9.5) [19]. Previously, cerebrosides C (13) and
D (14) were reported from a number of phytopathogenic fungi and were reported
to induce the production of phytoalexins in rice plants and disease resistance to the
rice blast fungus [32].
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9.3 Cruciferous Defenses: Phytoanticipins and Phytoalexins

The enormous agricultural importance of plants of the family Brassicaceae, com-
monly known as crucifers, is mainly due to the genus Brassica, which includes
oilseeds, vegetables, condiments, fodder, and biofuel crops. Several Brassica
species such as B. juncea, B. napus, B. nigra, B. oleracea, and B. rapa comprise
important subspecies and are cultivated worldwide. For example, B. rapa comprises
a number of morphologically diverse crops, including the vegetables Chinese cab-
bage and turnip, and the oilseeds rapeseed, canola, and yellow and brown Sarson.
The economic significance of several cultivated Brassica species and the amenabil-
ity to genetic analysis, as well as facile acclimatization explain the enormous amount
of research on various species of this family. In addition, a few cruciferous wild
species are model systems of great interest due to their smaller genomes than those
of Brassica species, as for example, Arabidopsis thaliana and Thellungiella species.
Brassica species and A. thaliana evolved from a common ancestor around 14.5–20.4
million years ago [33, 34], but the haploid genome equivalent of B. rapa is about
529 Mb and that of A. thaliana is only 125 Mb [35].

Phytoalexins and phytoanticipins are among the cruciferous metabolites that have
crucial ecological functions in defense. Wild crucifers of the genus Thellungiella
appear to show resistance to stress caused by salinity, cold, and draught. The
Shandong (from China) and Yukon (from Canada) ecotypes have been cited as
T. halophila, although both ecotypes appear to belong to the species T. salsuginea
[36]. The Shandong and Yukon ecotypes are annual crucifers and important model
systems due to their small genomes (about twice that of A. thaliana) and high resis-
tance to salinity. Both the Shandong and Yukon ecotypes abiotically stressed with
CuCl2 produced the phytoalexins 1-methoxybrassenin B (15), rapalexin A (16), and
wasalexins A (17) and B (18) [37]. The Shandong ecotype exposed to UV radi-
ation (λmax 254 nm) produced the largest quantities of wasalexins A (17) and B
(18), together with the unique wasalexin photoaddition products biswasalexins A1
(19) and A2 (20) [38]. The production of biswasalexins A1 (19) and A2 (20) in
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leaves of UV-stressed Shandong (60 and 15 nmol/g fresh wt, respectively, 2 days
after UV elicitation) was thought to result from a photochemical reaction that might
protect plants from UV radiation (Fig. 9.6). In addition, perhaps for the first time,
it was reported that irrigation with a NaCl solution induced the biosynthesis of
phytoalexins, although in smaller amounts than those produced after irradiation of
T. salsuginea Shandong with UV light. The phytoanticipins indolyl-3-acetonitrile
(21), arvelexin (22), caulilexin C (23), neoascorbigen (24), and methylthiopropy-
lisothiocyanate (25) were produced in elicited leaves in much larger amounts than
in control leaves [38]. Work is in progress to find additional polar metabolites in the
Shandong ecotype (Fig. 9.7).

In general, the phytoalexins of any given plant family are formed from a com-
mon primary biosynthetic precursor, but phytoanticipins are usually biosynthesized
from rather different precursors. Indeed, most cruciferous phytoalexins are biosyn-
thesized from L-tryptophan while phytoanticipins such as glucosinolates are derived
from a wide variety of amino acids (e.g., leucine and many non-protein amino acids,
phenylalanine, tryptophan). Interestingly, the cruciferous phytoanticipins glucobras-
sicin (29) [39] and indolyl-3-acetonitrile (21) [40] and the phytoalexins derived from
brassinin (28, R=H) happen to share their primary precursor, i.e., L-tryptophan. The
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biosynthetic pathways of brassinin (28, R=H) and those of glucobrassicin (29) and
indolyl-3-acetonitrile (21) start with the conversion of L-tryptophan to indolyl-3-
acetaldoxime (26, R=H) and appear to diverge into various branches [41, 42]. While
most of the genes of the glucobrassicin (29) biosynthetic pathway [43, 44] and
part of the camalexin pathway in A. thaliana [45] have been cloned, the brassinin
(28, R=H) pathway is far from such an achievement. It is obvious that difficulties
in tackling this fundamental task are substantial since brassinin (28, R=H) does not
appear to be produced in A. thaliana. However, considering that wasalexins A and
B (17/18) are likely derived from 1-methoxybrassinin (28, R=OCH3) and that the
genome sequencing of T. salsuginea is ongoing, this might become a good model
plant to identify and clone the genes/enzymes of the brassinin (28, R=H) pathway
(Fig. 9.8).
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in the pathway)
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9.4 Pathogen Counterattack: Fungal Detoxifying Enzymes
and Paldoxins

Fungal pathogens of crucifers are able to transform phytoanticipins and phytoalex-
ins into harmless products. The outcomes of these reactions, detoxifications, are
obviously detrimental to the plant and very useful for the survival of the pathogen.
For example, the phytoalexin brassinin (28, R=H) is detoxified via oxidation to
indole-3-carboxaldehyde (30) by L. maculans virulent on canola [46], or hydrolysis
to indolyl-3-methanamine (31) by L. maculans [47] and A. brassicicola [28], both
virulent on brown mustard (Fig. 9.9). Because enzymes that appear to be substrate-
specific mediate these detoxifications, inhibition of these enzymes could be a
reasonable strategy to deter fungal pathogens. Phytoalexin detoxification inhibitors,
coined paldoxins [48, 49], that would allow accumulation of phytoalexins could lead
to a selective and environmentally safer control of specific pathogens like L. mac-
ulans or A. brassicicola. Selective inhibitors are less likely to affect non-targeted
organisms and thus are anticipated to have a lower negative impact on the cultivated
ecosystem.
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Fig. 9.9 Transformation of
the phytoalexin brassinin (28)
by: (i) L. maculans virulent
on canola to indole-3-
carboxaldehyde (30) and (ii)
L. maculans virulent on
brown mustard to
indolyl-3-methanamine (31)

Brassinin oxidase/dehydrogenase (from L. maculans virulent on canola) was
purified, characterized, and used to screen libraries of synthetic compounds con-
taining crucifer phytoalexins and analogs of brassinin for potential inhibitory
activity [50]. Purified brassinin oxidase/dehydrogenase was ~20% glycosylated,
had an apparent molecular mass of 57 kDa, and accepted a wide range of cofac-
tors, from quinones to flavins. A library of brassinin (28, R=H) analogs and
crucifer phytoalexins was screened for potential inhibition of purified brassinin oxi-
dase/dehydrogenase. Although initially none of the over 70 synthetic analogs of
brassinin (28, R=H) showed inhibitory activity, it was discovered that the crucifer
phytoalexins cyclobrassinin (32) and camalexin (33) inhibited enzymatic activity
competitively [50]. This unexpected result, inhibitory effect of phytoalexins on a
fungal detoxifying enzyme, was then reported for the first time [50]. Furthermore,
additional synthetic analogs were designed based on the structure of camalexin (33)
since this phytoalexin was not metabolized by L. maculans (Fig. 9.10). Screening
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of these camalexin analogs using purified brassinin oxidase/dehydrogenase
showed that the inhibitory effect of camalexin derivatives decreased as follows:
5-methoxycamalexin (34)>5-fluorocamalexin = 6-methoxycamalexin > camalexin
>6-fluorocamalexin [51]. Overall, these results revealed additional biological effects
of camalexin (33) and its natural derivatives and emphasized that phytoalexins could
have positive or negative impacts on plant resistance to different fungal pathogens.
Importantly, analogs like 35 displayed lower antifungal activity than brassinin (28,
R=H) or camalexin (33), suggesting that the paldoxin strategy might be a great alter-
native to control blackleg disease caused by L. maculans. Additional lead structures
are being used to design paldoxins based on less antifungal scaffolds.

9.5 Concluding Remarks and Future Perspectives

While pathogens of crucifers have mechanisms of attack similar to those of other
plant pathogens, many of their phytotoxic metabolites are unique to their own
species. The structural variety and number of these fungal metabolites underscore
the need to investigate their function in the plant–pathogen interaction. Although
this is clearly an area of great importance, progress has been relatively slow as
cloning of the biosynthetic genes and generation of corresponding mutants is not
a simple task. In this context, the host-selective toxins of both L. maculans and
A. brassicicola are of special interest, the cloning of their genes and generation
of mutants would greatly assist in deciphering their roles in the virulence of each
pathogen. In addition, the metabolites derived from mannitol, 9–11, are of particular
interest since their biosynthetic pathways are not obvious and no similar mannitol
derivatives have been reported from any other organisms.

By definition, cruciferous phytoalexins and phytoanticipins have ecological roles
of protecting plants against fungi and other stresses, but the current understanding
of such roles and mechanisms of action is still rather incomplete. An important
conclusion of the discovery that some cruciferous phytoalexins inhibit brassinin
oxidase/dehydrogenase activity stresses that phytoalexins have multiple ecological



9 Fungal Attack and Cruciferous Defenses: Tricking Plant Pathogens 137

functions and explains partly some synergistic activities. Application of this dis-
covery led to the development of potent enzyme inhibitors having the camalexin
(33) scaffold, which in due course may become useful in plant protection against
blackleg fungi. In addition, it would be of great importance to generate mutants of
L. maculans and A. brassicicola unable to detoxify brassinin (and other phytoalex-
ins) to evaluate the significance of these brassinin-detoxifying enzymes. Altogether,
multiple fundamental and intriguing questions remain regarding crucifers and their
interaction with fungal pathogens. If these questions are to be answered within a
reasonable time frame, concerted efforts from complementary disciplines including
chemistry, biochemistry, and biology are crucial.
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Chapter 10
Glucosinolate Degradation Products
in Fermented Meadowfoam Seed Meal
and Their Herbicidal Activities

Jan F. Stevens and Ralph L. Reed

10.1 Introduction

Meadowfoam is an established oilseed crop primarily grown in the Willamette
Valley of western Oregon. The crop plant is derived from Limnanthes alba (Hartw.
ex Benth., Limnanthaceae), which is endemic to southern Oregon and northern
California. The genus Limnanthes received agricultural interest in the 1960s as a
source for the development of a new oilseed crop [1–3]. In the 1970s, a breeding pro-
gram with L. alba was initiated at Oregon State University with the aim to improve
the plant’s agronomical properties and oilseed content [4, 5]. The on-going breeding
program has resulted in several cultivars that are grown commercially for the cos-
metic industry [6–9]. Meadowfoam oil is especially suitable for application in skin
care and other cosmetic products due to its high oxidative stability and content of
the rare long chain fatty acids, 20:1�5, 22:1�5, and 22:1�13 [10, 11]. The oxida-
tive stability of meadowfoam oil has been attributed to the absence of high levels of
oxidation-sensitive polyunsaturated fatty acids and to the presence of antioxidants,
such as 1,3-di(3-methoxybenzyl) thiourea [12].

In addition to oil, Limnanthes seeds contain high levels of the glucosinolate,
glucolimnanthin [13], and minor amounts of rutin [14] and phytoecdysteroids
[14–17] (Fig. 10.1). The allelochemical, glucolimnanthin, is readily converted into
(phyto)toxic breakdown products when seeds are subjected to physical damage in
moist soil. The conversion is mediated by the glucosinolate-degrading enzyme,
myrosinase. These conditions are also met when meadowfoam seeds are crushed in
the presence of water in the industrial oil extraction process. To prevent myrosinase
activity during oil extraction and thus contamination of the oil with lipophilic break-
down products, meadowfoam seeds receive heat treatment to inactivate myrosinase
earlier in the extraction process.

J.F. Stevens (B)
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Fig. 10.1 Structures of glucolimnanthin, quercetin-3-O-rhamnosylglucoside, and phytoecdys-
teroids found in Limnanthes alba seeds

In comparison with other oilseed crops, meadowfoam is a low-yielding crop
and its economic survival can be attributed to its special application in cosmetic
products. To increase the economic competitiveness of the crop, commercial uses
of the seed meal, a waste product obtained from extracted seeds, are being explored
by the meadowfoam industry. Meadowfoam seed meal has received interest as a fer-
tilizer in potatoes and as a pre-emergence herbicide in organic farming. Herbicidal
activity of meadowfoam seed meal requires enzyme-mediated conversion of the
inactive glucolimnanthin into breakdown products with herbicidal activity. Our
research group has explored ways to induce conversion of glucolimnanthin in mead-
owfoam seed meal, which has no active enzymes due to the above-mentioned heat
treatment, by fermenting seed meal with enzyme-active meadowfoam seeds.

Myrosinase has thioglucosidase activity. The myrosinase-mediated degrada-
tion of glucolimnanthin yields an intermediate aglycone that rearranges to form



10 Glucosinolate Degradation Products in Fermented Meadowfoam Seed Meal 143

O
HO

HO
OH

S

OH

N
OSO3K

OSO3K

MeO

MeO

CN

HS
N

MeO

NCS

MeO

glucolimnanthin 1

isothiocyanate 3

nitrile 2

myrosinase
Loessen
rearrangement

MeO

NH2

acetamide 5  

O
MeO

NH2

S

thioamide  4

H2O

2 Fe2+/2 H+

2 Fe3+/K HSO4

heat
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3-methoxybenzyl isothiocyanate (3) (Fig. 10.2). It is assumed that the rearrange-
ment is also facilitated by myrosinase. The conversion of glucolimnanthin into
3-methoxybenzyl cyanide (nitrile 2) can be induced by heat but also by Fe2+ ions
in the presence or absence of myrosinase or other enzymes, such as nitrile-forming
proteins [18–21]. Hydrolysis of the nitrile is expected to produce acetamide 5. The
conversion of the intermediate aglycone into thioamide 4 is a reduction reaction
and requires reducing equivalents that can by provided by Fe2+ ions [22]. We have
explored ways to direct glucolimnanthin degradation in meadowfoam seed meal
away from isothiocyanate 3 toward nitrile 2 and thioamide 4 with the aim to pro-
duce seed meal products with greater herbicidal potency than factory-grade seed
meal [23].

10.2 Analytical Procedures

10.2.1 Isolation and Structure Determination of Glucolimnanthin
from Meadowfoam Seed Meal

Quantitative analysis of glucosinolates in plant materials requires the availability
of pure standards. We isolated gram amounts of glucolimnanthin from meadow-
foam seed meal for the purpose of constructing calibration curves and for testing
its potency as an herbicide. Most published methods for isolation of glucosino-
lates involve extraction, ion-exchange chromatography, desalting and purification
by size-exclusion chromatography, and finally recrystallization as a tetra-alkyl
ammonium salt [24]. We extracted glucolimnanthin from meadowfoam seed meal
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by soaking in a mixture of water and methanol (1:1, v/v) and percolation with
the extraction solvent. The extract was concentrated by rotary evaporation and
diluted with methanol. At this point, a white precipitate formed that tested nega-
tive for glucolimnanthin by HPLC and that was removed by centrifugation. The
supernatant was fractionated on a Sephadex LH-20 column with methanol as
the solvent. Fractions containing glucolimnanthin were pooled and purified again
by Sephadex LH-20 chromatography using methanol as the solvent. The sec-
ond chromatographic step and drying in vacuo on a lyophilizer yielded >95%
pure glucolimnanthin by HPLC and NMR analysis (Fig. 10.3). Further purifi-
cation by ion-exchange chromatography and recrystallization was therefore not
considered necessary. High-resolution electrospray time-of-flight (ToF) mass spec-
trometry indicated that glucolimnanthin was isolated as the potassium salt: found
m/z 478.0269 [M+H]+, calculated for C15H21NO10S2K: 478.0244 (5.2 ppm). This
material was used as the standard for HPLC quantification and bioactivity testing.
Further details on the isolation and characterization of glucolimnanthin can be found
in 23.

10.2.2 HPLC Analysis of Glucolimnanthin

Glucolimnanthin is the predominant glucosinolate in seeds of L. alba. Other glucosi-
nolates are found at trace levels in L. alba but can be present at significant levels in
other species of Limanthes. Owing to the presence of the 3-methoxybenzyl moiety
in glucolimnanthin, we routinely measure levels of glucolimnanthin in meadowfoam
meal and seed samples by high-performance liquid chromatography (HPLC) with
UV detection at 274 nm. Many HPLC methods for analysis of glucosinolates have
appeared in the literature. Some methods are based on HPLC separation of glucosi-
nolates as their desulfo derivatives on reversed-phase columns [24, 25]. Enzymatic
hydrolysis of the sulfate group (e.g., by commercially available aryl sulfate sulfo-
hydrolase from the edible snail Helix pomatia) often gives better chromatographic
peak shapes and greater resolving power compared to intact glucosinolates [24].
Other HPLC methods employ an ion-pairing agent such as quaternary ammonium
salts to improve the chromatographic behavior of intact glucosinolates [24, 26].
The disadvantage of quaternary ammonium salts is that these ion-pairing agents
are often incompatible with electrospray liquid chromatography–mass spectrome-
try (LC–MS). To circumvent this limitation, some authors have used ammonium
formate or ammonium acetate to analyze intact glucosinolates by electrospray LC–
MS [27]. We have obtained satisfactory results with HPLC-UV and electrospray
LC–MS of intact glucolimnanthin and related glucosinolates using a reversed-phase
C18 column eluted with a mixture of 0.1% aqueous trifluoroacetic acid (TFA) in
acetonitrile (MeCN). Glucolimnanthin is not stable in the presence of 0.1% TFA
and therefore we do not add TFA to seed or meal extracts. Acid-mediated degrada-
tion of glucolimnanthin does not seem to occur on the HPLC column using gradient
elution with 0.1% aqueous TFA and MeCN.
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Fig. 10.3 1H-13C Heteronuclear single quantum coherence (HSQC, panel a) and 13C NMR
(100 MHz) (panel b) spectral data recorded for glucolimnanthin in CD3OD

Meadowfoam seeds differ from the seed meal in that seeds, even after years of
storage, contain active myrosinase whereas the meal does not. In order to prevent
myrosinase-mediated degradation of glucolimnanthin during extraction, one could
inactivate myrosinase by applying heat or by choosing a solvent in which myrosi-
nase does not exhibit activity. We have found that heating seeds at temperatures
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of up to 100◦C for 30 min does not completely inactivate myrosinase. Above
130◦C, no conversion of glucolimnanthin into the corresponding isothiocyanate 3
was observed but we did observe the formation of nitrile 2 and loss of glucolim-
nanthin. These unsatisfactory findings led us to investigate myrosinase activity in
extraction solvents consisting of mixtures of water and MeOH. Formation of isoth-
iocyanate 3 (and nitrile 2) was prominent in the range 40–80% aqueous MeOH, but
minimal at 90% MeOH for both degradation products. The yield of glucolimnanthin
was maximal at 90% aqueous MeOH. Therefore we selected 90% aqueous MeOH
as the extraction solvent for glucolimnanthin analysis in seeds (Fig. 10.4a).

The yield of glucolimnanthin 1 and nitrile 2 in seed meal by extraction with
mixtures of water and MeOH was less critical and maximal at all proportions below
80% MeOH (Fig. 10.4b). For extraction of seed meal we chose 50% aqueous MeOH
as the extraction solvent. The extraction yield of glucolimnanthin 1 appears to be
poor at 50% aqueous MeOH in Fig. 10.4a, but the low yield in this case is primarily
due to enzyme-mediated conversion into its breakdown products 2 and 3.
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Fig. 10.4 Extraction of
meadowfoam seeds (panel a)
and seed meal (panel b) with
mixtures of MeOH and water.
Method: Meadowfoam seed
(cv. Ross) or meadowfoam
seed meal was ground in a
coffee grinder for 1 min and
0.4 g aliquots were mixed
with 8 mL of methanol/water
mixtures in screw-capped
glass centrifuge tubes,
vortexed for 20 s, and
sonicated for 60 s. After
letting it stand overnight at
room temperature in the dark,
the samples were vortexed
and sonicated again and then
centrifuged twice, for 5 min,
on a clinical centrifuge,
followed by centrifugation of
the supernatant for 10 min at
13,000 rpm using a
microcentrifuge, and the
supernatants were analyzed
by HPLC-UV as described in
Stevens et al. (2009)
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10.2.3 Characterization of Glucosinolates by HPLC–Mass
Spectrometry Using Precursor Ion Scanning

LC–MS has been extensively applied to the qualitative and quantitative analysis of
glucosinolates, either intact or as their desulfo derivatives [27–31]. Electrospray is
the most often used ionization source for detection of intact glucosinolates in the
negative ion mode. Popular mass analyzers include three-dimensional ion traps (IT)
[28], time-of-flight (ToF) mass analyzers [31], and single (Q) or triple quadrupoles
(QqQ) [32, 33], or a combination of these mass analyzers, for example, Q-ToF and
QIT mass analyzers [34]. Mass fragmentation of intact glucosinolate anions can be
achieved by collision-induced dissociation in most of the hybrid instruments, result-
ing in the formation of HSO4

– ions with m/z 97. We and others [35] have exploited
this characteristic fragment ion for the detection of glucosinolates of unknown mass
on a triple quadrupole mass spectrometer operated in the precursor ion scanning
mode. This mode has the unique capability of detecting molecular ions that produce
the fragment ion of interest (m/z 97), by scanning the first quadrupole (Q1) within a
mass range of expected molecular ions, fragmenting molecular ions in Q2, and set-
ting Q3 at a constant m/z value corresponding to the fragment ion of interest. When
precursor ion scanning is applied to the LC–MS/MS analysis of an extract of L. alba
seed meal, the major chromatographic peak reveals a molecular anion with m/z 438,
consistent with the [M-H]– ion of glucolimnanthin. A seed extract of L. floccosa ssp.
pumila reveals the presence of minor glucosinolates in addition to the major glucol-
imnanthin (Fig. 10.5). The masses of the minor glucosinolates are consistent with
benzyl glucosinolate (glucotropaeolin, m/z 408) and 3-hydroxybenzyl glucosinolate
(glucolepigramin, m/z 424) or its 4-hydroxybenzyl isomer, sinalbin (Fig. 10.5).

10.2.4 Identification of the Aglycone Moiety of the L. floccosa
Glucosinolate with m/z 424

From a biosynthetic viewpoint it is more likely that the m/z 424 glucosinolate of L.
floccosa ssp. pumila bears the hydroxyl substituent at position 3 (glucolepigramin)
than at position 4 (sinalbin) because glucolimnanthin is the O-methyl derivative
of 3-hydroxybenzyl glucosinolate. Experimental evidence for the 3-hydroxybenzyl
moiety was obtained by converting the glucosinolate into its corresponding nitrile by
enzyme-mediated glucosinolate degradation in the presence of FeSO4. The source
of the hydrolytic enzyme(s) was the seed material itself. Nitrile formation from the
glucosinolate of interest was monitored by HPLC with photo-diode array detection
and the product chromatographically compared with the commercially available 4-
hydroxybenzyl cyanide, 3-hydroxybenzyl cyanide, and 3-methoxybenzyl cyanide.
Figure 10.6 shows that the benzyl cyanide product of L. floccosa glucosinolate is
indeed 3-hydroxybenzyl cyanide and not the 4-hydroxy isomer. The degradation
procedure converts glucolimnanthin in extracts of L. alba into 3-methoxybenzyl
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Fig. 10.6 HPLC-UV
Chromatograms of
glucosinolate-derived nitriles
in fermented Limnanthes
seeds supplemented with
FeSO4. Method: Three-seed
samples and 0.4 mL of an
aqueous FeSO4 solution
(10 mM) were placed in 1.2
mL tubes (Corning, Corning,
NY) with two alloy dowel
pins (3/32′′ × 5/16′′). The
seeds were disintegrated
using a Retsch MM300
Matrix Mill (Qiagen,
Valencia, CA). The extracts
were sonicated, allowed to
stand overnight at room
temperature, and mixed with
0.4 mL MeOH. The tube
contents were sonicated again
and centrifuged for 10 min at
2,500 g. Supernatants were
centrifuged for 10 min at
13,000 rpm and analyzed by
HPLC as described in 23

�

Fig. 10.5 (continued) LC-MS/MS Analysis of an extract of Limnanthes floccosa seeds by precur-
sor ion scanning of the HSO4

– ion with m/z 97. Method: Four-seed samples were placed in 2 mL
screw-top microtubes (VWR, West Chester, PA) with one mL of 90% methanol and two 4 mm
stainless steel balls. The seeds were disintegrated using a GenoGrinder 2000 tissue homogenizer
(SPEX CertiPrep, Metuchen, NJ) for 3 min at 1,100 strokes per min, repeated three times, then son-
icated for 10 min, allowed to stand for 3 h at room temperature, re-sonicated, and centrifuged for
5 min at 5,500 rpm. The resulting supernatants were centrifuged for 10 min at 13,000 rpm and sepa-
rated on a 4 × 250 mm Lichrosphere 5 μm C18 column (Phenomenex, Torrance, CA) eluted with a
linear gradient of 5–100% acetonitrile and aqueous 0.1% formic acid at 0.8 mL/min. Negative pre-
cursor ion scanning of m/z 97 was performed using a 3200 QTrap hybrid triple-quadrupole/linear
ion trap mass spectrometer (Applied Biosystems/MDS Sciex, Concord, ON, Canada) with a Turbo
V electrospray ion source operated at 550◦C and –4.5 kV, using a declustering potential of –50 v
and a collision energy of –33 eV. The compound with a retention time of 4.32 min could not be
identified
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cyanide. It was not possible to use the intact glucosinolates or the myrosinase-
mediated formation of isothiocyanates as a basis for chromatographic comparison
because glucolepigramin and 3-hydroxybenzyl isothiocyanate are not commercially
available. Isolation and identification by NMR was not an option either due to
limited availability of the seed material from L. floccosa plants.

10.3 Herbicidal Activity of Glucolimnanthin and Its Degradation
Products

10.3.1 Fermentation of Meadowfoam Seed Meal

The growing interest in sustainable agriculture has led to the search for
environment-friendly herbicides. Glucosinolate-producing plants from Brassica and
Sinapis have received much attention as possible sources of natural weed killers
[36–38]. Agricultural practices that make use of glucosinolates as pro-herbicides
include planting of glucosinolate producers between crop plants and applying
freshly cut over-ground parts of glucosinolate producers (“green manure”) [39]
or glucosinolate-containing seed meals to soil [40]. These approaches rely on the
conversion of inactive glucosinolates into active breakdown products by active
myrosinase in the leaves or on conversion of glucosinolates in myrosinase-inactivate
seed meals by soil microorganisms. Our approach to release active glucosino-
late degradation products from myrosinase-inactive meadowfoam meal is based
on inoculation of meadowfoam seed meal with a small amount of enzyme-active
meadowfoam seeds (1% by weight). 3-Methoxybenzyl cyanide (=3-methoxyphenyl
acetonitrile, nitrile 2) was identified as a phytotoxin present in meadowfoam
that inhibited radicle elongation in velvet leaf (Abutilon theophrasti) and wheat
(Triticum aestivum) [41]. Though less abundant than the parent glucolimnanthin,
3-methoxybenzyl cyanide (nitrile 2) is a component of meadowfoam seed meal that
is produced by heat-induced degradation of glucolimnanthin in the industrial oil
extraction process (Fig. 10.7). Inoculation of meadowfoam seed meal with 1% of
ground meadowfoam seeds in the presence of water caused complete consumption
of glucolimnanthin within 3–5 h and concomitant formation of 3-methoxybenzyl
isothiocyanate (Fig. 10.8a). The content of nitrile 2 was not affected in this fer-
mentation experiment. To a certain extent, the formation of isothiocyanate 3 can be
prevented and the formation of nitrile 2 can be enhanced by a factor of 2–3 by apply-
ing a solution of 10 mM FeSO4 instead of water to the seed meal (Fig. 10.8b). In
addition, a minor degradation product, thioamide 4, is also formed in the presence
of FeSO4. In both meal fermentation experiments, the levels of nitrile 2 remained
constant after consumption of the parent compound 1 whereas the levels of the
isothiocyanate 3 declined rapidly at first and more slowly later. The decrease in
isothiocyanate 3 is likely due to covalent interaction with proteins in the meal.

The role of ferrous ions in modifying the enzymatic degradation of glucol-
imnanthin is not completely understood. It is known that species of Brassica
produce the so-called nitrile-forming enzymes, such as the epispecifier protein,
that require ferrous ions at micromolar concentrations [18]. When we incubated
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Fig. 10.7 HPLC-UV Analysis of meadowfoam seed meal and fermented meal. Methods: For
extraction of meal, 6 ml of 50% aqueous MeOH and meal (1.0 g) were mixed in a screw-capped
glass centrifuge tube, vortexed for 30 s, and sonicated for 60 s. After letting it stand overnight
at room temperature in the dark, the samples were vortexed and sonicated again and then cen-
trifuged twice, 5 min on a clinical centrifuge, followed by centrifugation of the supernatant for
10 min at 13,000 rpm using a microcentrifuge. The resulting supernatant was diluted 1:9 with 50%
methanol. Fermented meals were prepared as described in the caption of Fig. 10.8 (22 h incuba-
tion) and extracted as described for untreated seed meal. Sample solutions of 10 μl were analyzed
by HPLC using a Lichrosphere 5 μm C18 column (4 × 250 mm, Phenomenex, Torrance, CA)
with a linear gradient from 5 to 100% acetonitrile (solvent B) in 0.1% aqueous trifluoroacetic acid
(solvent A) over 30 min at 1.0 mL/min. UV absorption was monitored from 210 to 500 nm and
peak areas were calculated using 274 nm for all compounds except 270 was used for thioamide 4

meadowfoam meal with 1% seeds and micromolar concentrations of FeSO4, no
nitrile formation was observed, suggesting the absence of active nitrile-forming
protein in myrosinase-active seeds. Bellostas and co-workers [22] demonstrated the
non-enzymatic and complete degradation of glucosinolates in aqueous solution con-
taining a twofold molar excess of Fe2+ ions at pH 5. Our studies show that treating
a 1 mM aqueous solution of glucolimnanthin with 10 mM FeSO4 at 90◦C for 1 h
results in the complete consumption of glucolimnanthin and the formation of nitrile
2 as the only product. The results of these enzyme-mediated and non-enzymatic
reactions support the hypothesis that Fe2+ ions do not affect the thioglucosidase
activity of myrosinase but do interfere with the subsequent Loessen rearrangement,
thereby forcing degradation of the intermediate aglycone to the corresponding nitrile
and thioamide products [22].

10.3.2 Herbicidal Activity of Glucolimnanthin 1 and Its Individual
Degradation Products 2–5

A coleoptile emergence assay was used to determine the herbicidal potency of com-
pounds 1–5. Seeds of downy brome (B. tectorum) were chosen for the assay because
downy brome is a prominent weed pest in organic (wheat) farming. Water (zero
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Fig. 10.8 Effect of
fermentation on meadowfoam
seed meal composition, in the
absence (a) and presence of
10 mM FeSO4 (b). Methods:
meadowfoam seed meal
(12 g) and untreated
meadowfoam seed (cv. Ross)
were ground together in a
ratio of 100:1 in a coffee
grinder for 1 min. Ground
mixture (10 g) was mixed
with 30 mL of either water or
10 mM FeSO4, vortexed for
1 min, and sonicated for
1 min. At several time points
after mixing, 0.1 mL aliquots
of the liquid layer were taken
and immediately diluted with
0.9 mL methanol, vortexed,
centrifuged at 13,000 rpm for
10 min, and analyzed by
HPLC as described in
Fig. 10.7. Data points
represent averages of
duplicate incubations

concentration data point) or aqueous solutions of glucolimnanthin at varying con-
centrations were applied to soil in Petri dishes and then 15 seeds were planted in
the soil. In the case of the water-insoluble compounds 2–5, solutions were prepared
in ethanol, mixed with soil, and evaporated in a stream of air. After removal of
the solvent, the same volume of water was applied as in the control incubation.
Coleoptile emergence was recorded after 7 days of incubation in growth chambers
with 8 h day (20◦C) and 16 h night periods (15◦C) [23]. Dose–response relationships
were estimated using logistic regression. After transformation of the logistic regres-
sion curves to a linear scale, the relationship between percentage of germinated
seeds and the concentration of test compounds showed (partial) S-shaped inhibition
curves (Fig. 10.9). Nitrile 2 and thioamide 4 had greater herbicidal potency than
glucolimnanthin 1 and isothiocyanate 3.

10.3.3 Herbicidal Activity of Fermented Meadowfoam Seed Meal

The coleoptile emergence assay was repeated with meadowfoam seed meal and
fermented seed meals. The meal materials were mixed with soil at varying doses
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Fig. 10.9 Herbicidal effects of glucolimnanthin and its degradation products determined by a
coleoptile emergence assay using downy brome (Bromus tectorum) seeds. Method: 15 mL aliquots
of aqueous glucolimnanthin solutions were added to 45 g of Walla Walla silt loam soil in 10 cm
Petri dishes. For the hydrophobic compounds 2–5, solutions in ethanol were added to the soil in
the Petri dishes and allowed to dry in a stream of air, followed by the addition of 15 mL water.
Controls used deionized water or ethanol. Fifteen seeds of B. tectorum were planted in each dish.
Coleoptile emergence was recorded after 7 days of incubation in growth chambers with 8 h day
(20◦C) and 16 h night periods (15◦C) [23]. Dose–response relationships were estimated using
logistic regression with the concentration on a linear scale (adapted from Stevens et al., 2009)

and then downy brome seeds were planted and watered. Coleoptile emergence
was recorded after 7 days of incubation. The percentages of downy brome seeds
with emerged coleoptiles were subjected to logistic regression. Transformation of
the logistic regression curves to a linear scale gave the dose–response relation-
ships presented in Fig. 10.10. The untreated, factory-grade seed meal showed little
inhibitory effect on coleoptile emergence at the highest dose (22 mg/g soil), which
may explain the variable results obtained with factory-grade meal to control weeds
in the field where glucolimnanthin conversion would depend on the presence of soil
microorganisms. The fermented seed meals (T1 and T2 seed meals) had greater her-
bicidal potency than untreated seed meal or the meals treated with either water or
10 mM FeSO4 (T3–T5 seed meals, Fig. 10.10). This finding is in agreement with
the enzyme-mediated conversion of glucolimnanthin into the more potent herbici-
dal agents, isothiocyanate 3, and especially nitrile 2 (Fig. 10.9). The higher content
of nitrile 2 in the seed meal incubated with enzyme-active seeds and FeSO4 trans-
lates into greater herbicidal potency (T2 meal, Fig. 10.10) compared to the meal
fermented with only enzyme-active seeds (T1 meal).

As pro-bioherbicides, glucosinolates can be utilized to control weeds but the suc-
cess depends on their conversion into active principles. Agricultural use of untreated
seed meal may elicit varying degrees of weed control because environmental factors
determine the extent of glucosinolate “bio-activation” in the field [39, 42–45]. Our
approach to ferment seed meal using myrosinase (and possibly other enzymes) in
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Fig. 10.10 Effect of fermentation of meadowfoam seed meal on herbicidal potency. Methods: seed
meal and untreated meadowfoam seeds (L. alba ssp. alba Benth. cv. Ross) were ground together
in a 100:1 ratio in a coffee grinder for 1 min. Ground batches of 10 g each were pooled and mixed
with deionized water at a ratio of 3 mL/g of meal and sonicated for 5 min. After incubation for 18 h
at room temperature, the mixture was freeze-dried and then reground for 30 s (T1). Preparation of
iron-treated meal used the same procedure with 10 mM FeSO4 in place of deionized water (T2).
Control incubations included sham-treated meal (ground and freeze-dried but without seeds, T4),
iron only (meal plus FeSO4 without seeds, T3), and unaltered meal (ground meal only, not freeze-
dried, T5). Coleoptile emergence was measured as in Fig. 10.9 after mixing freeze-dried meal
products with soil (adapted from Stevens et al., 2009)

untreated seeds under carefully controlled conditions yields predictable glucosino-
late conversion, a product of predictable composition, and greater herbicidal effect
than untreated seed meal. Our efforts may ultimately lead to a marketable meadow-
foam seed meal product that may increase the profitability of the meadowfoam oil
industry.
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Chapter 11
Elucidating the Metabolism of Plant Terpene
Volatiles: Alternative Tools for Engineering
Plant Defenses?

Dorothea Tholl and Sungbeom Lee

11.1 Introduction

Mankind has benefited greatly from the use of plant natural products. To date,
the traditional use of phytochemicals as fragrances, flavors, herbal remedies, and
food supplements [1, 2] remains as important as the modern development of
novel plant-derived pharmaceuticals [3]. Over the past decade, new applications
of plant secondary metabolites have emerged based on an expanded knowledge
of their physiological and ecological functions. An increasing number of plant
metabolites have been investigated for their in planta role in the attraction of
beneficial organisms or in the defense against pathogens and herbivores [4–10].
These advances have made plant secondary compounds attractive targets for the
development of novel, environmentally friendly pest control strategies. Plants have
developed different chemical defense strategies that employ various secondary
metabolic pathways controlled by specific spatial and temporal regulatory regimes.
Direct defense mechanisms can be based on premade toxic or deterrent volatile
and nonvolatile metabolites that are stored in specialized cells and released or acti-
vated upon attack [11–13]. Alternatively, compounds with direct defense activities
can be synthesized de novo in a response induced systemically or locally at the
site of herbivore damage or pathogen invasion [14]. One of the most sophisticated
defense mechanisms of plants is the ability to “call for help” from other organisms.
Such indirect defense responses rely primarily on the release of herbivore-induced
plant volatiles (HIPVs), which attract parasitoids and predators of herbivores [15–
18] (Fig. 11.1). This tritrophic interaction has been demonstrated to occur in a
variety of plant species including important crops such as Brassica [19], maize
[20], rice [21–23], tomato [24], and cucumber [25]. The volatile blends of com-
pounds emitted upon herbivore damage consist in large part of terpenes mixed
with the benzenoid volatile, methyl salicylate, and products of the lipoxygenase
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Herbivore-Induced Plant Volatiles (HIPVs)
(e.g. homoterpenes, DMNT and TMTT)

TMTT DMNT
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Fig. 11.1 Simplified scheme of the emission and function of herbivore-induced plant volatiles
in plant defense. DMNT, 4,8-dimethyl-1,3,7-nonatriene); TMTT, 4,8,12-trimethyltrideca-1,3,7,
11-tetraene

pathway such as green leaf volatiles and methyl jasmonate. The formation and
function of these volatiles and their potential use in metabolic engineering of
plant defenses have received much attention by biochemists and ecologists alike.
Therefore, recent research interests have been focused on elucidating the biosyn-
thesis and regulation of HIPVs with the goal of deciphering their individual or
synergistic functions in indirect defense. Here, we describe current advances in
the analysis of HIPV biosynthesis with a focus on homoterpene formation in
Arabidopsis thaliana. We address approaches and future challenges in metabolic
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engineering of homoterpenes and other volatile terpenes for agricultural pest
control.

11.2 Targeting Volatile Terpene Biosynthesis for Manipulating
Indirect Plant Defenses

Growing interest in environmentally sound crop protection has stimulated research
on enhancing chemical defenses in crop plants. In crucifers, for example, efforts
have been made to change the levels and types of glucosinolates, the predominant
secondary defense metabolites in the Brassicaceae family, by overexpressing key
enzymes of the glucosinolate biosynthetic pathways and transcription factors con-
trolling these pathways [12, 26, 27]. Volatiles that function in direct and indirect
plant defense have gained increasing recognition for their potential use in bio-
logical pest control. In particular, enhancing the emission of volatiles by genetic
engineering is thought to improve the effectiveness of attracting natural enemies
of herbivores. The fact that HIPVs can increase plant indirect defenses has been
demonstrated impressively by direct applications of volatile monoterpenes and
sesquiterpenes in natural ecosystems [16]. Also, integrated pest management strate-
gies, the so-called push–pull applications, have been employed successfully to lure
herbivore enemies to crops by intercropping with plants that emit high levels of
attractive volatiles [28, 29].

Recent successes in the genetic manipulation of plant volatile defenses have been
reported [30]. Special progress toward engineering indirect defenses in crop plants
has been made by studies on the biosynthesis of volatile terpenes in maize and
rice. Maize leaves emit a complex mixture of insect-induced volatiles consisting
mostly of monoterpenes and sesquiterpenes [31]. The volatile blend attracts para-
sitic wasps such as Cotesia marginiventris, which oviposit into the insect larvae.
The parasitized larvae have reduced feeding activity, which increases plant fit-
ness [32]. Transgenic Arabidopsis plants expressing a maize sesquiterpene synthase
responsible for the formation of the predominant herbivore-induced sesquiterpene
volatiles were shown to attract C. marginiventris females that had been trained
to associate these compounds with their larval host [10]. In rice, similar results
were achieved by expressing a terpene synthase, which produces the sesquiterpene
(E)-β-caryophyllene, a major terpene volatile emitted from rice [33]. Transgenic rice
plants with increased emission rates of (E)-β-caryophyllene were more attractive to
Anagrus nilaparvatae, an egg parasitoid of the rice brown planthopper Nilaparvata
lugens, than non-transgenic control plants [33].

A major advance to enhance indirect chemical defenses in the roots of crop
plants has been made by manipulating emissions of volatile terpenes from maize
roots. This approach is based on the discovery that feeding by the western corn
rootworm, Diabrotica virgifera virgifera, causes roots of certain maize cultivars
to release (E)-β-caryophyllene. This sesquiterpene attracts the generalist ento-
mopathogenic nematode, Heterorhabditis megidis, that can parasitize Diabrotica



162 D. Tholl and S. Lee

larvae [5] (Fig. 11.1). Interestingly, North American maize cultivars lack the abil-
ity to produce (E)-β-caryophyllene and are less attractive to nematodes [34] than
European cultivars. By expressing an (E)-β-caryophyllene synthase from oregano
in the American cultivars, the resulting transgenic plants gained the ability to attract
nematodes and showed significantly reduced root damage when tested under field
conditions [35].

In line with these successful results, increasing emphasis has been placed
on characterizing the function of homoterpene volatiles in plant defense.
Homoterpenes such as the C11-homoterpene DMNT (4,8-dimethylnona-1,3,
7-triene) and its higher-molecular-weight homolog, the C16-homoterpene TMTT
(4,8,12-trimethyltrideca-1,3,7,11-tetraene), are irregular terpenes, which are among
the most common volatile compounds emitted from plant foliage upon herbi-
vore attack [36–39]. Several studies have provided strong support for the role of
DMNT and TMTT in the attraction of herbivore predators. Predatory mites such
as Phytoseiulus persimilis are attracted to DMNT when offered as an individual
compound [40, 41] (Fig. 11.1). While TMTT is not attractive to predatory mites
as a pure compound, De Boer et al. [42] demonstrated that TMTT influenced the
foraging behavior of these predators when emitted from spider mite-infested lima
bean leaves in the presence of other induced volatiles. A similar response by preda-
tory mites was observed on tomato plants, which released larger amounts of TMTT
upon spider mite attack than control plants [24]. Also, treatments of lima bean with
the terpenoid pathway inhibitor fosmidomycin, which severely reduced the emis-
sion of homoterpenes, led to reduced attraction of predatory mites [43]. Finally, the
attractive function of homoterpene volatiles was corroborated by recent studies with
genetically engineered Arabidopsis plants [6]. Transgenic plants, which emitted
DMNT together with its precursor (3S)-(E)-nerolidol constitutively or in response
to treatment with jasmonic acid, were more attractive to predatory mites in olfac-
tometer experiments and under semi-natural conditions than non-emitting wild-type
controls. The study also showed that (3S)-(E)-nerolidol by itself can attract preda-
tory mites similar to the effect of the analogous C10-alcohol linalool produced in
transgenic potato [44].

The function of homoterpenes in plant defense goes beyond just the attraction of
insect predators. For example, emission of TMTT has been discussed with respect
to the repulsion of aphids [45]. Moreover, homoterpene volatiles were found to elicit
defense responses in plants as demonstrated by the induced expression of defense
genes in lima bean when exposed to TMTT [46]. Therefore, homoterpenes might
also play a role in intra-plant defense signaling and in plant–plant interactions by
priming non-infested neighboring plants for defense responses. Priming crop plants
with transgenic homoterpene emitters in the field could add another strategy to
improve plant resistance.

A more detailed characterization of homoterpenes as volatile signals in plant
defense and their potential application in metabolic engineering of indirect defenses
has been restricted by a limited understanding of homoterpene biosynthesis and its
regulation. The genetic resources of Arabidopsis, which emits homoterpenes above
and below ground, have become valuable tools for achieving this goal.
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11.3 Arabidopsis: A Small Weed and Its Genetic Resources
for Volatile Terpene Biosynthesis

Despite its short life cycle, Arabidopsis thaliana maintains a rich array of sec-
ondary metabolism that is evident in the formation of glucosinolates, flavonoids,
and terpenes. Substantial progress has been achieved in elucidating the biosynthe-
sis of volatile terpene metabolites using Arabidopsis as a model system [47–50].
Terpene volatiles are synthesized in all major organs of the Arabidopsis plant by
enzymes called terpene synthases (TPSs). Generally, TPSs catalyze the formation
of C10-monoterpenes, C15-sesquiterpenes, and C20-diterpenes in a single enzy-
matic step from the central terpene precursors, geranyl diphosphate (GPP), farnesyl
diphosphate (FPP), and geranylgeranyl diphosphate (GGPP) [51] (Fig. 11.2). The
prenyldiphosphate substrates are derived from the C5-precursor IPP (isopentenyl
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Fig. 11.2 Terpene biosynthesis in the plant cell. A model is shown for the biosynthetic pathways
and their subcellular compartmentalization in the formation of the volatile homoterpenes DMNT
(4,8-dimethyl-1,3,7-nonatriene) and TMTT (4,8,12-trimethyltrideca-1,3,7,11-tetraene). MVA,
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diphosphate) and its isomer DMAPP (dimethylallyl diphosphate), which are formed
in the cytosol by the mevalonate (MVA) pathway and in plastids via the methylery-
thritol phosphate (MEP) pathway (Fig. 11.2). While monoterpenes and diterpenes
are predominantly produced in plastids, sesquiterpenes are synthesized mainly in
the cytosol [51]. As a result of gene duplication and sequence divergence, the
Arabidopsis genome contains a large family of 32 terpene synthase (AtTPS) genes
[52, 53]. Many of these genes show distinct transcription patterns restricted to par-
ticular organs and cell types of flowers (7 TPS genes) and roots (14 TPS genes),
which are most likely the result of functional specialization under selection pres-
sures in interaction with other organisms. For example, the cineole monoterpene
synthase gene AtCin is specifically expressed in root epidermal cells where it may
function in the defense against invading microbial pathogens [54, 55]. Other root-
specific terpene synthases show transcript profiles confined to the vascular tissue
or the cortex and endodermis according to high-resolution gene transcript maps in
Arabidopsis roots [56, 57].

In addition to the regular C10-, C15-, and C20-terpenes, Arabidopsis produces
both homoterpenes DMNT and TMTT. In most plants, these compounds are emitted
together from the foliage upon herbivore attack. However, in Arabidopsis, DMNT
is detected exclusively in roots following treatment with jasmonic acid (Table 11.1)
or elicitation by the root-rot pathogen Pythium irregulare (Huh et al., unpublished
results), indicating an unexpected role of DMNT in root defense. TMTT is syn-
thesized de novo in Arabidopsis leaves in response to fungal elicitor treatment or
feeding damage by the crucifer specialists Plutella xylostella and Pieris rapae [58,
59] (Table 11.1), and it is emitted as the predominant volatile compound together
with the monoterpene β-ocimene, the sesquiterpene (E,E)-α-farnesene, and methyl
salicylate (in the Columbia ecotype). The emitted volatiles were shown to attract
the herbivore-parasitizing wasp Cotesia rubecula, supporting their role in indirect
defense [59]. Moreover, the parasitization of P. rapae larvae by C. rubecula resulted
in an increase in plant fitness as measured by seed production [60]. The specific
function of TMTT in the attraction of C. rubecula and other parasitoids has not yet
been fully resolved and will require bioassays with plants lacking or overproducing
TMTT based on the knockout or overexpression of the genes involved in TMTT
biosynthesis. Functional genomics and reverse genetic approaches in characteriz-
ing terpene biosynthesis genes in Arabidopsis have become particularly useful in
elucidating the biosynthetic machinery in the formation of volatile homoterpenes.

11.4 How Does Arabidopsis Assemble Homoterpene Volatiles?

11.4.1 Formation of Alcohol Precursors

Elucidating the enzymatic steps in the formation of volatile homoterpenes has been
a subject of continual investigation. C11− and C16− homoterpenes are acyclic ter-
penes that are produced by degradation of C15− and C20− precursors. Initial studies
by Boland and co-workers [61] with deuterium-labeled precursors administered to
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excised lima bean plantlets treated with jasmonate indicated that DMNT and TMTT
are derived from the tertiary sesquiterpene and diterpene alcohols (E)-nerolidol
and (E,E)-geranyllinalool, respectively. Based on these experiments, it became evi-
dent that the enzymatic conversion of the prenyldiphosphates FPP and GGPP into
(E)-nerolidol and (E,E)-geranyllinalool, respectively, is the first dedicated step in
homoterpene formation, which is supposed to proceed via hydrolysis of the diphos-
phate moiety and allylic rearrangement to give a tertiary alcohol with a terminal
olefin (Fig. 11.3). In maize, feeding damage by the lepidopteran, Spodoptera lit-
toralis, induces a nerolidol synthase activity, by which FPP is converted into the
(3S)-(E)-nerolidol enantiomer [62] (Table 11.1). Similar (3S)-(E)-nerolidol synthase
activities in correlation with DMNT emissions were demonstrated in leaves of lima
bean and cucumber after feeding damage by the spider mite Tetranychus urticae
[63] (Table 11.1). In both cases, (E)-nerolidol was not detected or found only in
traces in the volatile blend, indicating a rapid conversion of this terpene alcohol
into DMNT. Despite finding nerolidol synthase activities, the identification of the
respective genes involved in DMNT formation has lagged behind. Schnee et al.
[64] isolated a terpene synthase (tps1) from maize, whose corresponding enzyme
produces (3R)-(E)-nerolidol as a major product and is inducible by insect herbivory
(Table 11.1). TPS1 most likely functions together with other (E)-nerolidol synthases
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Fig. 11.3 Biosynthesis of the homoterpenes (a) DMNT (4,8-dimethyl-1,3,7-nonatriene) and (b)
TMTT (4,8,12-trimethyltrideca-1,3,7,11-tetraene). (b) Two putative reaction mechanisms for the
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since both the (3R) and the (3S) enantiomer of (E)-nerolidol can be converted into
DMNT when administered to maize leaves [62, 64]. A reverse genetics analysis of
root-expressed TPS genes in Arabidopsis has revealed the existence of two genes,
whose recombinant enzymes produce (E)-nerolidol as a side product and may be in
part involved in the formation of DMNT possibly together with other root-specific
metabolic routs (Sohrabi, Huh, et al., unpublished results).

Consistent with the demonstration of nerolidol as a precursor in DMNT synthe-
sis, Ament et al. [37] reported a stringent correlation between the biosynthesis of the
diterpene alcohol (E,E)-geranyllinalool (Table 11.1) and the formation of TMTT in
tomato leaves in response to treatment with jasmonic acid. While a gene encoding
a geranyllinalool synthase has not yet been isolated from tomato, in Arabidopsis a
single gene (TPS04, GES) has been identified that is responsible for the de novo
formation of geranyllinalool as the central precursor in herbivore-induced TMTT
biosynthesis [58] (Table 11.1). Transcription of GES and the biosynthesis of ger-
anyllinalool and TMTT are induced locally by feeding of the specialist P. xylostella
and by treatment with the fungal elicitor alamethicin or the jasmonate mimic coro-
nalon. Regulation of GES transcription is dependent on the octadecanoid-dependent
signaling pathway and is not modified by salicylic acid or ethylene [58].

The Arabidopsis GES protein shares 40% sequence identity with two charac-
terized linalool synthases from Clarkia breweri and Clarkia concinna [65], which
together belong to the TPS-f family (Fig. 11.4). Linalool synthases catalyze a
reaction analogous to that of GES by converting the 10-carbon substrate GPP into

A. thaliana Linalool synthase TPS14

M. truncatula (E)-Nerolidol/geranyllinalool synthase MtTPS3

A. thaliana Multi-monoterpene synthaseTPS24

A. thaliana 1,8-Cineole synthase TPS23/27

A. thaliana (E)-ß-Caryophyllene synthase TPS21

A. thaliana Multi-sesquiterpene synthaseTPS11

C. breweri (+)- Linalool synthase

C. concinna (+)- Linalool synthase

A. thaliana Geranyllinalool synthase TPS4/GES
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Fig. 11.4 Sequence comparison of Arabidopsis geranyllinalool synthase with other Arabidopsis
TPS and putative or characterized linalool and geranyllinalool synthases from Clarkia, Medicago,
poplar and grape. A neighbor-joining tree generated from an amino acid sequence alignment
(ClustalX) of 13 TPS proteins is shown. Numbers are bootstrap values higher than 800 out of 1,000
replicates. TPS proteins belong to different families as indicated by letters. V. vinifera putative
GES, Acc. 002268557; P. trichocarpa putative GES, Acc. 002305640
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linalool. Strikingly, GES and the Clarkia linalool synthase genes have almost identi-
cal gene structures, which raises the question as to whether linalool synthases of this
particular lineage may have evolved from geranyllinalool synthases or vice versa by
mutations changing the size of the binding pocket for the substrates GPP or GGPP
at the catalytically active site of the enzymes.

11.4.2 Oxidative Degradation of Geranyllinalool to TMTT

In the second step of the homoterpene biosynthetic pathway, (E)-nerolidol and
(E,E)-geranyllinalool are converted to their corresponding homoterpene end prod-
ucts by oxidative degradation (Fig. 11.3). Studies with stable isotope precursors
administered to lima bean leaves demonstrated that the transformation of the ter-
tiary alcohols into homoterpenes proceeds via an oxidative C–C bond cleavage
reaction with an exclusive syn-elimination of the oxygen-carrying group together
with an allylic hydrogen atom at the β-carbon atom [66] (Fig. 11.3). This type
of reaction is catalyzed by cytochrome P450 monooxygenases (P450s) in other
metabolic pathways such as the dealkylation of steroids [67] and the formation of
the furanocoumarin psoralen by oxidative degradation of marmesin [68]. The role
of P450s in the formation of TMTT in Arabidopsis has recently been suggested by
Bruce et al. [45]. Based on these findings, our efforts have focused on searching
for P450 genes involved in DMNT and TMTT biosyntheses in Arabidopsis. Studies
on triterpenoid biosynthesis in Arabidopsis have provided important examples of
metabolic pathways assembled from P450 genes that are tightly coexpressed with
other biosynthetic enzymes of the same pathway [69]. Under the assumption that
TMTT is formed by an induced coordinated expression of GES with a P450 enzyme,
we have screened the recently established Arabidopsis BAR (http://bar.utoronto.ca/)
and ATTED (http://atted.jp/) co-expression databases using GES as bait. Among
several selected P450 gene candidates, a single gene has been identified that is
responsible for the conversion of geranyllinalool to TMTT (Lee et al., unpublished
results). Our findings most likely exclude other enzymes to be involved in the
oxidative degradation of geranyllinalool such as peroxidases that were suggested
by Mercke et al. [25] to catalyze the conversion of nerolidol to DMNT in cucumber.

The reaction mechanism for the formation of TMTT from geranyllinalool
remains to be investigated in greater detail. One possible reaction could proceed
via the cleavage of geranyllinalool into TMTT and the C4-ketone but-3-en-2-one
(Fig. 11.3b, pathway I) although the latter compound has not been detected so
far. Alternatively, geranyllinalool could undergo a sequential cleavage of two C2
fragments with the formation of the C18-ketone farnesylacetone as an intermedi-
ate (Fig. 11.3b, pathway II). The production of a C13-geranylacetone intermediate
in DMNT biosynthesis was suggested by Boland et al. [61] since small amounts
of geranylacetone were found in floral and leaf volatile blends of DMNT-emitting
plants and labeled geranylacetone was converted into DMNT when administered to
lima bean leaves.



11 Elucidating the Metabolism of Plant Terpene Volatiles 169

11.4.3 Subcellular Compartmentalization of Homoterpene
Biosynthesis

To successfully approach the metabolic engineering of homoterpenes, the subcel-
lular localization of the respective biosynthetic enzymes will require attention.
The formation of diterpenes is believed to occur predominantly in plastids based
on the characterization of diterpene synthases containing plastidial transit peptide
sequences [51, 70]. In contrast, Arabidopsis GES is missing a plastidial transit
peptide because of the absence of three N-terminal exons, which are present in
the plastid-localized, most closely related diterpene synthases, copalyl diphosphate
synthase and kaurene synthase, in the Arabidopsis TPS family [58] (Fig. 11.4).
Transgenic GES plants constitutively expressing a functionally active GES-yellow
fluorescent (YFP) fusion protein further confirmed that GES is not targeted to the
plastid but resides in the cytosol or the endoplasmic reticulum (ER) (Fig. 11.2)
[58]. It is likely that a pool of GGPP, the substrate for conversion into geranyl-
linalool, is present in the cytosol or ER since two Arabidopsis GGPP synthases
have a localization pattern similar to that observed for GES [71]. GGPP may also be
transported from plastids to the cytosol as was recently suggested as a means to sup-
ply substrate for the prenylation of proteins in tobacco BY-2 cells [72]. Our current
model predicts that the formation of geranyllinalool and TMTT both occur at the
ER or that geranyllinalool is produced in the cytosol and then converted by a P450
enzyme localized at the ER (Fig. 11.2). Additional studies of both enzymes should
give more detailed information about their subcellular localization and possible
interaction.

Similar to the formation of TMTT, the biosynthesis of (E)-nerolidol and DMNT
is predicted to occur in the cytosol and at the ER (Fig. 11.2). (E)-Nerolidol
synthases from snapdragon (AmNES/LIS-1) and strawberry (FaNES1) were local-
ized in the cytosol [73, 74]. However, DMNT formation may involve more
than one subcellular compartment. Indications that nerolidol could be produced
in the mitochondria came from subcellular localization studies of a FaNES1-
related nerolidol synthase protein [73]. Furthermore, the constitutive expression
of strawberry FaNES1 targeted to the mitochondria in Arabidopsis led to the
emission of DMNT in leaves of transgenic plants [6]. No DMNT formation
was observed when the gene was expressed without the mitochondrial tran-
sit peptide. The studies suggest that (E)-nerolidol, when produced from FPP in
the mitochondria, could be either converted to DMNT in the same compart-
ment or transported to the cytosol and the ER and metabolized into DMNT
(Fig. 11.2). The fact that terpene biosynthetic pathways can occur in several
cell organelles has been demonstrated in peppermint, where limonene is synthe-
sized in plastids but is hydroxylated by a P450 at the ER [75]. Determination of
the subcellular location of the (E)-nerolidol synthases in Arabidopsis roots will
provide further insight into the compartmentalization of the DMNT biosynthetic
pathway.
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11.5 Metabolic Engineering of Homoterpene Volatiles

Current progress in isolating the genes responsible for the biosynthesis of homoter-
penes in Arabidopsis will provide tools for engineering homoterpene volatiles in
other plants. Identification of functionally equivalent genes from other species has
so far been limited. Two (E)-nerolidol synthases, FaNES1 and AmNES/LIS-1, from
strawberry and snapdragon, respectively, were isolated, whose primary function is
the formation of cytosolic (E)-nerolidol in fruits and flowers [73, 74]. Both pro-
teins belong to the TPS-g family and also convert GPP to linalool. The genomes of
poplar and grape contain at least one gene locus with approximately 50% amino acid
sequence identity to Arabidopsis GES, indicating that they may encode geranylli-
nalool synthases (Fig. 11.4). Recently, a geranyllinalool synthase (MtTPS3) was
characterized from Medicago truncatula [76] (Table 11.1). This enzyme can also
produce (E)-nerolidol from FPP and may be responsible for synthesizing both (E)-
nerolidol and geranyllinalool precursors in DMNT and TMTT formation. MtTPS3
shares only 20% sequence identity with Arabidopsis GES and is more closely
related to the Arabidopsis linalool synthase TPS14 of the TPS-g family (Fig. 11.4),
suggesting that this enzyme, as with many other terpene synthases, has arisen inde-
pendently as a product of convergent evolution. A similar scenario can be envisioned
for P450s catalyzing the oxidative degradation of nerolidol or geranyllinalool, which
makes screening and identification of these genes in plants other than Arabidopsis
more challenging, especially if large populations of gene knockout plant lines are
not readily available.

Enhancing the formation of homoterpene volatiles will require a better under-
standing of the regulation of each step of the homoterpene biosynthetic pathway.
Studies in maize and cucumber indicated that the rate-limiting step in the herbivory-
induced release of DMNT is the formation of (E)-nerolidol [62, 63]. In Arabidopsis,
TMTT biosynthesis is primarily regulated by transcription of GES. Transgenic
Arabidopsis plants with constitutive expression of GES emit TMTT at rates that
can be as high as those observed from elicitor-induced wild-type plants [58]. The
formation of TMTT in these transgenic lines is possible because of a basal expres-
sion of the P450 enzyme catalyzing the oxidative degradation of geranyllinalool.
Transgenic plants that constitutively express this P450 enzyme activity produce
larger amounts of TMTT only when treated with an elicitor that induces GES
expression (Lee et al., unpublished results). Despite the regulatory role of GES,
its constitutive expression as a single gene can lead to reduced plant performance,
eventual instability of transgenic lines, and the temporary formation of lesions at
the cotyledon stage most likely because of toxic or stress effects induced by ger-
anyllinalool that accumulates in these plants [58]. Bleaching effects due to the
depletion of isoprenoid precursors for carotenoid biosynthesis were not observed
as was reported for the expression of strawberry FaNES1 in potato plastids [44].
Further analysis showed that under conditions of high GES activity, the oxidative
degradation step can become rate-limiting, even when this step is induced by elic-
itor treatment [58]. Therefore, the expression of both, GES and P450 genes, under
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the control of a strong promoter will be required to convert geranyllinalool effi-
ciently to TMTT and minimize growth inhibitory effects. This approach may also be
applicable for engineering the formation of DMNT. Arabidopsis plants expressing
strawberry FaNES1 targeted to the mitochondria were shown to emit (E)-nerolidol.
Depending on the transgenic line, conversion to DMNT was observed with or with-
out treatment with jasmonic acid, and this reaction is most likely catalyzed by a
P450 enzyme identical or similar to that involved in TMTT biosynthesis. An effi-
cient metabolite flow toward DMNT could be achieved by the strong constitutive
expression of this P450 activity. This approach can also help avoid a possible redi-
rection of the alcohol intermediate to glycosylated end products. Glycosylation can
critically reduce the formation of free terpene alcohols as was shown previously in
attempts to engineer the formation of linalool in petunia, Arabidopsis, and potato
[44, 50, 77].

The phenotypic effects observed under the constitutive expression of GES may
also be avoided by the use of inducible promoters. Transgenic Arabidopsis express-
ing GES controlled by the alcohol-inducible AlcA promoter did not show the lesion
phenotype observed under constitutive expression of GES [58]. Recent experiments
with wound- and insect-inducible promoters such as that of the potato proteinase
inhibitor II have been reported [78]. The use of strong inducible promoters that
respond to herbivore-feeding may not only minimize toxic effects or costs associ-
ated with the constitutive formation of a volatile compound but can also provide
the advantage that parasitoids associate volatiles only with the presence of feeding
damage by the respective host.

Targeting insect-induced transcription factors controlling homoterpene and other
volatile terpene metabolic pathways is undoubtedly an important goal of future
efforts to manipulate volatile biosynthesis in plants. Steady progress has been made
in identifying transcription factors involved in regulating single or multiple sec-
ondary metabolic pathway genes such as in the formation of phenylalanine-derived
anthocyanins and lignins, indole alkaloids, glucosinolates, and benzenoid volatiles
of floral scent [26, 79–83]. By contrast, only two transcription factors have been
reported to date, which are involved in regulating single or multiple enzymatic
steps in terpene secondary metabolism. GaWRKY1 regulates the expression of a
δ-cadinene terpene synthase in cotton (CAD1-A) in response to fungal elicitor treat-
ment [84] and the bZIP transcription factor OsTGAP1 functions as a key regulator
of the coordinated transcription of genes involved in induced diterpene production
in rice [85]. Exploiting the comprehensive Arabidopsis transcriptome databases has
allowed the identification of transcription factors that are co-regulated with genes of
specific secondary metabolic pathways [86]. Similar coexpression analyses using
the identified homoterpene biosynthesis genes will help pinpoint transcriptional
activators or repressors in homoterpene volatile formation.

Producing a target metabolite via genetic engineering typically requires the avail-
ability of sufficiently large precursor metabolite pools. Substrate availability in
different subcellular compartments and metabolic cross-talk between these compart-
ments differs depending on the plant species. Several previous attempts to engineer
the formation of volatile terpenes have been hampered by small and highly regulated
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metabolite pools shared with primary metabolic pathways such as that for sterol
biosynthesis [50, 87, 88]. Overexpression of the regulatory enzymes of the MVA or
MEP pathways, HMG-CoA reductase (HMGR), and deoxyxylulose-phosphate syn-
thase (DXS), together with FPP or GGPP synthases, represents a possible strategy
to increase carbon flux toward the production of terpenes such as DMNT or TMTT.
A similar approach expressing HMGR with FPP synthase and a patchoulol synthase
has been applied successfully to engineer sesquiterpene volatiles from cytosolic
FPP in tobacco [89]. However, terpene yields in these studies were increased dra-
matically when the precursor metabolite flow was redirected by targeting FPPs
and patchoulol synthase to plastids as their nonnative subcellular compartment,
to circumvent cytosolic regulatory constraints [89]. Similarly, strawberry FaNES1,
when targeted to the mitochondria, produced (E)-nerolidol from the FPP in this
compartment for subsequent conversion into DMNT [6]. Using an endogenous
mitochondrial GGPP substrate pool or increasing such a pool may also be a suit-
able way to enhance emissions of TMTT if cytosolic production of geranyllinalool
is tightly regulated.

Expressing nerolidol or geranyllinalool synthases for the production of homoter-
penes may lead to the formation of other terpenes such as linalool. Such a scenario
was described for the engineering of volatile terpenes in tomato fruits where expres-
sion of an α-zingiberene sesquiterpene synthase caused the formation of several
monoterpenes [90]. This outcome is possible when the heterologously expressed
enzyme accepts more than a single prenyldiphosphate substrate and encounters
these substrates in the subcellular compartment where it resides. Selecting enzymes
with high substrate specificity can improve the specificity of the volatile output.

11.6 Conclusions and Future Challenges

Much progress has been made in elucidating the biosynthesis of plant volatile ter-
penes. Molecular tools have been used successfully to improve terpene aroma and
scent in fruits or flowers [91, 92] and are now employed for engineering volatiles
to improve biological pest control. Future challenges will arise in testing the effi-
cacy of engineered volatile emissions beyond lab settings in greenhouse and field
experiments. Previous studies on tritrophic interactions demonstrated that the role
of volatile terpenes, especially that of TMTT in the attraction of predatory mites,
depends on the presence and composition of other volatiles [42]. Therefore, the
function of individual volatiles such as homoterpenes together with other com-
pounds of an emitted odor mixture needs to be further corroborated. This could
be achieved, for example, by using a series of transgenic plant lines, in which
homoterpene emissions are up- or downregulated relative to the other constituents
of the volatile blend. Adjusting volatile blends to the preferences of a particular par-
asitoid or predator will be critical for optimal attraction of these biocontrol agents.
Moreover, how the efficiency of engineered volatiles is influenced by abiotic stress
factors or upon multispecies attack [93] needs to be investigated in greater detail.
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Other aspects of implementing indirect volatile defenses, as recently discussed in
several excellent reviews [17, 94, 95], will include the assessment of timing and syn-
ergy of volatile emissions with direct defense responses of the herbivore-damaged
plant, especially if indirect defense strategies will be integrated with toxin-based
pest control strategies.
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Chapter 12
Stereoselectivity of the Biosynthesis
of Norlignans and Related Compounds

Toshiaki Umezawa, Masaomi Yamamura, Tomoyuki Nakatsubo,
Shiro Suzuki, and Takefumi Hattori

12.1 Introduction

The functions of phenylpropanoid derivatives are as diverse as their structural vari-
ations. Phenylpropanoids serve as phytoalexins, UV protectants, insect repellents,
flower pigments, and signal molecules for plant–microbe interactions. They also
function as polymeric constituents of support and surface structures such as lignins
and suberins [1]. Therefore, biosynthesis of phenylpropanoids has received much
interest in relation to these functions. In addition, the biosynthesis of these com-
pounds has been intensively studied because they are often chiral, and naturally
occurring samples of these compounds are usually optically active. Elucidation
of these enantioselective mechanisms may contribute to the development of novel
biomimetic systems for enantioselective organic synthesis.

Lignin is biosynthesized via oxidative coupling of p-hydroxycinnamyl alcohols
(monolignols) and related compounds that are formed in the cinnamate/monolignol
pathway [2–7]. The coupling has not been shown to be controlled enantioselectively,
and although each lignin molecule is chiral, the polymeric lignin, which is not an
equimolar mixture of pairs of enantiomers, is not racemic [8]. Lignins consist of
a number of substructures (dimeric or intermonomeric structures, e.g., β-O-4 and
syringaresinol), each of which may in turn be composed of both enantiomers (e.g.,
the (+)-erythro/threo-β-O-4 and (−)-erythro/threo-β-O-4 substructures and the (+)-
syringaresinol and (−)-syringaresinol substructures) [8, 9]. Thus, lignins may be
racemate-like in terms of their substructures [8].

Lignans are phenylpropanoid dimers in which the monomers are linked by the
central carbon (C8) atoms of the propyl side chains (Fig. 12.1) [10]. Many lignans
are formed from coniferyl alcohol, a typical lignin monomer, and the coupling of
two coniferyl alcohol radicals proceeds under the control of a unique asymmetric
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Fig. 12.1 Basic carbon skeletons of norlignans, lignans, and neolignans

inducer, dirigent protein (DP), giving rise to an optically active product, pinoresinol,
which is further converted to a variety of lignans [11–13].

Neolignans are also compounds composed of two phenylpropanoid units, but
linked in a manner other than C8-C8′ (Fig. 12.1) [10]. The compounds of this
class are often chiral and naturally occurring neolignans are usually optically active,
which evokes the involvement of DPs in the biosynthesis of neolignans.

Norlignans are a class of natural phenolic compounds with diphenylpentane
carbon skeletons (C6-C5-C6) (Fig. 12.1). A typical norlignan consists of a basic
carbon skeleton containing C6C2 and C6C3 units linked via C7-C8′ bond. These
intermonomer bonds cannot be formed by simple coupling of two phenoxyrad-
icals formed from the phenylpropanoid monomers, suggesting the participation
of an enantioselective mechanism(s) other than those assisted by DPs. Recently,
Yamamura et al. [14] have found that the subunit compositions of hinokiresinol
synthase can control the enantioselectivity in the formation of the norlignan,
(Z)-hinokiresinol.

Herein, we briefly outline the recent advances in the studies of stereoselectivity
in the biosynthesis of norlignans, lignans, and neolignans.

12.2 Norlignan Biosynthesis

Hinokiresinol is the simplest norlignan (Fig. 12.2) and (E)-hinokiresinol was first
described by Hirose et al. [15]. Hinokiresinol has a C8-C7′-type carbon skeleton
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and many members of this norlignan class have been isolated from conifers and
monocotyledonous plants [13]. In addition, C8-C8′- and C9-C8′-type norlignans
are known [13].

Based on the chemical structures of the isolated norlignans, several hypothet-
ical biosynthetic pathways were proposed [16–18]. All these proposed pathways
involved coupling of two phenylpropanoid monomer units followed by a loss of one
carbon atom to give rise to norlignans. Although this mechanism seemed plausi-
ble, another mechanism that involved the addition of two carbon atoms to flavonoid
compounds (C6-C3-C6) to give norlignans (C6-C5-C6) could not be ruled out.

Later, a series of administration experiments with deuterium- and 13C-labeled
phenylpropanoid monomers and elicitor-treated, (Z)-hinokiresinol-forming cultured
cells of Asparagus officinalis were carried out [19]. GC-MS and NMR analy-
ses of the (Z)-hinokiresinol isolated following the administration indicated that all
carbon atoms of (Z)-hinokiresinol were derived from phenylpropanoid monomers
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and that p-coumaryl alcohol and a p-coumaroyl compound, probably p-coumaroyl
CoA, were likely immediate monomeric precursors of hinokiresinol formation
(Fig. 12.2) [19].

The mechanism was confirmed by enzymatic experiments [20, 21]. A crude
enzyme preparation from A. officinalis cultured cells catalyzed the conversion of
p-coumaryl alcohol and p-coumaroyl CoA to (Z)-hinokiresinol [20], while a crude
enzyme preparation from Cryptomeria japonica cultured cells mediated the forma-
tion of (E)-hinokiresinol from the same substrates [21]. In addition, both enzyme
preparations converted p-coumaryl p-coumarate into (Z)-hinokiresinol and (E)-
hinokiresinol [20, 21]. Thus, the biosynthesis of hinokiresinol originating from
phenylpropanoid monomers was established.

The A. officinalis enzyme responsible for catalyzing (Z)-hinokiresinol forma-
tion, (Z)-hinokiresinol synthase (ZHRS), was purified and cDNAs encoding the
enzyme were isolated [22]. When the enzyme was purified chromatographically,
two proteins that showed slightly different masses in SDS-PAGE were obtained and
designated ZHRSα (21 kDa) and ZHRSβ (23 kDa). Both ZHRSα and ZHRSβ were
submitted to lysyl endpeptidase digestion followed by amino acid microsequenc-
ing. Based on the amino acid sequence information of the polypeptide fragments,
cDNAs encoding the two proteins were obtained. Then, recombinant proteins of
the two proteins, recZHRSα and recZHRSβ, were prepared and submitted for bio-
chemical characterization. Surprisingly, when either recZHRSα or recZHRSβ was
incubated individually with p-coumaryl p-coumarate, (E)-hinokiresinol, but not the
(Z)-isomer that is the naturally occurring isomer in A. officinalis, was formed. On the
other hand, the incubation of a mixture of equal parts of recZHRSα and recZHRSβ

with the same substrate gave (Z)-hinokiresinol. Analysis by gel filtration chromatog-
raphy showed that natural ZHRS, recZHRSα, and recZHRSβ were all 37–40 kDa.
In addition, the protein migration patterns on a native PAGE gel were similar among
recZHRSαβ, recZHRSβ, and the 1:1 mixture of recZHRSα and recZHRSβ, indicat-
ing that these proteins exist as dimers. Given that both recZHRSα and recZHRSβ are
required for (Z)-hinokiresinol synthase activity, it is most likely that natural ZHRS
exists as a heterodimer of ZHRSα and ZHRSβ, whereas recZHRSα and recZHRSβ

are present as homodimers (recZHRSα×2 and recZHRSβ×2). Thus, ZHRSα and
ZHRSβ are most likely to be subunits of ZHRS and subunit composition can control
cis/trans isomerism of the product, hinokiresinol (Fig. 12.2) [22].

In natural product biosynthesis, the E and Z double bonds are usually formed
selectively. For instance, cis-prenyltransferases catalyze the synthesis of (Z)-prenyl
chains, while trans-prenyltransferases catalyze the formation of (E)-prenyl chains,
although both use a common substrate, isopentenyl diphosphate [23]. In the biosyn-
thesis of (E)-3,7-dimethyl-2,6-octadiene-1-ol (geraniol) and (Z)-3,7-dimethyl-2,6-
octadiene-1-ol (nerol), geraniol is selectively formed from geranyl diphosphate by
geraniol synthase [24], whereas the Z-isomer, nerol, is probably formed from geran-
iol via isomerization [24, 25]. Overall, the selective formation of E or Z double
bonds is controlled by distinct enzymes. By contrast, the subunit compositions
of ZHRS can control the E and Z selectivity. To the best of our knowledge, this
is the first example of cis/trans double bond regulation by subunits of a single
enzyme [22].
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Based on the result that the ZHRS subunits can control cis/trans isomerism,
it was also of interest to determine whether the subunit composition can control
the enantiomeric selectivity during hinokiresinol formation. Both (Z)- and (E)-
hinokiresinols have an asymmetric carbon atom at the C7 position. A literature
survey indicated that the enantiomeric compositions of hinokiresinol can vary with
the plant species; Anemarrhena asphodeloides (rhizome) gave (Z)-hinokiresinol in
favor of (R)-enantiomer with 54% e.e. [26] and 36% e.e. [27] (Table 12.1), while
(E)-hinokiresinol isolated from Chamaecyparis obtusa (heartwood) was suggested
to be the optically pure (-)-(7S)-isomer [26] (Table 12.1). These results strongly
suggest that hinokiresinol-producing plants have distinct mechanisms for control-
ling enantiomeric selectivity during hinokiresinol formation, as well as controlling
cis/trans isomerism.

Although (Z)-hinokiresinol is stable during silica gel TLC separation, it was
isomerized into the (E)-form after storage for 3 years in a freezer at –20◦C
(Yamamura, Suzuki, Hattori, Umezawa, unpublished). In addition, the (E)-isomer
is rather unstable under slightly acidic conditions (such as old deutrochloroform for
NMR measurements) (Umezawa, unpublished). Hence, we established a system for
enantiomeric analysis of hinokiresinols by converting them into the corresponding

Table 12.1 Enantiomeric composition of (Z)-hinokiresinol and (E)-hinokiresinol

Plant species Enzyme
Predominant
enantiomer

Enantiomeric
composition
(% e.e.) References

Hinokiresinol
formed
following
incubation
with
enzymes

– Crude enzyme
preparation from
cell culture of
Asparagus
officinalis

(7S)-ZHR 97.2 [14]

– A mixture of
recZHRSα and
recZHRSβ

(α:β=1:1)

(7S)-ZHR 100 [14]

– recZHRSα (7S)-EHR 20.6 [14]
– recZHRSβ (7S)-EHR 9.0 [14]

Hinokiresinol
isolated
from plants

Asparagus
officinalis (cell
cultures)

– (7S)-ZHR 100 [14]

Anemarrhena
asphodeloides
(stem)

– (7R)-ZHR 36–54 [26, 27]

Cryptomeria
japonica (cell
cultures)

– (7S)-EHR 83.3 [14]

Chamaecyparis
obtusa
(heartwood)

– (7S)-EHR 100 [14, 26]

ZHR: (Z)-hinokiresinol; EHR: (E)-hinokiresinol.
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tetrahydroderivative, tetrahydrohinokiresinol (THR), followed by chiral HPLC sep-
aration [14]. By hydrogenation, (−)-(7S)-(E)-hinokiresinol isolated from C. obtusa
heartwood gave optically pure (+)-(7S)-THR, thereby it was established that (+)-
(7S)-THR is derived from (7S)-(Z)-hinokiresinol and (7S)-(E)-hinokiresinol, while
(−)-(7R)-THR is derived from (7R)-hinokiresinols.

Using this system, (Z)-hinokiresinol isolated from cultured cells of A. offici-
nalis was determined to be the optically pure (7S)-isomer, while (E)-hinokiresinol
isolated from cultured cells of C. japonica had 83.3% e.e. in favor of the (7S)-
enantiomer (Table 12.1). The enzymatically formed (Z)-hinokiresinol obtained
following incubation of p-coumaryl p-coumarate with a mixture of equal amounts
of recZHRSα and recZHRSβ was found to be the optically pure (7S)-isomer,
which is identical to that isolated from A. officinalis cells (Table 12.1). A simi-
lar result was obtained with the crude plant protein from A. officinalis cultured
cells, where the formed (Z)-hinokiresinol was almost optically pure, 97.2% e.e.
in favor of the (7S)-isomer (Table 12.1). In sharp contrast, when each subunit
protein, recZHRSα or recZHRSβ, was individually incubated with p-coumaryl
p-coumarate, (E)-hinokiresinol was formed (Table 12.1). The enantiomeric compo-
sitions of (E)-hinokiresinol thus formed were 20.6% e.e. (with recZHRSα) and 9.0%
e.e. (with recZHRSβ) in favor of the (7S)-enantiomer (Table 12.1). Taken together,
these results clearly indicate that the subunit composition of ZHRS controls not
only cis/trans selectivity but also enantioselectivity in hinokiresinol formation
(Fig. 12.3). This provides a novel example of enantiomeric control in the biosyn-
thesis of natural products. Although the mechanism for the cis/trans selective and
enantioselective reaction remains to be elucidated, for example by x-ray crystal-
lography, the enantioselective mechanism totally differs from the enantioselectivity
in biosynthesis of lignans, another class of phenylpropanoid compounds closely
related to norlignans in terms of structure and biosynthesis.

12.3 Lignan Biosynthesis

Lignans can be classified into three categories: lignans with 9(9′)-oxygen, lignans
without 9(9′)-oxygen, and dicarboxylic acid lignans (p-hydroxycinnamate dimers)
[11]. Of the three categories, the study of the biosynthesis of lignans with 9(9′)-
oxygen is the most advanced [11–13].

12.3.1 Lignans with 9(9′)-Oxygen

This type of lignan is generally formed by the enantioselective dimerization of two
coniferyl alcohol units with the aid of DP to give rise to optically active pinoresinol
(furofuran lignan) (Fig. 12.4) [6, 11–13, 28, 29]. Pinoresinol is then reduced by
pinoresinol/lariciresinol reductase (PLR) via lariciresinol (furan lignan) to sec-
oisolariciresinol (dibenzylbutane lignan) [6, 11–13, 30–42]. Secoisolariciresinol
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is in turn oxidized to give matairesinol (dibenzylbutyrolactone lignan) by sec-
oisolariciresinol dehydrogenase (SIRD) [6, 11–13, 43–48]. The conversion from
coniferyl alcohol to matairesinol has been demonstrated in various plant species,
which strongly suggests that this is the general lignan biosynthetic pathway. Many
other subclasses of lignans are formed from the lignans found on the general
pathway [11, 13].

For example, yatein and podophyllotoxin are biosynthesized from matairesinol
(Fig. 12.4) [11, 13, 49]. This conversion involves 5-hydroxylation of one of the
3-methoxy-4-hydroxylphenyl (guaiacyl) moieties of matairesinol to give rise to 5-
hydroxymatairesinol (thujaplicatin) followed by dual methylation at the 4- and 5-
hydroxyls, giving rise to a 3,4,5-trialkoxyphenyl moiety (Fig. 12.4) [11, 13, 49].

On the other hand, biosynthetic pathways that do not involve the conversion
from coniferyl alcohol to matairesinol have been proposed for lignans composed
of two syringyl (3,5-dimethoxy-4-hydroxyphenyl) groups: (+)-syringaresinol for-
mation in Liriodendron tulipifera [50] and (+)-lyoniresinol biosynthesis in Lyonia
ovalifolia var. elliptica [51]. Enantioselective coupling of two sinapyl alcohol units
was proposed for the selective formation of (+)-syringaresinol [50]. On the other
hand, a non-enantioselective dimerization of sinapyl alcohol was proposed for (+)-
lyoniresinol biosynthesis and the enantioselectivity in the biosynthesis was ascribed
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mainly to the formation of (+)-lyoniresinol from 5,5′-dimethoxylariciresinol
(Fig. 12.5) [51].

DP is a unique and interesting asymmetric inducer, which controls central chi-
rality affording optically active pinoresinol that has chiral centers at C8 and C8′, the
positions participating in the intermonomer linkage [6, 12, 28, 29]. Forsythia inter-
media DP mediates the enantioselective formation of (+)-pinoresinol from coniferyl
alcohol radical (Fig. 12.6) [6, 12, 28, 29]. In addition, a DP-like protein that con-
trols axial chirality has been reported [52]. This DP-like protein controlled the
atropisomerism and aided the stereoselective coupling of an achiral terpenoid phe-
nol, hemigossypol, giving rise to an optically active dimer, (+)-gossypol with 30%
atropisomeric excess [52]. This may suggest the wide distribution of enantioselec-
tive DPs in plant secondary metabolism.

However, the enantiomeric control by DPs does not lead to the production
of optically pure pinoresinol in plants, because the enantiomeric compositions of
pinoresinol from various plant species vary widely and optically pure pinoresinol
has not yet been isolated from plants [11, 13, 53]. Downstream lignans in the lignan
biosynthetic pathway, such as dibenzylbutyrolactone lignans including matairesinol,
are optically pure [11, 13, 53]. These facts unequivocally indicate that not only was
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the first step mediated by DP, but the subsequent metabolic steps catalyzed by PLR
and SIRD were also involved in determining the enantiomeric composition of the
lignans [54]. It has also been suggested that a variation in the enantiomeric compo-
sition of the upstream lignans (lariciresinol, secoisolariciresinol, and matairesinol)
among different plant species may be ascribed, at least in part, to the selectivi-
ties of PLR and SIRD isoforms in terms of substrate enantiomers as well as their
spatiotemporal expression patterns [54].

Recently, this view has been proven in relation to gene expression. Thus, in the
A. thaliana genome database, there are two genes (At1g32100 and At4g13660)
that are annotated as PLR. The recombinant AtPLRs showed strict substrate
preference toward pinoresinol but only weak or no activity toward lariciresinol
[55], which is in sharp contrast to conventional PLRs of other plants that can
reduce both pinoresinol and lariciresinol efficiently to lariciresinol and secoiso-
lariciresinol, respectively (Fig. 12.7) [34, 37, 41, 42]. Therefore, AtPLRs were
renamed A. thaliana pinoresinol reductases (AtPrRs) [55]. The recombinant AtPrR2
encoded by At4g13660 reduced only (−)-pinoresinol to (−)-lariciresinol and not
(+)-pinoresinol in the presence of NADPH. This enantiomeric selectivity is in
accordance with that of PLRs of other plants so far reported, which can reduce
one of the enantiomers selectively, whatever the preferential enantiomer [55].
In sharp contrast, AtPrR1 encoded by At1g32100 reduced both (+)-pinoresinol
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and (−)-pinoresinol to (+)- and (−)-lariciresinols efficiently with comparative
kcat/Km values.

Next, the substrate enantiomer selectivity obtained from in vitro experiments was
compared with enantiomeric compositions of lariciresinol occurring in A. thaliana
plants to examine the roles of AtPrR1 and AtPrR2 in the plant. Thus, homozygous
lines of T-DNA insertion mutants of AtPrR1 and AtPrR2 genes and their double
knockout mutant were prepared. GC-MS analysis indicated that the lariciresinol
content in the single mutants, atprr1-1, atprr1-2, and atprr2, was not reduced, but
was slightly increased compared with the wild type. Lariciresinol was not detected
in the atprr1-1 atprr2 double mutant. Instead, significant amounts of pinoresinol
were detected in the double mutant. These results clearly indicate the functional
redundancy of the two AtPrR genes in lariciresinol biosynthesis [55].

The enantiomeric composition of lariciresinol occurring in the wild type was
88% e.e. in favor of the (−)-enantiomer. Lariciresinol isolated from the atprr1-1
and atprr1-2 single mutants showed 94 and 96% e.e. in favor of the (−)-enantiomer,
which are higher than that isolated from the wild type. This agrees well with the
fact that AtPrR1 reduces both (+)-pinoresinol and (−)-pinoresinol almost equally.
In the mutants, the deficiency of the isoform was compensated for by the AtPrR2
that preferentially reduces (−)-pinoresinol, giving rise to (−)-lariciresinol, which
probably resulted in the increase of the percentage e.e. value in favor of the (−)-
enantiomer. On the other hand, lariciresinol from the atprr2 mutant had an 82% e.e.
in favor of the (−)-enantiomer, which is lower than that of the wild type. Again, this
can be accounted for by considering the fact that AtPrR2 reduces (−)-pinoresinol
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selectively. The deficiency of the isoform was compensated for by AtPrR1 that
reduces both (+)-pinoresinol and (−)-pinoresinol almost equally, most probably
resulting in the decrease of the percentage e.e. value compared with the wild type
(88% e.e.). Although AtPrR1 reduced racemic (±)-pinoresinols to afford almost
racemic lariciresinol (6% e.e. in favor of the (−)-enantiomer), the percentage e.e.
value of the formed lariciresinol is much higher than the racemate. This can be
ascribed to the enantioselective pinoresinol formation mediated by the DP. In fact,
pinoresinol isolated from the atprr1-1 atprr2 double mutant had 74% e.e. in favor
of the (–)-pinoresinol. As long as (−)-pinoresinol with a high percentage e.e. value
is supplied, less enantioselective AtPrR1 can produce (−)-lariciresinol with a high
percentage e.e. value, as observed in the case of the atprr2 mutant [55].

Taken together, it was demonstrated conclusively that differential expression of
PrR isoforms that have distinct selectivities of substrate enantiomers plays a signif-
icant role in determining enantiomeric compositions of the product, lariciresinol, in
addition to DP [55].

12.3.2 Other Types of Lignans

In 1972, Gottlieb [56] suggested that lignans and neolignans without 9(9′)-
oxygen may be formed by coupling propenylphenols such as isoeugenol. This
was supported by the similarity between the phylogenetic distribution of plants
producing lignans without 9(9′)-oxygen and that of phenylpropanoid monomers
without 9-oxygen, that is, allyl- and propenylphenols [11]. Furthermore, coupling
of p-anol (p-propenylphenol) to give several furan lignans without 9(9′)-oxygen
in Larrea tridentata was proposed [57]. Besides, administration of isoeugenol
resulted in its conversion to a furan lignan without 9(9′)-oxygen, verrucosin,
in Virola surinamensis (Fig. 12.8) [58]. Recently, when the radioisotope-labeled
phenylpropanoid monomers, [U-14C]phenylalanine, [9-3H1]coniferyl alcohol, and
[9-3H1]isoeugenol, were administered to Holostylis reniformis, the incorporation of
3H and 14C into 10 aryltetralone lignans and 2 furan lignans was observed [59].
These experiments provide evidence that isoeugenol is a biosynthetic intermediate
to the aryltetralone and furan lignans without 9(9′)-oxygen.

HOOCH3

OH

O

OH

Verrucosin

Virola
surinamensis

Isoeugenol
OCH3 OCH3

Fig. 12.8 Biosynthesis of a lignan without 9,9′-oxygen, verrucosin from isoeugenol
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Despite frequent occurrence of allyl- and propenylphenols in plants, their biosyn-
thetic mechanisms have only recently been elucidated. An NAD(P)H-dependent
reductase in Ocimum basilicum (sweet basil) catalyzed the conversion of p-
coumaryl p-coumarate and p-coumaryl acetate to chavicol (p-allylphenol) [60].
In addition, genes encoding NADPH-dependent reductases were isolated from
Petunia hybrida cv. Mitchell (petunia) and O. basilicum [61]. The Petunia and
Ocimum enzymes that catalyzed the conversion of coniferyl acetate to isoeugenol
and eugenol were named PhIGS1 (isoeugenol synthase 1) and ObEGS1 (eugenol
synthase 1), respectively [61]. Recently, a cDNA encoding an NADPH-dependent
enzyme was obtained from Pimpinella anisum (anise) [62]. This enzyme, t-
anol/isoeugenol synthase 1 (AIS1), can synthesize t-anol and isoeugenol from
coumaryl acetate and coniferyl acetate, respectively [62]. In addition, a gene encod-
ing an acetyltransferase that was effective with coniferyl alcohol was isolated
[63]. Thus, the biosynthetic pathway from p-hydroxycinnamyl alcohols to allyl- or
propenylphenols via esters of p-hydroxycinnamyl alcohols has been established.

Lignans of another type, dicarboxylic acid lignans (p-hydroxycinnamate dimers),
were isolated from liverworts (Hepaticopsida) and some vascular plants [11, 64].
Little is known about the biosynthesis of this class of lignans, but a feeding exper-
iment demonstrated the conversion of caffeic acid to optically pure epiphyllic acid
in a liverwort Lophocolea heterophylla (Fig. 12.9) [65].

HO

HO
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OHOH

COOH

OH

Caffeic acid (–)-Epiphyllic acid

Lophocolea heterophylla

COOH

COOH

Fig. 12.9 Biosynthesis of a dicarboxylic acid lignan, epiphyllic acid

The biosynthetic pathways toward the three subclasses of lignans, lignans with
9(9′)-oxygen, lignans without 9(9′)-oxygen, and dicarboxylic acid lignans, branch
off at the monomer level. DPs that function in the phenylpropanoid monomer cou-
pling toward lignans without 9(9′)-oxygen and dicarboxylic acid lignans remains to
be elucidated.

12.3.3 Biosynthesis of Neolignans

Neolignans are phenylpropanoid dimers in which the phenylpropanoid monomers
are linked in a manner other than the lignan type, C8-C8′ bond (Fig. 12.1) [10]. Like
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the C8-C8′ bonds in lignans, intermonomer linkages of neolignans, such as C8-O-
C4′ and C5-C8′, can be formed by coupling of two phenoxyradical units derived
from phenylpropanoid monomers. The fact that naturally occurring neolignans are
generally optically active strongly suggests that neolignan biosynthesis is aided
by asymmetric inducers, similar to DP for lignan biosynthesis. Although neolig-
nan DPs have not yet been identified, several studies have reported the enzymatic
enantioselective formation of neolignans (Fig. 12.10).

A crude enzyme preparation from Vinca rosea catalyzed the enantioselective
coupling of coniferyl alcohol to give rise to an optically active C8-C5′ neolignan,
dehydrodiconiferyl alcohol, with a ratio of (−)-enantiomer to (+)-enantiomer of
~2:1 (Fig. 12.10) [66].

Another example of the enzymatic enantioselective formation of a C8-C5′
neolignan was reported. A crude enzyme preparation from Piper regnellii cat-
alyzed the enantioselective formation of (+)-conocarpan (85% e.e.) from p-anol
(Fig. 12.10) [67].

Incubation of coniferyl alcohol with a crude enzyme preparation from Eucommia
ulmoides in the presence of hydrogen peroxide resulted in optically active C8-O-C4′
neolignan dimers, (+)-erythro-guaiacylglycerol-β-coniferyl ether (38% e.e.), and
(-)-threo-guaiacylglycerol-β-coniferyl ether (34% e.e.) (Fig. 12.11) [68]. In



12 Stereoselectivity of the Biosynthesis of Norlignans and Related Compounds 193

OH

OH

OH

HO
O

OCH3

OH

+

Guaiacylglycerol-β-coniferyl ethers

Eucommia ulmoides
enzyme

Coniferyl alcohol

(+)-Erythro
38%e.e.

(–)-Threo
34%e.e.

OH

OH

OH

HO
O

OH

Syringylglycerol-β-sinapyl alcohol ethers

Sinapyl alcohol

(+)-Erythro
21.4%e.e.

(–)-Threo
4.3%e.e.

H3CO

HO

HO
Eucommia ulmoides

enzyme

OCH3

OCH3

OCH3

OCH3

OCH3

H3CO

H3CO

+

Fig. 12.11 Enantioselective formation of neolignans in Eucommia ulmoides

addition, an insoluble enzyme preparation from E. ulmoides catalyzed the enan-
tioselective coupling of sinapyl alcohol to afford the optically active C8-O-C4′-type
neolignans, (+)-erythro-syringylglycerol-β-sinapyl alcohol ether (21.4% e.e.), and
(–)-threo-syringylglycerol-β-sinapyl alcohol ether (4.3% e.e.) (Fig. 12.11) [69].
These studies strongly suggested the involvement of asymmetric inducers in neolig-
nan biosynthesis, DPs for neolignans. However, their identification and gene cloning
await further experiments.

12.4 Concluding Remarks

A norlignan synthase, A. officinalis (Z)-hinokiresinol synthase (ZHRS), is composed
of two subunits, ZHRSα and ZHRSβ. A 1:1 mixture of both subunits forms optically
pure (Z)-hinokiresinol from p-coumaryl p-coumarate. By contrast, individual incu-
bation of each subunit with the same substrate affords (E)-hinokiresinol with only



194 T. Umezawa et al.

9.0–20.6% e.e. These results indicated that the subunit composition of ZHRS con-
trols both cis/trans selectivity and enantioselectivity in hinokiresinol formation. This
is a novel example of enantiomeric control in the biosynthesis of natural products.
This mechanism differs from the enantioselective coupling of two coniferyl alcohol
units in the biosynthesis of lignans with 9(9′)-oxygen, where dirigent proteins con-
trol enantioselectivity. In addition, pinoresinol (/lariciresinol) reductases involved in
the subsequent lignan biosynthetic steps also play significant roles in the enantios-
elective formation of lignans. Formation of lignans of other types, lignans without
9(9′)-oxygen and dicarboxylic acid lignans, as well as biosynthesis of neolignans
are also suggested to proceed with the aid of other types of dirigent proteins, but
their identification awaits further experiments.
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