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v

 Enzyme stabilization has been an area of research interest since the 1950s, but in the last 
three decades, researchers have made tremendous progress in the fi eld. This has opened up 
new opportunities for enzymes in molecular biology as well as industrial applications, such 
as bioprocessing,  biosensors  , and  biofuel cells  . 

 The fi rst chapter introduces the reader to the fi eld of enzyme stabilization and the dif-
ferent theories of enzyme stabilization, including the use of immobilization as a stabiliza-
tion technique. The fi rst part of the book will focus on protocols for enzyme stabilization 
in solutions including  liposome   formation,  micelle   introduction, crosslinking, and addi-
tives, while the second part of the book will focus on protocols for enzyme stabilization 
during enzyme immobilization including common techniques like  sol-gel    encapsulation  , 
polymer encapsulation, and covalent attachment to supports. Protocols for a variety of 
enzymes are shown, but the enzymes are chosen as examples to show that these protocols 
can be used for both enzymes of biological importance and enzymes of industrial impor-
tance. The fi nal chapter will detail spectroscopic protocols, methods, and assays for study-
ing the effectiveness of the enzyme stabilization and immobilization strategies. 

 The chapters of this volume should provide molecular biologists, biochemists, and bio-
medical and biochemical engineers with the state-of-the-art technical information required 
to effectively stabilize their enzyme of interest in a variety of environments (i.e., harsh tem-
perature, pH, or  solvent   conditions).  

  Salt Lake City, UT, USA     Shelley     D.     Minteer     

  Pref ace    
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    Chapter 1   

 Introduction to the Field of Enzyme Immobilization 
and Stabilization                     

     Michael     J.     Moehlenbrock     and     Shelley     D.     Minteer      

  Abstract 

   Enzyme stabilization is important for many biomedical or industrial application of enzymes (i.e., cell-free 
biotransformations and biosensors). In many applications, the goal is to provide extended active lifetime at 
normal environmental conditions with traditional substrates at low concentrations in buffered solutions. 
However, as enzymes are used for more and more applications, there is a desire to use them in extreme 
environmental conditions (i.e., high temperatures), in high substrate concentration or high ionic strength, 
and in nontraditional solvent systems. This chapter introduces the topic enzyme stabilization and the 
methods used for enzyme stabilization including enzyme immobilization.  

  Key words     Enzyme immobilization  ,   Enzyme stabilization  ,   Cross-linking  ,   Entrapment  ,   Encapsulation  

1       Introduction 

 This book details methods for enzyme stabilization and enzyme 
immobilization. Although the concepts of enzyme immobilization 
and enzyme stabilization are different, they are related. Enzyme 
immobilization techniques are strategies focused on retaining an 
enzyme on a surface or support. In theory, they are focused on 
being able to reuse the enzyme and/or constrain the enzyme to a 
particular area of a reactor or device, whereas enzyme stabilization 
is focused on extending the active catalytic lifetime of the protein. 
Enzyme immobilization is one method for stabilizing enzymes. 
Enzymes are proteins with complex and fragile three-dimensional 
structures. The main methods for stabilizing enzymes are:  protein 
engineering  , chemical modifi cation, immobilization, and adding 
additives for stabilization. 

  Protein engineering   is a very common method for enzyme sta-
bilization, but it is out of the scope of this book, because it is not a 
simple or translational method that can be detailed in a chapter. 
The common types of protein engineering are directed evolution, 
site-directed mutagenesis, and peptide chain extensions. Directed 
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evolution is a common method for enzyme engineering that 
involves a simple three-step process that can be repeated as many 
“rounds”/repetitions as desired to evolve the mutant protein to 
have non-natural attributes (in this case some type of  stability  ). 
The three-step process involves developing a library of random 
mutants, testing the library of mutants for the particular property/
attribute of interest, selecting the mutant of interest, and then 
repeating the above steps until optimized. Directed evolution will 
only be as good as the screening assay that you employ to test the 
library of mutants for the particular property/attribute of interest. 
This is frequently done for improving the temperature  stability   of 
proteins [ 1 ]. Site-direct mutagenesis is another common technique 
that requires more understanding about the structure of the pro-
tein [ 2 ]. Rather than random mutations, site-directed mutagenesis 
involves an examination of the protein structure and intelligently 
mutating individual sites on the protein structure and then study-
ing the effect of the site mutation on the particular property, activ-
ity, or attribute of interest (in this case stability). Peptide chain 
extensions are not a common technique, in general, for protein or 
enzyme engineering, but it is a technique for improving  stability  . 
Peptide chain extensions are the process of elongating the polypep-
tide chain of the enzyme on either the N-terminus or C-terminus 
end. This has been shown to improve temperature stability of pro-
teins [ 3 ,  4 ]. It is not frequently done for biotechnology applica-
tions other than improving  stability  , but it can be effective.  

2     Enzyme Stabilization 

 This book covers the other three methods of enzyme stabilization. 
The fi rst part of the book focuses on chemical modifi cation and add-
ing additives for stabilization and the second part of the text focuses 
on enzyme immobilization. Chemical modifi cation is common. The 
most common method is  cross-linking  . Cross-linkers are added for 
intramolecular cross-linking of the peptide chain. This is tradition-
ally done with  glutaraldehyde  , but other bifunctional reagents can 
be used, including: dimethyl suberimidate, disuccinimidyl tartarate, 
and 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide. It is impor-
tant to note that this is unspecifi c chemistry as shown in Fig.  1  and 
therefore can cause both intramolecular and intermolecular  cross-
linking   of the peptide chain, which can cause aggregation. This 
aggregation can be considered advantageous or disadvantageous 
depending on the application. In terms of other chemical modifi ca-
tion of the protein, conjugation to water-soluble  polymers   like 
 poly(ethylene glycol) (PEG)   has been shown to be effective at stabi-
lizing enzymes [ 5 – 8 ]. This is frequently referred to as PEGylating 
the enzyme. PEGylating reagents either contain a reactive function 
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group at one end of the PEG chain or both ends of the PEG chain 
(bifunctional). If it is important to reduce intermolecular aggrega-
tion, monofunctional PEGylating reagents are typically used with 
functional groups to either react to the N-terminus or C-terminus 
end of the protein or to react with individual amino acids, such as 
aspartic acid, glutamic acid, lysine, tyrosine, cysteine, histidine, or 
arginine. Other biocompatible polymers can also be employed, such 
as  chitosan   [ 9 ], alginate, pectin, cellulose, hyaluronate, carrageenan, 
and poly(glutamate). These are becoming more popular in literature 
in recent years.

   The addition of additives to improve enzyme stabilization is 
also common. There are four main classes of additives: small mol-
ecules,  polymer  , proteins, and surfactant/ micelles  . The most com-
mon small molecule additive is trehalose.  Trehalose   is a disaccharide 
of two glucose units that is used for a variety of biological applica-
tions requiring dehydration and rehydration. For this reason,  tre-
halose   is a common additive when lyophilizing or freeze drying 
proteins. The trehalose sugar produces a gel as it dehydrates, 
thereby protecting proteins, enzymes, organelles, cells, and tissue 
structure. Many sugars and sugar alcohols have also been employed 
for improving long term storage and temperature  stability  , includ-
ing: glycerol, lactose, mannitol, sorbitol, and sucrose. These are 
frequently referred to as lyophilization  agents  , because they 
improve storage  stability   during temperature fl uctuations associ-
ated with freezing and thawing. Finally,  polymers   and proteins, 

R-NH2
O O+

NaCNBH3

R-NH2

O O
O

OH OH

O
Basic  pH

O

OH OH

O+

N O
H

OH OH

OO

  Fig. 1    Options for  glutaraldehyde    cross-linking   chemistry       
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such as:  BSA  , human albumin, gelatin, and  PEG  , have also been 
employed to improve long-term storage and/or lyophilization. 
Surfactants are another class of small molecules that are frequently 
added as additives to increase  stability  . Proteins have a tendency to 
denature at interfaces, so surfactants compete for binding at the 
interface. Also, it has been proposed that surfactants can facilitate 
refolding of partially denatured proteins.  Micelles   are also 
employed. Micelles are particularly useful for membrane-bound 
proteins, because the amphiphilic nature of the micelle and protein 
can be matched as well as providing an environment that is much 
more similar to cellular membranes than the buffer environment 
[ 10 ]. This extends the active lifetime of the protein as well as being 
benefi cial for stabilizing the protein in extreme temperature envi-
ronments, harsh pH environments, and organic  solvents   [ 11 ,  12 ].  

3     Enzyme Immobilization 

 Enzyme immobilization is a much broader topic that is arguably 
part science and part art [ 13 ]. There are a number of factors to 
consider when choosing an enzyme immobilization strategy includ-
ing: enzyme tolerance to immobilization chemical and physical 
environment, surface functional groups on the protein, size of the 
enzyme, charge of the protein/pI, polarity of the protein (hydro-
phobic/hydrophilic regions), and substrate/product transport 
needs [ 14 ]. Each of these properties relates to different strategies 
for enzyme immobilization. The main types of enzyme immobiliza-
tion are adsorption,  cross-linking  , and entrapment/ encapsulation  . 

 Adsorption is the process of strong intermolecular forces 
resulting in the accumulation of protein on a solid surface. 
Adsorption is very dependent on the intermolecular interactions 
between the support surface and the enzyme. Therefore, proper-
ties like enzyme charge and polarity are crucially important to 
ensure high and reproducible coverage of enzyme on the support. 
This is typically a mild immobilization technique [ 15 ]. However, it 
is often problematic in that you typically have leaching of enzyme 
from the surface as a function of time. 

 Covalent binding and  cross-linking   are techniques that allow 
for the covalent binding of enzyme to surfaces or to other enzymes. 
These surfaces could be inner walls of a bioreactor or supports like 
glass or  polymeric   beads for a packed-bed reactor for industrial bio-
processing. Covalent binding or cross-linking of enzyme to enzyme 
to form aggregates is commonly referred to as CLEAs (cross-linked 
enzyme  aggregates  ) [ 16 ] and they have been used in a number of 
applications. The  cross-linking   of protein to protein or protein to 
surface typically results in decreasing the enzyme activity of the pro-
tein, but it provides a great deal of  stability   to the protein. Covalent 
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binding and  cross-linking   chemistry can sometimes be harsh chem-
istry. Therefore, it is important to consider the chemical  microenvi-
ronment   of the chemistry before use with proteins or enzymes, due 
to the fragility of the protein three- dimensional structure. 

 The fi nal method of enzyme immobilization is entrapment or 
 encapsulation   within a  polymeric   matrix. Entrapment is the proce-
dure of polymerizing a monomer or low molecular weight polymer 
around the protein to trap the protein on a surface. This is fre-
quently done with  sol-gels   and is quite successful at immobilizing 
proteins on surfaces [ 17 – 20 ]. Traditional and electropolymerized 
polymers can also be employed for entrapping enzymes [ 21 ,  22 ]. 
Issues to consider with entrapment techniques are the chemical 
environment of the  polymerization   solution and whether it will 
denature the protein as well as the pore size and interconnectivity 
of the pores in the polymer to determine if substrate and product 
can diffuse in and out of the polymer, but also to ensure that the 
protein cannot diffuse out of the  polymers  . Polymer entrapment 
has been common, because many strategies do not result in a sig-
nifi cant decrease in enzyme activity after immobilization. However, 
leaching is frequently a problem depending on enzyme loading 
and the entrapment technique tends to have less of an effect on 
enzyme stabilization at high temperatures and in organic  solvents   
than  cross-linking   techniques.  Encapsulation   is similar to entrap-
ment in that the protein is constrained within the polymeric matrix, 
but the  polymer   matrix has “pockets” or “pores” for immobilizing 
the protein.  Micellar polymers   are an example of  polymers   that can 
encapsulate an enzyme. The polymer  micelles   are swelled and the 
enzyme is allowed to intercalate into the micellar pockets/aggre-
gates and the  solvent   is evaporated. This provides a polymer mem-
brane that provides a chemical  microenvironment   similar to a 
cellular  microenvironment   that can provide temperature, pH, and 
organic  solvent    stability   to the protein [ 23 ].  

4     Applications 

 Immobilized and stabilized enzymes have a variety of applications. 
Stabilization is important for the commercialization of enzymes, 
because the enzymes must be stabilized for shipping and storage. 
Therefore, the small molecule additives are common for the com-
mercial production and sale of enzymes of all quantities. However, 
stabilization is more diffi cult in industrial settings, so bioprocessing 
applications requiring enzymes to be immobilized on the inside of 
reactors or on supports in a packed bed reactor are typically more 
challenging than just stabilizing an enzyme for distribution and 
storage. Bioprocessing applications range from food applications 
(i.e., the use of glucose isomerase in the production high fructose 
of corn syrup) to pharmaceutical applications (i.e., enzymes to 
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ensure chirality of drug products) to fuel applications (i.e., enzy-
matic production of butanol). These are frequently referred to as 
“cell-free biotechnologies” or “cell-free bioprocessing,” because 
enzymes are subcellular components [ 24 ]. Other common applica-
tions of immobilized enzymes are  biosensors   and  biofuel cells  . 
Biosensors employ enzymes to selectively catalyze the reaction of an 
analyte [ 25 ]. Biofuel cells employ enzymes to catalyze the reduc-
tion of oxygen at the cathode of a fuel cell and/or the oxidation of 
fuel at the anode of a fuel cell [ 26 ]. The hostile pH and electric fi eld 
environment in these applications results in a need for enzyme sta-
bilization as well as immobilization on the  electrode   surface to 
improve effi ciency. Overall, there is a wealth of industrial and labo-
ratory applications for immobilized and stabilized enzymes. The 
following chapters provide protocols and examples for different 
strategies and techniques for immobilization and stabilization.     
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    Chapter 2   

 Stabilization of Enzymes Through Encapsulation 
in Liposomes                     

     Makoto     Yoshimoto      

  Abstract 

   Phospholipid vesicle (liposome) offers an aqueous compartment surrounded by lipid bilayer membranes. 
Various enzyme molecules have been reported to be encapsulated in liposomes. The liposomal enzyme 
shows peculiar catalytic activity and selectivity to the substrate in the bulk liquid, which are predominantly 
derived from the substrate permeation resistance through the membrane. We reported that the quaternary 
structure of bovine liver catalase and alcohol dehydrogenase was stabilized in liposomes through their 
interaction with lipid membranes. The method and condition for preparing the enzyme-containing lipo-
somes with well-defi ned size, lipid composition, and enzyme content are of particular importance, because 
these properties dominate the catalytic performance and stability of the liposomal enzymes.  

  Key words     Liposomes  ,   Phospholipid vesicles  ,   Lipid bilayer membranes  ,   Enzyme encapsulation  , 
  Membrane permeability  ,   Enzyme structure  ,   Enzyme reactivity  ,   Bovine liver catalase  

1      Introduction 

 The liposomal aqueous phase is isolated from the bulk liquid by the 
semipermeable lipid bilayer membranes, which means chemical reac-
tions can be induced inside enzyme-containing liposomes by adding 
membrane-permeable substrate to the bulk liquid. In the liposomal 
system, the enzyme molecules are confi ned without chemical modi-
fi cation, which is advantageous to preserve the inherent enzyme 
affi nity to the cofactor and substrate molecules. So far, various lipo-
some-encapsulated enzymes have been prepared and characterized 
for developing diagnostic and biosensing materials, functional drugs, 
and biocompatible catalysts [ 1 ,  2 ]. The reactivity of liposomal 
enzymes was extensively examined mainly focusing on the mem-
brane  permeation      of the substrate molecules as a rate-controlling 
step of the liposomal reaction [ 3 ,  4 ]. For example, sodium cholate is 
a useful modulator of the liposome membranes. Incorporation of 
sublytic concentrations of cholate in the membranes induced perme-
ation of substrate and as a result the rate of liposomal enzyme 
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reaction increased [ 4 ]. An excess amount of cholate causes complete 
solubilization of liposome membrane, which is utilized for deter-
mining the total amount and inherent activity of the enzyme encap-
sulated in liposomes. On the other hand, the  stability   of enzyme 
activity in liposomes is relatively unknown. We recently reported 
that the thermostability of bovine liver  catalase   and yeast alcohol 
 dehydrogenase   considerably increased through encapsulation of 
each enzyme in liposomes composed of POPC (1-palmitoyl-2-
oleoyl- sn -glycero-3- phosphocholine) [ 5 – 7 ]. Furthermore, the lipo-
somal  glucose oxidase   system was shown to be applicable as a stable 
catalyst for the prolonged oxidation of glucose in the gas-liquid fl ow 
in a bubble column reactor [ 8 – 10 ]. In the liposomal system, the 
aggregate formation among the partially denatured enzyme mole-
cules was indicated to be depressed through the interaction of the 
enzyme with lipid membranes [ 11 ,  12 ]. This chapter describes the 
preparation, reactivity and stability of the enzyme-containing lipo-
somes with various sizes and enzyme contents using catalase as a 
model enzyme. The preparation and analytical methods described 
are basically applicable to liposomes containing other water-soluble 
enzymes. To prepare stable and reactive liposomal enzyme systems, 
the enzyme content in liposomes and the lipid composition need to 
be changed and optimized considering the characteristics of each 
enzyme employed and the permeability of its substrate through the 
liposome  membranes     .  

2    Materials 

       1.     Phospholipid  : 1-palmitoyl-2-oleoyl- sn -glycero-3- phosphocholine 
(POPC, >99 %,  M  r  = 760.1, main phase transition temperature  T  m  
of –2.5 ± 2.4 °C [ 13 ]) (Avanti Polar Lipids, Inc., Alabaster, AL).   

   2.    Chloroform (>99 %), diethylether (>99.5 %).   
   3.    Ethanol (>99.5 %).   
   4.    Dry ice (solid CO 2 ).   
   5.    Rotary evaporator (REN-1, Iwaki Co. Ltd., Japan) with an 

aspirator (ASP-13, Iwaki Co. Ltd.).   
   6.    Freeze-dryer (FRD-50 M, Asahi Techno Glass Corp., 

Funabashi, Japan) with a vacuum pump (GLD-051, ULVAC, 
Inc., Chigasaki, Japan).   

   7.    Enzyme: bovine liver  catalase   (EC 1.11.1.6, ca. 10,000 U/
mg,  M  r  = 240,000) (Wako Pure Chemical Industries, Ltd., 
Osaka, Japan).   

   8.    Tris buffer: 50 mM Tris (2-amino-2-hydroxymethyl-
1,3-propanediol)-HCl, pH 7.4, containing 0.1 M sodium 
chloride.   

2.1  Preparation 
of  Catalase  - Containing 
Liposomes

Makoto Yoshimoto
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   9.    Small-volume extrusion device Liposofast™ and its  stabilizer   
(Avestin Inc., Ottawa, Canada) [ 14 ].   

   10.     Polycarbonate membranes   for sizing liposomes (Avestin Inc., 
19 mm in membrane diameter and 30, 50 or 100 nm in the 
nominal mean pore diameter)      .   

   11.    Gel beads for gel permeation chromatography ( GPC  )   : sepha-
rose 4B suspended in ethanol/water (GE Healthcare UK Ltd., 
Buckinghamshire, England).   

   12.    Glass column with a stopcock for the  GPC  , 1.0 (id) × 35 cm, 
20 mL in packed gel bed volume.   

   13.    Enzyme kit for quantifi cation of POPC ( Phospholipid   C-Test 
Wako, Wako Pure Chemical Industries, Ltd.).   

   14.    UV/visible spectrophotometer (Ubest V-550DS, JASCO, 
Tokyo, Japan) equipped with a perche-type temperature con-
troller (EHC-477S, JASCO).      

       1.    0.3  M  sodium cholate (Wako Pure Chemical Industries, Ltd.) 
in Tris buffer.   

   2.    Substrate of  catalase  : hydrogen peroxide (H 2 O 2 ) solution 
(Wako Pure Chemical Industries, Ltd.).       

3    Methods 

        1.    Weigh 50 mg of POPC powder ( see   Note    1  ).   
   2.    Dissolve 50 mg of POPC in 4 mL of chloroform in a 100-mL 

round-bottom fl ask in a draft chamber.   
   3.    Remove the  solvent   from the fl ask by using the rotary evapora-

tor under reduced pressure in a draft chamber to form a lipid 
fi lm on the inner wall of the  fl ask     .   

   4.    Dissolve the lipid fi lm in 4 mL of diethylether and remove the 
 solvent   as described above. Repeat this procedure once more.   

   5.    Dry the lipid fi lm formed in the fl ask by using the freeze-dryer 
connected to the vacuum pump for 2 h in the dark to remove 
the residual organic solvents molecules in the lipid layers. Keep 
the inner pressure of the fl ask less than 10 Pa throughout the 
drying process.   

   6.    Dissolve the  catalase   in 2.0 mL of the Tris buffer in a glass test 
tube at the enzyme concentrations of 1.3–80 mg/mL ( see  
 Note    2  ).   

   7.    Hydrate the dry lipid fi lm with 2.0 mL of the enzyme- 
containing Tris buffer solution with gentle shaking to induce 
the formation of multilamellar vesicles (MLVs) ( see   Note    3  ).   

2.2  Measurement 
of Enzyme Activity 
of  Catalase  - Containing 
Liposomes

3.1  Preparation 
of  Catalase  - Containing 
Liposomes
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   8.    Freeze the MLVs suspension with a refrigerant (dry ice/etha-
nol) in the Dewar fl ask for 5 min and then thaw it in a water 
bath thermostatted at 35 °C with gentle shaking. Repeat this 
freezing and thawing treatment seven times to transform a 
fraction of the small vesicles into the larger MLVs ( see   Note    4  ).   

   9.    Extrude the MLVs suspension through a  polycarbonate mem-
brane   with nominal mean pore diameter of 100, 50 or 30 nm 
11 times using the extruding devise to obtain the  catalase  - 
containing unilamellar liposomes ( see   Note    5  ).   

   10.    Pass the  catalase  -containing liposome suspension through the 
 GPC   column with the Tris buffer as an eluent collecting 1.0-
mL fraction volumes in order to separate the catalase contain-
ing liposomes from the free (non-entrapped) enzyme molecules 
( see   Note    6  ).   

   11.    Measure the concentration of POPC in the liposome- 
containing fractions obtained by the chromatographic separa-
tion using the enzyme  kit      ( see   Note    7  ).   

   12.    Store the enzyme-containing liposome suspension in a capped 
plastic tube in the dark at 4 °C until use ( see   Note    8  ).      

           1.    Prepare 100 m M  H 2 O 2  in the Tris buffer solution considering 
the molar extinction coeffi cient of H 2 O 2  at 240 nm (ε 240 ) is 
39.4 M −1  cm −1  ( see   Note    9  ).   

   2.    Add the  catalase  -containing liposome suspension to the Tris 
buffer solution containing H 2 O 2  to give the intrinsic catalase 
and initial H 2 O 2  concentrations of 0.1–0.2 μg/mL (about 1.0–
2.0 U/mL) and 10 mM, respectively, and the total volume of 
3.0 mL in a quartz cuvette in order to initiate the liposomal 
catalase-catalyzed decomposition of H 2 O 2  ( see   Note    10  ).   

   3.    Measure the time course of H 2 O 2  decomposition at 25 ± 0.3 °C 
for 60 s based on the decrease in absorbance at 240 nm using 
the spectrophotometer. The decomposition rate of H 2 O 2  is 
taken as the enzyme activity of liposomal  catalase  .   

   4.    Measure the intrinsic enzyme activity of the liposomal  catalase   
in the same way as above except that the reaction solution con-
tains 40 mM sodium cholate for complete solubilization of 
liposome membranes ( see   Note    11  ).   

   5.    Calculate the activity effi ciency  E  of the liposomal  catalase   as its 
observed activity measured in the absence of cholate relative to 
the  intrinsic      one ( see   Note    12  ).   

   6.    Calculate the  catalase   concentration in liposomes  C  in  and the 
number of biologically active catalase molecules per liposome 
 N  ( see   Note    13  ).      

3.2  Measurement 
of Enzyme Activity 
of  Catalase  - Containing 
Liposomes ( See  
Tables  1  and  2 )

Makoto Yoshimoto
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       The stabilities of free and liposomal  catalase   at 55 °C are shown in 
Figs.  1  and  2 , respectively [ 5 ]. It is clearly seen in Fig.  1  that the 
thermal  stability   of free catalase is dependent on its concentration. 
The higher the enzyme concentration employed, the higher its 
thermal stability at the free catalase concentration range of 0.25 μg/
mL-5.0 mg/mL. This means that at the enzyme concentrations, 
dissociation of the enzyme into its subunits dominates the enzyme 
deactivation observed. On the other hand, the catalase at the high-
est concentration of 16 mg/mL shows lower stability than that at 
5.0 μg/mL. For the 16 mg/mL of catalase, the formation of irre-
versible intermolecular aggregates is facilitated among the confor-
mationally altered enzyme molecules. Figure  2  shows the stability 
of liposomal catalase systems with different liposomal enzyme con-
centrations  C  in  at 55 °C. The liposomal catalase with  C  in  of 4.9 mg/
mL (CAL 100 -II) shows the highest thermal stability. Quite impor-
tantly, the thermal stability of the liposomal catalase with  C  in  of 
16 mg/mL (CAL 100 -III) is much higher than that of free enzyme 
at the identical concentration ( see  Fig.  1 ). This is because the for-
mation of enzyme aggregates is prevented in the liposomal aque-
ous phase through the interaction of the inner surface of the 
liposome membrane with the encapsulated enzyme molecules [ 5 ]. 
The liposomal system therefore can be a functional carrier that has 
the stabilization effect on the structure and activity of the liposome- 
encapsulated catalase  molecules     .      

3.3   Stability   
of Liposomal  Catalase   
Activity ( See  Figs.  1  
and  2 )
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  Fig. 1          Time courses of remaining activity of free  catalase   at enzyme concentra-
tions of 16 mg/mL ( closed circles ), 5.0 mg/mL ( open squares ), 0.1 mg/mL ( open 
circles ), 5.0 μg/mL ( closed triangles ), and 0.25 μg/mL ( closed squares ) in 50 mM 
Tris–HCl/100 mM NaCl buffer (pH 7.4) at 55 °C (reproduced from Ref. [ 5 ] with 
permission from Elsevier Inc., Amsterdam)       
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4                 Notes 

     1.    Unsaturated lipid POPC is hygroscopic and thus should be 
treated under dry atmosphere.   

   2.    Water should be sterilized and deionized using a water purifi -
cation system (Elix 3UV, Millipore Corp., Billerica, MA). The 
minimum resistance to the water is 15 MΩ · cm.   

   3.    Avoid vigorous mixing using a vortex mixer to minimize pos-
sible conformational change of the enzyme through its adsorp-
tion to the gas–liquid interface. The freezing and thawing 
treatments ( see  below) with occasional gentle shaking induce 
complete removal of the lipid fi lm from the wall of the fl ask.   

   4.    For preparing the refrigerant, the dry ice is crashed into small 
pieces with a hammer and mixed with ethanol in the Dewar 
fl ask. Check the effects of the repetitive freezing and thawing 
treatments on the enzyme activity. When saturated lipids with 
high  T  m  are employed instead of POPC, the thawing tempera-
ture should be carefully controlled to minimize the thermal 
deactivation or partial denaturation of the enzyme molecules.   

   5.    The bubbles formed in the syringes of the extruder should be 
carefully removed before passing the MLV suspension through 
the membrane. The commercially available stabilizer for the 
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  Fig. 2          Time courses of remaining activity of  catalase   in CAL 100 -I ( open squares ), 
CAL 100 -II ( closed squares ), and CAL 100 -III ( open triangles ) at fi xed POPC concen-
tration of 2.8 mM in Tris buffer (pH 7.4) at 55 °C. The overall catalase concentra-
tions were 5.9, 52, and 140 μg/mL for suspensions of CAL 100 -I, CAL 100 -II, and 
CAL 100 - III, respectively. For detailed characteristics of CAL 100 ,  see  Table  1  (repro-
duced from Ref. [ 5 ] with permission from Elsevier Inc., Amsterdam)       
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extruder is recommended to be used. For preparing the liposomes 
with mean diameter of about 30 or 50 nm, the MLVs are extruded 
through the pores with the diameter of 100 nm and then the 
membranes with smaller pores are employed for further reduction 
in the size of  liposomes     .   

   6.    The  GPC   column is prepared by packing sepharose 4B gel 
beads into the glass column. Avoid the formation of bubbles 
in the gel bed. The ethanol originally contained in the gel 
suspension should be exhaustively removed by eluting the 
Tris buffer solution through the column to eliminate the 
effect of ethanol on the enzyme conformation. Using a trans-
parent glass column is advantageous to visualize elution and 
separation behaviors of slightly colored enzymes including 
 catalase   and turbid liposomes. The sample volume applied to 
the GPC column is less than 1.0 mL. Elution of liposomes 
and subsequent free (non-entrapped) enzyme molecules is 
quantitatively confi rmed by measuring the optical density at 
400 nm and the enzyme activity, respectively of each fraction 
collected. For obtaining the enzyme-containing liposomes 
with narrow size distribution, the liposome-containing frac-
tions should not be mixed together.   

   7.    This assay is applicable to the determination of  phospholipids   
containing choline group such as POPC. The POPC concen-
tration in an enzyme-containing liposome suspension is selec-
tively measured by quantifying the H 2 O 2  produced from the 
lipid by a series of reactions catalyzed by phospholipase D, 
choline oxidase, and peroxidase. The effect of  catalase   activity 
derived from the catalase-containing liposomes is negligible in 
the quantifi cation of the H 2 O 2  produced because the enzyme 
concentration in the assay solution is low enough.   

   8.    The deactivation of  catalase   molecules encapsulated in lipo-
somes at the mean number of enzyme molecules per liposome 
of 5.2 is negligible at least for 22 d [ 5 ]. The storage  stability      of 
the liposomal catalase decreases with decreasing the liposomal 
enzyme concentration [ 9 ]. On the other hand, the  stability   of 
liposomal enzyme is practically unaffected by the liposome 
concentration.   

   9.    Since decomposition of H 2 O 2  slowly occurs during its storage, 
the 100 mM H 2 O 2  solution should be freshly prepared each 
day.   

   10.    The  catalase  -catalyzed decomposition of H 2 O 2  yields oxygen 
and water. The stoichiometric equation is H 2 O 2  → (1/2) 
O 2  + H 2 O.   

   11.    Effects of cholate and cholate/lipid mixed  micelles   on the 
enzyme activity measurement should be checked. The activity 
of bovine liver  catalase   is practically unaffected by cholate up to 

Stabilization of Enzymes Through Encapsulation in Liposomes
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40 mM. The minimal cholate concentration required for 
complete solubilization of liposomes is generally dependent on 
the lipid concentration in the system and the lipid-water parti-
tioning behavior of cholate as previously reported [ 3 ,  4 ]. 
 Triton   X-100 ( tert -octylphenoxypolyethoxyethanol) can be 
alternatively used for solubilization of liposome  membranes     .   

   12.    The observed activity of liposomal enzyme is smaller than the 
intrinsic one because of the permeation resistance of lipid 
membranes to the substrate (H 2 O 2 ) molecules as shown in 
Table  1 . The reactivity of other liposomal enzymes is  controlled 
by modulating the preformed enzyme-containing liposomes 
with sublytic concentrations of detergents such as sodium cho-
late and  Triton   X-100 [ 4 ] and the channel- forming protein [ 10 ]. 
Mechanical stresses such as liquid shear and gas- liquid fl ow 
were also shown to be effective for increasing the permeability 
of liposome membranes to the dye molecules with low molec-
ular mass [ 15 – 17 ]. To obtain a reliable  E  value in the presence 
of the membrane modulators, the leakage of enzyme molecules 
from the liposome interior to the bulk liquid should be 
minimized.   

   13.    To determine the POPC liposome concentration, the number 
of lipid molecules per liposome is calculated on the basis of the 
assumptions that the bilayer membrane thickness  t  is 37 Å, the 
mean head group area  A  is 72 Å 2  [ 18 ], and liposomes are spheri-
cal with their diameter of  D . The number of lipid molecules per 
liposome  n  can be calculated as  n  = (4π/ A ){ D  2 /4 + ( D /2 −  t ) 2 }. 
The liposome concentration  C  v  is then determined as  C  v  =  C  T / n , 
where  C  T  stands for the lipid concentration measured. The mean 

      Table 1  
  Characteristics of  catalase  -containing  liposomes      [ 5 ]   

  Liposomal      
catalase a  

 Concentration of 
 catalase   in hydration 
step  C  0  [mg/mL] 

 Concentration of 
 catalase   in liposome 
 C  in  [mg/mL] 

 Mean number of 
 catalase   molecules 
in a liposome  N  [−] 

 Activity effi ciency 
of liposomal 
 catalase    E  [−] 

 CAL 30   1.3  66 b   0.032 ± 0.008  0.59 ± 0.01 

 CAL 50   1.3  9.9 b   0.15 ± 0.02  0.54 ± 0.06 

 CAL 100 -I  1.3  0.96 b   0.64 ± 0.06  0.57 ± 0.04 

 CAL 100 -II  20  4.9 ± 0.9  5.2 ± 0.9  0.40 ± 0.04 

 CAL 100 -  III       80  16 ± 0.9  17 ± 0.9  0.34 ± 0.03 

   a CALs mean  catalase  -containing liposomes with the subscripts standing for the mean diameter of liposomes approxi-
mately equal to the nominal pore size used in the extrusion step 
  b  C  in  values were calculated assuming that each liposome contain one  catalase   molecule (reproduced from Ref. [ 5 ] with 

modifi cation with permission from Elsevier Inc., Amsterdam)  
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number of active enzyme molecules per liposome  N  could be 
calculated as the concentration of active enzyme relative to that 
of liposomes  C  v  determined as described above. As shown in 
Table  1 , the  catalase   concentration in liposomes  C  in  is defi nitely 
 dependent      on that in the Tris buffer  C  0  employed in the lipid 
hydration ( step 7  in the Subheading  3.1 ). In the table the  N  
values are less than unity for the catalase-containing liposomes 
prepared at  C  0  of 1.3 mg/mL. This means that the liposomal 
enzyme suspensions prepared at the above condition are the 
mixture of catalase- containing liposomes and empty (enzyme-
free) ones. For the liposomal catalase with  N  > 1, the  C  in  values 
are smaller than  C  0 . For other liposomal enzyme systems 
reported, the  C  in  values are consistently smaller than the  C  0  
ones,  see  Table  2  for details.         
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    Chapter 3   

 Micellar Enzymology for Thermal, pH, and Solvent Stability                     

     Shelley     D.     Minteer      

  Abstract 

   This chapter describes methods for enzyme stabilization using micellar solutions. Micellar solutions have 
been shown to increase the thermal stability, as well as the pH and solvent tolerance of enzymes. This fi eld 
is traditionally referred to as micellar enzymology. This chapter details the use of ionic and nonionic 
micelles for the stabilization of polyphenol oxidase, lipase, and catalase, although this method could be 
used with any enzymatic system or enzyme cascade system.  

  Key words     Micellar enzymology  ,   Micelles  ,   Superactivity  ,   Enzyme stabilization  

1      Introduction 

 Micellar enzymology is a technique for improving the thermal, pH, 
or solvent stability of enzymes using  micelles   [ 1 ]. These micelles 
provide a more protein–friendly, chemical  microenvironment   for 
protecting the enzyme. It has long been said that micelles provide a 
chemical microenvironment for  the      protein/enzyme that is more 
like the cellular chemical microenvironment than any traditionally 
employed buffer solution [ 2 ]. Incorporating enzymes into micelles 
can be done in three different ways: (1) the injection method, (2) 
the phase transfer method, and (3) direct solubilization. In the most 
popular method, a small volume of enzyme dissolved in an aqueous 
solution is injected into a surfactant organic solvent solution [ 3 ]. 
This injection method forms a reverse  micelle   where the non-polar 
group orientates toward the organic solvent and the polar groups 
orientate to the inside of the vesicle and traps an aqueous pool inside 
the micelle that contains the enzyme. The phase transfer method is 
similar in that the surfactant is dissolved in an organic solvent and 
enzyme is dissolved in an aqueous solution and the two solutions are 
mixed vigorously. The fi nal method, direct solubilizing, is used with 
the enzyme is not soluble in water. In this case, the lyophilized 
enzyme is added directly into a water–organic solvent surfactant 
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solution and mixed until the solution becomes a transparent micellar 
solution and the enzyme powder is dissolved. 

 The size of the  micelle   can be tailored by altering the relative 
amounts of water and surfactant. If you increase the concentration 
of water, you will increase the volume or size of the reverse  micelles  . 
If you increase the concentration of surfactant, you will decrease 
the size and volume of the reverse micelles. This can be important 
for optimizing the micelle for each individual enzyme.       

  Micelles   can be formed from a variety of surfactants including 
 Aerosol-OT  , sodium bis(2-ethylhexyl)sulfosuccinate (AOT),  cetyl-
trimethylammonium bromide (CTAB),    Triton   X-100, and  fatty 
acids   (i.e., oleic acid, linolenic acid, linoleic acid). Each of the 
 micelles   alters the chemical  microenvironment   as well as altering 
the size and distribution of the reverse micelles. Unfortunately, 
since little is known about the relationship between protein struc-
ture and ideal chemical microenvironment, optimization of micel-
lar size, charge, and hydrophobicity is required for each protein 
employed. The following protocols are examples of protein– micelle   
combinations, but many options can be employed. The key to 
optimization of the protein–micelle combination is to have an 
 activity assay   that is appropriate for the enzyme and is not affected 
by the chemical and physical properties of the  micelle  .  

2    Materials 

       1.    Mushroom polyphenol oxidase (Sigma).   
   2.    AOT (sodium salt, Sigma).   
   3.    Cyclohexane.   
   4.    Phosphate buffer: 25 mM sodium phosphate buffer (pH 6.5).      

       1.    Mitochondrial  malate dehydrogenase      (Sigma) ( see   Note    1  ).   
   2.    Sodium hydroxide solution: 2.5 mM.   
   3.    Biosonic Ultrasonic.   
   4.    Stearic acid (sodium salt).   
   5.    Oleic acid (sodium salt).   
   6.    Alcohol, reagent grade.      

       1.    Lipase from  Chromobacterium viscosum  (Sigma).   
   2.     CTAB   (Sigma).   
   3.    Brij 30 and Brij 92 (Sigma).   
   4.    4-nitrophenyloctanoate (Sigma) ( see   Note    2  ).   
   5.    Phosphate buffer: 20 mM phosphate buffer (pH 6.0).   

2.1  AOT  Micelles   
for  Superactivity   
of  Polyphenol Oxidase  

2.2  Stabilization 
of a Membrane Protein 
in Lipid  Micelles  

2.3  Nonionic/Cationic 
Surfactant  Micelles   
for Stabilization 
of  Lipase        

Shelley D. Minteer
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   6.    Enzyme solution: 0.34 mg lipase/mL distilled and deionized 
water.   

   7.    Isooctane.   
   8.     n -hexanol, reagent grade.            

       1.    Bovine-liver catalase (Sigma).   
   2.    Brij 30 (Sigma).   
   3.     n -heptane.   
   4.    Phosphate buffer: 10 mM phosphate buffer (pH 7.0).       

3    Methods 

   This method is based on work described by Rojo et al. in Ref. [ 4 ]. 
As described above, there are three main methods for incorporat-
ing enzymes into  micelles  , the method used here is the phase trans-
fer method. The  micelle   surfactant AOT is dissolved in the organic 
solvent cyclohexane followed by the introduction of buffer to form 
the micelles. After the micelles are formed, a buffered solution of 
enzyme is added to incorporate the polyphenol oxidase. This 
results in the  kinetics   for phenol increasing from 1.19 ± 0.04 μmol/
(min*mg) for aqueous polyphenol oxidase to 3.77 ± 0.10 μmol/
(min*mg) for the AOT reverse micelles. In the micellar enzymol-
ogy fi eld, this is referred to as superactivity.

    1.    A 50 mM solution of AOT in cyclohexane was prepared.   
   2.    75 μl of pH 6.5 buffer was added to 5 mL of the AOT solution 

and mixed  rigorously   ( see   Note    3  ).   
   3.    9 μg of  polyphenol oxidase   was dissolved in 15 μl of pH 6.5 

buffer.   
   4.    Then, 15 μl of the enzyme solution is mixed vigorously with 

the 5 mL of reverse  micelles   formed in  step 2 . The fi nal Wo for 
the micelles should be around 20 ( see   Note    4  ).    

     Membrane proteins are inherently unstable in aqueous solutions. 
Mitochondrial malate  dehydrogenase      is a prime example of this. 
This protein is an oxidoreductase enzyme of the Kreb’s cycle that 
is responsible for oxidizing malate to oxaloacetate or vice versa. 
Mitochondrial malate dehydrogenase loses all activity within 7 h if 
dissolved in pH 7.4 Tris–acetate buffer. This instability is unaccept-
able for almost any biotechnology application. The protein is a 
small hydrophobic protein that has been shown to require 

2.4  Extend 
the Temperature 
Stability at 50 °C 
of  Catalase   
in Nonionic Reverse 
 Micelles  

3.1  AOT  Micelles   
for  Superactivity   
of  Polyphenol Oxidase         
[ 4 ]

3.2  Stabilization 
of a Membrane Protein 
in Lipid  Micelles   [ 5 ]

Micellar Enzymology for Thermal, pH, and Solvent Stability
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hydrophobic protein–protein interactions in the mitochondrial 
structure to maintain its stability. Lipid  micelles   have been shown 
to provide a bio-inspired method for stabilization of membrane 
proteins, like mitochondrial malate dehydrogenase. This protocol 
describes the stabilization of malate dehydrogenase in stearic acid 
and oleic acid micelles. Both  micelles   have resulted in  superactivity   
of the malate  dehydrogenase      compared to malate dehydrogenase 
in buffer. Oleic acid micelles result in a 40 % increase in malate 
dehydrogenase activity, whereas the stearic acid micelles only result 
in a 25 % increase in  activity     .

    1.    Stearic acid  micelles   were formed by sonicating a solution of 
2.5 mM NaOH with an amount of  fatty acid   corresponding to 
a fi nal concentration of 25 μM. The sonication should be done 
for 2–3 min at 90 kilo-cycles on a Biosonik Ultrasonic. The 
resulting solution should be homogeneous and opalescent.   

   2.    A solution of oleic acid in 95 % alcohol was formed. A disper-
sion is formed by injecting the oleic acid solution into 2.5 mM 
NaOH with an amount of oleic acid corresponding to a fi nal 
concentration of 12 μM. This should result in a homogeneous 
and clear solution.    

     Lipase is an industrially relevant esterase enzyme that hydrolyzes 
ester bonds. It is frequently used as a test enzyme, because of bio-
logical and industrial relevance. This protocol describes the stabili-
zation of lipase in nonionic/cationic  micelles  . Brij is a class of 
nonionic surfactants that are poly(oxyethylene) alkyl ethers. Some 
are used for simples micelles and some for reverse micelles [ 7 ]. Brij 
30 and 92 is commonly used for reverse micelles in nonpolar, 
organic solvents. The cationic surfactant used in this study is 
CTAB, which is an ammonium salt that is well known to form sur-
factant  micelles     .

    1.     CTAB   and either Brij 30 or Brij 92 were added to 2 mL of 
isooctane, so the fi nal concentration is 25 mM CTAB and 
25 mM of the nonionic surfactant (Brij 30 or Brij 92).   

   2.     n -hexanol is added to the solution in a proportion to ensure 
that that ratio of [ n -hexanol] to [surfactant] is between 4.8 
and 6.4.   

   3.    This solution must be shaken vigorously and thoroughly mixed 
before adding pH 6.0 phosphate buffer. Phosphate buffer is 
added to reach a desired ratio of [water]–[surfactant] of 4:24.   

   4.    This solution is vortexed until homogeneous.   
   5.    4.5 μl of enzyme solution is added to 1.5 mL of the reverse 

 micelle   solution  above       ( see   Note    5  ).    

3.3  Nonionic/Cationic 
Surfactant  Micelles   
for Stabilization 
of  Lipase      [ 6 ]
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     Catalase is an oxidoreductase enzyme that catalyzing the reaction 
of hydrogen peroxide to water and oxygen. It is a common enzyme 
and has been used here to show the ability to gain increased tem-
perature tolerance with the use of Brij 30  micelles  . As discussed 
above, Brij 30 micelles are nonionic micelles that have been used 
frequently for studying micellar affects and enzyme stabilization.

    1.    A stock solution of 0.1 M Brij 30 in n-heptane is prepared.   
   2.    An aqueous solution of 10 −8  M  catalase   enzyme in pH 7.0 

10 mM phosphate buffer is injected into the stock Brij 30 solu-
tion in proportions so the ratio of [H 2 O]/[surfactant] is 4.5.   

   3.    The mixture should be shaken vigorously until a completely 
transparent solution results.    

4            Notes 

     1.    Mitochondrial malate  dehydrogenase      can also be isolated from 
whole pig heart according to a method in Ref. [ 8 ].   

   2.    Nitrophenyloctanoate can also be synthesized as described in 
Ref. [ 6 ].   

   3.    Simply pipetting the buffer into the AOT solution will not 
form  micelles  . It is important for vigorous mixing to occur. 
Vortexers or other mechanical mixers are  suggested     .   

   4.    Simply pipetting the buffer into the reverse  micelle   solution is 
not suffi cient for incorporation of the protein. It is important 
for vigorous mixing to occur. Vortexers or other mechanical 
mixers are suggested.   

   5.    This solution should become clear within 1 min of gentle shak-
ing or there is a problem with the reverse  micelle   preparation.         
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    Chapter 4   

 Lipase Activation and Stabilization 
in Room-Temperature Ionic Liquids                     

     Joel     L.     Kaar      

  Abstract 

   Widespread interest in the use of room-temperature ionic liquids (RTILs) as solvents in anhydrous biocata-
lytic reactions has largely been met with underwhelming results. Enzymes are frequently inactivated in 
RTILs as a result of the infl uence of solvent on the enzyme’s microenvironment, be it through interacting 
with the enzyme or enzyme-bound water molecules. The purpose of this chapter is to present a rational 
approach to mediate RTIL–enzyme interactions, which is essential if we are to realize the advantages of 
RTILs over conventional solvents for biocatalysis in full. The underlying premise for this approach is the 
stabilization of enzyme structure via multipoint covalent immobilization within a polyurethane foam matrix. 
Additionally, the approach entails the use of salt hydrates to control the level of hydration of the immobi-
lized enzyme, which is critical to the activation of enzymes in nonaqueous media. Although lipase is used as 
a model enzyme, this approach may be effective in activating and stabilizing virtually any enzyme in RTILs.  

  Key words     Nonaqueous biocatalysis  ,   Ionic liquids  ,   Enzyme stabilization  ,   Immobilization  ,   Salt 
hydrates  ,   Water activity  ,   Lipase  ,   Green chemistry  

1      Introduction 

 As  solvents   for anhydrous biocatalysis, room-temperature ionic liq-
uids (RTILs) have generated overwhelming excitement due to 
their combination of highly desirable properties [ 1 – 10 ]. The sig-
nature properties of RTILs include thermal  stability  , nonexistent 
vapor pressure, and remarkable physiochemical fl exibility, the latter 
of which is due to the interchangeability of the cation and anion. 
The intrinsic fl exibility of RTILs is particularly attractive for chemi-
cal processing since RTILs can be rationally designed to dissolve a 
broad range of potential substrates, hence the designation of 
RTILs as  designer solvents . However, to fully exploit the perceived 
benefi ts of RTILs for biocatalysis, strategies for mediating the 
interaction between  solvent   and enzyme are  required     . 

 To date, the use of enzymes in neat RTILs has met with only 
limited success. The RTILs which support enzyme activity are, in 
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almost all cases, those with a dialkyl imidazolium cation with hexa-
fl uorophosphate, tetrafl uoroborate, trifl uoromethylsulfonate, or 
bis(trifl uoromethylsulfonyl)imide anions. The modest results can 
be largely attributed to the propensity of RTILs to associate with 
enzymes, which is not surprising given their ionic composition. 
Structure–activity data from our earlier work suggests the interac-
tion of enzymes and RTILs is anion dependent [ 11 ]. Anions that 
are strongly nucleophilic such as nitrate, acetate, and trifl uoroace-
tate may coordinate with positively charged sites in an enzyme, 
resulting in deactivating conformation changes [ 12 – 19 ]. Likewise, 
RTILs may interact with enzymes through hydrogen bonding net-
works, which can similarly evoke changes in enzyme structure. 
Micaêlo and Soares [ 20 ] have previously showed via molecular 
simulation that the nitrate anion of RTILs forms hydrogen bonds 
with amide groups in the backbone of cutinase. 

  Solvent   effects on enzyme hydration, which infl uences activity, 
 stability  , and specifi city in nonaqueous environments [ 21 ,  22 ], are 
equally important in RTILs. This is because RTILs are highly 
hygroscopic and, as such, may absorb signifi cant amounts of water. 
The adsorption of water, should it exceed the holding capacity of 
(i.e., saturate) the RTIL, may facilitate denaturation of the enzyme 
at the  solvent  –water interface and thus reduce enzyme activity. 
Moreover, it is plausible that RTILs may compete for catalytically 
essential water from an enzyme in the same manner organic  sol-
vents   of similarly high polarity and hydrophilicity do [ 20 ,  23 ]. We 
have previously reported on the impact of thermodynamic water 
activity ( a   w  ), a measure of the amount of enzyme-associated water, 
on enzyme activity in the RTIL 1-butyl-3-methylimidazolium 
hexafl uorophosphate ([bmim][PF 6 ]) [ 24 ]. 

 Incorporation of enzymes into polymers is a conventional 
method of enzyme stabilization that may prevent deactivating con-
formation changes in RTILs. Enzyme-containing polymers are 
prepared by reacting a prepolymer with an enzyme, resulting in 
multipoint  covalent immobilization   of the enzyme within the poly-
mer network. In this way, the enzyme plays the role of a monomer 
in the  polymerization   reaction. The formation of linkages between 
enzyme and polymer restricts the mobility of the enzyme, thereby 
suppressing its unfolding due to environmental pressures. 
Polyurethanes in particular are attractive supports due to their 
rapid and simple preparation and tunable properties that, when 
conjugated to enzymes, yield stable bioplastics [ 25 – 31 ]. Of course, 
stabilization of enzyme structure alone will not suffi ce to markedly 
improve biocatalytic effi ciency if there is too much or too little 
water associated with the enzyme or if inactivation takes place via a 
mechanism that does not involve unfolding, such as oxidation. We 
have also recently shown that RTIL-induced inactivation may be 
prevented by altering the presence of ionizable groups on the 
 surface of enzymes [ 32 – 35 ]. The alteration of surface electrostatics 
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may improve enzyme tolerance to RTILs via weakening ionic and 
hydrophobic interactions with the cation and anion at critical  sites     . 

 In this chapter, a twofold method for improving the activity 
and  stability   of lipase, a classic model enzyme that catalyzes esteri-
fi cation and transesterifi cation reactions in anhydrous media, in 
RTILs is described (Fig.  1a ). First, lipase is immobilized within a 
polyurethane foam matrix as a means of stabilizing enzyme struc-
ture in RTILs. Synthesis of lipase-containing foams is based on the 
reaction between amines, and to a lesser extent hydroxyl groups, 
on the enzyme’s surface with a toluene diisocyanate prepolymer 
(Fig.  1b ). Second, salt hydrates are employed to modulate  a   w   in the 
RTIL. By assaying the activity of immobilized lipase at fi xed  a   w   in 

  Fig. 1    Strategy for lipase activation and  stabilization      in [bmim][PF 6 ]. ( a )  Lipase   is initially immobilized cova-
lently within a polyurethane foam matrix. The  a   w   of the ionic liquid milieu is then modulated by salt hydrates, 
which, via interconversion of the salt between higher and lower hydration states, create a dynamic water 
equilibrium. Water is distributed to the individual reaction components, including enzyme and  solvent  , such 
that the thermodynamic availability of water to each is equivalent. ( b ) Reaction scheme of lipase-immobilized 
polyurethane foam synthesis (adapted from Ref. [ 39 ]). Isocyanate groups in the prepolymer react with water 
to generate carbamic acid, which upon elimination of carbon dioxide, is transformed into an amine. The free 
amine, along with primary amines and hydroxyl functionalities in the enzyme, further react with the isocyanate 
groups to produce a polymer network. The production of carbon dioxide during synthesis causes the polymer 
to expand into a highly porous foam       
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RTILs, the optimal hydration level of the enzyme can be ascer-
tained. The lipase-catalyzed transesterifi cation of methyl  methacry-
late   and 2-ethylhexanol is a convenient model reaction system for 
this purpose. Additionally, stability studies that measure lipase 
activity in water after pre-incubation in RTILs are useful in deter-
mining if the effects of RTILs on enzymes are reversible or perma-
nent. Although not discussed in this chapter, this method may be 
combined with rational modifi cation of enzyme charge to further 
enhance enzyme  stability   in RTILs.

2       Materials 

       1.    Lipase ( Candida antarctica ) type B (Novozym CALB L; 
Novozymes, Denmark). The enzyme does not require further 
purifi cation. Store at −20 °C.   

   2.    Immobilization buffer: 50 mM  bis – tris  propane, 5 mM cal-
cium chloride, pH 7.5 containing 1 % (w/w) Pluronic L62, a 
nonionic surfactant (BASF, Parsippany, NJ, USA).   

   3.    Hypol 3000, a water-miscible polyurethane prepolymer of 
 polyethylene glycol   with toluene diisocyanate reactive groups 
(Dow Chemical, Midland, MI, USA) ( see   Note    1  ).   

   4.    [bmim][PF 6 ] (SACHEM, Austin, TX, USA) ( see   Note    2  ).   
   5.    Transesterifi cation substrates: methyl  methacrylate   and 

2- ethylhexanol ( see   Note    3  ).   
   6.    2-ethylhexyl  methacrylate   standard for following the lipase- 

catalyzed transesterifi cation of methyl methacrylate and 
2- ethylhexanol by gas  chromatography     .   

   7.    Hexane.   
   8.    Salt hydrates: sodium phosphate dibasic dihydrate 

(Na 2 HPO 4  · 2H 2 O); sodium acetate trihydrate (NaAC · 3H 2 O); 
copper (II) sulfate pentahydrate (CuSO 4  · 5H 2 O); sodium pyro-
phosphate decahydrate (Na 4 P 2 O 7  · 10H 2 O); sodium phosphate 
dibasic heptahydrate (Na 2 HPO 4  · 7H 2 O); sodium phosphate 
dibasic dodecahydrate (Na 2 HPO 4  · 12H 2 O) (Table  1 ). Salt 
hydrate pairs are referred to in shorthand notation as the chemi-
cal formula of the salt followed by the number of water molecules 
associated with the higher and lower hydrate (i.e., Na 2 HPO 4  2/0 
refers to the mixture of Na 2 HPO 4  · 2H 2 O and Na 2 HPO 4  · 0H 2 O).

       9.    Lipase  stability   assay buffer: 200 mM Tris buffer, pH 7.7.   
   10.    Olive oil lipase substrate emulsion (Sigma, St. Louis, MO, 

USA): 4.5 mM triolein, 1 M NaCl, 13 % (w/v)  Triton   X-100. 
Store at 4 °C.   

   11.    95 % (v/v) ethanol.   
   12.    0.9 % (w/v) thymolphthalein solution.   
   13.    0.05 N sodium hydroxide.      

2.1  Reagents

Joel L. Kaar
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       1.    Handheld drill and metal oar-shaped mixing head (height 
3.2 cm × diameter 1.3 cm).   

   2.    Sandpaper (grit no. 180).   
   3.    Sonicating water bath.   
   4.    Orbital shaking incubator.   
   5.    1-μL Hamilton syringe.   
   6.    Gas chromatograph equipped with an Alltech (Deerfi eld, IL, 

USA) Econo-Cap 1000 capillary column (length 30 m × inner 
diameter 0.53 mm × fi lm thickness 1.0 μm) and a fl ame ioniza-
tion detector.   

   7.    25-mL glass burette with 0.1 mL graduations.             

3    Methods 

       1.    Initially, add 1 g of lipase to 2.5 mL of immobilization buffer 
in a 50-mL conical plastic tube.   

   2.    Add 2.5 g of Hypol 3000 to the lipase solution, resulting in a 
fi nal concentration of 1 g-prepolymer/mL-buffer.   

   3.    Immediately after adding the polyurethane prepolymer, vigor-
ously mix the biphasic reaction solution using the handheld 
drill for 30 s, or until there is no remaining residual prepoly-
mer, at 2500 rpm. The resulting polymer is a homogenous 
foam, which will expand several times in volume. The timescale 
for the  polymerization   reaction to reach completion is on the 
order of 10 min ( see   Note    4  ).   

2.2  Equipment

3.1  Polyurethane- 
Lipase Polymer 
Synthesis

   Table 1  
  Water activities of salt hydrate pairs  in      [bmim][PF 6 ] at 25 °C as measured using a humidity sensor. The 
values were compared to those of the salt hydrate pairs compiled from the literature from both 
experiment and simulation. (Reproduced from Ref. [ 24 ]) with permission from John Wiley & Sons, Ltd.)   

  a   w   

 Salt Hydrate Pairs  Ref. [ 43 ]  Ref. [ 44 ]  [bmim][PF 6 ] 

 NaI 2/0  0.12  0.07  0.17 

 Na 2 HPO 4  2/0  0.16  -  0.17 

 NaAc 3/0  0.28  0.34  0.28 

 CuSO 4  5/3  0.32  0.42  0.42 

 Na 4 P 2 O 7  10/0  0.49  0.47  0.47 

 Na 2 HPO 4  7/2  0.61  0.61  0.63 

 Na 2 HPO 4  12/7  0.80  0.79  0.78 

Lipase Activation and Stabilization in Room-Temperature Ionic Liquids
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   4.    Allow the lipase-containing polymer to dry overnight in the 
reaction tube, uncovered, at ambient temperature and pres-
sure. After drying, the foam should be stored at 4 °C in order 
to preserve enzymatic activity ( see   Note    5  ).   

   5.    In preparation or use in transesterifcation reactions, grind the 
enzyme-polymer foam into small (submillimeter size) particles 
using the handheld drill with cylindrical bit wrapped with the 
sandpaper. The sandpaper can be attached to the bit using 
double- sided tape or any adhesive material. Low rpm drill 
speed should be employed in attempt to achieve a constant 
particle  size      ( see   Note    6  ).      

       1.    Prepare substrate solutions (2 mL) of methyl  methacrylate   and 
2-ethylhexanol in [bmim][PF 6 ] at a concentration of 
200 mM. Considering the density of [bmim][PF 6 ] (1.38 g/
mL), the solutions are prepared by adding 42.8 μL of methyl 
methacrylate to 2.70 g of [bmim][PF 6 ] and 62.5 μL of 
2- ethylhexanol to 2.67 g of [bmim][PF 6 ]. The solutions 
should be thoroughly mixed, which can be achieved using a 
magnetic stirrer.   

   2.    Pre-equilibrate the reaction components with the salt hydrate 
to obtain the desired  a   w  . Typically, 20–80 mg free or immobi-
lized lipase and 0.4 g salt hydrate are added to 1 mL of the 
2-ethylhexanol solution in a 5-mL Kimble glass vial. In a sepa-
rate vial, 0.8 g of the same salt hydrate is added to 2 mL of 
methyl  methacrylate   solution. The vials are incubated for 1 h 
at 30 °C and 300 rpm in the orbital shaker to achieve the equi-
librium  a   w   ( see   Note    7  ).   

   3.    After pre-equilibration, initiate the reaction by adding 1 mL of 
the methyl  methacrylate   to 1 mL of the solution of 
2- ethylhexanol containing enzyme and salt hydrate. Briefl y 
(15–30 s) sonicate the reaction suspension to disperse the 
enzyme particles after which place the vial containing the reac-
tion in the orbital shaker set at 30 °C and 300 rpm.      

   4.    Sample the reaction by periodically withdrawing 50 μL (69 mg) 
aliquots from the reaction mixture over 1–5 h. Add 100 μL of 
hexane to the aliquot and, using a pipette, repeatedly aspirate 
(~10 times) to extract the transesterifi cation product.         

   5.    Monitor the initial rate of 2-ethylhexyl  methacrylate   formation 
by gas chromatography (GC) analysis of the extraction solu-
tion. For the purpose of this method, it is assumed the capillary 
column has been properly installed in the GC and conditioned 
and that the hydrogen and air fl ows are adjusted to the opti-
mum range and ratio. Helium is used as the carrier gas with a 
pressure setting of 6.5 psi. Typically, 0.5–1.0 μL of the extrac-
tion solution is injected into the GC using a 1:4 split ratio to 

3.2  Lipase-Catalyzed 
Transesterifi cation 
of Methyl  Methacrylate   
and 2-Ethylhexanol in 
[bmim][PF 6 ] at Fixed  a   w  
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dilute the sample. The injector and detector should be set at 
300 °C. The oven program consists of an initial temperature of 
100 °C, which is maintained for 2 min. The temperature is 
then ramped to 160 °C at a rate of 25 °C/min and held for 
3 min. Under these conditions, the retention time for 2-ethyl-
hexyl  methacrylate   is 5.1 min. The concentration of 2-ethyl-
hexyl methacrylate can be determined from the calibration of 
peak area versus 2-ethylhexyl methacrylate concentration. The 
calibration should be made in the presence of the substrates to 
closely match the reaction sampling conditions ( see   Note    8  ).   

   6.    Enzyme activity is typically expressed as the rate of 2-ethyl-
hexyl  methacrylate   formation per unit mass of free or immobi-
lized lipase in the reaction.      

       1.    Add 10 mg free or immobilized lipase to a 5-mL Kimble glass 
vial and subsequently cover with 1 mL (1.38 g) [bmim][PF 6 ]. 
Prepare one vial of the enzyme suspension for each time point 
to be taken.   

   2.    Incubate the enzyme suspension at a specifi ed temperature (i.e., 
30 or 50 °C) while agitating at 300 rpm in the orbital shaker.   

   3.    At each time point, extract the  solvent   from the vial using a 
pipette with care taken to minimize the loss of enzyme.   

    4.    Assay the hydrolytic activity of the enzyme by measuring the 
rate with which it catalyzes the conversion of olive oil triglycer-
ides to  fatty acids   in buffer. Typically, 2.5 mL of deionized water, 
1 mL of lipase  stability   assay buffer, and 3 mL of the olive oil 
substrate were added to the vial containing the enzyme. The 
reaction solution is incubated at 50 °C for 2 h while shaken at 
300 rpm. After incubation, transfer the solution to a 50-mL 
fl ask to which 3 mL of 95 % (v/v) ethanol is then added. To the 
fl ask add approximately 40 μL of the thymolphthalein indicator 
solution and subsequently swirl to mix. Titrate the reaction solu-
tion by adding 0.05 N sodium hydroxide dropwise from the 
burette, stopping to swirl after every few drops, until the solu-
tion turns a faint blue color, marking the titration endpoint ( see  
 Note    9  ). Lipase activity is defi ned as the volume of titrant added 
per unit mass of enzyme in the vial at each time point from 
which that at the time zero incubation point is subtracted. The 
activity at each time point may be normalized to the time zero 
point, thereby yielding relative enzyme  stability         ( see   Note    10  ).       

4              Notes 

     1.    Care should be taken to prevent water from being introduced 
to Hypol 3000 since water will initiate its  polymerization  . 
Accordingly, it is recommended that Hypol 3000 is stored at 
room temperature in a desiccator.   

3.3  Lipase  Stability   
in [bmim][PF 6 ]
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   2.    RTILs should be free of residual halide ions, which can signifi -
cantly reduce enzyme activity. The presence of impurities 
including halides in RTILs is easily detectable since such impu-
rities alter the color of RTILs and, in some cases, impart an 
odor (RTILs, when pure, are colorless and odorless). The purity 
of dialkylimidazolium and pyrrolidinium RTILs can be readily 
confi rmed by UV–Vis spectroscopy [ 36 ]. The characteristic 
spectra of these RTILs do not include any signifi cant absorp-
tion peaks above 350 nm. If required, halide impurities or oth-
ers can be removed from RTILs using activated carbon or silica 
gel [ 36 – 38 ]. Additionally, because RTILs are hygroscopic and 
thus absorb water over time, [bmim][PF 6 ] should also be stored 
at room temperature in a desiccator. Water absorption can sig-
nifi cantly alter the chemical and physical properties of RTILs 
including density, viscosity, and dielectric constant. If required, 
RTILs may be dried under vacuum to remove residual water.   

   3.    All  solvents  , including substrates and hexane, should be of the 
highest purity possible to prevent introducing impurities that 
may inhibit lipase activity and potentially complicate GC analy-
sis by giving rise to additional peaks.   

   4.    Longer mixing times may be required when scaling up the 
immobilization reaction. The required mixing time will also 
differ when using prepolymers with differing hydrophobicity 
[ 39 ]. General, the required mixing time increases with increas-
ing hydrophobicity of the prepolymer. Prepolymers of differ-
ent hydrophobicity may be benefi cial when preparing 
polyurethane foam-immobilized enzymes for different reac-
tion environments (i.e., different RTILs). The hydrophobicity 
of the prepolymer dictates that of the resulting foam. Changes 
in polymer hydrophobicity impact the partitioning of reaction 
substrates and products from the bulk solution to the foam, 
thus effecting enzyme activity. Hence, it is feasible to enhance 
the activity of polyurethane-immobilized biocatalysts in 
 nonaqueous media by tuning the hydrophobicity of the poly-
mer matrix.   

   5.    The extent of lipase immobilization can be determined by 
assaying enzyme leaching from the polyurethane foam. To do 
so, rinse blocks of the lipase-immobilized foam in a large vol-
ume (100–500 mL) of immobilization buffer, with stirring, for 
several hours (~4–6 h minimum) and subsequently assay pro-
tein concentration of the rinsate. Protein concentration can be 
quantifi ed using the Bradford [ 40 ] or bicinchoninic acid [ 41 ] 
methods or spectrophotometrically by measuring protein 
absorption at 280  nm      [ 42 ].   

   6.    Alternatively, the foam can be cut into small pieces using a 
sharp blade or scissors.   
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   7.    Only the higher salt hydrate is added to the substrate solutions 
since the lower hydrate is formed by the release of water. The 
amount of salt hydrate added is variable depending on the sol-
ubility of the salt in the RTIL. Residual amounts of the solid 
salts are required for  a   w   control. The time required to reach the 
equilibrium  a   w   can vary depending on the salt hydrate used 
[ 24 ]. For Na 2 HPO 4  7/2, NaAc 3/0, and Na 2 HPO 4  2/0, a 1 h 
incubation time is suffi cient to achieve the equilibrium  a   w   in 
[bmim][PF 6 ]. On the contrary, longer equilibration times are 
required for the salt hydrate pairs Na 2 HPO 4  12/7 (4 h) and 
Na 4 P 2 O 7  10/0 (>20 h).   

   8.    To ensure the settings of the GC have not changed with time, 
which may alter the retention times and peak size of the reaction 
products, the GC should be calibrated daily by a single point 
calibration; otherwise an internal standard should be used.   

   9.    It is best to do the titration against a white backdrop so as to 
make to the color of the titration solution easily identifi able. As 
the titration endpoint is neared, the solution may appear blue 
upon addition of the indicator dye only to become translucent 
after swirling. The titration should not be stopped until a blue 
tint remains after swirling.   

   10.    Our results found that immobilized forms of lipase retained 
nearly full activity upon incubation in [bmim][PF 6 ] over 24 h at 
30 °C [ 11 ]. Immobilized lipase was considerably less stable in 
RTILs containing [bmim] and 1-methyl-1-(-2- methoxyethyl)
pyrrolidinium ([mmep]) cations with the nitrate anion at the 
same temperature. Interestingly, incubation in select RTILs, 
including [mmep][CH 3 SO 3 ], [bmim][CH 3 CO 2 ], and, [mmep]
[CH 3 CO 2 ], resulted in a signifi cant increase in lipase (Novozym 
435) activity when returned to water. The increased activity of 
the immobilized lipase may be explained by swelling of the 
immobilization support in these RTILs, causing previously 
inaccessible enzyme to be  solvent   exposed and thus an increase 
in active site concentration. While seemingly less likely, it is also 
plausible that the RTIL exposed enzyme has a modifi ed tertiary 
structure with increased activity in  water     .         
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    Chapter 5   

 Nanoporous Gold for Enzyme Immobilization                     

     Keith     J.     Stine     ,     Kenise     Jefferson    , and     Olga     V.     Shulga     

  Abstract 

   Nanoporous gold (NPG) is a material of emerging interest for immobilization of biomolecules,  especially 
enzymes. The material provides a high surface area form of gold that is suitable for physisorption or for 
covalent modifi cation by self-assembled monolayers. The material can be used as a high surface area elec-
trode and with immobilized enzymes can be used for amperometric detection schemes. NPG can be pre-
pared in a variety of formats from alloys containing between 20 and 50 % atomic composition of gold and 
less noble element(s) by dealloying procedures. Materials resembling NPG can be prepared by hydrother-
mal and electrodeposition methods. Related high surface area gold structures have been prepared using 
templating approaches. Covalent enzyme immobilization can be achieved by fi rst forming a self- assembled 
monolayer on NPG bearing a terminal reactive functional group followed by conjugation to the enzyme 
through amide linkages to lysine residues. Enzymes can also be entrapped by physisorption or immobilized 
by electrostatic interactions.  

  Key words     Nanoporous gold  ,   Porous gold  ,   Enzyme immobilization  ,   Self-assembled monolayer  , 
  Bioconjugation  

1      Introduction 

 Nanoporous gold (NPG) has recently joined the variety of gold 
nanostructures upon which the immobilization of biomolecules, 
especially enzymes, is being pursued for applications in sensors and 
assays [ 1 – 5 ], supported synthesis [ 6 ,  7 ], catalysis [ 5 ,  8 ], fuel cells 
[ 9 ,  10 ], and  biofuel cells   [ 11 ,  12 ]. The structure of NPG consists of 
interconnected ligaments and pores of typical average width 
20–200 nm [ 13 – 15 ]. A micrograph of NPG is shown in Fig.  1 . 
NPG combines the attractive features of high surface area, suitabil-
ity for modifi cation using self-assembled monolayers (SAMs)   , use as 
a high surface area electrode, potential to be prepared as a sup-
ported fi lm or as a free-standing structure and possessing a tunable 
pore size over a range of several nm up to about a micron. A recently 
published monograph has surveyed research on  NPG      [ 16 ].

   NPG can be prepared by a number of methods, with the most 
common being the treatment of alloys containing 20-50 atomic 



38

percent gold in a strong acid such as nitric acid to achieve a process 
known as dealloying in which all elements other than gold are oxi-
dized and removed by dissolution [ 13 – 16 ]. The process of  deal-
loying   can also be achieved electrochemically by application of a 
potential positive enough to oxidize the less noble element(s) pres-
ent in the alloy [ 17 – 20 ]. The average pore size of the NPG pro-
duced depends upon the applied potential [ 21 ,  22 ] and also upon 
the dealloying temperature [ 23 ].  Dealloying   at lower temperature 
produces lower average pore diameters, and so does dealloying at 
higher applied potentials. At percentages of gold above 50 %, the 
porous structure does not form and only surface pitting occurs, 
and at too low a percentage of gold the material will fall apart upon 
dealloying [ 24 ]. Although the most commonly chosen alloys from 
which to form NPG are gold + silver alloys due to the nearly identi-
cal lattice parameters of gold and silver and their ideal miscibility, 
NPG has also been obtained by treatment of other gold containing 
alloys such as Au–Zn [ 25 ], Au–Sn [ 26 ,  27 ], Au–Cu [ 28 – 31 ], Au–
Al [ 32 – 36 ], a ternary Au–Pd–Ag alloy [ 37 ] and a multicomponent 
jewelry alloy [ 23 ].  Dealloying   of ternary alloys of Au–Pd–Ag [ 38 ] 
produced a nanoporous Au–Pd alloy, and dealloying of Ag–Au–Pt 
alloy with 6 % Pt produced NPG with pores below 5 nm in size 
[ 39 ]. Surface areas for NPG reported by BET (Brunauer–Emmett–
Teller) nitrogen gas adsorption isotherm analysis are typically 
4–10 m 2 /g [ 40 ,  41 ]. Pore size distributions have been reported 
based on the Barrett–Joyner–Halenda analysis [ 42 ]. 

 The mechanism of  dealloying   has been described as a spinodal 
decomposition process occurring at the alloy-solution interface 
[ 43 ,  44 ]. During the earliest stages of dealloying, the interface 
consists of gold islands and exposed alloy. As the ions of the less 

  Fig. 1    Electron micrograph of nanoporous  gold      obtained using a low-voltage fi eld 
emission scanning electron microscope (JEOL JSM 6320F) at a magnifi cation of 
100,000× and a voltage of 5 kV. The scale bar in the lower left corner represents 
200 nm. The  sample      was obtained by  dealloying   in nitric acid as reported in ref. [ 40 ]       
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noble element(s) diffuse away into solution, the gold islands 
become undercut as ridges and ligaments begin to form. This pro-
cess proceeds into the alloy until the fi nal structure of randomly 
interconnected Au ligaments is obtained. The three dimensional 
structure of NPG has been confi rmed using transmission electron 
tomography [ 13 ]. The average pore size of NPG can be adjusted 
by annealing at elevated temperature with longer annealing time 
resulting in a larger increase in the average pore size [ 15 ,  42 ,  45 ]. 
Exposure to acid for longer periods also results in a gradually 
increasing average pore size [ 14 ]. While such annealing decreases 
the surface area, it is of interest for studying the effects of pore size 
on molecular diffusion and accommodation of biomolecules of dif-
ferent sizes inside  NPG     . 

 The number of studies of enzyme immobilization on NPG is 
steadily growing. Studies of enzyme immobilization on micropo-
rous gold electrodes prepared by deposition of gold onto colloidal 
particle templates [ 46 – 48 ] and on gold nanowires [ 49 ,  50 ] or 
nanotubes [ 51 ] prepared using template methods are a related 
group of studies. Some studies that have been stated as being on 
porous gold are actually on highly rough forms of gold or “gold 
black” [ 52 ]. A process of multiple potential scans applied to a gold 
electrode in a ZnCl 2  + benzyl alcohol solution was reported to pro-
duce a material resembling NPG [ 53 ]. In another approach, reduc-
tion of an Au salt by formaldehyde following by treatment at high 
temperature resulting in a material resembling NPG [ 54 ]. Materials 
prepared by other hydrothermal [ 55 ] or direct electrodeposition 
procedures without  dealloying   often resemble interconnected 
porous networks of nanoparticles [ 56 ,  57 ]. Electrodeposition from 
0.1 M HAuCl 4  in 0–3 M NH 4 Cl yielded a foam-like morphology 
of Au with a multimodal pore size [ 57 ]. In this chapter, recent 
approaches to enzyme immobilization on NPG and some closely 
similar Au nanomaterials are described. Studies using these materi-
als are in their early stages and much remains to be learned about 
the optimal usage of NPG for enzyme immobilization before opti-
mal protocols can be confi dently prescribed. For example, the dis-
tribution of protein immobilized inside macroscopic pieces of 
NPG was examined by atomic force microscopy and was found to 
depend on whether immobilization occurred under static or fl ow- 
through conditions [ 58 ]. 

 Studies of the immobilization of enzymes on  NPG      obtained by 
 dealloying   have recently appeared for enzymes  laccase   [ 11 ,  12 ,  55 , 
 56 ,  59 – 61 ], bilirubin oxidase [ 62 ,  63 ],  glucose oxidase   [ 64 – 66 ], 
 acetylcholinesterase   [ 40 ,  67 ],  lipase   [ 68 ,  69 ], lignin peroxidase [ 70 ], 
xylanase [ 71 ], horseradish peroxidase [ 69 ],  catalase   [ 69 ], cutinase 
[ 72 ], alkaline phosphatase conjugated to IgG monoclonal antibody 
[ 4 ,  73 ] and also to the lectin Concanavalin A [ 74 ]. Redox proteins 
whose immobilization has been studied include photosystem I [ 32 ], 
hemoglobin [ 54 ], and  cytochrome  c    [ 36 ,  62 ]. Methods of 
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immobilization used have included physisorption, electrostatic 
immobilization, and conjugation to self-assembled  monolayers   bear-
ing a terminal functional group such as a carboxylic acid. Knowledge 
of the dimensions of the enzyme and the location of the lysine resi-
dues and the active site is of value towards understanding the possi-
ble orientation(s) of the enzyme at the NPG surface. Lysine residues 
are especially important as they may provide a fairly strong immobi-
lization simply through attractive gold—amine interactions or can 
be used for covalent conjugation to carboxylic acid-terminated 
 SAMs  . NPG pore size obtained in many preparations of the material 
falls in a range of 20–200 nm which should be large enough to read-
ily accommodate entry and diffusion of many enzymes for immobi-
lization. Furthermore, the subsequent diffusion of small molecule 
substrates in and products out of the NPG is possible. The interior 
of NPG presents surfaces of primarily positive curvature along the 
ligaments but also regions of negative curvature near branches in the 
ligament structure presenting a different environment for enzyme 
immobilization. Many details concerning biomolecule immobiliza-
tion within NPG remain to be studied. Below, efforts to immobilize 
enzymes on NPG are summarized according to some of the enzymes 
that have been of greatest interest.       

   Laccase, a multicopper oxidase which acts on many substrates and 
concomitantly reduces oxygen to water, is important in developing 
cathodes for  biofuel cells   [ 75 ]. Laccase was immobilized onto NPG 
prepared from alloy foils of either 25 μm or 100 nm thickness that 
were dealloyed in concentrated nitric acid.  Dealloying   of 100 nm 
foils referred to commonly as “gold leaf,” produces a structure with 
a small number of spanning ligaments [ 14 ]. In this study, the thin 
NPG was used to construct an electrode, while the thicker NPG 
was used for studies of enzyme loading and  stability   [ 11 ]. NPG of 
pore size 10–20 nm was found to result from 1 h acid treatment, 
while a 40–50 nm average pore size resulted from 17 h acid treat-
ment. Annealing at 200 °C for 1 h increased the average pore size 
to 90–100 nm. The amount of laccase adsorbed was determined by 
applying the Bradford assay [ 79 ] to the supernatant solution and 
washings after immobilization to determine the decrease in enzyme 
concentration that could be attributable to its loading onto the 
NPG. Application of such a solution depletion approach clearly 
requires exposure of the volume of enzyme solution to an NPG 
sample of suffi cient surface area such that the solution concentra-
tion is diminished to a readily measured extent. NPG samples allow 
for  kinetics   of the immobilized enzyme to be studied using standard 
methods and determination of the  Michaelis–Menten   parameters 
 K  m  and  V  max , and also  k  cat  provided that the amount of immobilized 
enzyme has been determined. It was found that the amount of  lac-
case   loaded was lower for the sample with 10–20 nm pore size due 
to restricted entry of 7 nm diameter hydrated laccase while the 
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loading onto the other two samples was similar. Activity was mea-
sured spectrophotometrically by following the decrease in absor-
bance at 470 nm using the substrate 2,6-dimethoxyphenol. 
Measurement of the mass loading of enzyme into NPG via the 
Bradford assay was combined with measurements of the rate of sub-
strate conversion to yield enzyme activity for the immobilized 
enzyme. The sample of largest pore size was the most subject to loss 
of laccase by leaching. The thermal  stability   of the immobilized 
enzyme was much improved over that of the enzyme in solution. 
The electrocatalytic reduction of oxygen was clearly observed for 
the thin NPG fi xed onto a  glassy carbon   electrode surface and the 
electrode response was unchanged after 1 month of storage. In a 
following study [ 12 ], the same lab compared physisorption with 
electrostatic immobilization and covalent immobilization. The 
enzyme loading achieved by electrostatic immobilization was half 
that of physisorption or  covalent immobilization   which were found 
to be similar. The similarity of enzyme loading for physisorption to 
covalent coupling to a lipoic acid self-assembled  monolayer   was 
accounted for by noting that  laccase   has 8 lysine residues that could 
form strong associations with a gold surface resulting in physisorp-
tion having a signifi cant covalent nature of its own. The  specifi c 
activity   of the enzyme was found to be the same for all three meth-
ods. NPG prepared in the form of free-standing plates is a some-
what brittle material that can be easily crushed into fragments or 
pulverized into micron–sized particles. Comparison of the  kinetic   
parameters for a full plate with crushed and pulverized plates 
revealed that  K  m  decreased for smaller NPG fragment size. The 
value of  K  m  for immobilized enzymes inside porous materials is 
often interpreted as an effective  K  m  infl uenced by restricted diffu-
sion of substrate molecules within the  pores        . 

  Laccase   was physisorbed onto NPG by drop casting a solution 
of the enzyme followed by drying under vacuum and then 
entrapped by applying a hydrophilic epoxy coating over the elec-
trode surface [ 60 ]. The NPG was prepared by  dealloying   an 
Ag + Au alloy that had been co-sputtered onto an Au layer on a 
Ti-adhesion layer primed glass. An onset potential for catalytic 
reduction of oxygen near 650 mV (vs. Ag|AgCl) was observed, 
which agreed with the potential expected for the T1 copper site of 
the enzyme. The catalytic activity of the enzyme was about 40 % 
higher at 37 °C than at 25 °C. If the enzyme was drop cast from a 
solution that also contained a polymer with side-chains bearing 
 osmium   complexes, the activity was threefold greater, attributed to 
an improved effi ciency of electron transfer. 

 Immobilization of  laccase   by physisorption onto 
4- aminothiophenol modifi ed NPG was found to increase enzyme 
thermal  stability   [ 61 ]. At 50 °C and pH 5, the free enzyme lost 70 % 
of its activity in 2 h, the enzyme on NPG alone lost 20 %, and the 
enzyme on the SAM-modifi ed NPG lost 10 % of its activity. On NPG, 
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immobilized  laccase   showed one reversible broad pair of oxidation 
and reduction peaks centered near 0.13 V (vs. SHE), while on the 
modifi ed NPG a pair of broad reversible peaks centered near +0.26 
and +0.55 V were observed. The presence of the 4-aminothiophenol 
was concluded as promoting electron transfer from the T1 copper 
site in laccase. 

 A material referred to as “highly porous gold” (hPG) was pro-
duced by two-step electrodeposition from HAuCl 4  solution onto 
gold yielding a morphology like that of an open-celled foam and 
possessing a very broad pore size distribution ranging from 10 nm 
to 30 μm [ 56 ]. A novel method of slow potential cycling (1 mV/s 
between 0.42 and 0.60 V, vs. SCE) was found to yield greater 
immobilization of  glucose oxidase   directly onto the material than 
simple physisorption. While the  K  m  value for the glucose oxidase 
on hPG was lower than that in solution (6.3 mM vs. 27 mM), 
activity was seen to decrease in 24 h by 35 % attributed to coarsen-
ing of the Au nanostructure.  Laccase   was immobilized onto hPG 
that was fi rst modifi ed to present amine groups by adsorption of 
p-phenyldiazonium salt whose reduction was stated as yielding an 
Au–phenyl bond, followed by reduction of the terminal nitro 
groups to amines. The combination of the two enzyme-modifi ed 
hPG electrodes was used to produce a  biofuel cell   with a power 
density of 6 μW/cm 2  at 0.2 V (vs. SCE) in 27.8 mM glucose in 
aerated pH 7 phosphate-buffered  saline     . 

 A macroporous gold fi lm, prepared by drop casting a solution 
of gold “supraspheres,” each of ~500 nm diameter prepared in 
solution by reduction of HAuCl 4  in the presence of bovine serum 
albumin, onto a fl uorine doped indium tin oxide electrode fol-
lowed by calcining at 450 °C, was used for immobilization of lac-
case [ 55 ]. The Au supraspheres were composed of 20 nm Au 
nanoparticles held together by protein. The resulting pore sizes 
were in the 1–3 μm range. Immobilization of  laccase   to create the 
biocathode was achieved by electrochemical reduction of 
p- nitrophenyl diazonium salt onto the surface to form an Au–phe-
nyl bond, followed by reduction of the nitro groups to amines. 
The surface was then immersed in 6-mercapto-1-hexanol to fi ll in 
uncovered Au spots.  Laccase   was immobilized using EDC/NHS 
coupling, with the laccase fi rst exposed to NaIO 4  to oxidize sugars 
on laccase glycans. 

 NPG prepared by co-sputtering of a 300 nm thick Ag 67 Au 33  
layer onto a 100 nm thick Au layer adhered to glass by a 10 nm 
thick Ti adhesion layer followed by acid  dealloying   was used for the 
immobilization of both  cytochrome  c    and bilirubin oxidase from 
 Myrothecium verrucaria  ( Mv BOD) [ 63 ]. Bilirubin oxidase is 
another multicopper oxidase important in  biofuel cell   develop-
ment [ 75 ].  Cytochrome  c    was used as a test enzyme for comparing 
direct electron  transfer   on NPG and fl at Au, and the  Mv BOD was 
noted as useful for creating a biocathode. The cytochrome  c  
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enzyme exhibited minor deviations from ideal behavior when 
covalently immobilized by amide linkage through lysines onto 
mixed  SAMs   with terminal carboxylic acid groups. The surface 
coverage of enzyme was enhanced over that on a fl at Au electrode 
of the same geometric area (0.28 cm radius) by factors of 9–11; 
however, a signifi cant fraction of the NPG surface was found to be 
not accessible for enzyme modifi cation. The immobilization of 
 Mv BOD on NPG by drop casting it from a solution containing an 
 osmium  -based  redox polymer  , a cross-linker, and a  mediator   was 
successful and yielded stable and substantial currents (500 μA/cm 2  
in unstirred solution) for oxygen reduction to water.       

 Bilirubin oxidase was also immobilized on NPG by physisorp-
tion achieved by placing a drop of the enzyme in solution on the 
NPG electrode supported on glass [ 63 ] and then drying under 
vacuum. After enzyme physisorption, a hydrophilic epoxy layer was 
applied to entrap the enzyme.  Direct electron transfer   was observed 
in oxygen saturated 0.1 M citrate-phosphate buffer at pH 7. It was 
concluded that the oxygen reduction reaction was diffusion lim-
ited. The onset potential for O 2  reduction near 500 mV (vs. 
Ag|AgCl (sat’d KCl)) was consistent with the expected potential of 
460 mV for the T1 active site of the enzyme. 

 The behavior of both  laccase   and  glucose oxidase   immobilized 
by adsorption onto NPG electrodes of 40 nm average pore diam-
eter fi rst surface modifi ed with 4-aminothiophenol was investi-
gated in air-saturated buffer of pH 5 to create a miniature  biofuel 
cell   [ 59 ]. The amount of enzyme adsorbed was determined by 
applying the Bradford assay to the supernatant. Electrochemical 
behavior was compared with and without a 4-aminothiophenol 
SAM on the NPG using cyclic  voltammetry     .  Laccase   showed broad 
reversible oxidation and reduction peaks on the SAM-modifi ed 
NPG but with some peak splitting attributed to different environ-
ments for two of the copper centers; in contrast, no peak splitting 
was seen for the enzyme physisorbed on NPG. For glucose oxi-
dase, oxidation and reduction peaks were seen only on the SAM- 
modifi ed NPG. Use of the  laccase   and  glucose oxidase   electrodes 
together to make a  biofuel cell   gave a power density of 52 μW/cm 2  
at 0.21 V (vs. SHE) in 100 mM glucose at pH 5. The enzymes 
were more stable on NPG than on fl at gold due to the confi ne-
ment effect provided by NPG.     

   Given the long and ongoing interest in electrochemical glucose 
sensors, immobilization of  glucose oxidase   on NPG has also begun 
to be pursued. The  covalent immobilization   of glucose oxidase on 
NPG was studied as a function of pore size [ 64 ]. NPG was prepared 
from alloy leaf that was Au 35 Ag 65  in composition. The dealloyed leaf 
was supported on  glassy carbon   electrodes. The NPG was surface 
modifi ed in tetrahydrofuran solution with the reactive linker 
dithiobis(succinimidyl undecanoate) for 10 h followed by linking to 
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glucose oxidase (1 mg/ml in PBS for 5 h). The  amperometric   
response of the electrodes to H 2 O 2  at −0.2 V was found to be great-
est for the smaller pore size of 18 nm vs. pore sizes of 30, 40, and 
50 nm. For glucose sensing, the best response was for the 30 nm 
pore size. Glucose response was linear over the range 3–8 mM and 
the detection limit was 10 μM, with negligible interference from 
uric acid (0.1 mM) or ascorbic acid (20 μM). The enzyme electrode 
retained 90 % of its activity after 4 weeks of  storage     . 

 NPG prepared by  dealloying   100 nm thick 12 carat Au leaf was 
attached to a  glassy carbon   electrode and then modifi ed with a 
SAM of cysteamine, cross-linked with  glutaraldehyde   and then 
used to covalently immobilize  glucose oxidase   [ 65 ]. The perfor-
mance as a glucose sensor was examined using two different  medi-
ators   to shuttle electrons between the enzyme cofactor  FAD   in the 
active site and the electrode surface. It was found that 
p- benzoquinone, for which both the oxidized and reduced forms 
are neutral and inner sphere electron transfer occurs on the Au 
surface, gave almost threefold greater sensitivity to glucose than 
use of ferrocene carboxylic acid as a  mediator  , which undergoes 
outer sphere electron transfer. The lower sensitivity when  ferro-
cence   carboxylic acid (1.35 vs. 3.53 μA/cm 2 /mM) was used as a 
mediator was attributed to electrostatic repulsion of the positively 
charged ferrocenium form. Determination of diffusion coeffi cients 
for the  mediators   led to the conclusion that only the outer regions 
of the NPG were involved in these fast redox reactions. 

 Given that it is known that NPG can itself promote the elec-
trocatalytic oxidation of glucose initiated by hydroxide adsorption 
on gold [ 76 ], the possible synergistic oxidation of glucose by NPG 
and by  glucose oxidase   immobilized on NPG was investigated 
[ 66 ].  Glucose oxidase   was physisorbed onto NPG of average pore 
diameter 35 nm, in accordance with a theory [ 77 ] that enzyme 
stabilization would be maximal in a cage that is 2–6× the protein 
size. The NPG electrode, prepared by  dealloying   12 carat Au leaf 
and then attaching to  glassy carbon   electrode, was immersed in 
glucose oxidase (2000 U/ml, where U = unit of activity defi ned as 
oxidizing 1 mM β-D-glucose to D-glucolactone and H 2 O 2  per 
minute at 35 °C and pH 5.1) in PBS (50 mM, pH 6.8) for 72 h. 
The glucose oxidase loaded NPG showed an oxidation peak near 
0.4 V and a reduction peak near 0.3 V (vs. SCE) in deaerated PBS 
in the absence of glucose. Addition of glucose resulted in large 
oxidation peaks at both of these potentials. Such peaks were not 
seen using the NPG electrode alone. At 0.3 V, the peak current 
density was linear with glucose concentration over the range 
50 μM–10 mM, and a high sensitivity of 12.1 mA/cm 2 /mM was 
observed along with a detection limit of 1.02 μM.       

 It is possible to prepare nanowires of NPG by fi rst electro-
depositing the gold and silver alloy into a template such as anod-
ized aluminum disks which presents a regular array of pores of 
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controllable diameter, with 100–200 nm being typical, of and up 
to microns in length, in aluminum oxide [ 41 ,  83 ,  84 ]. To establish 
the needed electrical contact for electrodeposition, a thin conduct-
ing metal layer is deposited on one side of the membrane. The 
template may be dissolved in KOH and then the nanowires deal-
loyed in acid to produce NPG nanowires. Using anodized alumi-
num, electrodeposition from HAuCl 4  containing solution can 
produce a nanostructure similar to NPG constituted of a loose but 
cohesive packing of nanoparticles [ 85 ]. The dissolution of the 
template left an NPG array on a gold fi lm support that could be 
used as an electrode.  Glucose oxidase   was immobilized by physi-
sorption at 4 °C for 24 h and found to perform effectively as a 
glucose  biosensor   based upon  amperometric   detection of H 2 O 2 . 
NPG left in the alumina template has been proposed for use as a 
fl ow-through composite membrane [ 84 ].  

    Acetylcholinesterase   is of high interest in sensors for detection of 
organophosphorous compounds such as pesticides or various nerve 
agents. The enzyme was immobilized onto NPG [ 40 ] by physi-
sorption onto samples of differing average pore size (50–100 nm 
versus 200 nm) prepared by treating macroscopic plates of a 10 
carat gold foil (41.8 atomic% gold) of 250 μm thickness in nitric 
acid for either 24 h or 72 h. Cross-sectional SEM images con-
fi rmed that the nanoporous structure was present throughout the 
interior of an NPG free-standing plate of this thickness. Longer 
immersion in strong acid promotes annealing towards larger pore 
sizes. Enzyme  kinetics   was studied using the Ellman assay with 
acetylthiocholine as the substrate. A comparison was made of NPG 
samples studied either as intact plates of dimension 
2.0 mm × 2.0 mm × 0.25 mm or crushed into fragments. The value 
of  K  m  was found to increase from 0.08 mM in solution to 0.26 mM 
for the enzyme on the 50–100 nm pore size NPG and to 0.15 mM 
for the enzyme on the 200 nm pore size NPG. It was found that 
 K  m  values for intact plates and crushed plates of the 24 h acid- 
treated NPG were similar, with  K  m  = 0.32 mM for a plate crushed 
before immobilization and  K  m  = 0.28 mM for a plate crushed after 
immobilization. Enzyme loading, as judged by the values of  V  max , 
was signifi cantly larger for both crushed samples. In the case of the 
sample crushed prior to adsorption, crushing facilitated increased 
enzyme adsorption while crushing after adsorption enhanced 
enzyme accessibility to the substrate.  K  m  values were observed to 
increase over 6 days of testing, with a greater increase observed for 
the enzyme on the 200 nm NPG to 2.1 mM. The enzyme loading 
was determined by analyzing the reduction in activity of the super-
natant compared to the initial solution and assuming unchanged 
 kinetic   parameters in the solution. Submonolayer coverages of 
enzyme were found, dependent on the concentration of the bulk 
enzyme solution. Using measured  V  max  values and estimated 
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enzyme loading, it was determined that  k  cat  for  acetylcholinesterase   
was strongly reduced from the observed value in solution upon 
adsorption onto NPG.          

 NPG modifi ed with multi-walled  carbon nanotubes   (MWCNT) 
was used for the immobilization of acetylcholinesterase to create a 
sensor for organophosphates using the pesticide malathion as a test 
substrate [ 67 ]. In this case, the NPG was prepared by a repetitive 
alloying/ dealloying   process applied to a gold electrode by electro-
chemical cycling in ZnCl 2  dissolved in benzyl alcohol (25 cycles 
between 1.8 V and −0.8 V (vs. Zn)). MWCNTs were shortened by 
refl ux in HNO 3  and carboxylic acid groups were also introduced at 
each end. The NPG was then surface modifi ed with cysteamine 
and exposed to a solution of MWCNTs. After immobilization of 
the MWCNTs, the NPG was exposed to a solution of  acetylcholin-
esterase   by drop casting and drying. Action of the enzyme on the 
substrate acetylthiocholine produces thiocholine whose oxidation 
at the Au surface can be detected  amperometrically  . The enzyme 
electrode in the presence of this substrate generated a large cata-
lytic current peak near 913 mV (vs. SCE). Inhibition of the peak 
current by malathion gave a detection limit of 0.5 ng/ml and a 
linear range from 1 to 500 ng/ ml     .     

   More recently, investigation of a wider range of enzymes on NPG 
for various applications has begun to be reported. Immobilization 
of  lipase   on NPG was successfully used to make an electrochemical 
sensor for triglycerides [ 68 ]. The enzyme was physisorbed for 72 h 
on an electrode prepared by attachment of acid dealloyed 12 carat 
Au leaf onto a  glassy carbon   electrode. Substrates of tributyrin, 
olive oil, and human serum samples were tested. The hydrolysis of 
the triglycerides released protons whose reduction was detected by 
electron transfer through gold to glassy carbon. Use of the elec-
trode gave values for the amount of triglycerides in serum samples 
in good agreement with a standard lab analysis. 

 Lignin peroxidase was immobilized on NPG of 40–50 nm aver-
age pore diameter by physisorption [ 70 ]. The immobilized enzyme 
lost about 20 % of its activity in one hour at 45 °C compared to free 
enzyme which lost almost all its activity. The immobilized enzyme 
was found to be effective at decolorization of dye molecules includ-
ing fuchsine, rhodamine B, and pyrogallol red, meant to demon-
strate that the immobilized enzyme could be useful for degrading 
aromatic pollutants in water. The immobilized enzyme retained 
95 % of its activity when stored at 4 °C for a month.       

 The enzyme xylanase, useful for hemicellulose conversion in 
industrial processes, was immobilized on NPG (formed by  dealloy-
ing   25 μm thick Au 42 Ag 58  alloy foil in concentrated HNO 3 ) by 
physisorption (10 mg/ml xylanase in 0.2 M pH 6.5 phosphate 
buffer for 38 h) [ 71 ]. X-ray photoelectron spectroscopy (XPS) 
data indicated a role for formation of Au–S bonds involving 
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cysteine residues. The activity of the immobilized enzyme was 
studied using xylan as the substrate and determining the amount of 
xylose produced by stopping the reaction with 3,5-dintrosalicylic 
acid, which reacts with reducing sugars, and measuring the absor-
bance at 550 nm. Immobilization increased  K  m  from 0.12 to 
0.27 mM, and decreased  k  cat  from 4024 min −1  to 3539 min −1 . The 
amount of immobilized enzyme was determined by analysis of 
supernatant solution using the Bradford assay. 

 For the dual applications of removal of Pb 2+  and degradation of 
toxic di(ethylhexyl)phthalate from drinking water, the enzyme 
cutinase was immobilized on NPG (average pore size 35.8 nm, 
specifi c surface area of 11.5 m 2 /g by BET analysis) that was fi rst 
surface modifi ed with poylethyleneimine (20,000 average molecu-
lar weight) [ 72 ]. The NPG was surface modifi ed with lipoic acid 
and then treated with chloroacetylchlorine in pyridine/chloroform 
to activate the surface followed by exposure to the polymer in 
DMF. Cutinase was then physically adsorbed and its activity con-
fi rmed by hydrolysis of p-nitrophenyl butyrate by observing the 
p-nitrophenol product by its absorbance at 405 nm. The enzyme 
and polymer loaded NPG was effective at removing Pb 2+  from 
drinking water and at degrading di(ethylhexyl)phthalate by hydro-
lysis to 1,3 isobenzofurandione, a nontoxic by-product.       

 NPG prepared by  dealloying   25 μm thick alloy foil of composi-
tion Au 22 Ag 78  was used to immobilized  lipase  ,  catalase  , and horse-
radish peroxidase by physisorption [ 69 ]. The enzyme loading was 
determined by analyzing the supernatant and collected washings of 
the enzyme-loaded NPG using the Bradford assay. The NPG pre-
pared had an average pore size of 35 nm and a specifi c surface area 
of 14 m 2 /g. Enzyme activity was studied using p-nitrophenyl pal-
mitate as the substrate for lipase and pyrogallol as the substrate for 
horseradish peroxidase. The activity of catalase was assayed indi-
rectly by stopping the reaction with ammonium molybdate which 
forms a complex with hydrogen peroxide. Conversion of soybean 
oil to biodiesel was demonstrated using the immobilized lipase. 
XPS data gave evidence for Au–S and Au–N interaction which 
could result in strong attachment of the enzymes to the Au surface 
after simple physisorption.  

   NPG has also become of interest for immobilization of antibodies 
or antibody–enzyme conjugates for applications in immunoassays. 
NPG has been used as a support for an immunoassay for prostate 
specifi c antigen (PSA) based on the immobilization of a monoclo-
nal antibody conjugated to the enzyme alkaline phosphatase [ 4 ]. 
NPG was prepared as a ~10 μm thick coating on a gold wire by 
electrodeposition of a gold + silver alloy of 20 atomic% gold fol-
lowed by  dealloying   in nitric acid. The antibody–enzyme conju-
gate was linked by the EDC coupling reaction to a self-assembled 
 monolayer   of lipoic acid formed on the NPG. This immunoassay 
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was based on the principle of inhibition of enzyme activity upon 
antigen binding with enzyme activity assessed using p-nitrophenyl 
phosphate as the substrate and spectrophotometric detection of 
p-nitrophenolate product at 410 nm. The assay was found to 
respond linearly to PSA up to 20 ng/ml with a detection limit of 
0.1 ng/ml. In a prior related study [ 80 ,  81 ], gold-coated nylon 
membranes were used to develop a colorimetric ELISA for human 
chorionic gonadotropin (hCG).       

 NPG prepared by  dealloying   in HNO 3  Au–Ag alloy that was 
electrodeposited onto 0.2 mm diameter Au wire to a thickness of 
~10 μm on gold wire electrodes was surface modifi ed with  SAMs   
of lipoic acid and used to create electrochemical  biosensors   for PSA 
and CEA [ 73 ]. Conjugates of IgG monoclonal antibodies with 
alkaline phosphatase were covalently linked to the lipoic acid SAMs 
by EDC/NHS coupling. The production of p-aminophenol prod-
uct from p-aminophenylphosphate substrate was determined using 
the square wave  voltammetry   peak current for oxidation of 
p- aminophenol to p-quinoneimine near 0.2 V (vs. Ag|AgCl). 
Binding of the PSA or CEA antigen resulted in a reduction in the 
peak current that was proportional to the antigen concentration. 
The linear range for PSA response extended up to 30 ng/ml and 
for CEA extended up to 10 ng/ml. The detection limit for PSA 
was 0.75 ng/ml and was 0.015 ng/ml for CEA. 

 Similarly prepared NPG electrodes were used to immobilize 
conjugates of lectin Concanavalin A and alkaline phosphatase onto 
lipoic acid  SAMs   [ 74 ]. Using square-wave  voltammetry   and 
p- aminophenylphosphate substrate, response to binding of the 
glycoproteins transferrin or IgG was measured through the 
decrease in the peak current associated with substrate conversion. 
Competitive assays were achieved using immobilized glycoprotein 
and competition between glycoprotein and lectin–enzyme conju-
gate in solution for binding to the surface.  

   The large protein complex photosystem I responsible for photo-
synthesis in green plants was immobilized on NPG gold leaf elec-
trodes [ 78 ]. These electrodes were prepared by fl oating 12 carat 
gold leaf onto nitric acid from a glass slide and then transferring it 
back onto the glass slide and letting it fl oat off again onto distilled 
water. The gold leaf is only ~100 nm thick and must be handled 
with care. After  dealloying  , it was transferred to a Si substrate mod-
ifi ed with a 125 nm gold fi lm prepared by thermal evaporation and 
modifi ed with a self-assembled  monolayer   of 1,6-hexanedithiol. 
The exposed thiol group served to bond the NPG piece onto the 
gold substrate. The NPG pieces were also transferred to gold slides 
modifi ed with a self-assembled monolayer of mercaptopropyltri-
methoxysilane to which they would bond. The NPG was then 
modifi ed with aminoethanethiol which was then reacted with tere-
phtaldialdehyde. The surface of exposed aldehydes was used to 
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react with lysines of photosystem I to bind it to the surface. 
Photoelectrochemical measurements confi rmed an increase in 
photocurrent of 3–7 times that observed for a similarly modifi ed 
fl at gold surface. The pore size of the NPG used was mostly 
50–100 nm, large enough to accommodate the photosystem I 
complex of dimensions ~10 nm × 14 nm. The methods used of 
fl oating gold leaf onto acid and retrieving it by transfer dipping 
onto glass slides or silicon are related to methods for manipulating 
these very thin gold leaf materials introduced by  Ding      [ 14 ]. 

 A material resembling NPG was prepared by creating a positively 
charged surface by fi rst adsorbing the cationic polymer 
poly(diallyldimethylammonium) chloride onto a glass slide [ 82 ]. 
Gold nanoparticles of 5 nm diameter were then adsorbed by electro-
static attraction followed by 1,5-pentanedithiol and adsorption of 
10 nm silver nanoparticles. After alternation of adsorption of 1,5-pen-
tanedithiol and gold and silver nanoparticles for multiple cycles, the 
silver nanoparticles were oxidized by addition of HAuCl 4  according 
to the reaction: AuCl 4  −  (aq) + 3 Ag(s) → Au (s) + 3 Ag +  (aq) + 4 Cl −  
(aq) in the presence of 3 M NaCl. The resulting structure displays a 
morphology that resembles ligaments with a particulate appearance. 
 Cytochrome  c    was adsorbed at 4 °C for 30 min. Direct electrochem-
istry of  cytochrome    c  was observed and the adsorbed enzyme was 
effective as an  amperometric   sensor for H 2 O 2 . 

 Hemoglobin immobilized on a highly porous Au was found to 
display direct electron  transfer   in cyclic voltammograms that was 
not observed on a fl at Au electrode [ 54 ]. The protein was immo-
bilized by adsorption from an aqueous solution that also contained 
 chitosan  . The immobilized hemoglobin showed catalytic reduc-
tion of H 2 O 2  and was highly effective as a  biosensor   with a detec-
tion limit of 0.02 μM and a linear range from 0.05 to 200 μM. The 
highly porous Au was formed by heating a HCl etched Ti plate in 
an autoclave with a solution of HAuCl 4  and formaldehyde fol-
lowed by calcining at 250 °C under argon. SEM showed the sur-
face to have a porous open structure of interconnected nanoparticles 
of average size 22 nm forming pores up to hundreds of nm in size. 

 A material closely related to NPG which presents gold in a 
microporous form has been prepared by fi rst forming ordered lat-
tices of 500 nm diameter colloidal latex particles by depositing a 
small volume of the particle suspension onto a Pt disk and allowing 
the water to evaporate [ 82 ]. After placing the disk in a commercial 
gold-plating solution, a negative potential is applied. The latex par-
ticles are dissolved out using tetrahydrofuran leaving a fairly regu-
lar honeycomb like gold structure, but with all of the spherical 
cavities interconnected by openings between them. The presence 
of the interconnections between the hollow spherical regions was 
later confi rmed by focused ion beam tomography [ 83 ]. The sur-
face area of this “macroporous” gold electrode was estimated by 
the charge passed during gold oxide stripping. The thickness of the 
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gold microstructure is controlled by the amount of charge passed 
during the electrodeposition step and is specifi ed as an odd integer 
number of half sphere layers since the outermost layer represents 
gold deposited only up to half of the depth of the outermost col-
loidal particle. The macroporous gold electrode was modifi ed by 
strong physisorption of a nitrofl uorenone (TNF)        mediator   bearing 
two nitrile groups that could interact with the gold surfaces [ 46 ]. 
The formation of a monolayer of the mediator was concluded from 
 cyclic voltammetry     , and the mediator was quite active towards cat-
alyzing the oxidation of NADH to NAD + . More precise control 
over the number of layers in the colloidal template has been 
reported using the Langmuir–Blodgett technique which results in 
fewer defects in the template than obtained by the evaporation 
technique [ 47 ,  48 ]. The resulting macroporous gold electrode was 
used to adsorb the TNF  mediator   and then the cofactor NAD +  via 
Ca 2+  bridges. The enzyme glucose  dehydrogenase      and its substrate 
glucose were then added into the solution. An increase in the cata-
lytic current arising from the reoxidation of  NADH   formed in the 
enzymatic oxidation of glucose back to NAD +  was observed. In an 
additional [ 48 ], the enzyme was truly immobilized either by  cross- 
linking   with  glutaraldehyde   or by entrapment in an “electrodeposi-
tion paint” [ 86 ,  87 ] which is a polymer that becomes insoluble 
under the infl uence of sudden decrease in pH brought on by a 
potential pulse which oxidizes water produces protons near the 
electrode surface. 

 Studies of enzyme immobilization have used gold nanowires 
prepared by electrodeposition into templates such as anodized alu-
minum followed by dissolution of the template to release the 
nanowires [ 49 ,  50 ]. Electrodeposition strategies in templates have 
also been used to produce gold nanotubes [ 51 ]. Gold nanowires of 
250 nm diameter and 10 μm length were dispersed into a  glucose 
oxidase   solution and the enzyme adsorbed overnight at 4 °C [ 49 ]. 
The enzyme modifi ed nanowires were then dispersed into a solu-
tion of  chitosan   and the resulting dispersion cast onto a  glassy car-
bon   electrode surface.  Covalent attachment   of  glucose oxidase   to 
gold nanowires modifi ed by self-assembled  monolayers   of mercap-
topropionic acid treated with 2 mM EDC and 2 mM NHS in pH 
3.5 buffer was used to create an  amperometric   glucose  sensor      [ 50 ]. 
Covalent attachment of the enzyme to a cystamine self-assembled 
monolayer using  glutaraldehyd  e followed by reaction with enzyme 
produced a sensor also, but the attachment to mercaptopropionic 
acid gave a higher response to glucose. The resulting electrode was 
effective as a glucose sensor using  amperometric   detection of 
H 2 O 2 . An array of gold nanotubes was produced by electroless 
deposition of gold onto a track-etched polycarbonate template 
having pores of diameter 460 nm and thickness 20 μm [ 51 ]. The 
template was dissolved using dichloromethane. The enzyme horse-
radish peroxidase was covalently immobilized by two strategies 
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using different self-assembled  monolayers  . Conjugation to mono-
layers of 2-mercaptoethylamine on the nanotube assembly was 
achieved by fi rst activating the surface with  glutaraldehyde   fol-
lowed by reaction with the enzyme in phosphate buffer. 
Conjugation to monolayers of mercaptopropionic acid was accom-
plished by fi rst treating the surface with 2 mM EDC and 5 mM 
NHS in a pH 3.5 buffer to produced NHS ester groups that were 
then allowed to react with the enzyme in phosphate buffer. The 
resulting structure performed with high selectivity as an  ampero-
metric   sensor for H 2 O 2 . 

 A recent study reported the fi rst demonstration of direct 
entrapment of an enzyme (acid phosphatase) inside nanostruc-
tured silver or gold prepared by reducing metal ions directly in the 
presence of the enzyme [ 88 ]. Reduction was achieved by reaction 
with zinc powder followed by fi ltering of the precipitate. The 
enzyme entrapped inside the metallic precipitate could be pressed 
into a coin shape. Micrographs revealed an NPG like morphology 
for the silver material showing ligaments but a more bushy struc-
ture for the gold material. The enzyme was found to be active and 
its  stability   was improved by entrapment.         

2    Materials 

 The materials referred to below are primarily those for experiments 
reported for enzyme immobilization on NPG obtained by  dealloy-
ing   procedures. 

       1.    Electrodeposition of gold-silver alloy solution: 50 mM potas-
sium dicyanoaurate (KAu(CN) 2 , Sigma-Aldrich) dissolved in 
0.1 M sodium carbonate (Na 2 CO 3 ) (Fisher Scientifi c, 
Certifi ed), 50 mM potassium dicyanoargentate (KAg(CN) 2 , 
Sigma- Aldrich) dissolved in 0.1 M sodium carbonate 
(Na 2 CO 3 ). Combine volumes of these two solutions in the 
ratio required to achieve the desired Ag–Au ratio in solution 
which is expected to correspond closely to the ratio obtained 
in the electrodeposited alloy prepared using the procedure in 
section 3.2.   

   2.    Thioctic acid: 100 mM α-lipoic acid in ethanol.   
   3.    Mercaptopropionic acid: 2.0 mM in ethanol.   
   4.    Cysteamine: 2.0 mM in ethanol.   
   5.    Hexanedithiol: 20 mM hexanedithiol in ethanol.   
   6.    Mercaptopropyltrimethoxysilane: 5.0 mM in hexane ( see   Note 1 ).   
   7.    EDC: 5 mM  N -ethyl- N ′-(3-dimethylaminopropyl)carbodi-

imide (EDC) in acetonitrile.   

2.1  Solutions 
and Other Chemicals
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   8.    EDC/NHS in buffer: 2 mM EDC and 5 mM  N - 
hydroxysuccinimide (NHS) in 50 mM MES ( N - 
morpholinoethanesulfonic acid) buffer (pH 3.5).   

   9.    EDC/NHS in water: 75 mM EDC and 15 mM  N - 
hydroxysuccinimide (NHS) in water.   

   10.     Glutaraldehyde  : 25 % in water.         
   11.    MES buffer:  N -morpholinoethanesulfonic acid (MES) (pH 

3.5, 50 mM).   
   12.    Phosphate buffer: 0.1 M phosphate buffer (pH 7.0).   
   13.    Phosphate-citrate buffer: 0.1 M phosphate-citric acid buffer 

(pH 6.8).   
   14.    BCA assay kit and or Bradford reagent.      

       1.    For preparation of NPG free-standing plate: 10 carat white 
gold sheet (41.8 atomic percent gold, available in various 
thicknesses, Hoover and Strong, Richmond, VA).   

   2.    Wire substrate for deposition of NPG precursor alloy: gold wire, 
99.9 %, 0.008″ diameter (Electron Microscopy Sciences, PA).   

   3.    For preparation of ultrathin fl oating NPG: Gold leaf product 
(9–12 carat) from Sepp Leaf products (New York) such as 
Monarch brand 12 carat white gold leaf (also available from: 
  www.fi neartstore.com    ); Graphite roller for transferring to and 
from surface of nitric acid solution and water, or alternately a 
glass microscope slide may be used. If a graphite roller is used for 
transfer, then the nitric acid should be placed in a fl at glass tray 
of width slightly greater than that of the roller. If the glass slide 
is to be used, then a beaker of suffi cient depth is adequate.   

   4.    Gold-coated slides for transfer of NPG leaf onto an adhesive 
support: Platypus Technologies offers gold-coated microscope 
slides, coverslips, mica, or silicon (Madison, WI); Asylum 
Research Gold 200C, Gold 500C slides (Santa Barbara, CA). 
Other suppliers may offer similar products. Either titanium or 
chromium adhesion layers should be suitable for this purpose.            

       1.    Enzymes discussed above as having been immobilized on NPG 
and related materials:  glucose oxidase  ,  laccase  , horseradish peroxi-
dase, and alkaline phosphatase are commercially available; photo-
system I must be extracted from spinach leaves per ref. [ 79 ].   

   2.    Alkaline phosphatase conjugated to a monoclonal antibody 
against prostate specifi c actigen (Fitzgerald Industries, 
Concord, MA) was prepared using the alkaline phosphatase 
labeling kit LK12-10 available from Dojindo Molecular 
Technologies Inc. (Rockville, MD) and following the instruc-
tions included with the kit, as noted in ref. [ 4 ]. The kit may be 
used to label other antibodies as well.      

2.2  Materials 
Specifi cally for NPG 
Preparation

2.3  Enzymes
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   The most accessible routes to obtaining NPG are by  dealloying   a 
gold + silver alloy formed by electrodeposition onto a substrate to 
which it will adhere (such as a gold surface or adhesion layer), or by 
starting with a commercially available low carat gold alloy piece (9–12 
carat, sheet, wire, etc..) cut to the desired dimensions and treating it 
with strong acid. Methods based on sputter-coating or vacuum depo-
sition to create NPG fi lms on substrates are not described here since 
they require expensive and generally specially constructed vacuum 
apparatus. A potentiostat such as Ametek Princeton Applied Research 
model 2273 or 2263 (Oak Ridge, TN) or equivalent such as CH 
Instruments 600D series (Austin, TX) capable of chronoamperome-
try is suitable for electrodeposition. A standard three-electrode elec-
trochemical cell with a silver–silver chloride reference electrode and Pt 
wire counter-electrode may be used (CH Instruments, Austin, TX). 

 It will be essential to have access to a scanning electron micros-
copy (SEM) with suffi cient resolution to obtain images of the 
NPG produced to confi rm the porous structure and to character-
ize pore size. Sample handling is straightforward since gold is an 
excellent sample for SEM contrast. No preparation other than 
thorough rinsing and drying is needed prior to imaging. A low-
voltage fi eld emission SEM such as JSM 6320F (JEOL Inc., 
Peabody, MA) is optimal. If available, an accessory for energy dis-
persive X-ray analysis (EDAX) can be used to confi rm the presence 
of only gold after  dealloying  .         

3    Methods 

       1.    Macroscopic free-standing pieces of NPG may be prepared by 
cutting a piece of the alloy foil (or wire) of the desired dimen-
sions and immersing in concentrated nitric acid for at least 
24 h. This should be carried out in a covered beaker or dish in 
a fume hood.   

   2.    After  dealloying  , the material will have a brownish bronze 
color. The material will no longer be ductile but can be han-
dled using tweezers. Upon removal from acid, the NPG should 
be thoroughly rinsed with high purity water by multiple cycles 
of soaking and removal from water to remove residual acid and 
dissolved nitrate salts ( see   Note 2 ).   

   3.    The material should be dried under vacuum, especially if it is to 
be used in a  solvent   other than water ( see   Note 3 ).      

       1.    An NPG electrode can be prepared by electrodepositing a gold 
and silver alloy onto a conductive substrate such as a gold wire 
electrode or a fl at gold electrode from a solution prepared by 
combining solutions of 50 mM KAu(CN) 2  or 50 mM 
KAg(CN) 2  in 0.10 M Na 2 CO 3  in the desired ratio; solutions 

2.4  Instrumentation 
for NPG Preparation 
by Electrodeposition

3.1  Preparation 
of Free-Standing 
Nanoporous Gold Plate

3.2  Preparation 
of NPG Coating 
on a Gold Wire 
or Standard Flat Gold 
Electrode
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combined in a 1:5 to 2:3 volume ratio will yield alloys that will 
generate NPG after acid treatment.         

   2.    Using a standard three electrode cell and a potentiostat, appli-
cation of a potential of −1.2 V for 10 min will produce a 
gold + silver alloy of approximately 10 μm thickness [ 4 ,  41 ]. 
The composition of the alloy should be very close to the mole 
ratio of gold and silver cyanide ions in solution.   

   3.     Dealloying   may then be achieved by immersion in concentrated 
nitric acid for 2 h followed by rinsing. Dealloying may also be 
achieved electrochemically by applying a potential near or above 
the critical potential for  dealloying   which is 0.90 V (vs. NHE, 
normal hydrogen electrode) for an alloy of 20 atomic% gold, 80 
atomic% silver in 0.1 M perchloric acid [ 17 ,  18 ].      

       1.    Carefully lay a piece of gold leaf ( see   Note 4 ) on the surface of 
a graphite roller or microscope slide. Handle the gold leaf care-
fully using fl at head tweezers.   

   2.    Partially fi ll a rectangular glass tray with concentrated nitric acid.   
   3.    Roll the graphite cylinder partly immersed in the acid along 

the tray such that the NPG fl oats off onto the acid.   
   4.    The  dealloying   should take place quickly due to the thin nature 

of the sample; 15 min should be suffi cient [ 14 ].   
   5.    Using the graphite roller, transfer the dealloyed sheet which is 

now the NPG sample back onto the roller.   
   6.    The NPG sheet may be rolled off to fl oat on water for rinsing 

and then recovered. If it is wished to transfer the NPG onto a 
substrate to which it will adhere, this can be a glass slide func-
tionalized with mercaptopropyltrimethoxysilane monolayer 
prepared by exposure to a 5 mM solution in hexane for 1 h at 
60 °C. A glass slide or silicon wafer onto which a chromium 
adhesion layer followed by a gold layer have been thermally 
evaporated with subsequent modifi cation with a self-assembled 
 monolayer   of hexanedithiol (20 mM in ethanol for 24 h) may 
also be used. The preparation of these gold-coated slides in- 
house requires use of a thermal evaporator or a sputter coater 
and is highly nontrivial. Commercially prepared gold-coated 
substrates may be purchased directly, as described above.            

   Immobilization of an enzyme by simple physisorption is typically 
accomplished by immersing the NPG overnight at 4 °C in a solu-
tion of the enzyme in a buffer appropriate for the enzyme followed 
by removal and rinsing.  

   The isoelectric point of the enzyme must be known [ 12 ]. A positively 
charged surface may be used to electrostatically immobilize an enzyme 
from a buffer of pH > pI where the enzyme is negatively charge. 
A negatively charged surface may be used to immobilize an enzyme at 

3.3  Preparation 
of NPG Free- Floating 
Piece from Gold Leaf 
Material

3.4  Enzyme 
Immobilization 
by Physisorption

3.5  Enzyme 
Immobilization 
by Electrostatic 
Immobilization
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pH < pI where the enzyme is of positively charged. Immobilization of 
 laccase   (pI = 3.5) has been accomplished from 50 mM buffers of 
pH = 4–8. The NPG was fi rst treated with  methylene blue  , a cationic 
dye molecule that will form an adsorbed monolayer on NPG. The 
methylene blue was adsorbed from a 1.0 mM solution for 24 h at 
4 °C. The reported amount of enzyme adsorbed by this method 
increases with pH. This method results in enzyme loading that is 
much less stable to leaching than physisorption or covalent coupling.  

       1.    Immerse the NPG sample in the 100 mM thiooctic acid solu-
tion for 15–24 h at room temperature. Alternatively, a 1.0 mM 
solution of lipoic acid in water. A solution of mercaptopropi-
onic acid or similar carboxylic acid terminated alkanethiol in 
ethanol (2 mM) may also be used.   

   2.    Remove the NPG sample and rinse thoroughly with water. It 
also is useful to soak the sample in water to allow unbound 
molecules to diffuse out of the pores of the sample.   

   3.    Immerse the sample into an aqueous solution of 75 mM EDC 
and 15 mM NHS for 10 h at room temperature. Variations on 
the EDC/NHS activation of the carboxylic acid groups of self- 
assembled  monolayers   have been reported, including applica-
tion of 2 mM EDC and 5 mM NHS in an MES buffer (pH 
3.5) for 2 h to achieve activation.   

   4.    Remove the sample and rinse thoroughly with water.   
   5.    Immerse the sample into a solution of the desired enzyme 

(1 mg/ml typical concentration) in phosphate buffer (pH 7.0) 
for 24 h at 4 °C.   

   6.    Remove sample and rinse thoroughly with buffer.            

       1.    Immerse the NPG sample in 100 mM lipoic acid in ethanol for 
15 h at room temperature.   

   2.    Remove the sample and rinse thoroughly with ethanol and 
then dry under vacuum.   

   3.    Immerse the sample in 5 mM EDC in acetonitrile for 5 h at 
room temperature.   

   4.    Remove the sample and rinse thoroughly with water.   
   5.    Immediately immerse the sample in a solution of the enzyme 

(1 mg/ml typical concentration) in 0.1 M phosphate buffer at 
pH 7.0 for 24 h at 4 °C.      

       1.    Immerse the NPG sample into a 2 mM solution of mercapto-
ethylamine in ethanol for 15–24 h at room temperature.   

   2.    Remove the sample and rinse thoroughly with ethanol.   
   3.    Dilute a portion of a commercial  glutaraldehyde   solution (25 % in 

water) with 0.1 M phosphate buffer of pH 7.0 by a factor of 100.   

3.6  Enzyme 
Immobilization 
by Covalent Coupling 
Reaction Using EDC/
NHS

3.7  Enzyme 
Immobilization 
by Covalent Coupling 
Reaction Using EDC 
in Acetonitrile [ 4 ,  81 ]

3.8  Enzyme 
Immobilization 
by Covalent Coupling 
Reaction Using 
 Glutaraldehyde  
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   4.    Immerse the sample into the diluted  glutaraldehyde   solution 
for 2 h at room temperature.   

   5.    Remove the sample and rinse thoroughly with water.   
   6.    Immerse the sample into a solution of the enzyme (1 mg/ml 

typical concentration) for 15–24 h at 4 °C.   
   7.    Remove the sample and rinse thoroughly with water.            

       1.    The well-known BCA assay or Bradford assay is recommended 
[ 79 ]. Compatibility of the chosen assay method with the protein 
should be checked; for example, the BCA assay gives anomalous 
results for cysteine rich proteins and the Bradford assay does for 
arginine rich proteins. Assay kits are available along with instruc-
tions for their use. Access to a UV–visible spectrometer is required 
such as a Cary 50 (Varian Products, Palo Alto, CA).   

   2.    Conduct an assay of the protein concentration in the initial 
enzyme solution       ( See   Note 5 ). The enzyme should be pre-
pared in a buffer solution that is compatible with the selected 
assay method [ 79 ] in both the nature and concentrations of its 
components.       

   3.    Carry out the enzyme immobilization procedure using the 
prepared enzyme solution.   

   4.    Retain the supernatant solution remaining after enzyme 
immobilization.   

   5.    Rinse the NPG sample with buffer and determine the volume 
collected.   

   6.    Conduct an assay of the protein concentration in the superna-
tant solution and that collected by rinsing. The amount of pro-
tein lost upon immobilization can be determined in micrograms 
from the concentration difference and known volumes. Using 
the mass of the NPG sample, enzyme loading in terms of mass 
of enzyme per gram of NPG may be determined. In order to 
determine a surface coverage of enzyme in the NPG, data on 
the surface area of the prepared NPG in m 2 /g is required.       

4    Notes 

     1.    The use of ethanol from plastic bottles should be avoided for self-
assembled  monolayer   formation. Plasticizers are likely to contami-
nate the gold surface and interfere with monolayer formation. 
The use of HPLC grade  solvents   in general is recommended for 
solutions to be used for self-assembled monolayer formation.   

   2.    NPG may be stored indefi nitely under pure  solvent   or buffer. 
However, should the buffer become contaminated, SEM 

3.9  Characterization 
of Enzyme Loading 
Using Protein 
Concentration Assay
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imaging may show micron sized dark cylindrical objects scat-
tered across the surface that are most likely bacteria.         

   3.    NPG has a strong tendency to retain water and this water is 
not easily replaced by other solvents. Drying the NPG under 
 vacuum is the best way to remove the trapped water prior to 
use of NPG in another  solvent  .   

   4.    Gold leaf is a fragile material, especially after  dealloying   and is 
best handled in the absence of any air currents.   

   5.    The volume and concentration of enzyme solution and amount 
of NPG added must be considered carefully if it is desired to 
determine enzyme surface loading using a protein concentration 
assay. It is desirable that the amount of enzyme loaded into the 
NPG deplete the enzyme solution by a signifi cant and readily 
measured amount in the vicinity of 10–40 %. This consideration is 
aided by an estimate of the gold surface area in the sample found 
by using its mass multiplied by its surface area in m 2 /g.               
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    Chapter 6   

 Enzyme Stabilization via Bio-Templated Silicifi cation 
Reactions                     

     Glenn     R.     Johnson     and     Heather     R.     Luckarift      

  Abstract 

   Effective entrapment of enzymes in solid phase materials is critical to their practical application. The 
entrapment generally stabilizes biological activity compared to soluble molecules and the material simpli-
fi es catalyst integration compared to other methods. A silica sol-gel process based upon biological mecha-
nisms of inorganic material formation (biomineralization) supports protein immobilization reactions 
within minutes. The material has high protein binding capacity and the catalytic activity of the enzyme is 
retained. We have demonstrated that both oligopeptides and selected proteins will mediate the biominer-
alization of silica and allow effective co-encapsulation of other proteins present in the reaction mixture. 
The detailed methods described here provide a simple and effective approach for molecular biologists, 
biochemists and bioengineers to create stable, solid phase biocatalysts that may be integrated within sen-
sors, synthetic processes, reactive barriers, energy conversion, and other biotechnology concepts.  

  Key words     Lysozyme  ,   Biomineralization  ,   Silica  ,   Sol-gel  ,   Biosensor  ,   Biocatalysis  ,   Enzyme immobili-
zation  ,   Butyrylcholinesterase  ,   Silicifi cation  

1      Introduction 

 There are many well established conventional  sol-gel   chemistries 
for encapsulating proteins [ 1 ,  2 ]. The earliest report appeared 
when Dickey used the materials he designed for specifi c adsorption 
of organic dyes to trap catalase, urease, and  cytochrome C   in silica 
and each appeared to retain functional conformations [ 3 ]. The ini-
tial experiments showed promise, but the limitations of classic sol- 
gel processes for protein  encapsulation   include harsh alkaline or 
acidic conditions, denaturation by alcohols, limited porosity and 
“shrinking” of the matrix as it cures, and relatively long develop-
ment time (hours to days) for the material to undergo poly con-
densation and cure to the fi nal product [ 4 ]. Since that time, the 
sol-gel concept has been extensively explored and a series of modi-
fi cations has enhanced biocompatibility of the process and the fi n-
ished material [ 5 ]. Two signifi cant hurdles still remain using 
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conventional chemistries; the curing time required for maturation 
of conventional sol-gels and the marginal binding/trapping of 
protein in many  instances  . 

 Organisms form complexes containing inorganic materials 
using a process generically referred to as “biomineralization.” 
Examples of the fi nal materials include bone, invertebrate exoskel-
etons, egg shells, and teeth [ 6 ]. Marine diatom cell walls form in a 
biomineralization process in which anionic polypeptides (silaffi ns) 
control precipitation of silica nanospheres from solutions of silicic 
acid in membrane vesicles within the organism [ 7 ,  8 ]. The process 
can be reproduced in vitro using synthetic peptides in a rapid reac-
tion to yield uniformly sized (~500 nm) silica spheres [ 9 ]. If an 
additional enzyme is present in the reaction solution, it is effec-
tively trapped within the nanosphere architecture [ 10 ,  11 ]. 

 In vitro biomineralization is similar to the  sol-gel   process, but also 
holds great advantages for the entrapment of biological molecules. 
Both methods occur at ambient temperatures and can be adapted to 
limit co-solvents and contact with acid or base catalysts; aspects that 
help preserve biological activity. The conventional sol- gels are nearly 
solid polymers after curing. The silica formed during the biomimetic 
reaction is a mesoporous material (pore size 2–50 nm) with a compa-
rably open architecture. That openness allows for better diffusion of 
molecules into biomimetic silica, which will result in high catalytic 
activities of the immobilized proteins. The biomineralization initially 
yields silica nanospheres (≈8 nm dia), which aggregate to form a rasp-
berry-like architecture for the fi nal silica form [ 12 ]. The speed and ease 
of the biomimetic reaction is a huge benefi t compared to the hours or 
days of curing time for conventional reactions. In addition, the silica 
 encapsulation   reaction can be modifi ed to coat surfaces with fi lms of 
enzymes or to make particles/powder that contains enzymes. Lastly, 
the weight protein binding capacity for biomimetic silica is signifi cantly 
greater than any of the conventional methods described to  date   [ 13 ].  

2    Materials 

 All standard laboratory reagents are available from Sigma-Aldrich 
(St. Louis, MO) or Fisher Scientifi c (Pittsburgh, PA) unless other-
wise stated. 

          1.    Silicifi cation buffer: Mix 520 mL of 0.1 M monobasic potas-
sium phosphate, (13.6 g/L) with 480 mL of 0.1 N NaOH 
(4 g/L). Confi rm that the pH is 8 and store at room tempera-
ture. If needed, add drops of 1 M NaOH or 1 M HCl to adjust 
the pH as required ( see   Note    1  ).   

   2.    Stock solution of 1 M HCl: Add 8.2 mL of concentrated HCl 
(37.5 %) to 100 mL DI water ( see   Notes    2   and   3  ).  Caution: 
Always add acid to water.  Dilute the 1 M stock (1 mL into 

2.1  Silicifi cation 
Reaction with R5 
Peptide
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1 L) to give a working concentration of 1 mM HCl which can 
be stored at room temperature.   

   3.    Stock solution of 1 M tetramethylorthosilicate (TMOS): mix 
0.148 mL of (98 %) TMOS with 0.852 mL of 1 mM HCl ( see  
 Note    4  ).  Caution: TMOS is toxic and should be handled 
with care in a fume hood. Gloves and eyewear should be 
worn and exposure should be limited.  The TMOS solution 
is not immediately miscible; so mix well on a vortex until com-
pletely homogeneous ( see   Note    5  ).   

   4.    Stock solution of R5 peptide (sequence H 2 N- SSKKSGSY
SGSKGSKRRIL- COOH; New England Peptides, crude purity 
with no terminal modifi cations): dissolve peptide in DI water 
to give a fi nal concentration of 100 mg/ mL  .   

   5.    Stock solution of butyrylcholinesterase: dissolve butyrylcholin-
esterase (EC 3.1.1.8) [highly purifi ed lyophilized powder from 
equine serum containing approximately 50 % protein and activ-
ity of 1200 units/mg protein] in silicifi cation buffer to give 
50 units/mL (based on the nominal units of activity as desig-
nated by the supplier). Store at −20 °C in small (e.g., 100 μL) 
aliquots, for future use.      

       1.    Stock solution of indophenyl acetate: dissolve 0.375 g of indo-
phenyl acetate in 25 mL of ethanol to give a fi nal concentra-
tion of 6.2 × 10 −4  M. Dilute 0.1 mL stock solution in 10 mL 
silicifi cation buffer (pH 8). [The extinction coeffi cient of indo-
phenyl acetate is 3.98 M −1  cm −1  at 460 nm and 15.8 M −1  cm −1  
at 270 nm] [ 14 ] ( see   Note    6  ).      

       1.    Silicifi cation buffer: as described in Subheading  2.1 ,  item 1 .   
   2.    Solution of 1 mM HCl: as described in Subheading  2.1 ,  item 2 .   
   3.    Stock solution of 1 M tetramethylorthosilicate (TMOS): as 

described in Subheading  2.1 ,  item 3 .   
   4.    Stock solution of hen egg white lysozyme (hereafter, lysozyme) 

is dissolved in silicifi cation buffer to give a fi nal concentration 
of 100 mg/mL.      

        1.    Dilution buffer: Add 87 g of K 2 HPO 4  to 0.5 L of DI water to 
give 1 M dibasic potassium phosphate. Add 68 g of KH 2 PO 4  
to 0.5 L of DI water to give 1 M monobasic potassium phos-
phate. Mix 61.5 mL of the 1 M dibasic with 38.5 mL of the 
1 M monobasic and make up to 1 L with DI water to give 
100 M potassium phosphate buffer, pH7. Confi rm that the 
pH is 7 and store at room  temperature  .   

   2.    Using Pierce ®  bicinchoninic acid (BCA) protein assay kit 
(Pierce, Thermo Scientifi c, Rockford, IL), prepare working 
reagent by adding 50 mL reagent A to 1 mL of green reagent B 
and mix well ( see   Note    7  ).   

2.2  Butyrylcho-
linesterase  Activity 
Assay  

2.3  Silicifi cation 
Reaction with Hen Egg 
White Lysozyme

2.4  Measurement 
of Protein 
Concentration
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   3.    Accurately prepare a solution of lysozyme at 2 mg/mL [or use 
the standard bovine serum albumin provided in the assay kit] 
( see   Note    8  ). From the stock solution, prepare a series of dilu-
tions as described in Table  1 .

       4.    Samples for analysis must be diluted in dilution buffer to fi t 
within the working range of the assay kit (20–2000 μg/mL) 
( see   Note    10  ).      

       1.    Add 0.015 g  Micrococcus lysodeikticus  cells (ATCC 4698; 
lyophilized cells) and 0.1 g of bovine serum albumin to 100 mL 
of 100 mM phosphate buffer, (pH 7) ( see   Note    11  ).   

   2.    A standard solution of lysozyme is prepared in dilution buffer 
at a fi nal concentration of 100 μg/mL.   

   3.    Using the protein concentrations determined from the BCA 
assay (Subheading  2.4 ), prepare dilutions of silica samples in 
dilution buffer to give a fi nal concentration of 100 μg/mL.      

       1.     Micrococcus  agar plates: Add 5 g agar (Difco™ granulated agar, 
BD, Franklin Lakes, NJ) to 500 mL of 100 mM, potassium 
phosphate buffer (pH 7) and autoclave at 121 °C for 15 min 
( see   Note    12  ). After sterilization, allow the agar to cool to 
~60 °C and add 0.5 mg/mL  Micrococcus lysodeikticus  cells and 
mix well ( see   Note    13  ). Pour plates immediately and allow to 
set and dry ( see   Note    14  ).   

   2.    Sterilize BBL™ blank paper disks, (6 mm diameter; BD) by 
autoclaving at 121 °C for 15 min.       

2.5  Enzymatic Assay 
of Lysozyme: Liquid 
Assay

2.6  Enzymatic Assay 
of Lysozyme: Plate 
Assay

   Table 1  
  Preparation of diluted protein standards   

 Vial 
 Volume of diluent ( see   Note    9  ) 
(μL) 

 Volume of lysozyme 
stock 

 Final lysozyme concentration
(μg/mL) 

 A  0  300 μL of stock  2000 

 B  125  375 μL of stock  1500 

 C  325  325 μL of stock  1000 

 D  175  175 μL of vial B  750 

 E  325  325 μL of vial C  500 

 F  325  325 μL of vial E  250 

 G  325  325 μL of vial F  125 

 H  400  100 μL of vial G  25 

 I  400  0 μL  0 (Blank) 

Glenn R. Johnson and Heather R. Luckarift



65

3     Methods   

 The following will help outline the speed, ease and effectiveness of 
the biomimetic silica reaction for construction of solid-phase biocata-
lysts. In the example procedures, two different template molecules 
will act as  mediators   of silica formation. The fi rst template (R5) is 
derived from the natural silaffi n protein from diatoms [ 7 ,  8 ,  15 ]. In 
the second example, lysozyme serves as the template [ 16 ]. In the 
second approach, the catalytically active lysozyme is entrapped in the 
matrix, providing an added functionality to the materials (which is 
also outlined in the description). Likewise, the silica architecture will 
still accommodate a co-encapsulated biocatalyst [ 17 ]. Other peptides 
will mediate in vitro silica mineralization [ 18 ], and if appropriately 
selected, also add functionality to the material [ 19 ]. The alternate 
template methods may infl uence the morphology and intrinsic bio-
chemistry of the material and these factors offer several questions that 
could be explored further. This method highlights  encapsulation   of 
butyrylcholinesterase as the model enzyme. In practice, the researcher 
will substitute their biocatalyst of interest. Recent work demonstrates 
the general applicability of the method with several classes of enzyme 
and invites additional investigation to test its potential [ 13 ]. 

         1.    In a 2 mL microcentrifuge tube (or other suitable container) 
( see   Note    15  ), mix 0.8 mL of silicifi cation buffer with 0.1 mL 
R5 peptide stock (100 mg/mL).   

   2.    Add 0.1 mL TMOS (1 M) to the microcentrifuge tube and 
shake briefl y (10 s) on a vortex mixer. Silica formation occurs 
rapidly and will be evident by the transparent solution chang-
ing to a white opaque suspension (Fig.  1 ). Leave for 5 min.

       3.    Place the microcentrifuge tube (now containing the silica sus-
pension) directly into a centrifuge and spin at 14,000 ×  g  for 
5 min to collect the silica precipitate ( see   Note    16  ).   

   4.    Remove the supernatant with a plastic or glass pipette, transfer 
to a microcentrifuge tube and store on ice for protein  analysis   
(Subheading  3.4 ).   

   5.    Add 1 mL of silicifi cation buffer to the silica pellet and mix 
well until the silica is resuspended ( see   Note    17  ).   

   6.    Centrifuge again at 14,000 ×  g  for 5 min and repeat this wash 
 step 3  times in total. Save the wash fractions after each step 
and store on ice for analysis.   

   7.    Resuspend the silica pellet in 0.8 mL of silicifi cation buffer and 
use for subsequent enzyme assays.      

       1.    In a 2 mL microcentrifuge tube (or other suitable container) ( see  
 Note    15  ), mix 0.8 mL of butyrylcholinesterase (50 units/mL in 
silicifi cation buffer) with 0.1 mL R5 peptide stock (100 mg/mL).   

   2.    Follow  steps 2 – 6  as described in Subheading  3.1 ,  step 1 . Save the 
supernatant and wash fractions after each step and store on ice for 

3.1  Silicifi cation 
Reaction with R5 
Peptide

3.2   Encapsulation   
of Butyrylcho-
linesterase in Peptide-
Mediated Silica
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analysis. These fractions contain the residual butyrylcholinesterase 
and can be used to measure the effi ciency of  encapsulation  .   

   3.    Resuspend the silica pellet in 0.8 mL of silicifi cation buffer and 
use for subsequent enzyme assays ( see   Note    18  ).      

   In this chapter, the  encapsulation   of butyrylcholinesterase is 
described with associated enzyme assays to exemplify the encapsu-
lation technique and to demonstrate the modifi cations to conven-
tional enzyme assays that may be required when measuring the 
activity of the silica-encapsulated enzyme. Protein determination 
of the encapsulated enzyme, for example, cannot be measured 
directly due to the interfering presence of the template (R5) pep-
tide, which will also react with the protein determination reagent. 
The techniques described are adaptable, but enzyme activity deter-
mination must be replaced with relevant assays.

    1.    For the soluble enzyme samples of butyrylcholinesterase; add 
100 μL of (50 units/mL) butyrylcholinesterase to 0.9 mL 
 silicifi cation buffer in a 1 mL cuvette and mix well. Add 10 μL 
of 0.2 mM indophenyl acetate and mix well by repeated pipet-
ting. Monitor the absorbance at 630 nm after 2 min and record 
the value.   

   2.    By varying the concentration of butyrylcholinesterase (units) 
in  step 1 , a calibration curve can be generated using the  absor-
bance   reading at 630 nm (at 2 min) vs. butyrylcholinesterase 
concentration, as shown in Fig.  2  ( see   Note    19  ).

       3.    For the silica-encapsulated butyrylcholinesterase, dilute the 
sample (assuming a maximum theoretical concentration of 

3.3  Determination 
of Butyrylcho-
linesterase Enzyme 
Activity

  Fig. 1    Time-lapse photography of silica formation       
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encapsulated butyrylcholinesterase of 100 % (i.e., 50 units/mL 
in this example) within the range of the calibration data from 
 step 2 . Following the assay the effi ciency of enzyme  encapsula-
tion   can be indirectly determined using calibration curve above.   

   4.    Add 0.1 mL of silica-butyrylcholinesterase to 0.9 mL silicifi ca-
tion buffer in a 1 mL cuvette and mix well. Add 10 μL of 
0.2 mM indophenyl acetate and mix well by pipetting up and 
down. Monitor the absorbance at 630 nm after 2 min. Stop 
the reaction after 2 min incubation by removing the particles 
by centrifugation (10 s at 14,000 ×  g ) and transfer the superna-
tant to a cuvette. Read the absorbance of the supernatant at 
630 nm and record the value.   

   5.    Apply the value in  step 4  to the calibration curve to determine 
the units of butyrylcholinesterase in the sample and allow for 
any dilutions ( see   Note    20  ).    

        The precipitation of silica using lysozyme as a template is an 
example of self-  encapsulation   in which, the template molecule 
is also the catalyst used for further application. Silica formation 
using lysozyme is described with associated enzyme assays to 
exemplify the  encapsulation   technique and to demonstrate the 
modifications to conventional enzyme assays that may be 
required when measuring the activity of the silica-encapsulated 
enzyme. In this case, protein determination of the encapsulated 
enzyme can be measured directly. As noted previously, the 
techniques described are adaptable but enzyme activity deter-
mination must be replaced with assays relevant to the enzyme 
of  choice  .

3.4  Precipitation 
of Silica Using 
Lysozyme as Template

  Fig. 2    Calibration plot  for   butyrylcholinesterase-catalyzed conversion of indophe-
nyl acetate. Absorbance at 630 nm after 2 min of reaction time is plotted against 
butyrylcholinesterase concentration (units/mL). The absorbance of the silica- 
encapsulated butyrylcholinesterase under the same reaction conditions 
(unknown; designated by  red star ) can be read from the calibration curve to 
determine the units of butyrylcholinesterase in the silica-encapsulated sample       
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    1.    In a 2 mL microcentrifuge tube (or other suitable con-
tainer) ( see   Note    15  ), mix 0.8 mL of silicifi cation buffer with 
0.1 mL lysozyme (100 mg/mL).   

   2.    Add 0.1 mL (1 M) TMOS to the solution in the microcentri-
fuge tube and shake briefl y (10 s) on a vortex mixer. Ass before, 
silica formation occurs rapidly and will be evident by the trans-
parent solution changing to a white opaque suspension. Leave 
for 5 min.   

   3.    Place the microcentrifuge tube (containing the now precipi-
tated silica) directly into a centrifuge and spin at 14,000 ×  g  for 
5 min to collect the silica precipitate ( see   Note    16  ).   

   4.    Remove the supernatant (which contains the residual lyso-
zyme) with a plastic or glass pipette, transfer to a microcentri-
fuge tube and store on ice for protein analysis.   

   5.    Add 1 mL of silicifi cation buffer to the silica pellet and vortex 
until the silica is resuspended ( see   Note    17  ).   

   6.    Centrifuge again at 14,000 ×  g  for 5 min and repeat this wash 
 step 3  times in total. Save the wash fractions after each step 
and store on ice for analysis.   

   7.    Resuspend the silica pellet in 1 mL of silicifi cation buffer and 
use for subsequent enzyme assays ( see   Note    21  ).    

         1.    The supernatant and wash fractions from the silicifi cation reac-
tion contain unreacted lysozyme and can be used to determine 
the effi ciency of  encapsulation  . Because the concentration of 
lysozyme in these samples is unknown, a series of dilutions 
should be prepared for protein determination. The maximum 
concentration is 10 mg/mL of lysozyme (assuming 0 % encap-
sulation); therefore an undiluted (neat) sample and dilutions 
of 1:10, 1:25, 1:50, and 1:100 in dilution buffer are 
recommended.   

   2.    The silica pellet contains encapsulated lysozyme and can be 
measured by the BCA protein assay. Dilute the sample as 
described above.      

   3.    Add 25 μL of each standard and each of the sample dilutions 
(in triplicate) into the wells of a microtiter plate.   

   4.    Add 200 μL of the BCA working reagent to each well and 
shake for approximately 30 s to aid in mixing.   

   5.    Cover the plate and incubate at 37 °C for 30 min ( see   Note    22  ).   
   6.    Allow the plate to cool to room temperature and record the 

absorbance of each well at 562 nm ( see   Note    23  ). Prepare a 
standard curve by plotting the blank-corrected absorbance vs. 
concentration (μg/mL protein) for each standard and analyze 
by linear regression. The protein concentration of each 
unknown sample can be extrapolated from the graph. Any 

3.5  Mass Balance 
Calculation 
of Lysozyme 
 Encapsulation  

Glenn R. Johnson and Heather R. Luckarift



69

dilutions which give readings outside the working range of the 
assay (20–2000 μg/mL) should be discarded ( see   Note    24  ).   

   7.    Calculate the lysozyme concentration in the silica pellet, reac-
tion supernatant and wash fractions. Remember to allow for 
any dilutions and factor in the volume of the wash  fractions  .     

 The mass balance of a typical lysozyme mediated silica 
reaction is shown in Table  2 .

          1.    Based on the protein concentration from the BCA protein 
assay (Subheading  3.4 ), prepare a dilution of soluble lysozyme 
and a dilution of silica-encapsulated lysozyme at a fi nal concen-
tration of 100 μg/mL.   

   2.    Pipette 1 mL of  Micrococcus lysodeikticus  cell suspension into a 
plastic cuvette and place into a spectrophotometer at room 
temperature.      

   3.    Monitor the absorbance at 450 nm until a stable baseline is 
established.   

   4.    Add 10 μL of standard (soluble lysozyme) or sample (silica- 
encapsulated lysozyme) at 100 μg/mL to the  Micrococcus  cells 
and mix well by repeated pipetting. Monitor the absorbance 
over time and calculate the change in absorbance over time 
from the slope of the graph ( see   Note    25  ).   

   5.    Compare the activity of each sample to determine the effi -
ciency of  encapsulation  .      

       1.    Bring  Micrococcus  agar plates to room temperature.   
   2.    Place a sterile paper fi lter disk in the center of each plate using 

sterile forceps.   
   3.    Based on the protein concentration from the BCA protein 

assay (Subheading  3.4 ), prepare a dilution of soluble lysozyme 
and silica-encapsulated lysozyme at a fi nal concentration of 
100 μg/mL.   

3.6  Determination 
of Lysozyme Enzyme 
Activity: Liquid Assay

3.7  Determination 
of Lysozyme Enzyme 
Activity: Plate Assay

   Table 2  

  Typical mass balance of  silica   formation catalyzed by lysozyme as determined by protein 
concentration   

 Fraction 
 Concentration of lysozyme 
(mg/mL)  Volume (mL) 

 Total lysozyme 
(mg) 

 Mass balance 
(% of total) 

 Initial reaction  9.98 ± 0.23  1  9.98  100 

 Silica pellet  8.45 ± 0.97  1  8.45  84 

 Supernatant  0.49 ± 0.08  1  0.49  4.9 

 Wash  0.33 ± 0.09  3  0.87  8.7 
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   4.    Pipette 10 μL of each standard and sample to a fi lter disk and 
incubate at 37 °C for 24 h.   

   5.    Measure the clear zone surrounding caused by lysozyme lysis 
of the  Micrococcus  cells (Fig.  3 ).

4                                         Notes 

     1.    0.1 M Potassium or sodium phosphate buffer (pH 8) can be 
used interchangeably.   

   2.    Concentrated HCl as a 37.5 % solution ( δ  = 1.189 g/mL) is 
12.2 M, a 1 M HCl solution contains 82 mL/L.   

   3.    Throughout, DI water refers to deionized water (Barnstead 
Nanopure water purifi cation system, Thermo Scientifi c). The 
resulting DI water is ultra fi ltered purifi ed water with a resistiv-
ity of ~18 MΩ.   

   4.    The TMOS stock must be prepared fresh daily. It will polymer-
ize over a period of 24 h.   

   5.    TMOS (tetramethylorthosilicate) can be replaced with TEOS 
(tetraethylorthosilicate) as a less toxic reagent. The use of 
TEOS will still allow for silica formation but the versatility of 
using TEOS to make silica for  encapsulation   of proteins has 
not been fully characterized in our laboratory.   

   6.    Indophenyl acetate in buffer at pH 8 will gradually change 
from yellow to green over a period of approximately 24 h. 
Make fresh dilutions daily.      

  Fig. 3    Lysozyme catalyzed zone of inhibition with  Micrococcus lysodeikticus  agar plates. ( a ) Zone of inhibition 
from silica-encapsulated lysozyme shown at a range of concentrations (μg/mL). ( b ) Photographically enlarged 
zone of inhibition showing calculation of lytic radius from the center of the fi lter disk to the outer edge of the 
zone of inhibition (inhibition circles are  highlighted  for clarity)       
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   7.    The working reagent is stable for several days in the refrigera-
tor but should be discarded if the solution begins to lose its 
bright green color. Adjusting the volume of working reagent 
to prepare suffi cient volume for the assays required is advised.   

   8.    The Pierce BCA assay protocol uses bovine serum albumin 
provided with the kit. Lysozyme at 2 mg/mL can be used as 
standard in this assay and provides a more accurate measure of 
protein concentration in the reactions in which lysozyme pre-
cipitates silica formation and eliminates protein–protein varia-
tion for the assay method.   

   9.    Use the same buffer for diluent as used for sample 
preparation.   

   10.    If an approximate estimation of protein concentration is not 
known, a series of dilutions should be prepared.   

   11.    The absorbance at 450 nm of this suspension should be 
between 0.6 and 0.7. The  Micrococcus lysodeikticus  cell suspen-
sion can be stored in the refrigerator for several days. The cells 
will settle upon standing, and can be suspended by shaking.   

   12.    Always vent vessels prior to autoclaving to avoid pressure build 
up. 500 mL of agar solution will make ~20 standard agar 
plates. The volume can be adjusted accordingly.   

   13.    Dispersion of the  Micrococcus  cells is best achieved by weighing 
out 250 mg cells and transferring to a small amount of sterile 
water (~5 mL), mix the cell suspension with the cooled agar 
and swirl gently to mix but avoid extensive bubble formation.   

   14.    If the plates are not used immediately after drying, store in an 
airtight bag in the refrigerator. If left at room temperature, the 
 Micrococcus  cells will grow; the plates will become turbid and 
should be discarded.   

   15.    Using a microcentrifuge tube allows for immediate centrifuga-
tion in the next step.   

   16.    The speed and timing of the silica collection step is not critical 
and can be adapted depending on the type of centrifuge avail-
able. Spin until the silica pellets and the supernatant is 
transparent.   

   17.    If the pellet is densely packed, the silica can be resuspended 
using a glass tissue homogenizer.   

   18.    Resuspending the pellet in 0.8 mL ensures that the enzyme has 
not been diluted from the starting concentration (50 units/
mL) and provides for direct comparison with the soluble 
enzyme at the same concentration.   

   19.    Butyrylcholinesterase hydrolyzes the yellow indophenyl acetate 
to a blue reaction product (4-(4-hydroxy-phenylimino)-cyclo-
hexa-2,5-dienone). The extinction coeffi cient of the product was 
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determined from this method to be 8100 M −1  cm −1  based on 
complete conversion to product by butyrylcholinesterase.   

   20.    To create a silica blank for spectrophotometer readings, use the 
silica as prepared in Subheading  3.1 ,  step 1  (in the absence of 
butyrylcholinesterase) and dilute to give the same absorbance 
spectrum as the sample. Add 10 μL of 0.2 mM indophenyl 
acetate and use this as a reagent blank. This control eliminates 
any deviation in the absorbance readings associated with non-
specifi c adsorption of indophenyl acetate to the silica 
 particles  .   

   21.    Note that the starting concentration was 10 mg of lysozyme in 
1 mL, resuspending the resulting silica particles in 1 mL of 
buffer provides a lysozyme dilution of 10 mg/mL (assuming 
100 %  encapsulation  ).   

   22.    If an incubator is not available, the reaction can be incubated 
at room temperature for 2 h before reading.   

   23.    Water can be used as a blank to set the spectrophotometer 
baseline. For silica samples, the blank should contain a compa-
rable amount of diluted silica to allow for any variation in 
absorbance due to the silica particles.   

   24.    A second set of sample dilutions should be prepared if analysis 
suggests protein concentration is outside the working limits of 
the assay.   

   25.    Lysozyme is extremely catalytically active. High enzyme con-
centrations in this assay cause misleading results. Lysozyme 
should be diluted until the activity can be measured as a linear 
slope over at least 2 min.         
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    Chapter 7   

 Covalent Immobilization of Enzymes on Eupergit ®  
Supports: Effect of the Immobilization Protocol                     

     Zorica     D.     Knežević-Jugović     ,     Sanja     Ž.     Grbavčić    ,     Jelena     R.     Jovanović    , 
    Andrea     B.     Stefanović    ,     Dejan     I.     Bezbradica    ,     Dušan     Ž.     Mijin    , 
and     Mirjana     G.     Antov     

  Abstract 

   A selection of best combination of adequate immobilization support and effi cient immobilization method is 
still a key requirement for successful application of immobilized enzymes on an industrial level. Eupergit ®  
supports exhibit good mechanical and chemical properties and allow establishment of satisfactory hydrody-
namic regime in enzyme reactors. This is advantageous for their wide application in enzyme immobilization 
after fi nding the most favorable immobilization method. Methods for enzyme immobilization that have been 
previously reported as effi cient considering the obtained activity of immobilized enzyme are presented: direct 
binding to polymers via their epoxy groups, binding to polymers via a spacer made from ethylene diamine/
glutaraldehyde, and coupling the periodate-oxidized sugar moieties of the enzymes to the polymer beads. 
The modifi cation of the conventionally immobilized enzyme with ethylenediamine via the carbodiimide 
route seems to be a powerful tool to improve its stability and catalytic activity.  

  Key words     Covalent immobilization  ,   Glycoenzymes  ,   Periodate oxidation  ,   Eupergit C  ,   Epoxy groups  , 
  Aminated support  ,   Enzyme chemical amination  ,   Multipoint covalent attachment  ,   Carbodiimide 
chemistry  

1      Introduction 

 Being applied as catalysts, enzymes have certain advantages over 
chemical catalysts, including mild reaction conditions, a high cata-
lytic activity, high specifi city, and economic viability. To fully exploit 
the technical and economic advantages of enzymes, it is recom-
mended to use them in an immobilized state to reduce cost and 
the poor  stability   of the soluble form [ 1 ,  2 ]. The immobilization 
also facilitates the development of continuous bioprocesses, 
enhances enzyme properties, such as  stability   and activity under 
extreme conditions of temperature, pH, or in the presence of 
organic  solvents  , and provides more fl exibility with the enzyme–
substrate contact by using various reactor  confi gurations       [ 3 – 5 ]. 
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 For successful development of an immobilized enzyme sys-
tem, the enzyme support is generally considered as the most 
important component contributing to the performance of the 
reactor system. Eupergit ®  (made by copolymerization of  N,N ′-
methylene-bis-(methacrylamide), glycidyl  methacrylate  , allyl 
glycidyl ether, and methacrylamide) deserves special attention 
because it exhibits good chemical, mechanical and other proper-
ties such as low swelling tendency in common  solvents  , ability to 
handle high fl ow rates in column, and an excellent performance 
in stirred batch reactors [ 6 ]. The presence of epoxy groups in 
the Eupergit ®  provides a binding site for enzymes, which makes 
its use as a matrix for immobilizing several enzymes very attrac-
tive [ 7 – 9 ]. Immobilization of enzymes on Eupergit ®  is mostly 
achieved by direct enzyme coupling to the polymer via epoxy 
groups. Since the sugar residues in glycoenzymes are often not 
required for their activities, a more effi cient strategy, which 
includes binding to polymers via activated carbohydrate moi-
eties, seems to be very promising [ 10 – 12 ]. This type of binding 
results in favorable orientation of the immobilized enzyme since 
its active site region moves to further distance from the support, 
facilitating interaction with a substrate. The method can be 
applicable for a wide variety of  lipases   and other glycoproteins 
but can also be applied for nonglycosylated enzymes immobili-
zation on epoxy supports. In this case, the alternative procedure 
is to chemically modify the enzyme to prepare a synthetic glyco-
conjugate with much better possibilities of yielding a more suit-
able  covalent attachment   during immobilization. This modifi ed 
enzyme will then be covalently bound to epoxy-supports in a 
similar way that the other  glycoenzymes       [ 13 ]. 

 This chapter deals with the covalent immobilization of 
enzymes on Eupergit ®  by three different protocols: (1) a direct 
enzyme binding to polymers via their epoxy groups, (2) enzyme 
binding to polymers via a spacer made from ethylene 
diamine/ glutaraldehyde  , and (3) coupling the periodate-oxi-
dized sugar moieties of the enzymes to the polymer beads. An 
approach to fi rst standard method consisting of the post-immo-
bilization chemical modifi cation of enzymes with ethylenedi-
amine via the carbodiimide chemistry to increase the intensity of 
the enzyme–support multipoint  covalent attachment   is also pre-
sented. The concept involves the introduction of additional 
amino groups into enzyme molecules allowing the completion 
of the immobilization process, i.e., the formation of multiple 
cooperative chemical bonds which is considered as a major con-
tributing factor to the high operational  stability   of enzymes 
bound to Eupergit ®  supports [ 14 ,  15 ].  
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77

2    Materials 

     1.     Candida rugosa   lipase   type VII (Sigma, St. Louis, USA).   
   2.    Eupergit ®  C and 250 L (Rohm GmbH & Co., Degussa, 

Darmstadt, Germany).     

       1.    2 % (v/v) ethylenediamine (EDA, 1,2-diaminoethane), pH 10.0.   
   2.    Sodium borohydride.      

        1.    Immobilization buffer: 1.0 M potassium phosphate buffer, pH 
7.0 (prepare 1 M potassium dihydrogen phosphate and adjust 
pH to 7.0 using 1 M dipotassium hydrogen phosphate). Dilute 
a portion of this buffer to provide 0.1 M phosphate buffer, pH 
7.0 ( see   Notes    1   and   2  ).   

   2.    Blocking buffer: 0.2 M solution of ethanolamine 
(2- aminoethanol) in 0.2 M phosphate buffer, pH 8.0.   

   3.    Washing solution: 0.1 M potassium phosphate buffer, pH 7.0 
and the same buffer  containing       1 M NaCl.      

       1.    Activation buffer: 0.1 M phosphate buffer, pH 8.0. Prepare 
0.1 M potassium dihydrogen phosphate and adjust pH to 8.0 
using 0.1 M dipotassium hydrogen phosphate.   

   2.     Glutaraldehyde   solution, store at 0 °C. Dilute  glutaraldehyde   
aqueous solution 25 % (w/v) in 0.1 M potassium phosphate 
buffer, pH 8.0 to produce 2.5 % (w/v).   

   3.    Immobilization buffer: 0.1 M phosphate buffer, pH 7.0. 
Prepare 0.1 M potassium dihydrogen phosphate and adjust 
pH to 7.0 using 0.1 M dipotassium hydrogen phosphate.   

   4.    Washing solutions: 0.1 M phosphate buffer, pH 7.0 and the 
same buffer containing 1 M NaCl.   

   5.    Rotary stirrer.      

         1.    Oxidation buffer: 0.1 M sodium acetate buffer, pH 5.0 ( see  
 Note    3  ). Prepare 0.1 M sodium acetate and adjust pH to 5.0 
using 0.1 M acetic acid. Dilute a portion of this buffer to pro-
vide 0.05 M sodium acetate buffer, pH 5.0.   

   2.    0.1 M sodium  meta -periodate (NaIO 4 ) in 0.1 M sodium ace-
tate buffer, pH 5.0.   

   3.    Blocking buffer: 0.01 M aqueous ethylene glycol solution.   
   4.    Dialyzing buffer: 0.05 M sodium acetate buffer, pH 5.0.      

       1.    Immobilization buffer: 0.1 M sodium acetate buffer, pH 5.0.   
   2.    Reducing reagent: sodium borohydride, 4 mg/mL (freshly 

prepared).          

2.1  The Preparation 
of Amino- Eupergit ® 

2.2  Immobilization 
Procedure I

2.3  Immobilization 
Procedure II

2.4  Immobilization 
Procedure III

2.4.1  Oxidation 
of Enzyme

2.4.2  Coupling 
of Oxidized Enzyme 
to Amino- Eupergit ®  
Support
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   3.    Dialyzing buffer: 0.05 M sodium acetate buffer, pH 5.0.   
   4.    Washing buffer: 0.1 M phosphate buffer, pH 7.0 and the same 

buffer containing 1 M NaCl.   
   5.    Storage buffer: 0.1 M phosphate buffer containing 0.05 % 

sodium azide.       

     The enzyme was directly immobilized on Eupergit ®  as described in 
Subheading  2.2  and submitted to the amination process.  

       1.    Amination reagent: 1 M ethylenediamine (EDA) at pH 4.75. 
EDA solution is adjusted to pH 4.75 with 0.1 M HCl.   

   2.    Activation reagent: a water soluble solid carbodiimide, 
EDAC (1-ethyl-3-(dimethylamino-propyl) carbodiimide) 
(Sigma-Aldrich).   

   3.    Tyrosine residues recovering solution: 0.1 M hydroxylamine 
solution, pH 7. Add a certain amount hydroxylamine HCl to a 
volumetric fl ask (e.g., 0.174 g hydroxylamine HCl to a 25 mL 
volumetric fl ask) and fi ll the fl ask to the mark with deionized 
water and mix.              

       1.    Solution A: prepare solution A by dissolving 30 mg of  p - 
nitrophenylpalmitate in 10 mL of isopropanol.   

   2.    Sodium phosphate buffer: prepare 0.1 M sodium dihydrogen 
phosphate aqueous solution. Adjust pH to 8.0 using 0.1 M 
disodium hydrogen phosphate aqueous solution.   

   3.    Solution B: prepare solution B by dissolving 0.1 g of gum ara-
bic and 0.4 mL of  Triton   X-100 in 90 mL of phosphate buffer 
(pH 8.0) ( see   Note    4  ).   

   4.    Substrate solution: Prepare substrate solution by adding solu-
tion A to solution B dropwise with constant stirring to obtain 
an emulsion that remains stable for 2 h ( see   Note    5  ).   

   5.    Spectrophotometer for the absorbance reading at 410 nm.         

       1.    The reagent solution: dissolve 100 mg Coomassie brilliant blue 
G250 ( see   Note    6  ) in a mixture of 100 mL 85 % (w/v) phos-
phoric acid and 50 mL 95 % (v/v) ethanol. After the dye has 
dissolved, add water to bring the fi nal volume to 1 L (if neces-
sary, the solution can be fi ltered through Whatman no. 1 paper 
to remove any insoluble material). This solution is stable for 
several weeks when stored in the dark at room temperature.   

   2.     Bovine serum albumin (BSA)   solution: 1 mg BSA (Sigma- 
Aldrich)/mL in appropriate buffer ( see   Note    7  ).   

   3.    Spectrophotometer for the absorbance reading at 595 nm.              

2.5  Immobilization 
Procedure IV

2.5.1  Immobilization 
of Enzyme

2.5.2  Post- 
immobilization Chemical 
Amination of Enzyme

2.6  Determination 
of  Lipase   Activity

2.7  Determination 
of Protein Content

Zorica D. Knežević-Jugović et al.



79

3    Methods 

 Three different approaches for covalent immobilization of enzyme are 
presented on Eupergit ®  C or Eupergit ®  C 250L: (1) a direct enzyme 
binding to polymers via their epoxy groups; (2) enzyme binding to 
polymers via a spacer made from ethylene diamine/ glutaraldehyde  ; 
(3) glycoenzyme binding to amino- Eupergit through the enzyme car-
bohydrate moiety previously modifi ed by periodate oxidation. To 
enhance the  stability   of the immobilized enzyme, an attempt of varia-
tion of the fi rst standard method of enzyme immobilization on epoxy-
supports is also presented. The concept involves the introduction of 
additional amino groups into enzyme molecules allowing the comple-
tion of the immobilization process, i.e., the formation of multiple 
cooperative chemical bonds [ 15 ]. 

       The standard method for enzyme immobilization on Eupergit ®  
supports involves the direct enzyme binding on polymers via epoxy 
groups as shown in Fig.  1 .

     1.    Dissolve 50 mg of the enzyme in 50 mL of 1.0 M potassium 
phosphate buffer (1 mg/mL, pH 7.0,  see   Note    8  ). Take a sam-
ple for determination of protein content and enzyme activity 
(0.1 mL).   

   2.    Suspend unmodifi ed Eupergit C or C 250 L (500 mg) in 
50 mL of native enzyme solution in 1.0 M potassium phos-
phate buffer, pH 7.0 and stir the mixture thoroughly to ensure 
complete mixing.   

   3.    Incubate the reaction mixture at 25 °C for 48 h. ( see   Note    9  ).   
   4.    Treat the immobilized enzyme beads with 0.2 M solution of 

ethanolamine in phosphate buffer to block remaining active 
groups.   

   5.    Separate the immobilized enzyme beads by vacuum fi ltration 
using a sintered glass fi lter ( see   Note    10  ).   

   6.    Thoroughly wash the beads on the fi lter with 100 mL of 0.1 M 
phosphate buffer (pH 7.0), afterwards three times with 
100 mL of the same buffer containing 1 M NaCl. Do not dis-
card supernatant and washing solutions; instead collect the 
washings  separately for determination of non-immobilized 
protein and enzyme activity to estimate the effi ciency of 
immobilization.           

     The epoxy groups of the Eupergit ®  can react with small diamine 
compounds to yield short alkylamine spacer that can be used for 
subsequent conjugation reaction.

    1.    Add 30 mL of 2 % (v/v) ethylenediamine (EDA) at pH 10.0 to 
5 g of the polymer under very gentle stirring.   

3.1  Immobilization 
via Epoxy Groups

3.2  Preparation 
of Amino- Eupergit ®  
Supports
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   2.    Maintain the mixture under agitation at 100 rpm for 2 h in an 
ice bath.   

   3.    Add 1.15 g of sodium borohydride and maintain under agita-
tion at 100 rpm for another 2 h.   

   4.    After reduction of the amino-polymer beads, decant the mix-
ture and eliminate the supernatant.   

   5.    Wash the activated particles several times with an excess of dis-
tilled water and store at 4 °C ( see   Note    11  ).    

     The immobilization procedure consists of two main steps: polymer 
pretreatment with 1,2-diaminoethane (EDA) followed by  glutaral-
dehyde   activation and enzyme coupling to the activated polymer. 

   The epoxide groups of the Eupergit may be reacted with small 
diamine compounds to yield short alkylamine spacer that can be 
further activated with  glutaraldehyde  . The obtained active aldehyde 
derivative of Eupergit ®  reacts with amino groups on the enzyme to 
form a Schiff base linkage as shown in Fig.  2  ( see   Note    12  ).

     1.    Add 5 g of amino-Eupergit in 20 mL of the  glutaraldehyde   
solution buffered at pH 8.0 (0.1 M potassium phosphate buf-
fer) and readjust pH 8.0.          

   2.    Stir the mixture for 2 h at 150 rpm (overhead stirrer or shaker) 
at room temperature (20–25 °C).   

3.3  Immobilization 
of Enzyme 
by  Glutaraldehyde  

3.3.1  Activation 
of Eupergit Support

  Fig. 1    Schematic illustration of the enzyme immobilization on Eupergit ®     via epoxy groups       
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   3.    Decant the mixture and eliminate the supernatant.   
   4.    Wash the activated particles several times with water and the 

phosphate buffer.    

         1.    Suspend the activated polymer particles in 20 mL of native 
enzyme solution in potassium phosphate buffer, pH 7.0 (e.g., 
for  lipase   from  C. rugosa  100 mg crude lipase g −1  carrier).   

   2.    Incubate for a minimum of 20 h at room temperature (20–
25 °C) with stirring (≥150 rpm).   

   3.    Recover the immobilized enzyme beads by fi ltration on a sin-
tered glass fi lter by suction under vacuum ( see   Note    10  ).   

   4.    Thoroughly wash the beads with 100 mL of 0.1 M phosphate 
buffer, pH 7.0, then three times with 100 mL of the same 
 buffer containing 1 M NaCl to remove physically adsorbed 
enzyme from the carrier.   

   5.    Collect the washing solutions separately for protein and 
enzyme assays.              

   The immobilization procedure consists of three main steps: oxidation 
of  lipase   by sodium  meta -periodate, the polymer pretreatment with 
1,2-diaminoethane, and coupling of oxidized enzyme to amino-
Eupergit supports (Fig.  3 ). The oxidation of glycoproteins with sodium 
 meta -periodate (e.g., lipase from  Candida rugosa ) cleaves bonds 
between adjacent carbon atoms that contain hydroxyl groups ( cis -gly-
cols) of the carbohydrate residues, creating two aldehyde groups. The 
generated aldehydes then can be used in coupling reactions with 
amine-activated supports to form Schiff bases that can be stabilized to 
secondary amine bonds by reduction with sodium borohydride.

3.3.2  Enzyme Coupling 
to the Activated Polymers

3.4  Immobilization 
of Enzyme 
by Periodate Method
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         1.    Dissolve 10 mg of  lipase   in 10 mL of 0.1 M acetate buffer, pH 5.0.   
   2.    Add 500 μL of freshly prepared 0.1 M sodium periodate, and 

stir the solution ( see   Note    13  ).   
   3.    Protect the solution from light and incubate for 30 min on ice 

at 4 °C ( see   Notes    14   and   15  ).   
   4.    Stop the reaction by adding 2 mL of 0.01 M ethylene glycol (2 

times the amount of NaIO 4 ). Stir the mixture occasionally over 
a period of 2 h.   

   5.    Remove the by-products by dialyzing the oxidized lipase solution 
against 50 mM acetate buffer, pH 5.0 (2 L) for 18 h at 4 °C.   

   6.    Measure the volumes before and after dialysis to establish the 
fi nal concentration of the enzyme.   

   7.    Check the oxidized  lipase   activity using the method described 
in Subheading  3.6 .      

       1.    Prepare the reaction mixture containing 1 g of the amino- 
Eupergit carrier and 20 mL of the dialyzed  solution       of the 
oxidized enzyme in sodium acetate buffer at pH 5.0 and stir 
the mixture for 2 h at 4 °C in the dark ( see   Notes    16   and   17  ).   

   2.    Add 50 μL of freshly prepared sodium borohydride solution in 
distilled water (4 mg/mL), and stir the mixture occasionally 
over a period of 4 h at 4 °C ( see   Note    18  ).   

   3.    Remove the by-products and the excess of the sodium  meta - 
periodate by dialyzing the solution against 50 mM sodium 
acetate buffer, pH 5.0 (2 L) overnight at 4 °C.   

3.4.1  Oxidation 
of Enzyme by Sodium 
Periodate

3.4.2  Coupling 
of Oxidized Enzyme 
to the Activated Polymers
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  Fig. 3    Schematic illustration of the enzyme oxidation by periodate method and the coupling of the oxidized 
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   4.    Separate the mixture by vacuum fi ltration and wash the 
obtained immobilized enzyme with 100 mL of 0.1 M phos-
phate buffer, pH 7.0, then three times with 100 mL of the 
same buffer containing 1 M NaCl.   

   5.    Collect the supernatant and washing buffer solutions for deter-
mination of non-immobilized protein and enzyme activity to 
estimate the effi ciency of immobilization ( see   Note    19  ).       

   The immobilization procedure consists of two main steps: a direct 
enzyme binding to polymers via their epoxy groups (Subheading  3.1 ) 
and the post-immobilization chemical amination of enzyme with 
ethylenediamine (EDA) after activation of the carboxylic groups 
with carbodiimide (Fig.  4 ).

   Namely, the use of standard immobilization method is limited 
because of the problem with the number of enzyme amino groups 
available for the enzyme attachment. When enzymes are poor in 
lysine residues, e.g., glycosylated enzymes (Fig.  5 ), they could be 
enriched in reactive groups by the chemical amination, increasing 
the possibilities of having some multipoint  covalent attachment   
[ 14 ,  15 ]. All the surface carboxylic groups of the enzyme seem to 
be modifi ed with ethylenediamine via carbodiimide chemistry 
using the advantages of the solid phase  chemistry       [ 16 ,  17 ].

   The amination is carried out as follows:

    1.    Wash the immobilized  lipase   onto Eupergit 3 times with an 
aqueous solution of 1 M EDA (ethylenediamine) and sus-
pended in the same solution ( see   Notes    20   and   21  ). The pH of 
the solutions is adjusted to 4.75 before suspending the 
 immobilized enzyme and is maintained near this value (±0.1 
pH unit) with 0.1 M HCl.   

   2.    Add different amounts of solid EDAC (1-ethyl- 3-
(dimethylamino-propyl) carbodiimide) to the suspension in 
portions with constant stirring. Keep the fi nal carbodiimide 
concentration low (of 10 −2  or 10 −3  M) for reasons to be dis-
cussed later ( see   Note    22  ).   

   3.    After 90 min of gently stirring at 25 °C, recover the immobi-
lized enzyme beads by fi ltration on a sintered glass fi lter by suc-
tion under vacuum ( see   Note    10  ).   

   4.    Incubate the recovered immobilized enzyme for 4 h in 0.1 M 
hydroxylamine solution at pH 7 to recover the modifi ed tyro-
sines [ 18 ].   

   5.    Separate the immobilized enzyme by vacuum fi ltration and 
wash the obtained immobilized enzyme three times with 
100 mL of the hydroxylamine solution, pH 7.      

    Lipase activity can be determined by colorimetric measurement of 
products of hydrolysis of esters of various fatty acids and 

3.5  Immobilization 
via Epoxy Groups 
with Chemical 
Amination

3.6  Determination 
of  Lipase   Activity
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 p - nitrophenol, due to the fact that released  p -nitrophenol strongly 
absorbs at 410 nm. In this experiment rapid method for lipase 
activity determination using  p -nitrophenylpalmitate as substrate 
was  applied       [ 19 ].

  Fig. 4    Schematic illustration of the modifi ed conventional method for enzyme immobilization on epoxy carriers 
based on the immobilized enzyme post-treatment consisting of the chemical amination of the biocatalyst with 
ethylenediamine (after activation of the carboxylic function with carbodiimide)       
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    1.    Prepare the  activity assay   mixture: mix 1.8 mL of substrate 
solution and 50 mg of dry immobilized enzyme, both preincu-
bated at 37 °C.   

   2.    After 1 min of reaction between substrate solution and enzyme 
at 37 °C, determine the absorbance at 410 nm against blank 
sample, which contains no enzyme.   

   3.    Prepare the standard graph by using different concentrations 
of  p -nitrophenol. Use these data to calculate molar quantity of 
released reaction product ( p -nitrophenol). Afterwards, 
 calculate the activity of immobilized enzyme, expressed as 
IU. One international unit (IU) is defi ned as the amount of 
enzyme that liberates 1 μmol of  p -nitrophenol min −1  under 
assay conditions.    

     Laboratory practice in enzyme immobilization requires a rapid and 
sensitive method for protein determination to quantify binding 
capabilities. It is well known that the standard Lowry procedure 
[ 20 ] has disadvantages - it is subject to interference by potassium 
and magnesium ion, EDTA, Tris, thiol reagents and carbohydrates. 
Herein the presented Bradford method [ 21 ] for protein determi-
nation fulfi lls the requirements for this type of quantifi cation 
because it eliminates most of the problems with interferences and 
is easily utilized for processing large numbers of samples as well as 
adaptable to automation. 

 The method relies on the change in the absorption spectrum 
of the dye when bound to the proteins. The protonated form of 
the dye is a pale orange-red color, whereas the unprotonated form 
is blue. On binding to proteins in acid solution, the protonation of 
the dye is suppressed by the positive charges on amino acid side 
chains (principally arginine) and a blue color results ( see   Notes    23   

3.7  Determination 
of Protein Content

  Fig. 5    Distribution of Lys, Asp, and Glu residues on the surface of  lipase   from  C. rugosa . Lys is shown in  yellow  ; 
Asp and Glu are shown in  blue  and  red . ( a ) Front view of catalytic site. ( b ) 90 rotation of the front view in the 
x-y plane. 3D structure was obtained from Protein Data Bank 1TRH using Pymol       
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and   24  ). In addition to these electrostatic effects, hydrophobic 
interactions between dye and protein are also involved. The 
protein- dye complex has a high extinction coeffi cient thus leading 
to high sensitivity in measurement of the protein. The binding of 
the dye to protein is a very rapid process (approx. 2 min) and the 
protein-dye complex remains dispersed in solution for a relatively 
long time (approx. 1 h,  see   Note    25  ) thus making the procedure 
very rapid and yet not requiring critical timing for the assay.

    1.    Standard curve preparation: Pipette  BSA   solution containing 
10–100 μg protein in a volume up to 0.1 mL into test tubes 
and adjust the volume to 0.1 mL with appropriate buffer. Then 
add 5 mL of the reagent solution to each test tube and vortex 
the contents. Allow the mixtures to stand for 5 min at room 
temperature before the A 595  is read against a blank containing 
no protein but 0.1 mL of the appropriate  buffer      .   

   2.    Protein assay (standard method): Pipette protein solution of 
unknown sample containing 10–100 μg protein to test tube 
and adjust the volume to 0.1 mL with buffer. Add 5 mL of the 
reagent solution to the tube, vortex content, and read A 595  
against a blank after 5 min.   

   3.    Bradford also describes a microprotocol for determination of 
1–10 μg protein.         Microprotein assay: Pipette protein solution 
containing 1–10 μg protein in a volume up to 0.1 mL into test 
tubes and adjust the volume to 0.1 mL with the appropriate 
buffer. Then add 1 mL of the protein reagent and mix the 
content. Measure  absorbance at 595 nm as in the standard 
method (but in 1 mL cuvette) against a blank prepared from 
the protein reagent and 0.1 mL of buffer. Standard curve was 
prepared and used as in the standard method.    

4                                  Notes 

     1.    All solutions are prepared with distilled and deionized water.   
   2.    All buffer and standard solutions were fi ltered before use with 

0.45 μm Whatman fi lter paper.   
   3.    Neutral buffers, such as sodium phosphate, pH 7.0, can be 

used but are not as effi cient for oxidation of a glycoenzyme as 
slightly acidic conditions. Avoid buffers containing primary 
amines (e.g., Tris) or sugars, which will compete with the 
intended oxidation and subsequent reactions.   

   4.    Dissolvation of gum arabic in phosphate buffer needs to be 
performed by slow addition of small portions of gum arabic 
with stirring. After subsequent addition of  Triton   X-100, fi nal 
mixture is mixed in ultrasound water bath for 2 min.   
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   5.    In order to obtain translucent substrate solution for  lipase   
 activity assay   solutions A and B need to be mixed under infl u-
ence of ultrasound in ultrasound water bath for 2 min.   

   6.    Coomassie brilliant blue R250, used for staining gels, is unsuit-
able for the preparation of the protein  reagent      .   

   7.    It is recommended that the same buffer in which the protein is 
dissolved for the purpose of immobilization is selected. For 
example, it is 0.1 M phosphate buffer, pH 7.0 used in immo-
bilization procedure II.   

   8.    The immobilization of enzyme on Eupergit via epoxy groups 
depends on several factors including pH, temperature, ionic 
strength, coupling time, and enzyme–carrier ratio. Our stud-
ies with lipase from  C. rugosa  as a study model show that the 
amount of the immobilized  lipase   does not vary signifi cantly 
over the pH range from 5.0 to 9.5, thus the immobilization 
reaction is conducted at the optimal value (pH 7.0) for the 
lipase  stability  . On the other hand, the immobilization effi -
ciency clearly depends on the molarity (ionic strength) of the 
buffer used for the immobilization procedure, the coupling 
time and the enzyme–carrier ratio. At optimal pH and the 
buffer concentration (pH 7.0, 1.0 M), the maximal immobi-
lized  lipase   activity was obtained after 48 h coupling at 25 °C 
at the enzyme–carrier ratio of 1:10. It appears that it is neces-
sary to use a high ionic strength to promote the covalent 
immobilization of enzymes to Eupergit ®  supports by conven-
tional method. Some enzymes cannot be exposed to these 
 conditions, and not all enzymes seem to be immobilized even 
under those conditions.   

   9.    An alternative procedure for immobilization via epoxy groups 
(Subheading  3.1 ) was developed recently with the intention 
to reduce immobilization time [ 22 ]. This procedure differs 
from the procedure described in Subheading  3.1  only in  step 
1 . Instead of 48 h contact between enzyme and support at 
4 °C, an alternative method of immobilization is carried out 
under the infl uence of microwave irradiation. Put mixture of 
Eupergit ®  and 1.0 M sodium phosphate buffer (same amounts 
as in Subheading  3.1 ) in round bottom fl ask (volume 100 mL) 
and place fl ask in microwave oven and adjust power of irra-
diation at 100 W and irradiate mixture for 2 min. It must be 
emphasized that optimal immobilization time (2 min) was 
determined with immobilized  lipase   activity as criterion, and 
in case of another enzyme the immobilization time should be 
optimized before use. Also, pay attention to the fact that 
action of microwave irradiation is strongly infl uenced by 
shape of fl ask and volume of applied liquid. Any variation will 
lead to different immobilization  results      .   
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   10.    The pore size of the sintered glass fi lter is recommended to be 
40–100 μm since the size of Euppergit particles is around 
150 μm.   

   11.    Modifi cation degree could be quantifi ed by titration of the 
amino groups introduced in the support [ 23 ].   

   12.    Aldehyde derivatives react with amino groups on the enzyme 
to form a Schiff`s base linkage. Sulfhydryl and imidazole 
groups may undergo similar reactions. One disadvantage of 
this method is the  reversibility   of Schiff`s base formation in 
aqueous media, especially at low pH values. This can be over-
come by reduction of the imine bonds with sodium borohy-
dride to yield stable secondary amine linkage.   

   13.    The immobilization of enzyme on Eupergit by periodate pro-
tocol can be adapted for many other glycoenzymes. Excessive 
oxidation of enzyme can lead to loss of enzyme activity, thus 
the reaction conditions are critical. The degree of oxidation 
could be controlled by the amount of periodate used and the 
time allowed for the reaction. For lipase from  C. rugosa , the 
oxidant concentration of 5 μmol per mg enzyme preparation 
and a 30-min reaction period seem to be the most suitable. At 
these conditions, the  specifi c activity   of the oxidized  lipase   is 
almost the same as the original [ 10 ].   

   14.    Preparations of  lipases   may vary in their carbohydrate content, 
and this can affect the degree of oxidation. Free carbohydrate 
can be removed by gel fi ltration. Increasing the sodium 
 periodate amount to 10 μmol/mg can be benefi cial, but fur-
ther increases lead to the enzyme inactivation.   

   15.    The reaction is light sensitive and should be performed in the 
dark.   

   16.    The amount of protein bound to the amino-Eupergit supports 
will depend on the coupling reaction conditions used, e.g., 
time, temperature, pH, the degree of enzyme oxidation and its 
amount in the coupling solution. While the optimal coupling 
conditions have been determined for common enzymes such 
as  lipases  , these same conditions may not hold true for other 
enzymes, and optimized studies may be necessary.   

   17.    Studies have been carried out with common enzymes to deter-
mine the binding capacity of Eupergit ®  supports including 
 lipases       [ 10 ], α- and β-galactosidase [ 7 ], pepsin, trypsin [ 6 ], 
penicillin G  acylase   [ 8 ], and others. In general, Eupergit sup-
ports bind from 2 to 90 mg protein per gram of support. 
However, too high binding capacities could result in steric 
interference problems, loss of enzyme activity, and diffusion 
limitation. Diffusion problems become more signifi cant with 
increasing the enzyme amount on the beads. A suitable  lipase   
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amount is around 15.6 mg/g resulting in a rather high activity 
yield of 79 % with the satisfactory degree of enzyme fi xed [ 10 ].   

   18.    Amines can react with aldehyde groups under reductive amina-
tion conditions using a suitable reducing agent such as sodium 
borohydride. The result of this reaction is a stable secondary 
amine linkage. Alternatively, amines spontaneously react with 
aldehydes to form covalent linkages, although the addition of 
a reducing agent increases the effi ciency of the reaction. 
Warning: sodium cyanoborohydride is toxic, prepare solutions 
and perform reactions in a fume hood.   

   19.    For short-term storage, the enzyme-immobilized beads are 
kept in 0.1 M potassium phosphate, pH 7.0, at 4 °C. For long-
term storage, the beads can be quickly washed with water and 
air-dried (this procedure is not tolerated by very sensitive 
enzymes).   

   20.    Carbodiimide-promoted activation of carboxylic groups in 
enzymes can lead to quantitative or selective modifi cation 
through condensation with a nucleophile (in our case an 
amine) ( see  Fig.  4 ). In the absence of the exogenous nucleo-
phile, the formation of linkages between enzyme carboxylic 
and amino groups can be formed, leading to intramolecular 
 cross-linking  . This problem appears to be overcome by using 
a water-soluble carbodiimide to activate the carboxyl func-
tions in the enzyme at pH 4–5 and a suitable  buffer      . Avoid 
buffers containing amines such as Tris or glycine; acetate buf-
fers are also not recommended. Phosphate buffers reduce 
coupling effi ciency, which can be compensated by increasing 
the concentration of carbodiimides. MES buffer 
(4- morpholinoethanesulfonic acid) is a suitable carbodiimide 
reaction buffer.   

   21.    A large excess of ethylenediamine is employed in the fi rst step 
in order to modify all the surface carboxylic groups of the 
enzyme. The highest increase of enzyme activity and  stability   is 
obtained by the full modifi cation of the enzyme surface.   

   22.    Careful control of the reaction conditions and choice of car-
bodiimide allow a great degree of selectivity in this reaction. 
The activation of the enzyme and support should be opti-
mized, with respect to activity yield and  stability   of the immo-
bilized enzyme. Low amount of added EDAC can lead to 
insuffi cient immobilization of enzyme, while conversely high 
concentration can lead to unwanted  cross-linking   of enzyme 
and alteration of catalytic conformation [ 15 ]. The pH is also a 
critical factor for this step. At pH ranging from 4 to 5, the 
reactivity of the proximal (reactive) amino group is consider-
ably enhanced with respect to the amino group remaining after 
attachment.   
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   23.    Some variation in response between different proteins is pres-
ent which can be correlated to some extent with the content of 
basic side chains.   

   24.    The presence of  Triton   and SDS at the concentration 1 % (but 
not at the 0.1 %) leads to interferences and error in 
measurements.   

   25.    The dye–protein complex tends to precipitate over periods 
longer than an hour. This is more of a problem with quartz 
cuvettes, so glass or plastic ones should be used.                
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    Chapter 8   

 Micellar Polymer Encapsulation of Enzymes                     

     Sabina     Besic     and     Shelley     D.     Minteer      

  Abstract 

   Although enzymes are highly effi cient and selective catalysts, there have been problems incorporating them 
into fuel cells. Early enzyme-based fuel cells contained enzymes in solution rather than immobilized on the 
electrode surface. One problem utilizing an enzyme in solution is an issue of transport associated with long 
diffusion lengths between the site of bioelectrocatalysis and the electrode. This issue drastically decreases 
the theoretical overall power output due to the poor electron conductivity. On the other hand, enzymes 
immobilized at the electrode surface have eliminated the issue of poor electron conduction due to close 
proximity of electron transfer between electrode and the biocatalyst. Another problem is ineffi cient and 
short term stability of catalytic activity within the enzyme that is suspended in free fl owing solution. 
Enzymes in solutions are only stable for hours to days, whereas immobilized enzymes can be stable for 
weeks to months and now even years. Over the last decade, there has been substantial research on immo-
bilizing enzymes at electrode surfaces for biofuel cell and sensor applications. The most commonly used 
techniques are sandwich or wired. Sandwich techniques are powerful and successful for enzyme immobili-
zation; however, the enzymes optimal activity is not retained due to the physical distress applied by the 
polymer limiting its applications as well as the non-uniform distribution of the enzyme and the diffusion 
of analyte through the polymer is slowed signifi cantly. Wired techniques have shown to extend the lifetime 
of an enzyme at the electrode surface; however, this technique is very hard to master due to specifi c cova-
lent bonding of enzyme and polymer which changes the three-dimensional confi guration of enzyme and 
with that decreases the optimal catalytic activity. This chapter details encapsulation techniques where an 
enzyme will be immobilized within the pores/pockets of the hydrophobically modifi ed micellar polymers 
such as Nafi on ®  and chitosan. This strategy has been shown to safely immobilize enzymes at electrode 
surfaces with storage and continuous operation lifetime of more than 2 years.  

  Key words     Nafi on ®   ,   Chitosan  ,   Micellar polymers  ,   Enzyme immobilization  ,   Enzyme encapsulation  , 
  Enzyme stabilization  ,   Biosensors  ,   Biofuel cells  

1      Introduction 

 One of the primary causes of protein instability is their susceptibil-
ity to conformational change around the active site and subsequent 
inactivation or denaturation. The structure of a protein is arranged 
by the intramolecular interactions and its interactions with its sur-
roundings such as ionic bonds, hydrogen bonds, covalent bonds, 
polar and Van der Waals forces, hydrophobic and electrostatic 
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interactions. Primary structure of a protein is an amino acid 
sequence that is linked with strong peptide bonds that are usually 
unbreakable during hydration or temperature changes. Secondary 
structure consists of several repeating patterns, such as α-helix and 
the β-pleated sheet, stabilized by hydrogen bonds between the car-
bonyl and N-H groups in the polypeptide’s backbone. During the 
 preservation      process or storage, the secondary structure pattern 
ratios are altered; however, ultimately, it is the tertiary structure of 
the protein that determines its function. The tertiary structure is a 
three-dimensional conformation where interactions between the 
side chains in the primary structure take place. Interactions such as: 
hydrophobic and electrostatic interactions as well as hydrogen and 
covalent bonding. Also, the hydrophobic side groups are being 
hidden in the core and the hydrophilic groups are exposed to the 
surrounding environment ( see  Fig.  1 ). Therefore, proteins are eas-
ily being denatured by strong acids or bases altering hydrogen 
bonding and salt bridge patterns, organic  solvents   such as ethanol 
and detergents interfere with hydrophobic interactions, reducing 
agents such as urea and β-mercaptoethanol break disulfi de bridges 
converting them into sulfhydryl groups, high salt concentration 
will aggregate the protein and precipitate it out of the solution, 
heavy metal ions form ionic bonds with negatively charged groups 
resulting in a signifi cant conformational tertiary alteration, tem-
perature changes change the molecular vibration eventually 
weakening the hydrogen bonds and mechanical stress disrupts the 
delicate balance of forces that maintain protein structure. Most 
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  Fig. 1    Interactions that maintain the tertiary structure of an enzyme       
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commonly utilized protein stabilization methods employed today 
are based on dampening the molecular motions and therefore 
eliminating conformational transitions while the protein is still in 
the native state [ 1 ,  2 ].

   Although enzymes are highly effi cient and selective catalysts, 
there have been problems incorporating them into fuel cells. Early 
enzyme-based fuel cells contained enzymes in solution rather than 
immobilized on the electrode surface ( see  Fig.  2 ) [ 3 ]. One problem 
utilizing an enzyme in solution besides the issue of maintaining the 
catalytic activity is an issue of transport associated with long diffu-
sion lengths between the site of bioelectrocatalysis and the elec-
trode. This issue drastically decreases the theoretical overall power 
output due to the poor electron conductivity. On the other hand, 
enzymes immobilized at the electrode surface have eliminated the 
issue of poor electron conduction due to close proximity of electron 
transfer between electrode and the  biocatalyst     . The major problem 
is ineffi cient and short term  stability   of catalytic activity within the 
enzyme that is suspended in free fl owing solution. Enzymes in solu-
tions are only stable for hours to days, whereas immobilized 
enzymes can be stable for weeks to months and now even years. 
Over the last decade, there has been substantial research on immo-
bilizing enzymes at electrode surfaces for  biofuel cell   and sensor 
applications [ 4 – 8 ]. The most commonly used techniques are sand-
wich [ 9 ] or wired [ 7 ,  10 ,  11 ] ( see  Figs.  3  and  4 ). Sandwich tech-
niques are powerful and successful for enzyme immobilization; 
however, the enzymes optimal activity is not retained due to the 
physical distress applied by the polymer limiting its applications as 
well as the non-uniform distribution of the enzyme and the 
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metal based 
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microbe or enzyme
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  Fig. 2    Example  biofuel cell   containing microbes or enzymes suspended in 
 solution            
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diffusion of analyte through the polymer is slowed signifi cantly [ 5 , 
 10 – 12 ]. Wired techniques have been shown to extend the lifetime 
of an enzyme at the electrode surface; however, this technique is 
very hard to master due to specifi c covalent bonding of enzyme and 
polymer which changes the three-dimensional confi guration of 
enzyme and with that decreases the optimal catalytic activity [ 7 ]. In 
this chapter, we detail an encapsulation technique ( see  Fig.  5 ) where 
an enzyme is immobilized within the pores of the hydrophobically 
modifi ed micellar polymers such as  Nafi on ®    and  chitosan  . 
Hydrophobic  micelles   will minimize the motion of an entire enzyme 
unit forcing it to stay and maintain its native state via repelling 
forces between the native hydrophilic exterior of an enzyme and the 
hydrophobic side chains. Further benefi ts of encapsulating enzymes 
within the micellar polymers are the minimization of the high con-
centration of the denaturing factors such as drastic changes in pH, 
organic  solvents  , detergents, reducing agents, salt concentrations, 
and heavy metals increasing the lifetime of the catalytic activity 
within the enzyme. Additionally, the micellar polymer further pro-
vides the insulation from drastic temperature changes as well as pro-
tection against various mechanical stresses minimizing the 
denaturing process. This strategy has shown to safely immobilize 

Polymer

Enzyme

Electrode

  Fig. 3    Sandwich technique. Enzymes are immobilized between the electrode and the polymer       

Electrode

Enzyme
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  Fig. 4    Wired technique. Enzymes are immobilized via covalent bond to the polymer       
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enzymes at electrode surfaces with storage and continuous opera-
tion lifetime of more than 2 years [ 8 ].

      Polymers with distinct hydrophobic and hydrophilic domains 
can naturally form micellar structures that are more stable than 
surfactant  micelles   [ 13 ,  14 ]; therefore, hydrophobically modifi ed 
micellar polymers will form secure and durable pocket structures 
for long-term enzyme stabilization, immobilization, and protec-
tion against harsh chemical and physical forces of the surrounding 
environment extending the lifetime of their catalytic  activity     . 

  Nafi on ®    is a perfl uorinated ion exchange polymer with a micel-
lar pore/pocket structure that has excellent properties as an ion 
conductor and has been widely employed to modify electrodes for 
variety of sensor and fuel cell applications. The molecular structure 
of commercial Nafi on ®  is shown in Fig.  6 . More specifi cally, 
Nafi on ®  is a cation-exchange polymer that has  superselectivity   
against anions and the ability to preconcentrate cations at the elec-
trode surface which in turn give rise to cation selective systems. 
This property of  superselectivity   against anions comes from high 
ionic charge density at the orifi ces of the small channels [ 15 ]. Even 
though Nafi on ®  is a micellar polymer, it has not been successful at 

Polymer

Enzyme

Electrode

  Fig. 5     Encapsulation   technique. Enzymes are immobilized within the micellar pores/pockets of the micellar  polymer            
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  Fig. 6     Nafi on ®    117, where  m  = 1  n  = 6, 7, …, 14. Molecular structure of a com-
mercial unmodifi ed  micellar polymer  . Acidic proton (the  bolded  H) is where the 
hydrophobic salts exchange with the proton in the process of modifi cation       
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immobilizing biological entities at the electrode surface due to the 
extremely small and super acidic pore structures. Previous studies 
by Minteer et al. have shown that mixture-cast fi lms of quaternary 
ammonium salts (such as: tetrabutylammonium bromide) and 
Nafi on ®  have increased the mass transport of small analytes through 
the fi lms and decreased the selectivity of the membrane against 
anions [ 16 ].  Quaternary ammonium bromide   salts have higher 
affi nity to the sulfonic acid side chain than the proton; therefore, 
they can be utilized to modify the polymer and extend the lifetime 
of the modifi ed  Nafi on ®    because protons are less likely to exchange 
back into the membrane and re-acidify it. Therefore, the modifi ed 
Nafi on ®  will have a higher buffering capacity when subjected to 
extreme acidic and basic solutions providing an exceptional physi-
ological environment for enzyme immobilization. Another advan-
tage of the “high affi nity property” of sulfonic acid group to large 
hydrophobic species is a simple technique by which the pores of 
the polymer are easily altered into different sizes ( see  Fig.  7 ) [ 17 ] 
and shapes further enhancing the ability of the enzyme entrapment 
as well as retaining its catalytic activity. Nafi on ®  modifi ed with  qua-
ternary ammonium bromide   salts will not only provide a buffered 
micellar structure for easier enzyme immobilization [ 18 ,  19 ], but 

hydrophobic modification

a

b

Teflon-based flourocarbon backbone Sulfonic acid side chain

Hydrophobic 
sulfonic side chainTeflon-based 

fluorocarbon backbone

  Fig. 7    Molecular schematic of hydrophobic modifi cation of commercial protonated  Nafi on ®    and pore size 
alteration (not to scale). ( a ) Commercial (protonated) unmodifi ed  micellar polymer  , Nafi on  ® . ( b ) Hydrophobically 
modifi ed micellar polymer, Nafi on ®        

 

Sabina Besic and Shelley D. Minteer



99

will also retain the electrical properties of unmodifi ed Nafi on ®  as 
well as increase the mass transport fl ux of ions and neutral species 
through the membrane minimizing problems associated with slow 
diffusion [ 14 – 16 ,  20 – 22 ]. Even though  Nafi on ®    is widely used 
and studied by various scientists and manufacturers due to the fact 
that it possess excellent properties that are easily altered into new 
desired properties with high specifi city and effi ciency for various 
chemical and biological applications, it is still considered as an 
expensive perfl uorinated ionomer which is neither fully biocom-
patible nor biodegradable.      

    On the other hand,  chitosan   is a typical marine linear polysac-
charide formed from chitin and next to cellulose, it is the second 
most abundant biomass on earth found in the shells of crustaceans 
and insects [ 23 ,  24 ]. The molecular structure of  chitosan   is shown 
in Fig.  8 . Because cellulose and chitin are produced in the largest 
amounts, they are considered as the most abundant organic com-
pounds on earth estimated to be around 10 11  tons each year [ 25 ]. 
 Chitosan   exhibits polyelectrolyte behavior due to the protonated 
amino groups in the polymeric backbone [ 26 ]. It is also well known 
for its biocompatibility, biodegradability and nontoxic properties 
as well as for chemical inertness and high mechanical strength. Due 
to excellent properties of chitosan, it has been adopted into various 
distinctive biological and physicochemical applications such as 
adsorption of metal ions as cleansing mechanism for waste water, 
coagulation of suspensions or solutes, fi lm- and fi ber forming 
properties, as well as antibacterial, antifungal, healing, and drug 
delivery for pharmaceutical industry [ 25 ,  27 ,  28 ]. Chitosan also 
has phytosanitary effects on plants and humans where it appears to 
help reduce blood cholesterol levels [ 27 ] as well as being water 
insoluble [ 29 ]. Because of all of these properties,  chitosan   grew 
interests and became an attractive polymer for various sensing 
applications where electrodes were modifi ed with  chitosan   to pre-
concentrate both cations and anions or to  immobilize enzymes and 
proteins for biosensing [ 30 – 36 ]. Chitosan is easily hydrophobically 
modifi ed by reductive amination using aldehydes with long alkyl 
chain lengths [ 29 ] and similar to  Nafi on   ®  it forms polymer  micelles   

H OH

OH

NH

NH2 NH2

OH

O
O

O
O

O
O

OHO
HO

HO

H

H

H
H

H
H

H

H

R

H

H

H

H

H

H

  Fig. 8     Chitosan  . Molecular structure of unmodifi ed  chitosan  ; where R = butyl, hexyl, octyl, or decyl alkyl chain 
after modifi cation       

 

Micellar Polymer Encapsulation of Enzymes



100

due to the separate hydrophobic and hydrophilic segments of the 
polymer [ 26 ,  37 ,  38 ]. Therefore, hydrophobically modifi ed chito-
san have advantageous potential for renewable energy, such as: 
  biofuel cell   applications [ 39 ].

2       Materials 

       1.    1-bromoeicosane: 98 % pure.   
   2.    Trimethylamine anhydrous: 99 % pure.   
   3.    Tefl on bomb (276ACT304 012506 manufactured by Parr 

Instrument Company,  Moline     , IL).      

       1.    Nafi on ® : perfl uorinated resin solution 5 % by weight in lower 
aliphatic alcohols and water, contains 15–20 % water (Aldrich).   

   2.    Ethanol: 190 proof, 95.0 % pure.   
   3.    Propanol: 99.5 % pure.   
   4.    Quaternary ammonium salts.

   (a)    T3A (tetrapropylammonium bromide): 98 % pure.   
  (b)    TBAB (tetrabutylammonium bromide): 99 % pure.   
  (c)    T5A (tetrapentylammonium bromide): 99 % pure.   
  (d)    TEHA (triethylhexylammonium bromide): 99 % pure.   
  (e)    TMHA (trimethylhexylammonium bromide): 98 % pure.   
  (f)    TMOA (trimethyloctylammonium bromide): 98 % pure.   
  (g)    TMDA (trimethyldecylammonium bromide): 98 % pure.   
  (h)    TMDDA (trimethyldodecylammonium bromide): 99 % pure.   
  (i)    TMODA (trimethyloctadecylammonium bromide): 98 % pure.   
  (j)    TMTDA (trimethyltetradecylammonium bromide): 99 % pure.   
  (k)    TMHDA (trimethylhexadecylammonium bromide): 98 % 

pure in powder  form  .   
  (l)    TMICA (trimethylicosylammonium bromide): synthe-

sized in the  lab     .       

   5.    Water: 18 MΩ used for rinsing and extracting the excess salt 
from the polymer.      

       1.     Chitosan  - low molecular weight (LMW) and medium molecu-
lar weight (MMW): from crab shells, 75–85 % deacetylated 
(Aldrich).   

   2.    Acetic acid: 99.7 % pure liquid.   
   3.    Methanol: 99.8 % pure.   
   4.    Butanal: 98 % pure.   

2.1  TMICA 
(Trimethylicosyl-
ammonium Bromide); 
Synthesized

2.2  Modifi cation 
of  Nafi on ®   

2.3  Modifi cation 
of  Chitosan  
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   5.    Hexanal: 98 % pure.   
   6.    Octanal: 99 % pure liquid.   
   7.    Decanal: 95 % pure liquid.   
   8.    Sodium cyanoborohydride: 95 % pure.   
   9.    Tert-amyl alcohol: 99 % pure liquid.   
   10.    Chloroform: 99 % pure preserved with 0.75 % ethanol.         

       1.    Modifi ed Nafi on ®  and/or  chitosan  : Keep tightly closed and 
away from heat, sparks, and open fl ame.   

   2.    Enzyme in powder or solution form: store as required.             

3    Methods 

       1.    Add 2.5 g (0.006917 mol) of 1-bromoeicosane into the 23 mL 
Tefl on cup and cap it closed.   

   2.    Place the closed Tefl on cup into a Tefl on bomb container and 
chill it cold for about 5 min with dry ice.   

   3.    Pour 5 mL of chilled trimethylamine (in molar excess to the 
alkylbromide) into the chilled Tefl on bomb container contain-
ing chilled 1-bromoeicosane.   

   4.    Seal the Tefl on bomb with screw cap and place in the oven at 
100 °C for 90 min.   

   5.    Move it to the hood and cool down to room temperature. 
With a fan, it takes about an hour. After cooling down, slowly 
open until the air within the container is depressurized, or after 
the sound of air suction.   

   6.    Transfer the product into the dark glass container and place it 
into the vacuum desiccator for 2 h to remove any excess tri-
methylamine that might be dissolved in the product.   

   7.    Tightly close the container with a lid and store it in a dry and 
well ventilated place.   

   8.    The product is in the form of a white powder.      

   Enzyme encapsulation within the micellar polymer is obtained via 
modifi ed Nafi on ® . Treating the polymer by various quaternary salts 
alters the pores to different shapes and sizes corresponding to spe-
cifi c structure of each salt and providing the optimal catalytic envi-
ronment for various enzymes. The amount of salt used in all 
mixture-casting solutions is prepared such that the concentration 
of quaternary ammonium salt is in threefold excess of the concen-
tration of sulfonic acid sites in the Nafi on ®  suspension. After the 

2.4  Encapsulation 
of Enzymes Within 
the Pores of Modifi ed 
 Nafi on ®    and/or 
 Chitosan  

3.1  Synthesis 
of TMICA (Tri-
methylicosylammonium 
Bromide)

3.2  Preparation 
of Modifi ed  Nafi on ®    
with Quaternary 
Ammonium Salts
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modifi ed polymer has been obtained, then the encapsulation of an 
enzyme within the polymer takes place. Bilirubin oxidase and 
glyceraldehyde- 3-phosphate  dehydrogenase   are very small enzymes 
(~50 kDa) and shown to best encapsulated via TBAB modifi ed 
Nafi on. Alcohol  dehydrogenase   of similar size and shape have also 
shown to be best immobilized within the pores of TBAB modifi ed 
Nafi on. Larger size and shape of catalyst prefer larger pore sizes for 
retention of their optimal catalytic activity. Refer to Table  1  for 
additional examples of optimal enzymes  stability   within a specifi c 
polymer.      

     1.    Add 4.052 × 10 −4  mol of salt per 1 mL of 5 % by weight  Nafi on ®    
suspension and mix by vortex for ~10 min, or until homoge-
neous mixture is obtained and salt has dissolved completely.   

   2.    Co-cast the quaternary ammonium salt with Nafi on ®  suspen-
sion into a weighing boat. It is very important not to cast more 
than 1 mL per 8 cm 2  surface area ( see   Note    1  ).   

   3.    Let the mixture air dry in low humidity for 12–24–48 h ( see  
 Note    2  ).   

   4.    Once dry, soak the mixture-cast fi lm in 18 MΩ water for at 
least 24 h to remove all excess salts ( see   Note    3  ).   

   5.    After the salt extraction, rinse the fi lms thoroughly with 18 MΩ 
water three times ( see   Note    4  ).   

   6.    After thoroughly rinsing and salt extraction, allow the modi-
fi ed polymer to air dry in two half closed containers to avoid 
any particle or dust contamination.   

   7.    Qualitatively transfer the dry fi lms into a glass vial and resus-
pend the fi lms into 1 mL of lower aliphatic alcohols to prepare 
the suspension for enzyme immobilization ( see   Note    5  ).   

   8.    Vortex the modifi ed polymer suspension for about ~10 min 
and store at 25 °C tightly closed with a cap and additionally 
sealed with Parafi lm ( see   Note    6  ).    

     Before enzyme encapsulation takes place, the  chitosan  , a linear 
polysaccharide, needs to be transformed into a micellar polymer via 
reductive amination. In this reaction the amine group on the chi-
tosan will attack the carbon on the aldehyde forming an  intermediate 
with a double covalent bond between each other and water as a 
by-product. Utilizing different sizes of aldehydes such as butanal, 
octanal or decanal, the micellar shape, size, and distribution is 
altered. After the modifi ed polymer has been obtained, then the 
encapsulation of an enzyme within the polymer takes place. Refer 
to Table  1  for additional examples of optimal enzymes  stability   
within a specifi c polymer.      

3.3  Preparation 
of Hydrophobically 
Modifi ed  Chitosan   
via Reductive 
Aldehyde Amination
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    1.    Dissolve medium molecular weight  chitosan   (0.500 g) in 
15 mL of 1 % (v/v) acetic acid by rapid stirring for approxi-
mately 10 min, forming a viscous gel-like solution.   

   2.    After the formation of a homogeneous gel-like solution, add 
15 mL of absolute methanol to the  chitosan   mix and stir for 
approximately 15 min ( see   Note    7  ).   

   3.    To hydrophobically modify  chitosan  , slowly add 15 mL of 
aldehyde of choice (butanal, hexanal, octanal, or decanal) over 
a period of 1 min while continue on stirring ( see   Note    8  ).   

   4.    Also add 1.25 g of sodium cyanoborohydride while the gel is 
continuously stirred and stir until the suspension is cooled to 
room temperature ( see   Note    9  ).   

   5.    Collect the resulting product in the form of a white precipitate 
by vacuum fi ltration through a Buchner funnel ( see   Note    10  ).   

   6.    Wash with 150 mL increments of absolute methanol three to 
four times to remove any unreacted cyanoborohydride.   

    Table 1  
  Optimum polymers for immobilization of several enzymes   

 Enzyme  Optimum modifi ed polymer 

 Alcohol  dehydrogenase   
 Bilirubin oxidase 
 Glyceraldehyde-3-phosphate  dehydrogenase   

 TBAB* modifi ed  Nafi on ®    

 Lipoxygenase  TMDDA* modifi ed Nafi on ®  

 Hexokinase, phosphofructose kinase  TMHDA* modifi ed Nafi on ®  

 Phosphoglucose isomerase  TMHA, TMOA, T3A, and TBAB modifi ed Nafi on ®  

 Aldolase  TMTDA* modifi ed Nafi on ®  

 Glucose  dehydrogenase    Butyl* modifi ed  chitosan   
 TMOA modifi ed Nafi on ®  

 Formate  dehydrogenase    TMHA* modifi ed Nafi on ®  butyl modifi ed  chitosan   

 Aldehyde  dehydrogenase    Hexyl and butyl* modifi ed  chitosan   
 TMHA and TMOA modifi ed Nafi on ®  

 Phosphoglycerate kinase  All salts ref. for modifi cation of Nafi on ®  except 
TMDDA and TMTDA 

 Enolase  Hexyl and butyl modifi ed  chitosan   

 Pyruvate kinase  TMODA* modifi ed Nafi on ®  

 PQQ-dependent glucose  dehydrogenase    TMODA* modifi ed Nafi on ®  

 PQQ-dependent alcohol  dehydrogenase       TMOA*, TEHA, TBAB modifi ed Nafi on ®  

  The symbol  asterisk  (*) labels the polymer that have shown the best ability to immobilize the enzyme as compared to 
other polymers studied here  

Micellar Polymer Encapsulation of Enzymes
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   7.    Dry the modifi ed  chitosan   over a fi lter and then transfer to a 
watch dish to be further dried in a vacuum desiccator over at 
40 °C for 2 h, leaving a fl akey white solid ( see   Note    11  ).   

   8.    Store the modifi ed  chitosan   in the form of a fl akey white solid 
tightly closed in a glass vial for up to 6 months.   

   9.    Resuspend in either ethanol or n- propanol      ( see   Note    12  ).    

     There are two enzyme encapsulation methods. One of them is 
where the enzyme in powder form is directly added to the modi-
fi ed Nafi on ®  while the second method is where enzyme in buffer is 
added to the modifi ed Nafi on ®  suspension. Usually 1 mg of enzyme 
is used regardless of method; however, larger or smaller amounts 
have been used and shown proper enzyme immobilization. 
Depending on the enzymes  stability   within an alcohol environ-
ment is what determines the ratio of enzyme solution to the modi-
fi ed polymer solution. Ratios such as 1/2, 2/3, and even 1/3 of 
polymer have been tested and shown that in all cases the polymer 
has been able to properly dry and form  micelles   that effi ciently 
immobilize the enzymes at the electrode surface.

    1.    Mix the enzyme with the modifi ed polymer.   
   2.    Vortex for ~20 min, or until the homogeneous mixture has 

been achieved to ensure the complete encapsulation of all 
enzymes introduced to the polymer ( see   Note    13  ).   

   3.    Cast the enzyme/membrane suspension onto a conductive 
surface and let air dry over night for 12–24–48 h at low humid-
ity ( see   Note    14  ).   

   4.    Once dry, an enzyme encapsulation within the pores of the 
polymer is complete and ready for use. They can be stored as is 
or used immediately. Rehydration of the polymer must be 
done at least 1 h before any experiments are performed; 
 however, overnight soak seems to be suffi cient enough for 
more reproducible results. Rehydration can be done with 
either only buffer or fuel/substrate solution.          

4                     Notes 

     1.    To thick or thin fi lms do not dry properly and therefore do not 
form uniform  micelles   within the polymer.   

   2.    Do not dry it over a running fan or any noticeable air move-
ment. Micelles do not form properly if the casting is dried too 
fast. Therefore, half close the casted polymer weighing boat 
with another empty weighing boat and place it into a half 
closed box to minimize the air and dust movement that might 
alter and disrupt proper micelle formation. Keep the whole 

3.4  Encapsulation 
of Enzymes 
Within the Pores 
of Modifi ed  Nafi on ®    
and or  Chitosan  
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setup above or close to dehumidifi er to better control low 
humidity that will help in consistent micelle formation 
(Whirlpool dehumidifi er set on continuous-high level). 
Depending on humidity of the environment, it can still take 
between 12 and 48 h to completely dry, but if humidity is 
above average high it will never dry. During winter time, it 
usually takes at least 12 h to dry due to very low humidity.   

   3.    The dry fi lm will have some white and yellow spots or discol-
oration indicating where excess salt is situated. After all salt is 
removed, the fi lm becomes more transparent; however, it is 
very hard to get a crystal clear fi lm which would be a perfect 
 micelle   formation. During these fi rst 24 h, if the perfect fi lm 
has formed then the fi lm itself will rise and fl oat. Cloudy or 
white membranes either did not dry properly or the micellar 
structure has been destroyed. If the mixture-cast fi lm does not 
fl oat, try to peel it of the surface. Do not scrape the surface to 
obtain your polymer. If necessary cast thicker fi lms so they do 
not break during peeling process, but make sure they are not 
too thick because of the improper  micelle   formation. To start 
the peeling process, make sure the polymer is hydrated with 18 
MΩ H 2 O and fold over the weighting boat couple of times 
destructing the interactions mechanically between the polymer 
and the weighting boat. This will release the polymer and make 
the peeling process much easier. This can only be done in plas-
tic weight boats, and not glass. For the polymers that did not 
fl oat during the fi rst 24 h and needed to be peeled off, they 
need further salt extraction for 24 h before resuspension into 
 solvents  .   

   4.    Pay careful attention while rinsing not to lose any of your poly-
mer. It is very brittle and easily breaks into small pieces. Also, 
it is very thin, light and transparent making it harder to see 
when covered with water.   

   5.     Nafi on ®    modifi ed with smaller salts dissolve easily in absolute 
ethanol while the larger ones are too hydrophobic and need 
more hydrophobic alcohol to completely dissolve. 
Tetrapropylammonium bromide (T3A), tetrabutylammonium 
 bromide (TBAB), tetrapentylammonium bromide (T5A) and 
triethylhexylammonium bromide (TEHA) easily dissolve in 
absolute ethanol. Trimethylhexylammonium bromide 
(TMHA), trimethyloctylammonium bromide (TMOA), tri-
methyldecylammonium bromide (TMDA), trimethyldodecyl-
ammonium bromide (TMDDA), trimethyltetradecylammonium 
bromide (TMTDA), trimethylhexadecylammonium bromide 
(TMHDA), trimethyloctadecylammonium bromide 
(TMODA), and trimethylicosylammonium bromide (TMICA) 
dissolve in absolute propanol.         

Micellar Polymer Encapsulation of Enzymes
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   6.    You can also store the modifi ed polymer as solid fl akes in 
capped and sealed glass vials for longer term  stability  .   

   7.    Methanol is added to resuspend the gel and transform the 
polymer into a less viscous solution so further synthesis could 
take place homogeneously.   

   8.    Reductive amination of  chitosan   with aldehyde is a very fast 
spontaneous exothermic reaction especially with aldehydes 
with smaller number of carbons. Fast addition of aldehyde will 
not form proper  micelles   within the polymer nor will they be 
evenly distributed due to instantaneous reaction of aldehyde 
with the amine group. Therefore, in order to form proper size 
and shape micelles homogeneously throughout the polymer, 
the aldehyde needs to be added very slowly and carefully. 
Because the reaction is very fast, the formation of intermediate 
polymer forms instantaneously seen by the clumping of solu-
tion which becomes impossible to stir with additions of alde-
hyde in large amounts and further preventing the proper 
homogeneous amination.   

   9.    The addition of cyanoborohydride will transfer intermediately 
into a more stable product via the removal of the double bond 
between the aldehyde and the amine group.   

   10.    If you are not doing a quantitative analysis, a faster way to 
obtain and fi lter is without any paper fi lter because most par-
ticles clump up into larger pieces.   

   11.    It can be also dried at room temperature in a vacuum desicca-
tor that is ran for an hour and then leave it over night to con-
tinually air dry.         

   12.    Choose an alcohol which the enzyme is most tolerant, as well as  
a  solvent   the polymer will dissolve in. All enzymes mentioned 
here will tolerate both ethanol and propanol without a signifi -
cant problem. However, the issue comes when the polymer 
does not completely dissolve in the chosen solvent. Ethanol has 
the capability to dissolve Nafi on ®  that has been modifi ed with 
less hydrophobic smaller salts. TMOA and TMHA modifi ed 
 Nafi on ®    do dissolve in ethanol to some extent;  however, they 
completely dissolve with propanol. Also the TMHDA, TMTDA, 
and TMODA modifi ed Nafi on polymers dissolve in propanol.   

   13.    The enzyme  stability   within the  solvent   determines the time of 
mixing as well as the ratio of polymer to the enzyme solution.   

   14.    Ensure that the electrodes are protected from collecting dust 
and other airborne particles that might interfere with proper 
 micelle   formation and enzyme encapsulation process. Double 
half closed boxes are effi cient enough to minimize the con-
tamination. Also keep the whole setup above or close to 
dehumidifi er.         
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    Chapter 9   

 Cross-Linked Enzyme Aggregates for Applications 
in Aqueous and Nonaqueous Media                     

     Ipsita     Roy    ,     Joyeeta     Mukherjee    , and     Munishwar     N.     Gupta      

  Abstract 

   Extensive cross-linking of a precipitate of a protein by a cross-linking reagent (glutaraldehyde has been 
most commonly used) creates an insoluble enzyme preparation called cross-linked enzyme aggregates 
(CLEAs). CLEAs show high stability and performance in conventional aqueous as well as nonaqueous 
media. These are also stable at fairly high temperatures. CLEAs with more than one kind of enzyme activ-
ity can be prepared, and such CLEAs are called combi-CLEAs or multipurpose CLEAs. Extent of cross- 
linking often infl uences their morphology, stability, activity, and enantioselectivity.  

  Key words     Cross-linking agents  ,   Glutaraldehyde  ,   Cross-linked enzyme aggregates  ,   Immobilization  , 
  Thermal stability  ,   Enantioselectivity    

1     Introduction 

 The  cross-linking   techniques (that is, use of bifunctional reagents) 
for proteins were introduced by Wold’s group. Wold also wrote an 
excellent review on the technique [ 1 ] which he updated again later 
on [ 2 ]. The reaction of a protein with a bifunctional reagent [ 1 ,  2 ] 
may give rise to a variety of products: (a) If only one side chain on 
the protein reacts, this leads to monofunctional modifi cation of the 
protein just as in the case of a monofunctional reagent. (b) The 
reagent forms an intramolecular cross-link in the protein, a possi-
bility favored at low concentration of the protein. (c) The reagent 
forms an intermolecular cross-link between different molecules of 

 Prof. Finn Wold, while at University of Minnesota, St. Paul, USA, introduced bifunctional reagents (more frequently 
called  cross-linking   reagents) to protein chemistry. Consequently several subsequent developments including CLEA 
design were possible. Prof. Wold was one of the early mentors of one of the authors (Munishwar N. Gupta). This chapter 
is dedicated to the memory of Prof. Finn Wold who was a great scientist and a great human being.   



110

the protein to form soluble oligomers of the protein. (d) When 
high concentration of both protein and the reagent are used, 
extensive intermolecular  cross-linking   (accompanied by 
 intramolecular  cross-linking   to a varying degree depending upon 
the enzyme) leads to formation of insoluble chemical aggregates. 
A large number of such chemical aggregates have been described 
in the literature [ 3 ]. In early reviews [ 3 ,  4 ], these chemical aggre-
gates were considered as immobilized enzymes without a matrix. A 
somewhat different way of forming such insoluble aggregates was 
described by Sheldon’s group. In this version, the protein is pre-
cipitated by a salt/organic  solvent   and cross-linked while still in the 
precipitated form. Such insoluble aggregates have been called 
cross-linked enzyme aggregates (CLEAs) [ 5 – 8 ].  CLEAs   are said to 
be less amorphous, easier to handle, show high  stability   at high 
temperatures, in the presence of organic  solvents   and even in nearly 
anhydrous organic solvents [ 7 ,  9 ,  10 ]. CLEA preparations also 
show high reusability. CLEA of (R)-oxynitrilase could be recycled 
ten times without loss of activity [ 9 ]. Majumder et al. [ 10 ] have 
shown the increase in half-life of CLEA of  Burkholderia cepacia  
 lipase   (BCL) at 55 °C in an aqueous buffer. Similarly, half-lives of 
pectinase (at 50 °C), xylanase (at 60 °C), and cellulase (at 70 °C) 
improved signifi cantly upon formation of a multipurpose CLEA 
[ 11 ]. There are a few examples wherein CLEA prepared in the 
presence of additives showed improved thermal stability [ 12 ]. 
There are also a large number of examples wherein CLEAs have 
shown much higher activity in organic media. Sheldon [ 13 ] men-
tioned that CLEA of  Candida antarctica  lipase B (CALB) showed 
six times higher activity (in diisopropyl ether) than the commer-
cially available immobilized form, Novozym 435. In another 
example, CLEA of penicillin  acylase   performed much better (than 
even carrier-bound enzyme) in kinetically controlled synthesis of 
ampicillin in 60 % (v/v) ethylene glycol [ 14 ]. CLEA of 
(R)-oxynitrilase worked as an effi cient hydrocyanation catalyst 
under microaqueous conditions [ 9 ]. For further examples, many 
good reviews/chapters can be consulted [ 8 ,  13 ,  15 ]. CLEAs are 
also reported to show good performance in  ionic liquids   [ 16 ,  17 ]. 
Table  1  shows that CLEAs of both  Candida rugosa   lipase   (CRL) 
as well as BCL performed quite well in the  kinetic   resolution of 
1-phenylethanol in [Bmim][PF 6 ] (1-butyl-3-methylimidazolium 
hexafl uorophosphate). The table also compares the performance 
of these CLEAs with the pH tuned lyophilized powders and 
EPROS (enzymes precipitated and rinsed with organic solvents; 
precipitates of enzymes obtained by the optimal use of an appro-
priate organic  solvent  ) [ 18 – 21 ]. It is interesting to note that these 
EPROS preparations performed quite well as compared to the cor-
responding CLEAs. In fact, in case of CRL, EPROS was better 
than the corresponding CLEA. CLEAs have also been used in 
supercritical CO 2  [ 22 ].
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   Obtaining chirally pure compounds is another valuable appli-
cation of biocatalysts. CLEA have shown improved   enantioselectivity   
in a few cases. A good example is synthesis of enantiomerically pure 
(S)-mandelic acid from benzaldehyde using the bienzymatic cas-
cade of CLEA comprising (S)-selective oxynitrilase from  Manihot 
esculenta  and the nonselective recombinant nitrilase from 
 Pseudomonas fl uorescens  EBC 191 [ 23 ]. 

 CLEAs are often compared with a prior biocatalyst design 
called cross-linked enzyme crystals (CLECs). CLECs are obtained 
by  cross-linking   of microcrystals of protein and unlike  CLEAs  , 
require fairly pure protein preparations [ 24 ]. 

 The possibility of formation of CLEAs with mixed population 
of enzyme molecules also enables one to make combi-CLEAs (with 
which a sequence of two successive reactions can be carried out by 
CLEAs formed from a mixture of two enzymes) [ 23 ] or multipur-
pose CLEAs (CLEA formed from mixtures of enzymes with quite 
different and unrelated activities such as the CLEA containing pec-
tinase, xylanase, and cellulase activities) [ 11 ]. In many studies, 
CLEAs have been shown to perform better than just lyophilized 

   Table 1  
   Kinetic   resolution of 1-phenylethanol in [Bmim][PF 6 ] catalyzed by different preparations of  lipases     

 Entry  Lipase preparation  Time (h)  Conversion (%)  ee p  (%) a   ee s  (%) a   E b  

  Candida rugosa   lipase   

 1  Lyophilized powder  12  5  80  5  11 

 2  Lyophilized powder  24  7  83  6  12 

 3  EPROS  12  22  97  28  123 

 4  EPROS  24  26  98  34  153 

 5   CLEA    12  10  91  10  30 

 6   CLEA    24  12  95  12  69 

  Burkholderia cepacia   lipase   

 7  Lyophilized powder  1  5  99  5  114 

 8  Lyophilized powder  2  8  99  8  187 

 9  EPROS  1  31  99  45  314 

 10  EPROS  2  49  99  96  736 

 11  CLEA  1  41  99  69  432 

 12  CLEA  2  50  99  99  >1000 

  Adapted from ref. [ 17 ] with permission from Elsevier 
  a Conversion and ee’s were estimated by HPLC 
  b  Enantioselectivity   (E) was calculated according to Chen’s equation [ 17 ]  
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powders in organic media [ 12 ,  17 ]. Control of extent of  cross- 
linking   during CLEA preparation makes it possible to choose the 
desired trade-off between activity,  stability   and  enantioselectivity   
[ 10 ]. The CLEA of BCL was also found to catalyze effi cient pro-
duction of biodiesel from Mahua oil, which contains a high amount 
of free  fatty acids   ([ 25 ], Fig.  1 ).

   Some recent applications of CLEAs as a biocatalyst include 
hydrolysis of narangin [ 26 ]; enrichment of PUFA (polyunsaturated 
 fatty acids  ) in fi sh oil by hydrolysis catalyzed by Geotrichium sp. 
 lipase   [ 27 ]; synthesis of  L -phenylalanine using CLEA of phenylala-
nine ammonia lyase from  Rhodotorula glutinis  [ 28 ] ;  papain- 
catalyzed hydrolysis of  BSA   and ovalbumin [ 29 ] ;  hydrolysis of 
poly-3-hydroxybutyrate by CLEA of the depolymerase from 
 Streptomyces exfoliatus  [ 30 ]; stabilization of CRL against transacety-
lation so that the lipase is not vulnerable to acetaldehyde generated 
in situ in the reaction of vinyl acetate with benzyl alcohols [ 31 ]. 
Guauque et al. [ 32 ] have described a procedure for correctly calcu-
lating the activity of the CLEAs.  CLEAs   of beta-galactosidase have 
been used in a biphasic system to avoid substrate inhibition [ 33 ]. 

 With multimeric enzymes, CLEA methodology offers the 
advantage of stabilization of quaternary structures. An example is 
the tetrameric  catalases   [ 34 ]. While CLEAs are called carrier free 
immobilized enzymes, some variations on the methodology 

  Fig. 1    Biodiesel production from Mahua oil catalyzed by  CLEAs   of  Pseudomonas 
cepacia  ( Burkholderia cepacia )  lipase  . CLEAs were prepared from different 
amounts of lipase and added to the reaction media containing Mahua oil and 
ethanol at a ratio of 1:4. These mixtures were incubated for 2.5 h at 40 °C with 
a constant shaking at 200 rpm. The experiment was performed in triplicate, and 
the error bars represent the percentage error in each set of readings (Adapted 
from ref. [ 25 ] with permission from American Chemical Society, Copyright 2007)       
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involves matrices. For specifi c applications, such innovations may 
be useful. Kim et al. [ 35 ] have entrapped CLEAs of α-chymotrypsin 
and  Mucor javanicus   lipase   in pores of hierarchically ordered meso-
porous silica. Wilson et al. [ 34 ] have encapsulated penicillin G 
 acylase   CLEA in LentiKats. Hilal et al. [ 36 ] have entrapped lipase 
CLEA within microporous polymeric membranes. Table  2  pro-
vides a snapshot of the different approaches used over the years for 

   Table 2  
  Types of enzyme aggregates   

 Type of aggregate  Unique features  Reference 

 Insoluble amorphous “chemical 
aggregates” 

 These aggregates often retain fairly high activity and 
show somewhat enhanced  stability   under 
denaturing conditions such as moderately high 
temperature and organic cosolvents 

 [ 40 ] 

 Cross-linked enzyme aggregates 
( CLEA  ) 

 In this approach, protein is cross-linked when 
present in precipitate form. This strategy has 
resulted in remarkable improvement in the 
following properties of the resultant biocatalyst: 
(a) Higher retention of biological activity; 100 % 
in a large number of cases; (b) Better 
reproducibility by easier control of parameters. 
Chemical aggregate formation requires a delicate 
balance between several factors, such as the 
amount of cross-linker, temperature, pH, and 
ionic strength; (c) Higher mechanical  stability   
and stability towards denaturing conditions 

 [ 10 ,  12 ] 

 CLEA with polymeric additive  Formed by co-precipitation of the enzyme with 
poly-ethyleneimine (PEI) or PEI–dextran sulfate 
mixtures. This produces signifi cant changes in the 
activity, specifi city, and  enantioselectivity   of the 
enzyme. This approach can be used for the 
preparation of CLEAs of enzymes with low 
number of lysines on their surface 

 [ 34 ,  41 ] 

  CLEA   with  bovine serum 
albumin (BSA)   as proteic 
feeder 

 Addition of BSA facilitates obtaining CLEAs in 
cases where the protein concentration in the 
enzyme preparation is low and/or the enzyme 
activity is vulnerable to the high concentration of 
 glutaraldehyde   required to obtain aggregates 

 [ 12 ] 

 Cross-linked imprinted 
aggregates (CLIP) 

 Different precipitants result in different enzyme 
conformations which are “frozen” by extensive 
 cross-linking  . This interesting approach is called 
cross-linked imprinting (CLIP) approach 

 [ 42 ] 

 Combi-CLEA  The approach of combi-CLEA is aimed at turning 
CLEA into a multi-enzyme complex for multistep 
conversions for cascade catalysis 

 [ 23 ] 

(continued)
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Table 2
(continued)

 Type of aggregate  Unique features  Reference 

 Multipurpose  CLEA    In this approach, the CLEA may contain several 
enzyme activities for catalyzing non-cascade 
reactions 

 [ 43 ] 

  Laccase   CLEAs using  chitosan    While the authors described  chitosan   as a novel 
cross- linker, it was actually used as a spacer to be 
inserted between carboxyl groups of the enzyme 
via carbodiimide coupling. The thermal  stability   
improved but stability against chemical 
denaturants did not 

 [ 44 ] 

 Use of recombinant  V. spinosum  
tyrosinase as the cross-linker 

 Addition of phenol to compact globular proteins 
like lysozyme and CAL B facilitated formation of 
CLEAs by addition of tyrosinase 

 [ 45 ] 

 Fast PREP CLEAs   N -acetyl muramic acid-aldolase CLEAs on 
dispersion by a reciprocating disrupter (Fast 
PREP) produced a twofold increase in aldolase 
activity 

 [ 46 ] 

 Porous CLEAs of papain  Starch was added as a pore making agent and was 
hydrolysed subsequently by alpha-amylase. Tis 
resulted in improved activities 

 [ 29 ] 

  CLEAs   for synthesis in CO 2 - 
expanded micellar solutions 

 Trypsin was precipitated from the CO 2 -expanded 
reverse micellar solutions and then cross-linked to 
give dendritic CLEAs. The activity of CLEAs 
obtained by this method is improved in contrast 
to those obtained by the conventional method 

 [ 47 ] 

 Hybrid  CLEA   of phenylalanine 
ammonium lyase from 
 Rhodotorula glutinis  

 Novel hybrid magnetic cross-linked enzyme 
aggregates of phenylalanine ammonia were 
developed by co-aggregation of enzyme 
aggregates with magnetite nanoparticles and 
subsequent  cross-linking   with  glutaraldehyde  . 
The HM-PAL-CLEAs can be easily separated 
from the reaction mixture by using an external 
magnetic fi eld 

 [ 48 ] 

 CLEA of phenylalanine 
ammonium lyase in 
microporous silica gel 
(MSG-CLEAs) 

 MSG-CLEAs exhibited the excellent  stability   of the 
enzyme against various deactivating conditions 
such as temperature and denaturants, and showed 
higher storage stability compared to the free PAL 
and the conventional CLEAs of the same enzyme 

 [ 49 ] 

 Magnetic CLEAs of alpha 
amylase 

 These were prepared by chemical  cross-linking   of 
enzyme aggregates with amino functionalized 
magnetite nanoparticles which can be separated 
from reaction mixture using magnetic fi eld. 100 % 
of the initial activity was recovered in magnetic 
CLEAs, whereas only 45 % was recovered in 
CLEAs due to the low content of Lys residues in 
alpha amylase 

 [ 50 ] 

(continued)
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obtaining enzyme aggregates for catalytic purposes. It is worth 
noting that with growing popularity of the CLEA concept, the line 
between amorphous aggregates and patented procedure for CLEAs 
has been blurred. All chemically cross-linked aggregates are being 
called CLEAs! It is also interesting to note that recent work has 
suggested the use of inclusion bodies (IBs) (with signifi cant level 
of catalytic activity) in lieu of CLEAs [ 37 ].

   This chapter describes:

   Protocol 3.1: A general method for the preparation of  CLEAs  .  
  Protocol 3.2: Preparation of CLEAs with  BSA   as a proteic feeder 

and illustrated with the preparation of Penicillin  acylase   CLEA.  
  Protocol 3.3: Preparation of multipurpose CLEAs with pectinase, 

xylanase, and cellulose additives.     

2    Materials 

     1.    3-Å molecular sieves (E. Merck, Mumbai, India).   
   2.     Glutaraldehyde   solution: 25 %, v/v in water.   
   3.    Pasteur pipettes.   

Table 2
(continued)

 Type of aggregate  Unique features  Reference 

 CLEAs entrapped in 3D ordered 
macroporous silica 

 The  lipase   was fi rst precipitated in the pores of the 
silica using ammonium sulfate and then cross-
linked by  glutaraldehyde  . These CLEAs exhibited 
excellent thermal and mechanical  stability  , and 
could maintain more than 85 % of initial activity 
after 16 days of shaking in organic and aqueous 
phase 

 [ 51 ] 

 Combi  CLEAs   of a ketoreductase 
and D- glucose    dehydrogenase   

 Cofactor regeneration in the synthesis of valuable 
chiral alcohols catalyzed by ketoreductases was 
more effi ciently possible with these CLEAs. 
combi-CLEAs of ketoreductase and D-glucose 
 dehydrogenase   enabled the repeated and effective 
conversion of substrate ethyl 4-chloro-3-
oxobutanoate (COBE) 

 [ 52 ] 

 Combi CLEAs of amylosucrase 
(AS), maltooligosyltrehalose 
synthase (MTS), and 
maltooligosyltrehalose 
trehalohydrolase (MTH) 

 CLEA-AS-MTS-MTH was used to convert sucrose 
to  trehalose   

 [ 53 ] 

 Hybrid bioreactor of hollow fi ber 
membrane and CLEAs of 
 laccase   

 Used for effl uent wastewater treatment for the 
removal of aromatic pharmaceuticals 

 [ 54 ] 
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   4.    All  solvents   used are of low water grade and are further dried 
by gentle shaking with 3-Å molecular sieves.   

   5.    Sodium phosphate buffer: 50 mM and pH 7.0.   
   6.    Tris–HCl buffer: 100 mM and pH 8.0.      
   7.    Sodium acetate buffer: 50 mM and pH 5.0.   
   8.     Candida rugosa   lipase   (Amano Enzyme Inc., Nagoya, Japan).   
   9.     Pseudomonas cepacia  ( Burkholderia cepacia )  lipase   (Amano 

Enzyme Inc., Nagoya, Japan).   
   10.    Penicillin G  acylase   (Fluka) (It is a liquid enzyme).   
   11.    Pectinex™ Ultra SP-L (a commercial preparation of pectolytic 

enzymes from a selected strain of  Aspergillus niger ) (Novozymes, 
Bangalore, India).      

3    Methods 

 The exact conditions for the preparation of  CLEAs   vary from enzyme 
to enzyme. Thus, the conditions should fi rst be optimized with 
respect to a particular enzyme in terms of: (a) choice of precipitant 
which does not lead to loss of enzyme activity and precipitates the 
enzyme quantitatively. Some of the precipitants which have worked 
well are: acetone, dimethoxyethane, n-propanol, t-butanol,  polyeth-
ylene glycol (PEG)  , and ammonium sulfate; (b) requirement of an 
additive which can be either a synthetic polymer or a proteic feeder. 
Addition of the inert protein (e.g., bovine serum albumin, ovalbu-
min, hemoglobin, or fi brinogen), called proteic feeder, prevented 
reaction with amino groups located at or near the enzyme active site 
and did not allow excessive  cross- linking   which results in too rigid a 
conformation of the enzyme. This over- rigidity led to poorly active 
enzyme molecules. The same concept of proteic feeder works equally 
well in the case of  CLEA   formation. It was shown that addition of 
 BSA   before precipitation and  cross- linking   resulted in (1) facilitating 
required level of  cross-linking   in the case of a  Pseudomonas cepacia  
 lipase   preparation which had very poor protein content [ 8 ] and (2) a 
more active CLEA of penicillin G  acylase   as otherwise some essential 
amino groups of the enzyme were modifi ed by glutaraldehyde [ 12 ]. 
The morphologies of CLEAs obtained with or without the addition 
of BSA in the case of penicillin G  acylase   were different as seen by 
scanning electron microscopy (SEM) and atomic force microscopy 
(AFM) (Fig.  2 ); (c) nature of  cross-linking   agent. In a majority of the 
cases,  glutaraldehyde   has been used for  cross-linking  . In some cases, 
wherein reaction with glutaraldehyde led to loss in enzymatic activity, 
a larger molecule, dextran polyaldehyde, has been reported to be a 
better choice as the reaction becomes limited to more accessible 
amino groups present on the protein surface [ 38 ]; (d) cross-linker 
concentration; and (e)  cross-linking   time.
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          1.    The prechilled precipitant (4 times volume of the aqueous 
solution) is taken in a capped centrifuge tube and the tube is 
then kept on an orbital shaker (set at 150 rpm, 4 °C).   

   2.    The enzyme solution made in 50 mM phosphate buffer, pH 
7.0 ( see   Notes    1   and   2  ) is added dropwise to the precipitant 
( see   Note    3  ) for protein aggregation by simultaneously shaking 
the tube.   

   3.    After 30 min, the physically aggregated enzyme is subjected to 
chemical  cross-linking   using an optimized concentration of 
 glutaraldehyde   (which varies from 5 to 150 mM) under con-
stant shaking condition ( see   Notes    4   and   5  ). After the addition 
of glutaraldehyde, the mixture in the tube is shaken at 300 rpm 
at 4 °C for 3–4 h ( see   Note    6  ).   

   4.    The reaction may be stopped by the addition of 100 mM Tris 
buffer, pH 8.0. In our experience, this step may be skipped since 
the subsequent centrifugation and washing steps anyway sepa-
rate the CLEAs from the unreacted  glutaraldehyde   [ 10 – 12 ,  17 ].   

   5.    The tube is centrifuged at 8000 ×  g  at 4 °C for 10 min to sepa-
rate the  CLEAs  . The supernatant is decanted, and the CLEAs 
are washed three to four times with the buffer (50 mM phosphate 

3.1  Preparation 
of  CLEAs  

  Fig. 2    Characterization of cross-linked enzyme aggregates of Penicillin G  acylase   by SEM and AFM. ( a ) 
Scanning electron micrograph and atomic force micrograph of CLEA without  BSA  . ( b ) Scanning electron micro-
graph and atomic force micrograph of  CLEA   with BSA (Adapted from ref. [ 12 ] with permission from Elsevier)       
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buffer, pH 7.0) by repeatedly suspending the CLEAs in buffer 
and centrifuging to separate the CLEAs ( see   Note    7  ). The 
washed CLEAs are fi nally suspended in the assay buffer and used 
for enzyme assays. For applications in low water media, CLEAs 
should be washed with a water miscible organic  solvent   two to 
three times. Finally, these should be rinsed with the desired 
organic solvent (reaction medium) and incubated with the same 
solvent equilibrated with the desired water activity (water activ-
ity,  a  w , is given by the ratio of the partial pressure of water in the 
system to the pressure of pure water) or water content [ 10 ,  17 , 
 39 ]. The CLEAs thus formed are stored at 4 °C.      

   CLEAs with polymeric additives or  BSA   as a proteic feeder are 
prepared according to the same procedure as described in 
Subheading  3.1 , but before adding the precipitant to the enzyme 
solution, polymeric additive or proteic feeder is added to the 
enzyme solution under stirring conditions for 10 min [ 12 ]. 

       1.     Candida rugosa   lipase   (CRL) or  Burkholderia cepacia  lipase 
(BCL) (10 mg) is dissolved in 1 ml of 50 mM phosphate buf-
fer, pH 7.0 along with bovine serum albumin (2.5 mg). This 
solution is added dropwise to a centrifuge tube containing 
chilled acetone (4 ml) at 4 °C.   

   2.    After 30 min,  glutaraldehyde   is added up to a fi nal concentra-
tion of 25 mM. The mixture is incubated at 4 °C for 3 h at 
300 rpm (constant shaking).   

   3.    After 3 h, the solution is centrifuged at 8000 ×  g  for 10 min at 
4 °C. The CLEAs formed are washed three times with 1 ml of 
acetone and fi nally stored in acetone.   

   4.    Prior to use, CLEAs are washed twice with 1 ml of cold reac-
tion medium ( see   Note    8  ).      

       1.    Penicillin G  acylase   (125 μl) containing 5 mg of BSA is added 
dropwise to a shaking centrifuge tube (150 rpm) containing 
400 μl of dimethoxyethane at 4 °C.   

   2.    After 30 min,  glutaraldehyde   is added so that the fi nal concen-
tration of glutaraldehyde is 50 mM. The mixture is incubated 
at 4 °C for 4 h with constant shaking at 300 rpm.   

   3.    After 4 h, dimethoxyethane (1 ml) is added to this mixture, 
which is then centrifuged at 8000 ×  g  at 4 °C. The supernatant 
is decanted, and the CLEAs are washed three times with 
50 mM phosphate buffer, pH 7.0 (5 ml). The CLEAs are 
fi nally stored in the same buffer at 4 °C and used for further 
characterization ( see  Fig.  2  and  Note    9  ).       

3.2  Preparation 
of  CLEAs   
with Additives

3.2.1  Preparation 
of CLEAs of  Lipase   Using 
 BSA   as a Proteic Feeder

3.2.2  Preparation 
of Penicillin  Acylase    CLEAs   
Using  BSA   as a Proteic 
Feeder
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       1.    Pectinex™ Ultra SP-L (crude enzyme solution containing pec-
tinase, xylanase, and cellulase activities) is used for the prepara-
tion of multipurpose CLEAs [ 11 ].   

   2.    Chilled n-propanol (5 ml) is added dropwise to crude enzyme 
solution (1 ml) in a shaking (150 rpm) capped centrifuge tube 
at 4 °C.   

   3.    After 15 min,  glutaraldehyde   is added up to a fi nal concentra-
tion of 5 mM. The mixture is incubated at 4 °C for 4 h with 
constant shaking at 300 rpm.   

   4.    After 4 h, the tube is centrifuged at 10,000 ×  g  at 4 °C for 5 min. 
The supernatant is decanted, and the CLEAs are washed three 
times with the 50 mM sodium acetate buffer, pH 5.0 (5 ml). 
The CLEAs are fi nally stored in the same buffer (1 ml) at 4 °C.       

4             Notes 

     1.    Unless stated otherwise, all solutions should be prepared in 
water that has a resistivity of 18.2 MΩ cm and total organic 
content of less than fi ve parts per billion.   

   2.    The use of Tris buffer or any amine buffer should be avoided 
for the preparation of  CLEAs   since amine buffers interfere 
with the  cross-linking   reaction. The protein concentration in 
the solution should be ≥2 mg/ml.   

   3.    In a majority of the cases, we have found precipitation of 
enzymes with dimethoxyethane (DME) and acetone resulted 
in retention of 100 % activity. In case where the cell lysates are 
directly used for the preparation of  CLEAs  , precipitation with 
ammonium sulfate was preferred since it resulted in the simul-
taneous removal of nucleic acids in the supernatant. While 
using ammonium sulfate as the precipitant, ammonium sulfate 
was slowly added to the enzyme solution in the centrifuge tube 
under constant shaking.   

   4.     Glutaraldehyde   should be stored between 2 and 8 °C. When 
handling  glutaraldehyde  -based solutions, avoid contact with 
the liquid and inhalation of the vapor. Protective gloves, splash- 
proof monogoggles, and protective clothing should be worn. 
In most of the cases, glutaraldehyde has been used for  cross- 
linking   but similar precautions may have to be taken while 
using other  cross-linking   agents.   

   5.    It was found that highly cross-linked aggregates were morpho-
logically different and exhibited better thermal  stability  . Such 
cross-linked aggregates though showed poor  enantioselectivity   
[ 10 ]. X-ray diffraction pattern reveals that  cross-linking   caused 
a drop in crystallinity and an increase in amorphous character 
in CLEAs [ 10 ]. Schoevaart et al. [ 7 ] indicated that morpho-
logically CLEAs have either a ball-like appearance (type 1) or a 

3.3  Preparation 
of Multipurpose CLEAs 
Containing Pectinase, 
Xylanase, 
and Cellulase 
Activities
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less- structured form (type 2). This was said to depend upon 
the nature of the enzyme. However, in a later work it was 
shown that same enzyme may form CLEAs of different appear-
ances depending upon the extent of  cross-linking   [ 10 ].   

   6.    The  cross-linking   time may vary from 10 min to 5 h depending 
on the enzyme to be cross-linked. Thus, the  cross-linking   time 
should be optimized for the preparation of CLEAs in the indi-
vidual cases.   

   7.    After the  cross-linking   reaction is over, the  CLEAs   should be 
washed thoroughly with buffer to remove the unreacted  cross- 
linking   reagent. If this step is not done properly, it may inter-
fere with the enzyme assay of the cross-linked preparation.   

   8.    This step is carried out to remove the traces of the precipitating 
agent and is especially critical when CLEAs are used in organic 
 solvents  . Sometimes the fi nal wash may also be with one of the 
substrates, for example, with chilled vinyl acetate in case of the 
 kinetic   resolution of (±)-1-phenylethanol in  ionic liquids   [ 17 ]. 
Ionic liquids such as [Bmim][PF 6 ] are expensive and hence 
washing with one of the substrates is a better option.   

   9.    The  CLEAs   prepared in the presence of  BSA   as the proteic 
feeder are also found to be thermally more stable (Fig.  3 ). 
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  Fig. 3    Comparison of thermal  stability   of penicillin G  acylase    CLEA   prepared in 
the presence and absence of  BSA  . Thermal  stability   was studied at 45 and 50 °C 
in 100 mM phosphate buffer, pH 8 (Reproduced from ref. [ 12 ] with permission 
from Elsevier Science)       
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For example, at 45 °C, CLEAs of penicillin G  acylase   prepared 
in the presence of BSA retained 100 % activity up to 8 h. Even 
at 50 °C, CLEAs prepared in the presence of BSA were signifi -
cantly more stable. It may be mentioned that CLEAs of peni-
cillin G acylase prepared in the presence of ionic polymers did 
not show any thermal stabilization as compared to the stan-
dard CLEA [ 33 ]. On the other hand, CLEAs prepared in the 
presence of BSA showed higher operational  stability   in organic 
 solvents   (in the case of  lipase  ) and higher thermal stability (in 
the case of penicillin G acylase) [ 12 ].
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    Chapter 10   

 Protein-Coated Microcrystals, Combi-Protein-Coated 
Microcrystals, and Cross-Linked Protein-Coated 
Microcrystals of Enzymes for Use in Low-Water Media                     

     Joyeeta     Mukherjee     and     Munishwar     N.     Gupta      

  Abstract 

   Protein-coated microcrystals (PCMC) are a high-activity preparation of enzymes for use in low-water 
media. The protocols for the preparation of PCMCs of Subtilisin Carlsberg and  Candida antarctica  lipase 
B (CAL B) are described. The combi-PCMC concept is useful both for cascade and non-cascade reactions. 
It can also be benefi cial to combine two different specifi cities of a lipase when the substrate requires it. 
Combi-PCMC of CALB and Palatase used for the conversion of coffee oil present in spent coffee grounds 
to biodiesel is described. Cross-linked protein-coated microcrystals (CL-PCMC) in some cases can give 
better results than PCMC. Protocols for the CLPCMC of Subtilisin Carlsberg and  Candida antarctica  
lipase B (CAL B) are described. A discussion of their applications is also provided.  

  Key words     Enzymes in organic solvents  ,   Enzymes in organic synthesis  ,   Subtilisin Carlsberg  ,    Candida 
antarctica  lipase B (CAL B)  ,   Monoglyceride synthesis  ,   Biosurfactants  ,   Protein-coated microcrystals  , 
  Cross-linked protein-coated microcrystals  ,   Biodiesel from coffee oil  ,   Low-water enzymology  

1      Introduction 

 The successful applications of using enzymes in nearly anhydrous 
organic  solvents   have resulted in considerable interest in this tech-
nology [ 1 – 5 ]. Several advantages of this approach have been dis-
cussed at several places [ 6 – 8 ]. An important outcome is that 
inexpensive hydrolases (e.g.,  lipases   and proteases) can be used for 
synthetic purposes. Hence, it is not surprising that applications 
using hydrolases dominate the use of enzymes in such media. After 
the initial excitement, an early disappointment was the low cata-
lytic rates which are generally observed in these media. Protein- 
coated microcrystals (PCMC)    were introduced as a high activity 
preparation [ 9 ] and have been a fairly well studied formulation 
now. It can be viewed as an immobilization method which uses 



126

small microcrystals of low-molecular weight compounds such as 
sugars, salts, amino acids as core materials. Some examples of such 
core materials used in the PCMCs of enzymes as well as their appli-
cations are given in Table  1 .

   One essential requirement for using enzymes in such low- water 
media is that enzyme preparations need to be free from bulk water. 
Lyophilization or freeze drying has often been used both for obtain-
ing free enzyme or “immobilized enzymes” in “dry” form. Most of 
the laboratory scale freeze driers tend to be simple in design and 
hence such preparations from different laboratories may give some-
what different results [ 10 ]. Precipitation of enzymes from their 
aqueous solutions, on the other hand, is easy to reproduce and in 
fact has emerged as a better option for “drying” enzymes as it quite 
often results in a more active enzyme preparation [ 11 – 14 ]. 

 PCMCs are made by co-precipitating a mixture of the core 
material and enzyme together. The core material precipitates faster 
and forms microcrystals. The protein precipitation follows and the 
protein is deposited or “coated” over the core microcrystals. It is 
likely that dispersion of the enzyme over a large microcrystalline 
surface also is responsible for the high catalytic activity [ 12 ]. 

 Co-immobilization of enzymes is a well-known approach to 
catalyze a cascade of reactions [ 15 ,  16 ]. In the combi-PCMC for-
mat, it can be exploited for benefi tting from the synergy of two 
different substrate specifi cities of the same class of enzyme such as 
 lipases   [ 17 ]. PCMCs prepared by using two different enzyme solu-
tions together are known as Combi-PCMCs. This gives us the 
advantage of incorporating the properties of both the enzymes into 
one formulation and hence makes the enzyme preparation more 
versatile. For example,  Candida antarctica   lipase   B (CAL B) is a 
relatively expensive enzyme, whereas  Palatase   ( Rhizomucor miehei  
lipase) is an inexpensive one. Combining the two for biodiesel syn-
thesis from coffee oil by transesterifi cation with ethanol gives us 
cost effectiveness.  Palatase   alone cannot be used, because it is a 
1,3-specifi c enzyme, so the yield of biodiesel will be less as it will 
generate 2-monoglyceride in addition to synthesizing free  fatty acid   
ester (biodiesel) by attacking the 1 and 3 position only of the tri-
glyceride (coffee oil). A nonspecifi c lipase like CAL B will convert 
this 2-monoglyceride further to give the free  fatty acid   esters by 
transesterifi cation. Hence a combi-PCMC accounts for the syner-
gistic effect of both  lipases   and gives the best results possible [ 17 ]. 
It was also found that the  PCMCs   of the two enzymes prepared 
separately and physically mixed before use in the reaction did not 
give biodiesel yields as good as the combi-PCMCs [ 17 ]. 

 Cross-linking an already immobilized enzyme has often 
resulted in a more stable biocatalyst [ 18 ,  19 ]. It was found that 
cross-linked protein-coated microcrystals (CLPCMC) in some 
cases have given better results than even PCMC [ 20 – 22 ]. Like 
PCMC, CLPCMC technology is also patent protected [ 22 ]. 
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    Table 1  
  Core materials used for the preparation of  PCMC   and CL-PCMC   

 Sl. 
no.  Enzyme  Core material  Application  Reference 

 1.  Subtilisin Carlsberg  K 2 SO 4   The catalytic rate for  PCMC   preparations was 
over three orders of magnitude higher than 
typically found using a lyophilized 
preparation 

 [ 9 ,  12 ] 

 2.   Pseudomonas 
cepacia   lipase   
(PS) 

 K 2 SO 4   PCMC-Pseudomonas sp.  lipase   was found to 
be 200-fold more active than the straight 
from the bottle preparation 

 [ 9 ,  28 ] 

 3.   Candida antarctica  
 lipase   B (CAL B) 

  Mucor miehei   lipase   

 K 2 SO 4   Coated micro-crystals of CALB and  lipase   from 
 M. miehei  showed a 5 and 15-fold increase in 
catalytic activity, respectively as compared to 
the straight from the bottle enzyme 

 [ 9 ] 

 4.   Candida antarctica  
 lipase   A (CAL A) 

 K 2 SO 4   A 60-fold increase in the activity of K 2 SO 4 –
CALA was observed 

 [ 9 ] 

 5.  Subtilisin Carlsberg 
(SC) 

 Solid state 
buffers 

 SC-PCMC with organic buffer carriers 
(Na-AMPSO) showed a threefold greater 
activity than that observed when using the 
unbuffered system (PCMC-SC/K 2 SO 4 ). In 
comparison with freeze-dried preparations, 
this represents an 3000-fold increase in 
catalytic activity 

 [ 29 ] 

 6.   Pseudomonas 
cepacia   lipase   
(PS) 

 K 2 SO 4 , KCl, 
KNO 3 , 
Na 2 SO 4 , 
NaCl, NaNO 3  

 PS- PCMC   with K 2 SO 4  and NaNO 3  as core 
gave a twofold increase in the biodiesel 
synthesis as compared to free PS 

 [ 30 ] 

 7.   Mucor javanicus  
 lipase   (MJ) 

 K 2 SO 4  
 KCl 

 MJ-PCMC showed a 26-fold (KCl) and 
22-fold (K 2 SO 4 ) increase in the rates of 
esterifi cation of lauric acid with 1-propanol 
in isooctane. The precipitating  solvent   was 
acetonitrile 

 [ 31 ] 

 8.  Vaccine diphtheria 
toxoid, DT 

  L -glutamine  DT-coated microcrystals showed much higher 
thermal  stability   

 [ 32 ] 

 9.  Alpha chymotrypsin 
(AC) 

  Trehalose    AC-PCMC showed a 9-times increase in 
transesterifi cation rates in octane as 
compared to the simple enzyme precipitates 
in propanol 

 [ 12 ] 

 10.   Thermomyces 
lanuginosus   lipase   
(TLL) 

 K 2 SO 4  
 Glucose 
 MOPS 
 Glycine 

 TLL-CL-PCMC: the highest reactivity of 
 lipase   biocatalyst was obtained using glycine 
as the matrix component with acetone as 
the precipitating organic  solvent   for the 
esterifi cation of palmitic acid and ethanol 

 [ 21 ] 
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 Both PCMC and CLPCMC are useful in low-water media. If 
the water content of the media becomes high enough for water to 
appear as a separate phase, it will slowly disintegrate the core and 
dissolve these preparations. 

 This chapter describes:

    1.    The specifi c protocols for the preparations of PCMCs of a 
 lipase   ( Candida antarctica   lipase   B, CAL B) and a protease 
(Subtilisin Carlsberg) [Protocol  3.1 ]. The lipase was used for 
the esterifi cation of palmitic acid and glycerol to give mono-
glyceride with a fairly good % of conversion [ 23 ] (Fig.  1 ). 
PCMC of Subtilisin Carlsberg was used for the transesterifi ca-
tion of  N -acetyl- L - phenylalanine ethyl ester and  n -propanol in 
various  solvents   [ 20 ].
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  Fig. 1    Effect of water concentration (%, v/v) on monoglyceride (MG) and diglyc-
eride (DG) using  PCMCs   of  Candida antarctica   lipase   B (CALB) in the presence of 
20 mg molecular sieves. Experiments were carried out in triplicates and error 
bars represent the percentage error in each set of readings [Reproduced from 
ref. [ 23 ] with permission from Elsevier]       
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       2.    Preparation of combi- PCMC   of two  lipases  , CAL B and 
 Palatase   ( Rhizomucor miehei   lipase  ), for converting coffee oil 
present in spent coffee grounds to biodiesel [ 17 ] [Protocol 
 3.2 ]. SEM images of the bare K 2 SO 4  crystals and the protein-
coated K 2 SO 4  crystals are shown in Fig.  2 . Combi-PCMCs 
were able to give ~85 % biodiesel in 72 h (Fig.  3 ).

        3.    CLPCMC of Subtilisin Carlsberg used for the  transesterifi cation 
of  N -acetyl- L -phenylalanine ethyl ester and  n -propanol in vari-
ous  solvents   [ 20 ] and the CLPCMC of CAL B used for mono-
glyceride synthesis [ 23 ] [Protocol  3.3 ].    

2      Materials 

     1.    3-Å molecular sieves (E. Merck, Mumbai, India).   
   2.     Glutaraldehyde   solution: 25 %, v/v in water.   
   3.    Tris–HCl buffer: 50 mM and pH 7.8.   
   4.    Sodium phosphate buffer: 10 mM and pH 7.   
   5.    Subtilisin Carlsberg type VIII (Sigma Aldrich, St. Louis, MO, 

USA), Cat. No. P5380-100MG.   
   6.     Lipozyme   CALB (a commercial liquid preparation of the free 

form of  Candida antarctica   lipase   B) (Novozymes, Denmark).   
   7.     Palatase   (a commercial liquid preparation of the free form of 

 Rhizomucor miehei   lipase   B) (Novozymes, Denmark).   
   8.    Dimethoxyethane (Sigma-Aldrich, St. Louis, MO, USA).      

  Fig. 2    SEM images showing ( a ) the K 2 SO 4  crystals and ( b ) the Combi- PCMCs   of  Palatase   and CALB prepared 
using K 2 SO 4  as the core material (Reproduced from ref. [ 17 ] with permission from Chemistry Central)       
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  Fig. 3    Biodiesel from clean coffee oil catalyzed by Combi- PCMC   ( white bars ) and a mixture of PCMCs (1:1) 
( grey bars ) of CALB and  Palatase   ( tert -butanol used for precipitation). Reactions were performed taking 0.5 g 
coffee oil. Ethanol was added in molar ratio 4:1 (ethanol–oil). Conversion rates were measured by analyzing 
the aliquots withdrawn at the different time intervals using Gas Chromatographic analysis. The experiments 
were done in duplicates and the error between the two sets was within 3 % (Reproduced from ref. [ 17 ] with 
permission from Chemistry Central)       

3    Methods 

             1.    CAL B (0.05 mL) is diluted with 10 mM sodium phosphate 
buffer (pH 7) (0.05 mL) ( see   Notes    1  –  3  ).   

   2.    The above enzyme solution is mixed with 0.3 mL saturated 
K 2 SO 4  solution ( see   Note    4  ).   

   3.    This mixture is now added dropwise to ice-chilled organic  sol-
vent   ( see   Notes    5   and   6  ) under conditions of orbital shaking at 
150 rpm and at 4 °C. In this case 1,2-dimethoxyethane (DME) 
(4 mL) ( see   Note    7  ).   

   4.    The precipitation is allowed to continue for 30 min, the 
PCMCs so formed are recovered by centrifugation at 9000 ×  g  
for 5 min ( see   Note    8  ).   

   5.    The PCMCs are washed thrice with ice-chilled DME (1 mL 
each time) and fi nally once with the ice-chilled anhydrous reac-
tion  medium   ( see   Notes    9  –  11  ).      

3.1  Preparation 
of PCMCs

3.1.1  Preparation 
of  PCMCs   of  Candida 
antarctica   Lipase   B (CAL B)
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        1.    SC (4 mg) is dissolved in 50 mM Tris–HCl buffer (pH 7.8) 
(0.1 mL).   

   2.    This is added to 0.3 mL of saturated K 2 SO 4  solution.   
   3.    The above mixture is then precipitated dropwise into chilled 

 n -propanol (6 mL) under conditions of orbital shaking at 
150 rpm and 4 °C.   

   4.    After 30 min, the precipitate is centrifuged at 5000 ×  g  for 5 min.   
   5.    The PCMCs so obtained are washed with dry ice-chilled  n - 

propanol or ice-chilled  n -propanol containing various amounts 
of water.   

   6.    Finally the PCMCs are washed with the reaction  solvent  .       

    The basic protocol for preparation of Combi- PCMC   is the same as 
described in Subheading  3.1 . The slight variations are described in 
detail below.

    1.     Palatase   (0.05 mL) and CALB (0.05 mL) are mixed together and 
then diluted in 10 mM sodium phosphate buffer (pH 7) (0.1 mL).   

   2.    This enzyme is then mixed with 0.6 mL of saturated K 2 SO 4  
solution.   

   3.    The resulting solution is added dropwise to  tert -butanol 
(6 mL) with constant shaking at 200 rpm at 4 °C ( see   Notes  
  12   and   13  ).   

   4.    After 30 min, the precipitates are centrifuged at 8000 ×  g  for 
5 min.   

   5.    The Combi-PCMCs so obtained are then washed twice with 
 tert -butanol and then with the reaction medium ( see   Note    14  ) 
before use.    

            1.    PCMC of SC is prepared as described in Subheading  3.1.2  
(until  step 5 ).   

   2.    The PCMC obtained is dispersed in chilled  n -propanol 
(0.5 mL) with mild vortexing.   

   3.     Glutaraldehyde   (25 %, v/v; 0.01 mL) was slowly added to the 
above suspension so that the fi nal concentration of glutaralde-
hyde in the solution becomes 50 mM.   

   4.    The mixtures are kept at 4 °C for 1 h with continuous orbital 
shaking at 300 rpm after which they are centrifuged at 5000 ×  g  
for 5 min.   

   5.    The CLPCMCs so obtained are washed thrice with dry chilled 
 n -propanol or chilled  n -propanol containing various amounts 
of water ( see   Note    15  ).   

   6.    Finally the CLPCMCs are washed with the reaction  solvent   
before use.      

3.1.2  Preparation 
of PCMCs of Subtilisin 
Carlsberg (SC)

3.2  Preparation 
of Combi-PCMCs 
(Fig.  2 )

3.3  Preparation 
of CLPCMCs

3.3.1  Preparation 
of CL-PCMC of Subtilisin 
Carlsberg (SC)
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       1.    PCMC of CAL B is prepared as described in Subheading  3.1.1  
( see   Note    16  ).   

   2.    The  PCMCs   are then suspended in DME (0.5 mL) by mild 
vortexing.   

   3.     Glutaraldehyde   (25 %, v/v) is slowly added to the above sus-
pension ( see   Notes    17   and   18  ).   

   4.    The mixtures are kept at 4 °C for 1 h with continuous orbital 
shaking at 300 rpm ( see   Note    19  ).   

   5.    The CLPCMCs are recovered by centrifugation at 4 °C and 
8000 ×  g  for 5 min.   

   6.    They are washed thrice with chilled DME (1 mL each time) to 
ensure the complete removal of the unreacted glutaraldehyde 
( see   Note    20  ).   

   7.    Finally, the CLPCMCs are washed with the chilled anhydrous 
reaction medium or with the reaction medium containing dif-
ferent amounts of added water.        

4                      Notes 

     1.    For all buffer solutions, membrane fi ltered water obtained 
from the membrane fi ltration unit Labconco WaterPro 
(LabConco Corporation, Kansas City, Missouri) was used with 
resistivity of 18.2 MΩ cm and total organic content of less than 
fi ve parts per billion.   

   2.    The pH of the buffer used should be the optimum pH of the 
enzyme.   

   3.    In case of an enzyme in the solid form, after dissolving the enzyme 
in the buffer, it should be centrifuged to remove the insoluble 
impurities and the clear enzyme solution should be used further. 
In case of a liquid enzyme, it should be ensured that no precipitate 
appears on adding the enzyme to the buffer solution. This some-
times occurs when some stabilizers used in the liquid enzyme for-
mulation interact with the buffer ions and precipitate.   

   4.    K 2 SO 4  is generally used as a carrier for the  PCMCs  , because it 
adsorbs very little water, is cheap and readily available and also 
it produces fi ne particles on precipitation and can be handled 
very easily. The other cores which are used are generally sugars 
or solid state buffers (Table  1 ).   

   5.    The mode of addition of the aqueous and the organic phase 
may be important. The aqueous enzyme solution should be 
added to the organic precipitant (normal mode) and not the 
other way round (reverse mode). The two modes of mixing 
during the precipitation step may result in enzyme preparations 
which give different transesterifi cation activities in anhydrous 

3.3.2  Preparation 
of CLPCMC of CAL B
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media [ 14 ]. The enzymes prepared by the reverse mode of 
precipitation gave lower rates in case of alpha chymotrypsin 
and subtilisin [ 14 ].   

   6.    Choice of the organic  solvent   to be used as a precipitant is dif-
ferent for different enzymes. Hence, an initial screen of the 
precipitants should be carried out. The organic  solvent   retains 
all the activity in the precipitate should be chosen. Sometimes 
this step also leads to the purifi cation of the enzyme as the 
precipitant may precipitate the enzyme selectively. Hence the 
 specifi c activity   of the preparation may increase many folds.   

   7.    In this case DME was used as the precipitant because screening 
of the organic  solvents   showed that DME when used as the 
precipitant recovers nearly 100 % of the activity of CAL B in the 
precipitate and was better than all other  solvents   screened [ 23 ].   

   8.    It has been found that shaking for 30 min is generally suffi cient 
to precipitate all the protein from the aqueous solution. 
However, this time of precipitation may need to be optimized 
for novel proteins.   

   9.    Precipitation in organic  solvent   removes the bulk water and 
hence “dries” the enzyme. But the washing step is equally 
important as it removes the residual water from the enzyme 
and thus makes the enzyme “dry.”   

   10.    Enzymes require some minimum amount of water for their 
optimum functioning. This can be taken care of either by 
introducing some minimum added water in the reaction 
medium or by equilibrating the reaction medium at the opti-
mum  a  w  [ 24 ]. Ideally, during the fi nal wash with the reaction 
 solvent  , the  solvent   should either be equilibrated at the opti-
mum  a  w  or contain the optimum % of added water.   

   11.    The washing with the reaction medium should be with anhy-
drous  solvent   only if no added water is used in the reaction. 
Kapoor and Gupta [ 23 ] used this  PCMC   of CAL B for the 
synthesis of monoglycerides in acetone. The reaction was car-
ried out by adding different amounts of water (Fig.  1 ) in ace-
tone. Hence in each case, the fi nal washing should be with 
ice-chilled acetone containing  x % water (where  x  = 0, 0.5, 
1.2 mL) (Fig.  1 ).   

   12.    In case of Combi-PCMCs, the precipitating organic  solvent   
should be such that it precipitates the maximum activity for 
both the  lipases   cumulatively. DME and  tert -butanol were 
comparable in precipitating the activity of CAL B but  tert - 
butanol was a much better precipitant for  Palatase   [ 25 ]. Hence 
 tert -butanol was chosen as the precipitating organic  solvent   for 
the preparation of the combi-PCMC.   
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   13.     Tert -butanol has a freezing point of 25–26 °C. So, initially it 
was taken at ~27 °C in the form of liquid. Once the mixture of 
the enzyme and the salt solution was added, the tube could be 
transferred to an orbital shaker at 200 rpm and at 4 °C for 
30 min so that loss of enzyme activity due to temperature does 
not occur.   

   14.    Sometimes,  lipase   catalyzed reactions are carried out in  solvent   
free media [ 26 ,  27 ]. In such cases no reaction medium is used. 
Hence the fi nal wash may be with the precipitating  solvent   
itself. However, if the precipitating  solvent   has the possibility 
of acting as a competing substrate in the reaction mixture, then 
the fi nal wash may be given with a neutral anhydrous chilled 
organic  solvent   like acetone. Banerjee et al. [ 17 ] used combi-
PCMC of CAL B and  Palatase   for the synthesis of biodiesel 
from coffee oil and ethanol in  solvent   free media. In this case, 
the fi nal wash was with acetone. Sometimes in a  solvent   free 
reaction system, one of the substrates, like ethanol in this case, 
may also be used to give the fi nal wash but there are two con-
cerns: (a) Ethanol generally acts as a denaturant for enzymes 
(b) the ratio of the substrates, ethanol–oil, may be critical for 
the optimum reaction conditions and hence any residual etha-
nol from the fi nal wash may affect the ratio detrimentally. So 
acetone was the best choice. This preparation gave nearly 90 % 
conversion to biodiesel from coffee oil (Fig.  3 ).   

   15.    It is worth noting that for  PCMC   of SC, 0.5 % (v/v) water in 
the reaction medium gives the best conversions for the trans-
esterifi cation reaction whereas for CLPCMC, 0 % water works 
best in  tert -amyl alcohol (Fig.  4 ) [ 20 ].

       16.    In Subheading  3.1.1 ,  step 5  also consists of a fi nal wash with 
the reaction medium. However, when we are preparing PCMC 
for  cross-linking   to obtain CLPCMC, this wash with the reac-
tion medium is not required at this stage.   

   17.     Glutaraldehyde   should be stored between 2 and 8 °C. When 
handling glutaraldehyde-based solutions, avoid contact with 
the liquid and inhalation of the vapor. Protective gloves, splash-
proof monogoggles, and protective clothing should be worn. 
In most of the cases glutaraldehyde has been used for  cross-
linking   but similar precautions may have to be taken while 
using other  cross-linking   agents.   

   18.    The amount of  glutaraldehyde   (25 %, v/v) used should be 
optimized so that the fi nal concentration in the precipitating 
 solvent   ranges from 50 to 200 mM. The extent of  cross- linking   
affects the performance of the enzyme preparation signifi cantly 
(Table  2 ) [ 23 ].

       19.    The  cross-linking   time may vary from 10 min to 5 h depending 
on the enzyme to be cross-linked. Thus, the  cross- linking   time 
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  Fig. 4    Effect of water content on transesterifi cation reactions catalyzed by  PCMCs   and CLPCMCs in tert-amyl alco-
hol at 70 °C.  N -acetyl- L -phenylalanine ethyl ester (20 mM) with n-propanol (0.85 M) was taken in 5 mL of  tert -amyl 
alcohol (containing different amount of water) followed by addition of different enzyme preparations (each contain-
ing 4 mg of SC). The reaction mixture was incubated at 70 °C with constant shaking at 200 rpm and the progress 
of reaction was monitored after 6 h withdrawing aliquots, which were analyzed by HPLC (Adapted from ref. [ 20 ])       

   Table 2  
  Effect of CLPCMCs of CALB prepared using different concentrations of  glutaraldehyde   on 
monoglyceride  synthesis     

 Water conc. (%, v/v) 

  Glutaraldehyde   (conc) 

 50 mM  100 mM  200 mM 

 MG (%) a   DG (%)  MG (%) a   DG (%)  MG (%) a   DG (%) 

 0  47  0.7  50  6.0  58  6.8 

 0.5  49  4.5  68  4.1  82  5.0 

 1  73  4.5  84  4.0  87  3.3 

 2  64  2.5  79  2.3  72  10.0 

  Esterifi cation of palmitic acid (0.46 g) and glycerol (0.65 g) was carried out in acetone (4 ml) at 50 °C in 
the presence of 20 mg molecular sieves at 300 rpm in an orbital shaker. Experiments were carried out in 
triplicate and percentage error in each reading in a set was within 5 %. (Reproduced from ref. [ 23 ] with 
permission from Elsevier)    
  a Conversions were determined using GC after 24 h. No triglyceride formation could be detected even 
after 24 h  
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Chapter 11

Macroporous Poly(GMA-co-EGDMA) for Enzyme 
Stabilization

Nenad B. Milosavić, Radivoje M. Prodanović, Dušan Velićković, 
and Aleksandra Dimitrijević

Abstract

One of the most used procedures for enzyme stabilization is immobilization. Although immobilization on 
solid supports has been pursued since the 1950s, there are no general rules for selecting the best support 
for a giving application. A macroporous copolymer of ethylene glycol dimethacrylate and glycidyl methac-
rylate (poly (GMA-co-EGDMA)) is a carrier consisting of macroporous beads for immobilizing enzymes 
of industrial potential for the production of fine chemicals and pharmaceuticals.

Key words Poly (GMA-co-EGDMA), Macroporous, Enzyme stabilization, Covalent immobiliza-
tion, Glutaraldehyde, Periodate

1  Introduction

Biocatalysts have competed and will compete with conventional 
chemical catalysts. Advantages of biocatalysts are their high speci-
ficity, high activity under mild environmental conditions, and high 
turnover number. Their biodegradable nature and their label as 
natural products have become now also very important assets of 
biocatalysts [1–5]. Drawbacks are inherent to their complex molec-
ular structure that makes them costly to produce and also intrinsi-
cally unstable [6]. To improve enzyme stability, several approaches 
have been developed: the use of stabilizing additives [7], chemical 
modification [8], selection of enzymes from thermophilic organ-
isms [9], and immobilization [10–12]. Enzyme immobilization is 
one of the most attractive methods to avoid the problems inherent 
in the use of free enzymes. Immobilization also facilitates the 
development of continuous bioprocesses and enhances enzymes 
properties such as thermostability and activity in nonaqueous 
media. In particular, the covalent binding of enzyme to solid sup-
ports can effectively extend the lifetime of the biocatalysts by pro-
tecting the native three-dimensional (3D) structure of enzyme 
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molecules. The method of immobilization should be gentle, in 
order not to inactivate the enzyme, and enable binding of enzyme, 
as much as possible to the support. Epoxy containing supports are 
almost ideal matrices to perform very simple immobilization of 
enzymes at both laboratory and industrial scale. A macroporous 
copolymer of ethylene glycol dimethacrylate and glycidyl methac-
rylate poly (GMA-co-EGDMA) has been previously used for 
enzyme stabilization by immobilization [13–15]. It offers a large 
surface area, hydrophilic microenvironment and number of active 
groups suitable for immobilization of enzymes. The support does 
not swell when hydrated, so it can be switched from aqueous media 
to anhydrous media without significant changes in volume or 
geometry. Additionally, macroporous poly (GMA-co-EGDMA) 
internal geometry offers large internal plane surfaces where the 
enzyme may undergo strong interaction with the support. Finally, 
it has the possibility of obtaining targeted porous structures [16, 
17]. The large number of reactive groups on the carrier could 
allow multipoint attachment and consequently stabilization of the 
immobilized enzyme [18]. Enzyme are usually immobilized on 
poly(GMA-co-EGDMA) through their amino, sulfhydryl, 
hydroxyl, and phenolic groups.

2  Materials

For this study we used industrial amyloglucosidase (glucoamylase; 
GA; exo-1,4-α-d-glucosidase; EC 3.2.1.3 from Aspergillus niger) 
134 IU/mg.

	 1.	Starch solution: 4 % starch (w/v) in 0.05 M sodium acetate 
buffer, pH 4.5.

	 2.	3,5-dinitrosalicylic acid (DNS): 5 % (w/v).
	 3.	NaOH: 2 M.
	 4.	Sodium potassium tartarate solution: 60 %.
	 5.	DNS reagent: Mix 100 mL of 5 % (w/v) DNS in 2 M NaOH 

with 250 mL of 60 % (w/v) sodium potassium tartarate and 
make total volume up to 500 mL with distilled water.

	 6.	Folin–Ciocalteau’s phenol reagent and bovine serum albumin 
(BSA) was used for determination of proteins (see Note 1).

	 1.	The monomer phase containing a monomer mixture (GMA 
and EGDMA) (see Note 1).

	 2.	Initiator: (azobisisobutyronitrile 1 % (w/w)) and inert compo-
nent (90 % (w/w) cyclohexanol and 10 % (w/w) tetradecanol) 
were suspended in 240 g of 1 % (w/w) aqueous solution of 
polyvinylpyrrolidone, PVP.

2.1  Enzyme Activity 
Determination

2.2  Preparation 
and Activation 
of Macroporous Poly 
(GMA-co-EGDMA) 
Microspheres

Nenad B. Milosavić et al.
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	 3.	1,2, diaminoethane: 1 M in water.
	 4.	Ethanol.

	 1.	NaCl solution: 1 M in water.
	 2.	Sodium acetate buffer: pH 4.5 and 0.05 M.
	 3.	2.5 % (w/v) glutaraldehyde in 0.05 M sodium phosphate buf-

fer pH 8.
	 4.	NaCl in buffer: 1 M NaCl in 0.05 M sodium acetate buffer pH 

4.5.
	 5.	Glucoamylase: 1 mg/mL in 0.05 M sodium acetate buffer pH 

5.0.
	 6.	Sodium periodate solution: 5 mM in 0.05 M sodium acetate 

buffer pH 5.0.
	 7.	Ethylene glycol: 10 mM.

3  Methods

In this study we use macroporous poly (GMA-co-EGDMA) with 
pore size of 53 nm and surface area of 50 m2. The microspheres are 
prepared by suspension copolymerization in a typical reactor of 
0.5 dm3 in volume.

	 1.	The monomer phase (80.9 g), initiator, and inert component 
are suspended in aqueous solution of PVP. The ratio of inert 
component to monomer mixture was 1.32.

	 2.	Polymerization is carried out at 70 °C for 2 h and at 80 °C for 
6 h with a stirring rate of 200 rpm (see Note 2).

	 3.	After completion of the reaction, the copolymer particles are 
washed with water and ethanol, kept in ethanol for 12 h, and 
then dried under the vacuum over 45 °C. In this way epoxy 
group containing copolymer is obtained (see Notes 3 and 4).

	 1.	The dry polymer (10 g) is degassed in water for 15 min by a 
vacuum pump.

	 2.	Fifty milliliters of 1 M 1.2-diaminoethane in water is added to 
the suction dried polymer.

	 3.	The reaction mixture is heated at 60 °C for 4 h.
	 4.	After heating, the polymer is washed five times with 200 mL of 

water, three times with the same volume of ethanol and then 
dried at 45  °C. The concentration of ionizable groups after 
modification of polymer epoxy group with 1,2-diaminoethane 
is 1.2 mmol/g (see Note 5).

2.3  Immobilization 
of Glucoamylase

3.1  Preparation 
of Macroporous Poly 
(GMA-co-EGDMA) 
Microspheres

3.2  Activation 
of Polymer

Macroporous Poly(GMA-co-EGDMA) for Enzyme Stabilization
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This method can be applied only if enzyme or protein of interest 
for immobilization is a glycoenzyme or glycoprotein. In a prelimi-
nary study, the effect of oxidant concentration must be determined 
for each specific glycoenzyme (see Note 6).

	 1.	Glucoamylase is oxidized by sodium periodate by incubating 
10 mg/mL of enzyme with 5 mM NaIO4 in acetate buffer, pH 
5.0, for 6 h in the dark at 4 °C. The reaction mixture is stirred 
occasionally.

	 2.	The reaction is quenched with 10  mM ethylene glycol for 
30 min.

	 3.	To remove the by-products, the oxidized glucoamylase solu-
tion is dialyzed against 0.05 m sodium acetate buffer, pH 4.5 
overnight.

	 1.	0.5 mL of DNS reagents (see Note 7) is added to 0.5 mL of 
sample with glucose concentration from 0 to 10 mM.

	 2.	The tube is placed in a boiling water bath and the solution 
heated at 100 °C for 5 min.

	 3.	The tube is rapidly cooled in ice to room temperature.
	 4.	The blank is 0.5 mL of water instead of a solution of glucose, 

heated as above.
	 5.	Absorbance is read at 540 nm (see Note 8).

Activity of soluble glucoamylase was determined according to the 
Bernefeld method, at 60 °C using 0.05 M sodium acetate buffer, 
pH 4.5.

	 1.	The immobilized enzyme activity is assayed by incubating an 
appropriate amount of suction dried derivate (≈50 mg) with 
25  mL of 4 % (w/v) solution of soluble starch in 0.05  M 
sodium acetate buffer pH 4.5 with constant stirring.

	 2.	Samples of reaction mixtures (0.5 mL) are withdrawn every 
5 min and poured on 0.5 mL of dinidrosalicylic (DNS).

	 3.	The reducing sugars formed this way are then quantified again 
by the Bernfeld method. One glucoamylase unit is defined as 
the amount of enzyme which releases reducing carbohydrates 
equivalent to 1 μmol glucose from soluble starch in 1 min at 
pH 4.5 and 60 °C.

Three different methods for covalent immobilization of glucoamy-
lase on macroporous poly (GMA-co-EGDMA) are presented on 
Fig. 1. In this study glucoamylase is used as a model enzyme sys-
tem, but many other enzymes can be immobilized at the similar 
way.

3.3  Oxidation 
of Glucoamylase 
by Na-Periodate

3.4  Reducing Sugar 
Assay

3.5  Determination 
of Glucoamylase 
Activity

3.6  Immobilization 
of Glucoamylase

Nenad B. Milosavić et al.
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This is a conventional method for enzyme immobilization on 
epoxide containing supports. Poly (GMA-co-EGDMA) binds 
proteins via its oxirane groups which react at neutral and alkaline 
pH with the amino groups of the protein molecules, e.g., those 
of an enzyme to form covalent bonds which are long-term stable 
within a pH range of 1-12 (Fig. 1 (Method I)). Due to the high 
density of oxirane groups on the surface of the beads, enzymes 
are immobilized at various sites of their structure. This phenom-
enon is called “multi-point-attachment,” which is considered a 
major factor for the high operational stability of enzymes bound 
to poly (GMA-co-EGDMA) [19].

The method involves the direct enzyme binding on support via 
oxirane groups.

	 1.	Poly (GMA-co-EGDMA) is incubated with 50 mL of native 
(unmodified) glucoamylase solution in 1.0  M sodium phos-
phate buffer (see Note 9) (1 mg/mL, pH 7.0) at 25 °C.

	 2.	After incubation for 48 h (see Note 10), the beads are col-
lected by vacuum filtration using glass filter (Whatman).

	 3.	Then, they are washed with 1 M NaCl (3 × 20 mL) and after-
wards with sodium acetate buffer (0.05 M, pH 4.5, 3 × 20 mL) 
(see Note 11).

3.6.1  Glucoamylase 
Immobilization via Oxirane 
Groups (Method I)

Fig. 1 Schematic illustration of the three different covalent methods of the glucoamylase immobilization of poly 
(GMA-co-EGDMA) supports

Macroporous Poly(GMA-co-EGDMA) for Enzyme Stabilization
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	 4.	The washed beads are combined and collected for determina-
tion of enzyme and protein concentrations.

The immobilization procedure consisted of the three main steps: 
polymer activation; pretreatment with 1,2-diaminoethane, glutar-
aldehyde activation of polymer, and enzyme coupling to polymer. 
As shown in Fig. 1, glutaraldehyde reacts with the amino group of 
the poly (GMA-co-EGDMA), and the amino group of the enzyme 
is then coupled to the support via free carbonyl group of the sup-
ports bound dialdehyde.

	 1.	Activated acrylic particle (activation with 1,2-diaminoethane) 
is incubated in 2 % (w/v) glutaraldehyde (see Note 12) in 
50 mM sodium phosphate buffer at pH 8 for 2 h at room tem-
perature with occasional stirring.

	 2.	After that incubation, the polymer is washed three times with 
water and three times with 0.05 M sodium phosphate buffer 
pH 8.0 (see Notes 13 and 14).

	 3.	Activated polymers are then incubated with native glucoamy-
lase solution (100 mg of glucoamylase g−1 support) in 0.1 M 
sodium phosphate buffer pH 7.0 for 48  h under slow 
shaking.

	 4.	After binding, any unbound enzyme is removed by washing 
the support three times with 100 mL 1 M NaCl, afterwards 
three times with 100 mL, 0.1 M sodium acetate buffer pH 4.5 
and stored in this buffer at 4 °C until used.

	 5.	The washed particles are combined and collected for determi-
nation of enzyme and protein concentrations.

This procedure can be only applied if the enzyme of interest is a 
glycoenzyme. The immobilization procedure consisted of three 
main steps: oxidation of glucoamylase by sodium periodate, sup-
port treatment with 1,2-diaminoethane, and coupling of oxidized 
enzyme to poly (GMA-co-EGDMA) with amino group, as shown 
in Fig. 1c. 

	 1.	Oxidized glucoamylase (100 mg) is reacted, in 0.05 M sodium 
acetate buffer pH 4.5 with 1 g of activated poly (GMA-co-
EGDMA), (support with amino group).

	 2.	The reaction mixture is shaken for 48 h at 4 °C.
	 3.	The non-covalently bound enzyme is removed by washing the 

polymer first with 10 mL of 1 M NaCl solution three times, 
and then three times with 10 mL of 0.05 M sodium acetate 
buffer, pH 4.5.

	 4.	The washed polymer particles are combined and collected for 
determination of enzyme and protein concentrations.

3.6.2  Glucoamylase 
Immobilization by 
Glutaraldehyde (Method II)

3.6.3  Glucoamylase 
Immobilization 
by Periodate Method 
(Method III)

Nenad B. Milosavić et al.
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Samples of enzyme solution before and after the immobilization, 
together with the washings solution, were taken for enzyme assay 
and protein determination (see Note 15). The efficiency of immo-
bilization was calculated in terms of enzyme and activity coupling 
yield. The enzyme coupling yield, ηenz (%) and activity coupling 
yield, ηact (%) were calculated as follows:

	
henz %( ) = ´

P

P
1

0

100
	

	
hact

SA

SA
%( ) = ´2

1

100
	

Where P1 is the amount of immobilized protein (mg), P0 the initial 
amount of protein (mg), SA2 (IU mg−1 protein) the specific activity 
of immobilized glucoamylase, and SA1 (IU mg−1 protein) is specific 
activity of free lipase (see Note 16).

4  Notes

	 1.	Other protein assays may be used besides the Lowry assays, 
e.g., Bradford, BCA, and absorbance at 280 nm.

	 2.	Avoid magnetic stirring of reaction mixture. Other stirring 
devices should be used (e.g., shaker, orbital stirring, and 
mechanical stirring)

	 3.	The poly (GMA-co EGDMA) should be kept dry until use; the 
epoxy groups can hydrolyze.

	 4.	The dry poly (GMA-co EGDMA) will absorb about three 
times it weight in water (a gram will have a mass of about 4 g 
when wet).

	 5.	This step is crucial for obtaining active enzyme. It is usually in 
the range between 1 and 30  μmol of NaIO4 per 1  mg of 
enzyme.

	 6.	Amino poly (GMA-co-EGDMA) can be stored in a moist form 
at 4 °C almost unlimited period of time.

	 7.	For obtaining more precise results, DNS reagent is better to be 
ready prepared.

	 8.	Although the DNS assay is very useful, it does have several 
disadvantages. It is not accurate for reducing sugar concentra-
tions less than 0.1 g/L (glucose equivalent) and it does not 
give the same response to every reducing sugar. For example, 
equivalent molar concentrations of glucose and xylose give sig-
nificantly different absorbance readings with this assay. 
Therefore, when mixtures of sugars are present, it may be dif-
ficult to interpret the results.

3.7  Activity 
Coupling Yield

Macroporous Poly(GMA-co-EGDMA) for Enzyme Stabilization
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	 9.	The ionic strength and the pH of the enzyme solution can 
significantly affect of the loading amount and residual activity. 
Often a high ionic strength (1 M sodium chloride) gives better 
binding, but this is dependent on the enzyme and the range of 
ionic strengths and pH values should be evaluated for each 
enzyme.

	10.	The binding of the protein to the support can be monitored by 
performing protein assays on the supernatant and comparing 
to the initial protein concentration. For some enzymes, incu-
bation times longer than 48  h may be necessary to achieve 
maximal enzyme binding.

	11.	Avoid magnetic stirring of polymer. Magnetic stirring acts as a 
mill stone. Other stirring devices should be used (e.g., shaker, 
orbital stirring, and mechanical stirring).

	12.	A higher concentration of GA can be used and this may increase 
the binding capacity of the support material. However, since 
GA is often detrimental to enzyme, more extensive washing 
should be performed.

	13.	A saturated solution of 2,4 dinitrophenylhydrazine in 0.2 M 
HCl can be used to detect residual GA in washing solutions. 
Add 0.2 mL of solution used to wash the GA-activated sup-
port to 0.5 mL of saturated 2,4 dinitrophenylhydrazine solu-
tion. The formation of yellow precipitate indicates the 
presence of GA and the support material should be further 
washed.

	14.	The GA activated support can be stored in a moist form at 
4  °C for at least 1 year without significant lost in binding 
capacity.

	15.	If the wash solution contains compounds that interfere with 
the protein assay, unreliable data may result.

	16.	For more accurate results, the standard and immobilized 
enzyme samples should be done in at least triplicate.
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    Chapter 12   

 Cytochrome  c  Stabilization and Immobilization in Aerogels                     

     Amanda     S.     Harper-Leatherman     ,     Jean     Marie     Wallace    , 
and     Debra     R.     Rolison     

  Abstract 

   Sol–gel-derived aerogels are three-dimensional, nanoscale materials that combine large surface area with 
high porosity. These traits make them useful for any rate-critical chemical process, particularly sensing or 
electrochemical applications, once physical or chemical moieties are incorporated into the gels to add their 
functionality to the ultraporous scaffold. Incorporating biomolecules into aerogels, other than such rug-
ged species as lipases or cellulose, has been challenging due to the inability of most biomolecules to remain 
structurally intact within the gels during the necessary supercritical fl uid (SCF) processing. However, the 
heme protein cytochrome  c  (cyt. c ) forms self-organized superstructures around gold (or silver) nanopar-
ticles in buffer that can be encapsulated into wet gels as the sol undergoes gelation. The guest–host wet gel 
can then be processed to form composite aerogels in which cyt. c  retains its characteristic visible absorption. 
The gold (or silver) nanoparticle-nucleated superstructures protect the majority of the protein from the 
harsh physicochemical conditions necessary to form an aerogel. The Au~cyt. c  superstructures exhibit rapid 
gas-phase recognition of nitric oxide (NO) within the bioaerogel matrix, as facilitated by the high-quality 
pore structure of the aerogel, while remaining viable for weeks at room temperature. More recently, careful 
control of synthetic parameters (e.g., buffer concentration, protein concentration, SCF extraction rate) 
have allowed for the preparation of cyt. c –silica aerogels, sans nucleating nanoparticles; these bioaerogels 
also exhibit rapid gas-phase sensing while retaining protein structural stability.  

  Key words     Cytochrome  c   ,   Aerogel  ,   Gold nanoparticle  ,   Ultraviolet–visible spectroscopy  ,   TEM  ,   Nitric 
oxide  

1      Introduction 

  Aerogels   are  sol–gel  -based ultraporous materials, typically metal 
oxides [ 1 ], that take the form of covalently bonded nanoscale solid 
mesh networks, co-continuous with 3D-plumbed free volumes 
[ 2 – 4 ]. Drying fl uid-fi lled gels through supercritical  solvent   extrac-
tion creates aerogels, which distinguishes them from densifi ed 
xerogels that are dried under ambient conditions. The supercritical 
drying procedure minimizes pore collapse, and the resulting aero-
gels have 80–99 % open porosity with gas-phase analyte response 
times close to open-medium diffusion rates [ 5 ]. These traits make 
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them excellent sensor platforms, as well as electrodes for battery, 
supercapacitor, and fuel-cell applications once physical or chemical 
moieties are incorporated into the pore–solid nanoarchitecture to 
add energy-storage or -conversion functionality [ 2 ,  5 – 13 ]. 

 Adding biofunctionality to aerogels is challenging because of 
the necessary supercritical fl uid processing that compromises the 
structural integrity of most biomolecules encapsulated in silica 
gels, with notable exceptions being the enzyme,  lipase   [ 14 ], and 
cellulose [ 15 ]. However, the heme protein cyt. c   forms   self- 
organized superstructures as nucleated by specifi c adsorption of 
the protein at gold (or silver) nanoparticles in buffered medium 
(abbreviated as Au~cyt. c  superstructures in the case of  gold   
nanoparticles,  see  Fig.  1 ). These metal–protein superstructures can 
then be encapsulated as guests within silica gels during the sol-to- 
gel transition, and processed to form aerogels in which cyt. c  retains 
its characteristic visible absorption [ 16 – 19 ]. The Au~cyt. c  super-
structures even exhibit rapid gas-phase recognition of nitric oxide 
(NO) within the aerogel matrix, facilitated by the high-quality 
pore structure of the aerogel [ 17 ]. These bioaerogels do not need 
to be kept wet or stored at 4 °C to maintain viability of the cyto-
chrome. The organization of protein within the Au~cyt. c  super-
structure imparts vital protection against protein denaturation 
during the harsh physical and chemical processing conditions nec-
essary to form the aerogel. Thousands of cyt. c  molecules per  gold   
or silver nanoparticle are stabilized within each  superstructure  .

   Initial discovery of these self-assembled protein superstruc-
tures arose, when the intensity of the Soret band measured for the 
Au + cyt. c  + silica composite aerogel revealed that most of the cyt. c  
guests survived the SCF processing. A nanoparticle-nucleated 
protein superstructure was deposited and then verifi ed by trans-
mission electron microscopy. By titrating buffered media contain-
ing cyt. c  plus Au or Ag nanoparticles with guanidinium 
hydrochloride, which unfolds the protein, we demonstrated that 
even in the absence of the aerogel scaffold, the self-assembled pro-
tein is stabilized to unfolding relative to unassociated cyt. c  in buff-
ered solution. These results provide further evidence of the 
existence of Au~cyt.  c    superstructures in open medium [ 17 ]. 
Similar protein structures, comprising a protein adsorption layer 
assembled on the surface of colloidal nanoparticles were later 
reported and labeled as “protein coronas” [ 20 – 22 ]. These coro-
nas consist of two classes of bound proteins. Hard corona proteins 
are tightly bound proteins that interact directly with nanomaterial 
surfaces and tend not to desorb while soft corona proteins are 
proteins that interact with hard corona proteins via weak protein–
protein interactions [ 23 ]. 

 Recently, refi nement of the synthetic parameters, namely buf-
fer and protein concentrations, and SCF extraction rate, has per-
mitted the preparation of cyt. c –silica aerogels, sans nucleating 
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nanoparticles [ 24 ,  25 ]. The encapsulated cyt.  c  retains structural 
 stability   and gas-phase activity for nitric oxide, though self- 
organization into Au~cyt. c  superstructures makes the protein 
slightly more stable within the aerogels. Some charge-induced 
agglomeration may occur even when cyt. c  is encapsulated alone 
thereby reducing contact with the silica framework for a large frac-
tion of the protein. We describe herein how to prepare both types 
of bioaerogels, those containing Au~cyt. c  superstructures and 
those containing cyt. c  without metal nanoparticles.  

Au 

a

b

colloid

buffer-like 
internal 
environment

cyt. c layer of 
damaged cyt. c
near SiO2

domains acts as 
barrier skin

~ 102 nm

SiO2 aerogel 
environment

  Fig. 1    ( a ) Proposed model of  gold   nanoparticle–nucleated protein–protein super-
structure showing a specifi cally adsorbed protein monomolecular layer that initi-
ates self-organization of free protein into a disordered superstructure. The low 
radius of curvature of the initial Au–protein structure facilitates molecular asso-
ciation and packing. Geometric estimates for packing shells of spheres about a 
nucleating sphere indicate that at a radii ratio, r Au /r cyt. c  , of 20–30 (>70-nm Au), 
the Au surface should look planar to the protein. ( b )  Transmission   electron micro-
graph of Au~cyt. c  superstructure within Au~cyt.  c   –SiO 2  composite aerogel in 
which the silica domains of the aerogel, the protein superstructure, and the 
nucleating gold colloid are distinguishable. (Reproduced from ref. [ 17 ] with per-
mission from the American Chemical Society, copyright 2003)       
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2    Materials 

       1.    Polypropylene disposable beakers (50 mL, Fisher).   
   2.    Methanol ( see   Note    1  ).   
   3.    Tetramethoxysilane (TMOS; also referred to as tetramethyl 

orthosilicate (98 %, Aldrich)).   
   4.    Ammonium hydroxide solution (ACS reagent, 28.0–30.0 % 

NH 3  basis, Sigma-Aldrich).   
   5.    General purpose polypropylene scintillation vials 

(16 mm × 57 mm, volume size 6.5 mL, Sigma-Aldrich) with 
bottom end sliced off.   

   6.    Generic plastic wrap.      
   7.    Parafi lm M™ laboratory wrapping fi lm.         

       1.    Phosphate buffer: 50 mM, pH 7, made from sodium phos-
phate, monobasic or potassium phosphate, monobasic and 
sodium phosphate, dibasic, anhydrous or potassium phos-
phate, dibasic, anhydrous.   

   2.    Cytochrome  c  (cyt.  c ) solution: 0.7–0.9 mM in prepared phos-
phate buffer, made from cyt. c  from equine heart (≥95 % based 
on Mol. Wt. 12,384, Sigma-Aldrich) used as received and 
stored at –20 °C. Once prepared, all buffered solutions are 
stored at 4 °C ( see   Note    2  ).   

   3.    Colloidal  gold   sol, with a suspension density of 1.3 × 10 13  Au 
particles mL –1 , made from commercial colloidal 5-nm gold sol 
(5 × 10 13  Au particles mL –1 ) or commercial colloidal 10-nm 
gold sol (5.7 × 10 12  Au particles mL –1 ) (20 mL, stored in the 
dark at 4 °C, BBI Solutions) ( see   Note    3  ).   

   4.    Disposable cuvette or quartz cuvette (1-cm path length).   
   5.    Glass 20-mL scintillation vials (O.D. × Height (with cap): 

28 mm × 61 mm, Wheaton).      

       1.    Polypropylene disposable beakers (50 mL, Fisher).   
   2.    Ethanol, absolute, 200 proof, 99.5 % A.C.S. reagent.      
   3.    Acetone, HPLC grade.   
   4.    Plastic syringe plunger.   
   5.    Glass 20-mL Scintillation Vials (O.D. × Height (with cap): 

28 mm × 61 mm, Wheaton).      

       1.    Carbon dioxide, siphon-tube cylinder.   
   2.    Au~cyt. c –silica or cyt. c –silica aerogel.   
   3.    Cardboard platform ( see   Note    4  ).      

2.1  Silica Sol 
Preparation

2.2  Au~cyt.c 
Superstructure 
Suspension or cyt. c  
Solution Preparation

2.3  Au~cyt. c  or cyt. c  
Silica  Sol–Gel   
Preparation

2.4  Au~cyt. c  or cyt.  c    
Silica Aerogel Prepara
tion and UV–Visible 
Spectroscopy 
of Au~cyt. c –Silica or 
cyt.c–Silica Aerogels

Amanda S. Harper-Leatherman et al.



153

       1.    Au~cyt. c –silica aerogel.   
   2.    PELCO ®  Center-Marked Grids, 200 mesh, 3.0-mm O.D., 

Copper (Ted Pella, Inc.).   
   3.    Coat-Quick “G” grid-coating pen (Ted Pella, Inc.).      

       1.    Au~cyt. c – or cyt. c –silica aerogel.   
   2.    Argon (or other inert gas), cylinder.   
   3.    Small cylinder (i.e., 4 L) of 10 % NO in argon (prepared in- 

house) ( see   Note    5  ).   
   4.    Tygon tubing (or other NO-resistant tubing), “T” switch 

valve, and syringe needles.   
   5.    Disposable cuvette (Sarstedt, Acryl, 10 mm × 10 mm × 55 mm) 

with rubber septum cap.       

3    Methods 

 One method that ensures that the heme protein, cyt. c  remains 
viable throughout the conditions necessary to form an aerogel is 
to fi rst associate it with nucleating  gold   or silver nanoparticles. 
Nucleation of a Au~cyt. c  superstructure is initiated when the pos-
itively charged lysines at the heme edge of the protein specifi cally 
adsorb to the negatively charged, citrate-stabilized colloidal gold 
surface [ 17 ,  26 – 28 ]. This ordered, highly curved, nanometric 
surface presents the negatively charged side of the protein to the 
medium in such a way that rapid (and likely weak) protein–pro-
tein association organizes the non-adsorbed protein into the 
multilayered superstructure (Fig.  1a ) [ 17 ,  29 ]. The organization 
of the superstructures is rapid and occurs in <0.1 s upon addition 
with stirring of an aliquot of buffered cyt.  c    to an aliquot of col-
loidal gold (or silver) sol [ 17 ,  18 ]. These superstructures are cap-
tured in the silica wet gel as isolated  species  , survive within the 
SCF- processed aerogel, and have been verifi ed by transmission 
electron microscopy. The TEM-observed size of an aerogel-
incorporated Au~cyt. c  superstructure is consistent with that esti-
mated from the projected size of metal nanoparticle–nucleated 
multilayers of ~3.4- nm globular cyt. c  containing the stoichiom-
etry of colloidal particles to protein molecules present in the orig-
inal medium (Fig.  1b ). 

 Alternately cyt. c  can remain viable when encapsulated in sol- 
derived gels that are processed to form aerogels in the absence of 
metal nanoparticles when the cyt. c  concentration within the aero-
gel remains within 5–15 μM and when the phosphate buffer con-
centration of the originating cyt.  c  solution is around 40 mM [ 24 , 
 25 ]. Higher concentrations of cyt. c  in buffer do not result in 

2.5  Transmission 
Electron Microscopy 
of Au~cyt. c –Silica 
Aerogels

2.6  Nitric Oxide 
Sensing of Au~cyt. c – 
or cyt. c –Silica 
Aerogels
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 proportionately increased cyt. c  visible absorbance signals within 
the protein–silica composite gel but do result in greater scattering 
of the optical signal. Three specifi c buffer concentrations, 4.4, 40, 
and 70 mM were systematically studied to make solutions of cyt. c  
for  encapsulation  . The mid-buffer strength resulted in aerogel- 
incorporated cyt. c  remaining most stabilized to unfolding as moni-
tored using the visible absorbance of the protein [ 24 ]. A high 
buffer strength is important to provide resistance to pH changes. 
However, the buffer strength should not be so high that cyt. c  pro-
teins are completely electrostatically shielded from each other, pre-
venting any potential stabilizing protein–protein association within 
the aerogels. When cyt. c  is gel-encapsulated in the absence of Au 
or Ag nanoparticles in aerogels, the absence of a high Z nanopar-
ticulate core makes TEM analysis less effective. 

 Confi rming cyt. c  activity within aerogels is accomplished by 
visible spectroscopy, whether the protein is encapsulated alone or 
as Au~cyt. c  superstructures. The translucent nature of the protein–
silica composite aerogels makes it possible to measure absorbance 
of the characteristic Soret band of cyt. c  within aerogels for com-
parison to the Soret absorbance and peak center of cyt.  c    in buff-
ered solution. The protein within the aerogel also retains 
characteristic sensing activity as it can bind gas-phase nitric oxide as 
indicated by reversible shifts in the Soret peak position while tog-
gling gas fl ow between argon and NO.    

         1.    Label two disposable 50-mL polypropylene beakers Beaker A 
and Beaker B. In Beaker A, add 1.88 g of tetramethoxysilane 
and 2.88 g of methanol, then cover the beaker with Parafi lm. 
Place a magnetic stir bar in Beaker B, and add 0.75 g of water 
and 3.00 g of methanol. Cover the beaker in Parafi lm.   

   2.    Place Beaker B on a stir plate inside a fume hood and add 5 μL 
of ammonium hydroxide solution via syringe through the 
Parafi lm while stirring. Immediately following the addition of 
ammonium hydroxide, add the contents of Beaker A to Beaker 
B. Stir the mixture for 20 min with Parafi lm cover.   

   3.    While the mixture is stirring, prepare the gel molds. Each mold 
consists of a polypropylene scintillation vial (with bottom cut 
off) and cap. Cover the cap end of the vial in plastic wrap, 
secure the cap on, and place the vials cap-end down on the 
bench top with opened ends facing up ( see   Note    6  ).      

           1.    A pH 7, sodium or potassium phosphate buffer is typically pre-
pared in an ~750-mL portion for use over a period of 2 weeks. 
In the case of a 50 mM buffer, prepare 500 mL of 0.05 M 
monobasic salt and 500 mL of 0.05 M dibasic salt. Add aliquots 
of the monobasic salt solution to the dibasic salt solution until 
the pH is 7.00 as monitored using a pH electrode and meter.   

3.1  Silica Sol 
Preparation

3.2  Au~cyt. c  
Superstructure 
Suspension or cyt. c  
Solution Preparation
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   2.    Weigh out 0.023 g of cyt. c  and dissolve in 2 mL of prepared 
sodium or potassium phosphate buffer.   

   3.    Take 20 μL of cyt. c  solution and dilute with 3 mL of buffer. 
Record UV–Vis spectra from 300 to 700 nm. Subtract the 
background absorbance at ~409 nm from the peak absorbance 
at ~409 nm to determine the protein absorbance at 409 nm. 
Use the extinction coeffi cient of 106,100 M –1  cm –1  to deter-
mine the concentration of the solution. Back calculate the con-
centration in the original solution. Typical concentrations of 
the original cyt. c  solution range from 0.7 to 0.9 mM.      

   4.    The concentration of cyt. c  in the bioaerogel for maximum via-
bility should be 5–15 μM. As long as the cyt. c  concentration 
stays constant within the aerogel, the number of colloidal  gold   
nanoparticles is less important when making Au~cyt.  c    super-
structures for  encapsulation  . For a metal nanoparticle-to- protein 
ratio of 1:5700 and a fi nal cyt. c  concentration of 15 μM, the 
gold will need to be diluted. First, dilute the stock solution of 
5-nm gold sol (with a suspension density of 5 × 10 13  Au particles 
mL –1 ) to 1.3 × 10 13  Au particles mL –1  by adding 260 μL of the 
colloidal suspension to 740 μL of water with mixing.   

   5.    About 10 min into stirring the silica sol (Subheading  3.1 ,  step 
2 ), synthesize the Au~cyt. c  superstructures by slowly adding 
117 μL of buffered 0.72 mM cyt. c  solution dropwise to 683 μL 
of 1.3 × 10 13  Au particles mL –1  colloidal  gold   suspension in a 
clean 20-mL glass scintillation vial while stirring on a stir plate 
with a stir bar ( see   Note    7  ). Stir the resulting nanoparticle–pro-
tein suspension for 10 min.   

   6.    Alternatively, to make aerogels with cyt. c  encapsulated alone, 
prepare an appropriately concentrated cyt. c  solution by adding 
117 μL of 0.72 mM prepared cyt. c  solution (Subheading  3.2 , 
 step 2 ) together with 683 μL of prepared buffer (Subheading  3.2 , 
 step 1 ). Swirl to mix ( see   Note    7  ).      

       1.    Once the sol mixture has fi nished stirring for 20 min 
(Subheading  3.1 ,  step 2 ), pipet 3 mL of this sol mixture into 
a clean polypropylene 50-mL beaker.   

   2.    Add 500 μL of either the Au~cyt. c  suspension (formed in 
Subheading  3.2 ,  step 5 ) or the cyt. c  solution (formed in 
Subheading  3.2 ,  step 6 ) dropwise to the 3-mL sol mixture via 
a Pasteur pipette over the course of ~1 min. While adding 
either the Au~cyt. c  suspension or the cyt. c  solution, it is impor-
tant to lightly stir or lightly shake the mixture to uniformly 
distribute protein throughout the sol, avoiding large red 
clumps from  forming  .   

   3.    Pour approximately 0.5 mL of the resulting protein-doped sol 
into each mold to fi ll a total of six-to-seven molds. In addition, 
pour some of the “plain” silica sol into one or two molds to act 

3.3  Au~cyt. c – or 
cyt. c –Silica Gel 
Preparation

Cytochrome c Stabilization and Immobilization in Aerogels



156

as a control during the supercritical drying process. Cover the 
sliced-open ends of the molds in Parafi lm and leave to gel at 
4 °C overnight.      

   4.    After approximately 12 h of refrigeration, the protein-doped 
silica sols in the molds have gelled.   

   5.    Remove the Parafi lm, cap, and plastic wrap. Gently push the gels 
out of the molds using the circular disk end of a syringe plunger 
into clean 20-mL glass scintillation vials fi lled with ethanol. 
Store like gels (i.e., gels with the same ratio of  gold   to cyt. c  or 
same concentration of cyt. c ) together within one vial that is 
fi lled to the top with ethanol, capped, and stored at 4 °C.   

   6.    Every 4 h during the fi rst day, decant the ethanol off the gels 
and replace with fresh ethanol.   

   7.    For the next 3 days, soak the wet  sol gels   in acetone, decanting 
and adding fresh acetone three times a day.      

       1.    These instructions assume the use of a Polaron E3000 Series 
Critical Point Drying Apparatus. Attach this drying apparatus 
via Tygon tubing to an Isotemp Refrigerating Circulator 
(Fisher) and cool the apparatus initially so that the apparatus 
thermometer reads 10 °C, typically by setting the circulator 
temperature to 8 °C. Before the gels are inserted into the appa-
ratus, a leak test must be performed to ensure that no carbon 
dioxide leaks from the chamber. To accomplish this step, fi ll 
the transfer boat with acetone, place it in the apparatus, seal 
the door, fi ll the apparatus with liquid carbon dioxide about 
half way, and listen for hissing at the doors and valves where 
O-rings or seals may be compromised. The affected O-rings or 
seals must be replaced if a leak is found.      

   2.    Once the apparatus has been checked for leaks, open the drain 
valve, releasing the acetone and carbon dioxide through a 
Tygon tubing into a waste container held in a fume hood. 
Open the door of the apparatus and remove the transfer boat.   

   3.    Carefully place the wet gels into the transfer boat’s three long 
sections with forceps (no specimen baskets or gauze covers are 
used) and submerge them in acetone before placing the boat 
into the drying apparatus and closing the apparatus door. 
Typically, no more than eighteen 0.5-cm thick, 1-cm diameter 
gels can be fi tted into the boat at one time.      

   4.    Fill the apparatus with carbon dioxide and while maintaining 
the liquid CO 2  level above the samples, open the drain to release 
acetone for 5 min as soon as acetone can be seen draining to the 
bottom through the apparatus window ( see   Note    8  ). Close the 
drain and 5 min later, open the drain for 5 min again while 
maintaining the liquid CO 2  level above the samples. Repeat this 
process one more time. Then, open the drain under fl owing 
CO 2  (l)  for 5 min at a time every 20–45 min throughout the 

3.4  Au~cyt. c –Silica 
or cyt. c –Silica Aerogel 
Preparation
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course of at least 6 h for a total drainage time of approximately 
45–50 min ( see   Note    9  ). It is important to monitor the level of 
fl uid in the container by visible observation through the front 
window of the dryer to ensure that the level does not drop 
below the top of the boat during draining—the gels must 
remain submerged throughout the rinsing process.      

   5.    When replacement of acetone within the wet gels by liquid car-
bon dioxide is complete, drain the carbon dioxide level to just 
above the prongs on the boat. Then raise the circulator tem-
perature to 40 °C to bring liquid carbon dioxide above its criti-
cal temperature and pressure ( T  c  = 31 °C;  P  c  = 7.4 MPa). After 
equilibration at the critical temperature and pressure, typically 
15–20 min, open the vent valve to release the supercritical fl uid 
over the course of approximately 45  min   ( see   Note    10  ).   

   6.    When the pressure gauge drops to zero, open the apparatus 
door and remove newly dried aerogels and place in clean sam-
ple vials with forceps, being careful not to squeeze the gels too 
hard as they are brittle and will crack easily. The silica gels that 
are dried along with the Au~cyt. c  or cyt. c  gels are used as a 
visual reference to check that full carbon dioxide solvent trans-
fer occurs. If these silica gels as well as the Au~cyt. c  or cyt. c  gels 
look cloudy in the middle, then full  solvent   replacement did 
not occur; if any acetone remains in the middle of the gels, 
pore collapse will result during drying.         

       1.    These instructions assume the use of a single-beam spectro-
photometer such as an Agilent model 8453 photodiode single-
array spectrophotometer. Secure a cardboard platform to 
support the 5-mm thick, 1-cm diameter aerogel ( see   Note    4  ) 
inside the spectrometer sample compartment in the path of the 
beam. Scan an air background with this platform in place.   

   2.    Before placing the aerogels onto the platform, measure the 
exact path length of the gels (thickness) with a micrometer.   

   3.    Record a UV–visible spectrum from 300 to 800 nm for one 
Au~cyt. c –silica or cyt. c –silica aerogel. Perform a background 
subtraction (due to the large rising background from the silica 
gel) to determine the peak height, peak center, and peak width 
of the Soret peak of the aerogel-incorporated heme protein. 
Use the extinction coeffi cient of 106,100 M –1  cm –1  and the 
measured thickness of the gel (path length) to determine the 
concentration of cyt. c  in the aerogel and compare this value to 
that which was added (15 μM) to determine the fraction of 
cyt. c  that remains viable within the aerogel. Examples of the 
UV–Vis spectra for Au~cyt. c –silica and cyt. c –silica aerogels are 
shown in Fig.  2b, c , respectively.

3.5  UV–Visible 
Spectroscopy 
of Au~cyt. c –Silica or 
cyt. c –Silica Aerogels
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              1.    These instructions assume the use of a JEOL 2010F fi eld- 
emission transmission electron microscope equipped with a 
Gatan 794 MSC CCS camera. Extract thin slices of the 
Au~cyt. c –silica aerogel from the interior of the aerogel mono-
lith ( see   Note    11  ). This step avoids sample preparation artifacts 
associated with  solvent   and grinding and allows one to obtain 
a micrographic image that captures all three components ( gold   
nanoparticle, cyt. c , and silica aerogel), although the cyt. c  and 
silica are not easy to distinguish unless the superstructure is 
sited towards the edge of the slice as in Fig.  1b .   

   2.    Mount the submillimeter fl akes of Au~cyt. c –silica aerogel 
directly to a copper-200-mesh TEM grid with the aid of Coat- 
Quick “G,” an adhesive grid-coating pen.      

3.6  Transmission 
Electron Microscopy 
of Au~cyt. c –Silica 
Aerogels
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  Fig. 2    Visible spectra of 15 μM cytochrome  c  in ( a ) 50 mM phosphate buffer 
solution; ( b ) Au (5-nm) ~cyt. c –SiO 2  aerogel; ( c ) cyt. c –SiO 2  aerogel (exposed to air); 
( d ) cyt. c –SiO 2  aerogel (exposed to nitric oxide for 3.5 min). These representative 
spectra of each type of composite aerogel are offset for clarity; the  dashed line  
denotes the position of the Soret peak of cyt. c  in buffer. While each spectrum is 
derived for media  containing   15 μM cyt. c , the thickness of the various aerogels 
is only 0.2–0.5 cm compared to cuvette’s 1-cm path length for the protein in 
solution, which results in a higher unnormalized absorbance. Monitoring (at 
414 nm) for the protein encapsulated within a Au~cyt.  c   –SiO 2  composite aerogel 
architecture demonstrates the reversible shift in the Soret intensity as the gas 
fl ow is toggled between argon and NO ( e ). (Reproduced from refs. [ 17 ] and [ 24 ] 
with permission from the American Chemical Society, Copyright 2003 and 2012)       
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   3.    Obtain the TEM images at low electron-beam fl uence in order 
to minimize electron-beam damage to the sample.      

       1.    These instructions assume the use of an Agilent model 8453 
photodiode single-array spectrophotometer, although this 
procedure could be adapted to other spectrophotometers. In a 
well-ventilated fume hood, place the spectrometer and the 
secured tank of 10 % NO/argon ( see   Note    5  ). Connect the 
Tygon tubing to both the argon and 10 % NO/argon gas tanks 
and attach the ends of the tubing to a T-valve. This arrange-
ment allows a simple turn of the valve to alternate between the 
two gas fl ows.      

   2.    Place the cuvette in the spectrometer and run as a blank sam-
ple, from 350 to 700 nm.   

   3.    Measure the path length or aerogel thickness with a microm-
eter. Place the Au~cyt. c –silica or cyt. c –silica aerogel in the 
cuvette. Cap the cuvette with a rubber septum and insert two 
syringe needles: one for infl ow of either the argon or the NO–
argon mixture and the other as an exhaust. Obtain spectra to 
ensure the aerogel is properly placed in the cuvette such that it 
lies in the beam path.   

   4.    Purge the aerogel and cuvette with a low fl ow rate of argon (a 
high fl ow rate is too turbulent and will move the aerogel out of 
the beam path). After an ~10-min purge, obtain the UV–visi-
ble spectrum, noting the position of the Soret band; Fig.  2b, c  
show examples, respectively, of Au~cyt. c  and cyt. c  spectra with 
the Soret at ~408 nm.      

   5.    Turning the T-valve, switch to the 10 % NO–argon fl ow and 
obtain a spectrum at a series of timed intervals (~3–10 min), 
again noting the position of the Soret band and the splitting of 
the side bands ( see  Fig.  2d ). Upon exposure to NO the Soret 
will shift to ~414 nm.      

   6.    Switch back to argon fl ow and again obtain the UV–visible 
spectra. If the wavelength maximum of the Soret band returns 
to 408 nm, the binding of gas-phase NO is a reversible 
process.   

   7.    With this experimental setup, the  kinetics   of the NO binding 
can be monitored. Using the Agilent software, measure the 
peaks at 408 and 414 nm every second over a given time span. 
Flow argon fi rst to obtain a baseline, then switch the fl ow to 
NO–argon, then back to argon at timed intervals. Repeat this 
process, alternating between the two gases to test the time for 
the NO-binding response. Plot the change in absorbance 
between 414 and 408 nm as a function of time to yield infor-
mation about the time it takes for the aerogel-encapsulated 
cyt. c  to react with gas-phase NO;  see  Fig.  2e .       

3.7  Nitric Oxide 
Sensing of Au~cyt. c –
Silica or cyt. c –Silica 
Aerogels
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4                  Notes 

     1.    Due to the hygroscopic nature of methanol, tetramethoxysi-
lane, and ammonium hydroxide solution, these reactants and 
reagents should be replaced every 1–2 months to avoid work-
ing with solutions that have become wet. The increase in water 
content over the as-prepared or as-received liquids will affect 
the sol-to-gel transition time and the fi nal gel structure.      

   2.    The water used in all experiments is 18 MΩ cm (Barnstead 
NANOpure™).   

   3.    Colloidal  gold   is purchased in small quantities (20 mL) and 
only used if the suspension remains clear with no precipitate. 
Once precipitate forms, a new suspension must be purchased. 
Although commercial colloidal gold is used for size consis-
tency in this procedure, it is also possible to synthesize citrate- 
stabilized gold colloids of varying sizes following the procedure 
initially developed by Turkevich and coworkers [ 30 ]. Silver 
colloids have also been synthesized and used in place of col-
loidal gold for this  protocol   [ 18 ].   

   4.    A typical platform is prepared by cutting out a 2.5 cm × 2.5 cm 
piece of cereal box cardboard, folding it in half, cutting half-
way up on the fold, then folding the two pieces created by 
cutting up. Open the folds and tape the fl aps against the spec-
trometer sample compartment so that a small bent surface 
exists in which to position an aerogel directly in front of the 
beam path.      

   5.    The experiment is performed in the fume hood to limit expo-
sure to NO gas because sustained levels of NO may result in 
direct tissue toxicity. This precaution includes placing the spec-
trometer, cuvette, and gas cylinder in the hood as NO can also 
react with water to produce heat and corrosive fumes. NOTE: 
 on contact with air, NO will immediately convert to the highly 
poisonous nitrogen dioxide, nitrogen tetroxide, or both .   

   6.    The plastic wrap ensures that when sol is poured into the mold, 
a fl at gel surface will form. When securing the cap onto the vial, 
the plastic wrap must not be pulled too tightly because the plas-
tic wrap may sever and allow sol to fl ow through into the cap.   

   7.    The exact volumes used will vary as the concentration of origi-
nal cyt. c  solution varies between 0.7 and 0.9 mM.   

   8.    When carbon dioxide is added to the apparatus, it will initially 
be in the gas form, but condense to liquid immediately. The 
acetone will begin to seep down to the bottom of the appara-
tus as it mixes with the carbon dioxide and this mixing can be 
seen through the apparatus window. This liquid–liquid phase 
separation will occur before the apparatus is completely full of 
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carbon dioxide, so the drain should be opened as soon as ace-
tone is seen seeping to the bottom. However, the rate of fi lling 
with carbon dioxide needs to be higher than the rate of drain-
ing such that the apparatus remains completely full even while 
the drain is open.      

   9.    The carbon dioxide/acetone mixture that drains out of the 
apparatus will fl ow out of the apparatus so quickly that the drain 
tube will freeze stiff with ice collecting on the outside. In the 
fi rst few rinses when acetone is the predominant component, 
the acetone (and water, since the acetone is not anhydrous) 
may cause solid frozen pieces to clog the drain tube thereby 
building up pressure in the drain tube, risking a violent popping 
of the tube off of the apparatus in the worst case. Such a pres-
sure buildup should be avoided by watching for clogs and lis-
tening for a stoppage of fl ow. If a clog is detected, the drain 
should be closed for a minute to allow the clog to melt. 
Throughout the course of the day, as more rinsing takes place, 
the effl uent from the drain tube will increasingly resemble dry 
ice, with no wet ice forming, and will smell less of acetone. 
Typically 45–50 min of drainage over the course of 6 h ensures 
complete  solvent   transfer of carbon dioxide into the interior of 
the gels, but strong olfactory evidence that no acetone is pres-
ent in the drain effl uent can also be used as another signal that 
complete transfer into carbon dioxide has occurred.      

   10.    Raising the temperature inside the dryer above the critical tem-
perature and pressure of carbon dioxide typically takes ~30 min. 
The transition from liquid to supercritical fl uid can be observed 
as the liquid line above the prongs of the boat disappears. After 
this meniscus has disappeared, equilibration typically takes 
15–20 min. Releasing the supercritical fl uid through the vent 
valve too quickly may cause a decrease in the cyt. c  viability 
within the aerogel as gauged by a decrease in the optical den-
sity of the Soret absorbance as observed by UV–Vis spectro-
scopic analysis; such degradation has been noted when releasing 
the fl uid in ~10 min.   

   11.    A TEM analysis is not effective for cyt. c –silica aerogels because 
of the absence of high Z contrast provided by the Au or Ag 
nanoparticles.         
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Chapter 13

Enzyme Immobilization and Mediation with Osmium  
Redox Polymers

Gaige R. VandeZande, Jasmine M. Olvany, Julia L. Rutherford, 
and Michelle Rasmussen

Abstract

Enzymatic electrodes are becoming increasingly common for energy production and sensing applications. 
Research over the past several decades has addressed a major issue that can occur when using these biocata-
lysts, i.e., slow heterogeneous electron transfer, by incorporation of a redox active species to act as an electron 
shuttle. There are several advantages to immobilizing both the enzyme and mediator at the enzyme surface, 
including increased electron transfer rates, decreased enzyme leaching, and minimized diffusion limitations. 
Redox polymers consisting of a redox active center attached to a polymer backbone are a particularly attrac-
tive option because they have high self-exchange rates for electron transfer and tunable redox potential. 
Osmium (Os) polymers are the most well studied of this type of polymer for bioelectrocatalysis. Here, we 
describe the methods to synthesize one of the most common Os redox polymers and how it can be used to 
fabricate glucose oxidase electrodes. Procedures are also outlined for evaluating the enzymatic electrodes.

Key words Enzyme immobilization, Redox polymer, Osmium polymer, Mediated electron transfer, 
Mediator

1  Introduction

The use of enzymatic electrodes has increased dramatically over the 
past few decades due to the high specificity and relatively low cost of 
enzymes compared to many other types of catalysts, specifically metals 
such as platinum. Enzymes are frequently used for energy production 
devices like biofuel cells as well as for environmental or medical sens-
ing. Initial bioelectrocatalysis research was performed in solution, but 
since then it has been shown that higher currents and greater stability 
are possible when the enzyme is appropriately immobilized.

One important aspect of enzymatic electrodes is the mechanism of 
electron transfer: mediated vs. direct. Direct electron transfer 
(DET), where electrons are passed directly either to or from the 
active site of the enzyme, typically through a redox cofactor, is the 

1.1  Mechanisms 
of Electron Transfer
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simplest option, because it does not require any other components. 
Figure 1a shows the electron transfer scheme for a DET anode. 
The enzymatic oxidation reaction occurs and electrons are trans-
ferred to the cofactor in step 1. The reduced cofactor is then oxi-
dized back to its original state by the electrode in step 2 and the 
enzyme is able to continue catalyzing the reaction. However, many 
enzymes are unable to perform direct electron transfer, because 
their cofactor or active site is too buried within the protein struc-
ture. Additionally, enzymes that can perform DET are limited to 
the enzymes that are close to the surface and require high surface 
area to produce large currents.

The alternative option is incorporation of an artificial interme-
diate redox species which can shuttle electrons to or from the 
enzyme’s active site for mediated electron transfer (MET). The 
mediator takes the place of one of the enzyme’s natural substrates 
and acts as either an electron donor or acceptor depending on 
whether the reaction is an oxidation or reduction. Figure 1b shows 
the electron transfer scheme for an anode using MET which occurs 
in four steps. The first step is the same as DET, when the enzymatic 
oxidation reaction occurs, and electrons are transferred to the cofac-
tor. In step 2, the reduced cofactor then transfers electrons to a 
nearby mediator. The reduced mediator is able to pass the electrons 
to another neighbor in step 3 which can repeat until one of the 
reduced mediators is close enough to the electrode to be oxidized 

Fig. 1 Electron transfer at an enzymatic electrode using either: (a) direct electron transfer or (b) mediated 
electron transfer
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in step 4. MET makes it possible to produce significantly larger 
current densities and can prevent electron loss from reduction of 
O2, but it also makes the electrode more complicated, increasing 
the components needed and possibly affecting the stability.

There are several important aspects to consider when choosing a 
mediator [1]:

	 1.	Reversibility: the chosen mediator must be reversible to avoid 
inactivation of the electrode.

	 2.	Stability: the mediator should be stable in both its oxidized 
and reduced forms to prevent inactivation of the electrode.

	 3.	Appropriate redox potential: the mediator redox potential 
should be similar to that of the redox potential of the enzyme 
(or its cofactor) to minimize the added overpotential and also 
to prevent undesirable reactions.

	 4.	Rapid electron transfer: the mediator should be capable of fast 
electron transfer to or from the enzyme cofactor and also to or 
from the electrode.

In the earliest work with mediated electron transfer, the redox 
species was added directly to the solution during electrochemical 
experiments. The compound could freely diffuse between the 
enzyme and electrode. For example, Yahiro et al. showed that both 
glucose oxidase (GOx) and d-amino acid oxidase produced a poten-
tial when iron was used as a mediator [2]. Many other compounds 
have been used for mediation in solution, including methylene 
blue, benzoquinone, 2,2′-azino-bis(3-ethylbenzothiazoline-6-sul-
fonic acid) (ABTS), and methyl viologen [3–7]. There are several 
disadvantages to using the redox species in solution. The molecules 
may need to diffuse quite far to transfer electrons from the enzyme 
to the electrode, limiting the current produced. The cost tends to 
be higher as well because more mediator is needed each time the 
solution is replaced. In biofuel cell applications, a free mediator also 
makes it necessary to use a separator to prevent short-circuiting of 
the system. Immobilizing the redox species on the electrode 
addresses all of these problems.

A straightforward method to immobilize a mediator is to cova-
lently attach it to the electrode surface on a self-assembled mono-
layer (SAM). Enzymatic electrodes have been reported with bound 
cytochrome c [8] or pyrroloquinoline quinone [9] covalently teth-
ered to the surface. These electrodes showed bioelectrocatalytic 
activity with GOx and cytochrome c oxidase, respectively. The 
major disadvantage to this method is that immobilizing on a SAM 
limits the amount of mediator to that which can fit in a single 
monolayer. Increasing the surface area by increasing the electrode 
size is the only simple method of improving the performance of 
this type of electrode.

1.2  Types 
of Mediator
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Electropolymerization of species to produce conductive polymer 
films is another method of immobilized mediation which has the 
additional advantage of also binding the enzyme, either by entrap-
ment or covalent attachment. Early work in this area focused on 
entrapping GOx in a variety of polypyrrole derivatives [10–12]. 
The field was later expanded to include polymers such as polyani-
line [13] and polythiophene [14] for use with a variety of enzymes.

The majority of work with immobilized redox mediators has 
been focused on organometallic hydrogel polymers. In these mate-
rials, a redox-active metal center is covalently attached to a polymer 
backbone such as poly(vinylpyridine) (PVP), poly(vinylimidazole) 
(PVI), or poly(ethyleneimine) (PEI). For immobilization of bio-
molecules, the polymer is cross-linked and the resulting polymer 
network swells when placed in solution, leading to rapid substrate 
diffusion and “wiring” of the enzyme to the electrode through the 
redox centers. The most commonly studied redox polymers con-
tain Os centers, but work has also been done with polymers con-
taining ruthenium [15] or ferrocene species [16–18].

The earliest work with Os redox polymers for enzymatic electrodes 
was done by Adam Heller in the 1980s. He reported a redox poly-
mer containing bipyridinyl osmium complexes tethered to the 
backbone which mediated electron transfer from GOx (see Fig. 2) 
[19]. Further work was focused on adjusting the redox potential of 
the polymer by changing the ligands on the Os centers. A series of 
Os polymers has been synthesized which covers a wide range of 
potentials, making it possible to use the polymers with a large vari-
ety of enzymes at both cathodes and anodes [20–22] for applica-
tions such as biosensing [23–28] and implantable devices [29, 30].

The procedure outlined here includes the synthesis of one of 
the most common osmium redox complexes, Os(bpy)2, and the 
subsequent attachment of the complex to a polymer backbone, 
PVI. Its use in electrode modification with GOx will be detailed 
and several methods for evaluating the modified electrode will be 
discussed, including electrochemical methods and determination 
of immobilized enzyme activity. While the procedures in this chap-
ter are for a specific Os redox polymer and enzyme, these methods 
may be easily adapted for use with other polymers and enzymes.

2  Materials

	 1.	1-Vinylimidazole.
	 2.	2,2′-azobis(isobutyronitrile) (AIBN).
	 3.	Methanol.
	 4.	Acetone.
	 5.	Small round bottom flask (25 or 50 mL).
	 6.	Stir plate and appropriately sized stir bar.

1.3  Osmium Redox 
Polymers

2.1  Synthesis 
of PVI-Os(bpy)2

2.1.1  Poly(1-
Vinylimidazole) (PVI)
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	 7.	Filter and appropriately sized filter paper or filter with frit.

	 1.	Potassium hexachloroosmate (IV).
	 2.	2,2′-bipyridine.
	 3.	Dimethylformamide (DMF).
	 4.	Ethanol.
	 5.	Reflux condenser.
	 6.	Tubing to connect to condenser.
	 7.	Stir plate and appropriately sized stir bar.
	 8.	Small round bottom flask (25 mL).
	 9.	Diethyl ether.
	10.	Filter and appropriately sized filter paper or filter with frit.

	 1.	DMF.
	 2.	Methanol.
	 3.	Round bottom flask (50 mL).
	 4.	Stir plate and appropriately sized stir bar.
	 5.	Sodium hydrosulfite.
	 6.	Ice.
	 7.	Glass rod or spatula.
	 8.	Diethyl ether.
	 9.	Filter and appropriately sized filter paper or filter with frit.

2.1.2  Bis(2,2′-
Bipyridine-N,N′)
Dichloroosmium(III) 
Chloride Dihydrate, 
[Os(bpy)2Cl2]Cl

2.1.3  Bis(2,2′-
Bipyridine-N,N′)
Dichloroosmium(II), 
[Os(bpy)2Cl2]

Fig. 2 Structure of PVI-Os(bpy)2Cl
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	 1.	Ethanol.
	 2.	Round bottom flask (100 mL).
	 3.	Stir plate and appropriately sized stir bar.
	 4.	Reflux condenser.
	 5.	Tubing to connect to condenser.
	 6.	Diethyl ether.
	 7.	Rotary evaporator.

	 1.	PVI-Os(bpy)2Cl, produced as described (see Subheading 2.1): 
10 mg/mL in ethanol.

	 2.	Poly(ethylene glycol) diglycidyl ether (PEGDGE): 2.5 mg/mL.
	 3.	Glucose oxidase (GOx) from Aspergillus niger (E.C. 1.1.3.4): 

13 mg/mL.
	 4.	Bovine serum albumin (BSA).
	 5.	Glassy carbon (GC) electrodes, 3 mm diameter.

	 1.	GOx-PVI-Os(bpy)2Cl modified electrode, prepared as 
described (see Subheading 3.2).

	 2.	0.1 M phosphate buffer, pH 7.4.
	 3.	d-glucose solution, prepared and allowed to mutarotate for 

24 h (see Note 1).
	 4.	0.7 mM 2,6-dichlorophenolindophenol (DCPIP), prepared in 

water.
	 5.	Small vial or beaker.
	 6.	Visible spectrophotometer.
	 7.	Cuvettes and caps.

	 1.	Potentiostat able to perform cyclic voltammetry and 
amperometry.

	 2.	Stir plate and appropriately sized stir bar.
	 3.	Small beaker or electrochemical cell.
	 4.	Reference electrode suitable for aqueous experiments (typi-

cally Ag/AgCl or SCE).
	 5.	Counter electrode (typically platinum mesh or wire, see Note 2).
	 6.	GOx-PVI-Os(bpy)2Cl modified electrode, prepared as 

described (see Subheading 3.2).
	 7.	BSA-PVI-Os(bpy)2Cl modified electrode, prepared as 

described (see Subheading 3.2).
	 8.	0.1 M phosphate buffer, pH 7.4.
	 9.	1  M d-glucose solution, prepared in phosphate buffer and 

allowed to mutarotate for 24 h (see Note 1).

2.1.4  PVI-Os(bpy)2Cl

2.2  Modification 
of Electrodes 
with Enzyme 
and Osmium Polymer

2.3  Determination 
of Immobilized 
Enzyme Activity

2.4  Electrochemical 
Testing of Modified 
Electrodes
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3  Methods

The synthesis procedure described here is for one of the simplest 
osmium redox polymers [31–33]. It consists of a poly(1-
vinylimidazole) backbone with tethered Os(bpy)2Cl2 groups as 
shown in Fig. 2. Different polymer backbones could be used, such 
as polyvinylpyridine, or alternative osmium centers could also be 
used, but it is possible that the procedures would need to be adjusted.

	 1.	Add 6 mL of 1-vinylimidazole to a small round bottom flask.
	 2.	Heat to 70 °C under N2.
	 3.	While stirring, add 0.5 g AIBN.
	 4.	Allow the reaction to proceed for 2  h. A yellow precipitate 

should form.
	 5.	After cooling to room temperature, dissolve the precipitate in 

methanol.
	 6.	Slowly add the PVI–methanol solution to rapidly stirred 

acetone.
	 7.	Filter the pale yellow precipitate.

	 1.	To 15 mL of DMF in a small round bottom flask, add 0.16 g 
potassium hexachloroosmate (IV) and 0.125  g 
2,2′-bipyridine.

	 2.	Reflux for 1 h.
	 3.	Cool to room temperature.
	 4.	Filter the solution to remove the KCl that forms.
	 5.	Add ~10 mL of ethanol.
	 6.	The complex can be precipitated by adding ~200 mL diethyl 

ether while stirring.
	 7.	Filter and wash the dark reddish-brown precipitate with diethyl 

ether.

	 1.	Dissolve 0.1 g [Os(bpy)2Cl2]Cl in 30 mL of 2:1 mixture of 
DMF and methanol.

	 2.	While stirring, slowly add a solution of sodium hydrosulfite 
(0.2 g in 20 mL of H2O) dropwise over 30 min.

	 3.	Cool the mixture on ice.
	 4.	Scratch the walls with a glass rod or spatula to initiate 

crystallization.
	 5.	Filter and wash with water, methanol, and diethyl ether.

	 1.	Dissolve 40 mg of [Os(bpy)2Cl2] in 30 mL ethanol.
	 2.	Reflux the solution for 30 min.

3.1  Synthesis 
of PVI-Os(bpy)2

3.1.1  Poly(1-
Vinylimidazole) (PVI)

3.1.2  Bis(2,2′-
Bipyridine-N,N′)
Dichloroosmium(III) 
Chloride Dihydrate, 
[Os(bpy)2Cl2]Cl

3.1.3  Bis(2,2′-bipyridine-
N,N′)dichloroosmium(II), 
[Os(bpy)2Cl2]

3.1.4  PVI-Os(bpy)2Cl
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	 3.	Add 70 mg of PVI dissolved in 10 mL ethanol.
	 4.	Reflux the mixture for 72 h.
	 5.	The redox polymer can be precipitated in diethyl ether and 

dried on a vacuum.

Immobilizing enzymes on an electrode with a redox polymer is 
done by mixing with a cross-linker and dropcasting onto the sur-
face. The cross-linker used here is able to react with amines and 
imidazoles, allowing for covalent binding of the enzyme and poly-
mer, creating a 3D network. This procedure uses glucose oxidase 
with PVI-Os(bpy)2Cl, but it could also be applied to other FAD-
dependent enzymes or other redox polymers, provided that they 
contain free amine or imidazole groups for cross-linking.

	 1.	In a small Eppendorf tube or glass vial, mix 72 μL of 10 mg/
mL PVI-Os(bpy)2Cl, 18  μL of 2.5  mg/mL PEGDGE, and 
10 μL 13 mg/mL GOx. Vortex briefly to mix.

	 2.	Apply 10 μL to each GC electrode.
	 3.	Let dry in ambient conditions overnight.
	 4.	For control experiments, make electrodes following the same 

procedure but substitute BSA for the GOx.

It is often times desirable to determine the activity of the enzyme 
when it is immobilized. By comparing the immobilized specific 
activity to that of the enzyme in solution, it is possible to determine 
whether the immobilization method affects the enzyme’s ability to 
perform the reaction. Immobilization can decrease activity by limit-
ing diffusion of the substrate or preventing conformation change of 
the enzyme. However, in some cases immobilization might increase 
the activity by improving the stabilization and providing a desirable 
environment for the enzyme. In the procedure described [34], the 
specific activity of the immobilized GOx is determined using the 
electron acceptor DCPIP which is blue in its oxidized form and 
colorless when reduced. This procedure can be used to determine 
the activity of GOx with any immobilization method.

	 1.	In a small vial or beaker, mix 8.5  mL of phosphate buffer, 
0.5 mL of DCPIP, and 1 mL of glucose solution.

	 2.	Add 2 mL of the mixture to a cuvette.
	 3.	Place the cuvette in the spectrophotometer and measure the 

absorbance at 555 nm.
	 4.	Suspend the enzymatic electrode in the cuvette so that the 

modified surface is submerged. Leave the electrode in the solu-
tion for 5 min.

	 5.	Remove the electrode, cover the cuvette with a lid, and mix by 
inverting 3–4 times.

3.2  Modification 
of Electrodes 
with Enzyme 
and Osmium Polymer

3.3  Determination 
of Immobilized 
Enzyme Activity
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	 6.	Place the cuvette in the spectrophotometer and measure the 
absorbance at 555 nm.

The activity of the immobilized GOx can be calculated from 
the following equation:

	

Enzyme activity
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Ainitial = initial absorbance at 555 nm.
Afinal = absorbance at 555  nm after reaction with enzyme 

electrode.
2 mL = total volume of assay.
8.465 mM-1cm-1 = millimolar extinction coefficient of DCPIP.
5 min = total time of reaction.
1 cm = path length of cuvette.
0.013 mg = mass of immobilized GOx.
One unit of GOx will oxidize 1  μm of β-d-glucose to  

d-gluconolactone per minute at room temperature at pH 7.4.

Two types of electrochemical experiments are commonly per-
formed to verify bioelectrocatalytic activity of enzymatic elec-
trodes: cyclic voltammetry (CV) and amperometry. CV is a quick, 
straightforward experiment which will show whether the electrode 
is functioning as expected. Amperometry is a more sensitive 
method to quantify the electrode’s activity.

In this technique, the potential of the working electrode is varied 
and the current is measured. Reversible redox systems will show an 
oxidation peak when scanning in the positive direction and a reduc-
tion peak when scanning in the negative direction. First the elec-
trode is tested in a blank solution, typically buffer, containing none 
of the enzyme’s substrate. Then the test is repeated in the presence 
of substrate. If the enzyme reaction is an oxidation (which is the 
case for the procedure described here), when substrate is added, 
the oxidation peak should increase and diffusional tailing (the drop 
off after the peak) should get smaller. The reduction peak should 
also get smaller.

	 1.	In a small beaker or electrochemical cell, place the enzymatic 
electrode, reference electrode, and counter electrode in phos-
phate buffer. The volume of buffer will vary based on the size 
of the container but should be enough to cover the electrodes 
(see Note 3).

3.4  Electrochemical 
Testing of Modified 
Electrodes to Confirm 
Bioelectrocatalysis

3.4.1  Cyclic Voltammetry
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	 2.	Program the potentiostat software with the following parame-
ters (the names may vary based on brand of instrument):
(a)	 Low potential: −0.1 V vs. Ag/AgCl.
(b)	High potential: 0.6 V vs. Ag/AgCl.
(c)	 Scan rate: 5 mV/s (see Note 4).
(d)	Sweep segments or number of cycles: four segments or 

two cycles (see Note 5).
	 3.	After programming the software with the above parameters, 

run two cycles with the electrode in buffer.
	 4.	Add enough of the 1  M glucose solution to make the final 

concentration 100 mM glucose.
	 5.	Run two more cycles using the same parameters.

A plot of the second cycle for each solution should confirm 
bioelectrocatalysis. As seen in Fig. 3, when no glucose is present, a 
typical cyclic voltammogram for the Os redox polymer is observed, 
with a redox potential of ~325 mV vs. Ag/AgCl at pH 7.4. In the 
presence of 100 mM glucose, the oxidation current increases rather 
dramatically and reaches a limiting current density close to 1 mA/
cm2. The enzyme is oxidizing glucose and FAD is being reduced to 
FADH2. The FAD is being regenerated by passing its electrons to 
the Os centers. The reduced Os is then oxidized by the electrode, 
generating a large current. The reaction is no longer diffusion lim-
ited because the enzyme is continuously producing electrons at the 
electrode. The reduction peak at ~300 mV vs. Ag/AgCl is no lon-
ger observed because all of the Os centers are being reduced by the 
enzyme rather than the electrode.

Fig. 3 Cyclic voltammograms of a PVI-Os(bpy)2Cl and GOx modified electrode in 
0.1 M pH 7.4 phosphate buffer containing 0 mM (solid line) and 100 mM (dashed 
line) glucose at a scan rate of 5 mV/s
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For this experiment, a fixed potential is applied to the working 
electrode and the current is measured over time. The potential is 
chosen based on the CV. Typically the potential should be after the 
peak of interest (the oxidation peak for this procedure) by about 
50–100 mV. The potential is applied and the current initially jumps 
to a large value before slowly decaying. It should eventually stabi-
lize at a relatively constant value, i.e., steady state current. At this 
point, substrate can be injected into the solution. After each injec-
tion the current should be allowed to stabilize again. For this type 
of experiment, the solution needs to be stirred continuously but 
somewhat slowly to prevent noise in the data.

	 1.	In a small beaker or electrochemical cell, place the enzymatic 
electrode, reference electrode, and counter electrode in phos-
phate buffer. The volume of buffer will vary based on the size 
of the container but should be enough to cover the electrodes. 
Make sure the stir bar is not too close to any of the electrodes 
(see Note 6).

	 2.	Program the potentiostat software with the following parame-
ters (the names may vary based on brand of instrument):

(a)	 Potential: 0.5 V vs. Ag/AgCl.
(b)	Sample interval: how often the instrument takes a data 

point. Typically one point every second works well.
(c)	 Run time: Sometimes these experiments take a long time 

so setting the run time to be long is better than too short. 
The experiment can always be stopped early but for most 
instruments the parameters cannot be changed after it is 
already running.

	 3.	After programming the software with the appropriate param-
eters, begin the experiment.

	 4.	Depending on the electrode, the amount of time it takes for the 
current to stabilize can vary greatly. Stabilization times of any-
where from a couple of minutes up to an hour are possible.

	 5.	When the current has stabilized, begin injections of the 1 M 
glucose solution (see Note 7). After each injection allow the 
current to stabilize before continuing with the next. Again, 
this time may vary.

	 6.	Continue with injections until the current shows no increase, 
indicating saturation of the enzyme. At this point, do 2–3 
more injections and then stop the experiment.

	 7.	Repeat the experiment with the control BSA-PVI-Os(bpy)2Cl 
electrodes.

In a well-planned experiment, the amperometric data should 
look similar to that shown in Fig. 4a. After each injection of glu-
cose, the current increases rapidly and then levels off, creating a 

3.4.2  Amperometry (or 
Amperometric i-t Curve)
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staircase shaped curve. The results for the control experiments 
show no change in current with increasing concentration (see red 
line in Fig. 4a).

After determining the steady state current density at each con-
centration, a plot similar to that shown in Fig.  4b can be made, 
which shows a classic Michaelis–Menten type curve. At low concen-
trations, the current density increases linearly. At high concentra-
tions, the current density change becomes smaller until eventually, at 
high enough concentrations, the enzyme is saturated and the cur-
rent density remains constant regardless of increasing concentration. 
The inset in Fig.  4b shows the results for the control electrodes 
which has no response to increasing glucose concentration.

This data can be fit to the Michaelis–Menten equation to 
obtain Vmax (or imax in this case because the current density is a 
measure of the reaction rate) and Km. These parameters are a good 
way of comparing electrodes made with different immobilization 
strategies using the same enzyme. The maximum current that can 
be produced, imax, is a straightforward way of determining which 
electrode performs better. However, the Michaelis constant, Km, is 
also useful, because it is an indicator of the enzyme’s affinity for the 
substrate (glucose in this case). For the example shown, the imax is 
1340 ± 50 μA/cm2 with a Km of 35 ± 4 mM. This Km is higher, but 
the same order of magnitude, as previously reported values for free 
enzyme at pH 7.4 [35], indicating that this immobilization method 
may slightly hinder the enzyme’s ability to bind the substrate. The 
data for the control electrodes shows that without the GOx, there 
is no change in current in the presence of glucose.

Fig. 4 (a) Amperometric data for a PVI-Os(bpy)2Cl and GOx modified electrode in 0.1 M pH 7.4 phosphate buffer 
at 0.5 V vs. Ag/AgCl (black data points). Injections of a 1 M glucose solution were made with the following volumes 
sequentially: 10, 10, 10, 50, 50, 100, 100, 200, 200, 400, 400, 400, and 400 μL. The red data points show the 
results for control electrodes. (b) Plot of the steady state current density at each concentration from (a). The 
parameters from fitting the data to the Michaelis–Menten equation are imax = 1340 ± 50 μA/cm2 and Km = 35 ± 4 mM. 
Inset: Steady state current density measured at control electrodes containing BSA instead of GOx
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4  Notes

	 1.	Mutarotation is required because sugars have two stereoiso-
meric forms, α and β. In solution, glucose will interconvert 
between the two forms. Commercial d-glucose is typically the 
β form. Once added to solution, some of the glucose will con-
vert to the α form until an equilibrium ratio is reached. Because 
glucose oxidase is only active for the β form, it is critical that 
the glucose solution is at equilibrium before it is used. If it is 
used prior to reaching equilibrium, the concentration of the 
substrate (β-d-glucose) will not be constant.

	 2.	The counter electrode needs to have larger surface area than 
the working electrode, typically on the order of three times 
larger, and should be electrochemically inert. It is common to 
use platinum mesh wrapped at the end of platinum wire which 
makes a small electrode with large surface area.

	 3.	It is critical that any conductive surfaces not come in contact 
with any other conductive surfaces. The reference electrode is 
sealed in glass so it should not be a problem. However, the 
counter electrode is entirely conductive so care should be taken 
to make sure it does not touch any metal on clamps, leads, etc.

	 4.	The scan rate determines how fast the potentiostat moves 
from one potential to the next. For bioelectrochemistry, 
because reactions can be slow and also have multiple electron 
transfer steps, a slower scan rate is needed. Scan rates of 
1–10 mV/s are typical.

	 5.	The name of this parameter depends on the brand of instru-
ment. Each cycle is two segments. At least two full cycles 
should always be performed because the first one is not repre-
sentative. The surface of the electrode might go through some 
processes on the first scan that will not occur on any subse-
quent scans.

	 6.	To obtain the best data in an amperometric experiment, the 
electrochemical cell setup and stirring need to be optimized. 
The working electrode should be suspended so that its surface 
is near the top of the solution. This minimizes the noise from 
stirring. The speed of stirring needs to be fast enough to rap-
idly mix the glucose when injected but not so fast that it cre-
ates noise in the current data.

	 7.	Ideally the glucose should be injected near the stir bar to 
ensure rapid mixing. Inject the glucose slowly into the solu-
tion. If the solution is injected too quickly, the current may 
show a large increase initially before decreasing and eventually 
stabilizing at steady state.
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    Chapter 14   

 Ferrocene-Modifi ed Linear Poly(ethylenimine) 
for Enzymatic Immobilization and Electron Mediation                     

     David     P.     Hickey      

  Abstract 

   Enzymatic glucose biosensors and biofuel cells make use of the electrochemical transduction between an 
oxidoreductase enzyme, such as glucose oxidase (GOx), and an electrode to either quantify the amount of 
glucose in a solution or generate electrical energy. However, many enzymes including GOx are not able to 
electrochemically interact with an electrode surface directly, but require an external electrochemical relay to 
shuttle electrons to the electrode. Ferrocene-modifi ed linear poly(ethylenimine) (Fc-LPEI) redox polymers 
have been designed to simultaneously immobilize glucose oxidase (GOx) at an electrode and mediate elec-
tron transfer from their fl avin adenine dinucleotide (FAD) active site to the electrode surface. Cross- linked 
fi lms of Fc-LPEI create hydrogel networks that allow for rapid transport of glucose, while the covalently 
bound ferrocene moieties are able to facilitate rapid electron transfer due to the ability of ferrocene to 
exchange electrons between adjacent ferrocene residues. For these reasons, Fc-LPEI fi lms have been widely 
used in the development of high current density bioanode materials. This chapter describes the synthesis of 
a commonly used dimethylferrocene-modifi ed linear poly(ethylenimine), as well as the subsequent prepara-
tion and electrochemical characterization of a GOx bioanode fi lm utilizing the synthesized polymer.  

  Key words     Dimethylferrocene  ,   Bioanode  ,   Glucose oxidase  ,   Hydrogel  ,   Mediator  ,   Glucose biosensor  

1      Introduction 

 Enzymatic  bioelectrode   materials have been of great interest for 
their use in electrochemical  biosensors   and biological fuel cells. In 
such materials, oxidoreductase enzymes capable of selectively oxi-
dizing a desired substrate, are immobilized at the surface of an 
electrode to allow for effi cient transduction of an electrochemical 
signal upon reaction with the molecule of interest. The most widely 
studied oxidoreductase,  glucose oxidase (GOx)  , is a large glyco-
protein used for the commercial detection of glucose and contains 
a non-dissociable fl avin adenine dinucleotide (FAD) cofactor 
located at the center of the enzyme’s active site. The inaccessibility 
of the  FAD   site of GOx prevents effi cient electrochemical commu-
nication with an electrode surface, and therefore, GOx is unable to 

Shelley D. Minteer (ed.), Enzyme Stabilization and Immobilization: Methods and Protocols, Methods in Molecular Biology,
vol. 1504, DOI 10.1007/978-1-4939-6499-4_14, © Springer Science+Business Media New York 2017



182

participate in direct electron  transfer  . This problem was addressed 
in the 1980s and 1990s by several research group who showed that 
GOx can be electrochemically “wired” to an electrode through the 
use of redox  mediators   as electron relays that can nonspecifi cally 
bind to the enzyme near the FAD active site and funnel electrons 
from GOx to the electrode surface [ 1 – 3 ]. While there are several 
nuanced factors that determine a redox species’ ability to behave as 
an effi cient  mediator   for a given enzyme, all electrochemical  medi-
ators   must undergo relatively rapid rates of electron  self-exchange   
(the rate at which an electron can be transferred between two iden-
tical redox species) and must exhibit a  redox potential   to allow for 
thermodynamically favorable electron transfer (i.e., it must induce 
an electrochemical overpotential). One of the most versatile and 
widely studied compounds used to mediate electron transfer with 
GOx is an organometallic iron complex,  ferrocene        . 

  Ferrocene (Fc)   is a sandwich complex consisting of an iron 
atom surrounded by two anionic cyclopentadiene (Cp) rings that 
are suffi ciently electron rich to allow the central Fe atom to be 
stable in either a 2+ or 3+ oxidation state resulting in an overall 
neutral or cationic species. The chemical  stability   of both the oxi-
dized (Fc + ) and reduced (Fc) forms of ferrocene, together with its 
relatively small hydrodynamic Stokes radius (~4 Å) allow it to 
undergo exceptionally rapid rates of electron  self-exchange   [ 4 ,  5 ]. 
Additionally, the overlap between the p-orbitals of the Cp rings 
and the d-orbitals of the Fe center allow the electrochemical poten-
tial ( E   1 / 2  ) to be altered through covalent modifi cation of the Cp 
rings. Therefore, the  E   1 / 2   of ferrocene can range from −0.17 V for 
decamethylferrocene to 0.77 V for cyanoferrocene (potentials vs. 
SCE) [ 6 ]. Recent research has made use of ferrocene-modifi ed 
polymer  hydrogels   to simultaneously immobilize enzymes as well 
as provide a proximal redox  mediator  . 

 Glatzhofer and Schmidtke  et al.  have developed the use of 
cross-linked linear poly(ethylenimine) hydrogel fi lms that have been 
covalently modifi ed with various methyl-, propyl-, and hexylferro-
cene pendant chains to act as an electron mediation scaffold for a 
wide range of  FAD  - and PQQ-dependent enzymes including wild 
type and mutant GOx, fructose  dehydrogenase  , lactate oxidase, and 
alcohol dehydrogenase [ 7 – 12 ]. Additionally, polymethylated ferro-
cene derivatives have been established as high current density elec-
tron  mediators  , while providing a signifi cantly lower overpotential.          

 Herein, we provide a detailed procedure for the synthetic 
preparation of ferrocene-modifi ed LPEI and for subsequently 
 cross-linking   it in the presence of GOx in the preparation of an 
enzymatic  bioelectrode   material. It should be noted that the fol-
lowing is a procedure for the preparation of dimethylferrocene- 
modifi ed LPEI; however, the same procedure can be used as a 
template method for preparing ferrocene-modifi ed LPEI with up 
to approximately 50 % of the polymer backbone substituted. 

David P. Hickey
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This can be accomplished by starting with either the commercially 
available ferrocene or tetramethylferrocenes, which can be pre-
pared using previously reported synthetic procedures [ 5 ].  

2    Materials 

 Prepare all aqueous solutions using ultrapure water (obtained by 
purifi cation of deionized water to attain a sensitivity of 18 MΩ cm 
at 25 °C) and  reagent         or analytical grade reagents and reactants. 

         1.    Hydrochloric acid (HCl) reagent grade, store in a ventilated 
cabinet at room temperature.   

   2.    3 M HCl solution: Prepare a 2 L stock solution of 3 M HCl by 
slowly adding 500 mL of 12 M HCl to 1.5 L of water.   

   3.    Linear poly(ethyloxazoline) (MW 200,000, Sigma).   
   4.    Sodium hydroxide pellets (NaOH, Sigma), store under dry 

ambient conditions.      

       1.    Methylene chloride (CH 2 Cl 2 ), store in a ventilated cabinet at 
room temperature.   

   2.    Anhydrous aluminum chloride (AlCl 3 ) powder, store under 
dry conditions in the presence of a desiccant.   

   3.    3-Bromopropionyl chloride (Sigma) technical grade, store at 
2–8 °C.   

   4.    Aluminum chloride–3-bromopropionyl chloride complex: 
Add 5 mL of CH 2 Cl 2  to 0.223 g (1.67 mmol) of aluminum 
chloride (AlCl 3 ) in a 25 mL round bottom fl ask with a stir bar 
to form a suspension of AlCl 3 . Add 0.286 g (1.67 mmol) of 
3- bromopropionyl chloride to the stirring AlCl 3  suspension 
dropwise at 0 °C. Let the mixture warm to room temperature 
and stir until all of the AlCl 3  is dissolved (~1 h after the addi-
tion of 3-bromopropionyl chloride).   

   5.    Saturated sodium bicarbonate solution: Prepare a 1 L stock 
solution of saturated sodium bicarbonate (NaHCO 3 ) by dis-
solving 9.6 g of NaHCO 3  into 1 L of water.   

   6.    Brine solution: Prepare a 1 L stock solution of brine by dissolv-
ing 35.7 g of sodium chloride (NaCl) into 1 L of water.   

   7.    Anhydrous magnesium sulfate (MgSO 4 ), store under dry 
ambient  conditions        .      

       1.    Methylene chloride (CH 2 Cl 2 ), store in a ventilated cabinet at 
room temperature.   

   2.    Borane  tert -butylamine complex (Sigma), store under anhy-
drous conditions in the presence of a desiccant.   

2.1  Synthesis 
of Dimethylferrocene-
Modifi ed Linear 
Poly(ethylenimine)

2.1.1  Linear 
Poly(ethylenimine) 
Synthesis Preparations

2.1.2  3-Bromopropionyl 
Ferrocene Synthesis 
Preparations

2.1.3  3-Bromopropyl 
Ferrocene Synthesis 
Preparations
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   3.    Anhydrous aluminum chloride (AlCl 3 ) powder, store under 
dry conditions in the presence of a desiccant.   

   4.    Aluminum chloride– tert -butylamine borane complex solution: 
Add 0.278 g (2.09 mmol) AlCl 3  into a small (≤25 mL) round 
bottom fl ask with 5 mL methylene chloride. Dissolve 0.364 g 
(4.19 mmol) of  tert -butylamine borane complex (with respect 
to the ferrocene product from the previous reaction) in 2 mL 
methylene chloride. Add the reducing solution dropwise to 
the AlCl 3  mixture at 0 °C. Stir the mixture at room tempera-
ture under N 2  for 1 h.   

   5.    Anhydrous magnesium sulfate (MgSO 4 ), store under dry 
ambient conditions.   

   6.    Silica powder.   
   7.    Acetonitrile, commercially available, reagent grade, store in a 

ventilated cabinet at room temperature.      

       1.    Acetonitrile, commercially available, reagent grade, store in a 
ventilated cabinet at room temperature.   

   2.    Methanol, commercially available, reagent grade, store in a 
ventilated cabinet at room temperature.       

         1.    Glucose oxidase from  Aspergillus niger  (Type X-S, lyophilized 
powder, 100,000–250,000 U/g solid, Sigma), store at −20 ° C        .   

   2.     Ethylene glycol diglycidyl ether (EGDGE),   commercially avail-
able, store under anhydrous conditions at room temperature.   

   3.     Glassy carbon   electrodes (3 mm disk electrodes), polished 
immediately prior to use.   

   4.    Ferrocene-modifi ed LPEI solution: Add 200 μL of water to 
4 mg of FcMe 2 -LPEI in a small 1 dram vial. Add 15 μL ali-
quots of 0.1 M HCl (the total addition of HCl should NOT 
exceed 200 μL) until the polymer is dissolved. Add enough 
water to bring the total solution volume to 399 μL. Use a small 
(less than 1 μL) amount of concentrated HCl to adjust the pH 
of the polymer solution to pH 5.0 ± 0.2. The fi nal polymer 
concentration should be 10 mg mL −1 .   

   5.    Glucose oxidase (GOx) solution: Dissolve 1 mg of GOx using 
100 μL of water. Mix the solution rapidly using a vortex generator 
for 15 s. The fi nal enzyme concentration should be 10 mg mL −1 .   

   6.    Cross-linker solution: Add 5 μL of  ethylene glycol diglycidyl-
ether (EGDGE)   to 45 μL of water. Mix the solution rapidly 
using a vortex generator for 15 s [Note: prepare this solution 
shortly before use, to prevent degradation of the cross-linker 
through hydrolysis]         .            

2.1.4  Synthesis 
of Ferrocene- Modifi ed 
Linear Poly(ethylenimine)

2.2  Dimethylferr
ocene-Mediated 
 Glucose Oxidase   
 Bioanodes  

2.2.1  Preparation of 
Dimethylferrocene-LPEI/
Glucose Oxidase Electrode 
Films
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       1.    Phosphate buffer: 100 mM and pH 7.4.   
   2.    2 M β- D -glucose aqueous solution, store at 4 °C ( see   Note    1  ).        

3    Methods 

     Linear poly(ethylenimine) (LPEI) (MW approximately 80,000) is 
prepared through hydrolysis of linear poly(2-ethyl-2-oxazoline) 
(MW 200,000) from Sigma Aldrich [ 13 ]. The following proce-
dure should allow for the preparation of ~20 g of LPEI.

    1.    Dissolve 30.0 g of linear poly(2-ethyl-2-oxazoline) in 1.80 L 
of aqueous 3 M HCl in a 3 L round bottom fl ask.   

   2.    Stir the reaction solution for 5 days at 110 °C, using a jacketed 
refl ux condenser to prevent excessive evaporation of  solvent  .   

   3.    Allow the solution to cool to room temperature, then evapo-
rate the  solvent   under reduced pressure ( see   Note    2  ).   

   4.    Dissolve the crude polymer in 3 L of water, then add solid 
NaOH until the pH of the solution is greater than pH 10.0. 
Neutralization causes the polymer to crash out of solution, and 
thus the neutralization may not occur uniformly. To ensure 
that the polymer is neutralized, heat the solution gently until 
the polymer dissolves, then allow it to cool to room tempera-
ture ( see   Note    3  ).   

   5.    Collect the crystallized polymer in a fritted glass fi lter, using 
vacuum fi ltration to speed the fi ltration process.   

   6.    Redissolve the crystallized polymer in 3 L of warm water, then 
allow the solution to cool to room temperature (thus repre-
cipitating the polymer) and again collect the polymer precipi-
tate by fi ltration through a fritted glass fi lter. Repeat this 
process until the pH of the fi ltrate is neutral.   

   7.    Collect the solid neutralized polymer in a small glass jar and 
dry in a vacuum oven at ~50 °C for 1 day then for ~70 °C for 
1 day ( see   Note    4  ).   

   8.    Confi rm polymer structure by  1 H-NMR in CD 3 OD: δ(ppm) 
2.65 (4H, broad  t , -CH 2 -N).             

         1.    Dissolve 0.30 g (1.40 mmol) dimethylferrocene into a 50 mL 
round bottom fl ask in 15 mL methylene chloride with a stir bar.   

   2.    Add the previously prepared solution of AlCl 3 *3- 
bromopropionyl chloride complex dropwise to the stirring 
dimethylferrocene solution at 0 °C ( see   Notes    5   and   6  ).   

   3.    Cover the solution and stir the reaction mixture at room tem-
perature for 12–16 h.   

2.2.2  Characterization 
of Dimethylferrocene-LPEI/
Glucose Oxidase Electrode 
Films

3.1  Dimethylferro
cene-Modifi ed Linear 
Poly(ethylenimine) 
Synthesis

3.1.1  Synthesis of Linear 
Poly(ethylenimine)

3.1.2  Synthesis 
of 3-Bromopropionyl 
Dimethylferrocene
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   4.    Dilute the reaction mixture with 20 mL methylene chloride 
and quench the reaction by pouring the solution over an 
equivalent volume of ice in an Erlenmeyer fl ask.   

   5.    Stir the mixture until all of the ice is melted (~30 min).   
   6.    Using a separatory funnel, separate the organic portion and 

wash it with 50 mL of saturated sodium bicarbonate (NaHCO 3 ) 
followed by 50 mL of brine solution.   

   7.    Filter the organic portion through a plug of magnesium sulfate 
(MgSO 4 ) in a coarse fritted glass fi lter. Wash the MgSO 4  with 
25 mL CH 2 Cl 2  to remove any excess product.   

   8.    Transfer the dissolved product into a round bottom fl ask, and 
reduce the  solvent   to approximately 25 mL under reduced 
pressure at 40 °C ( see   Note    7  ).      

       1.    Add the propionyl dimethylferrocene solution from 
Subheading  3.2  dropwise into the stirring premade solution of 
 tert - butylamine- borane/AlCl 3  complex at 0 °C.   

   2.    Allow the mixture to warm to room temperature and stir for 
overnight (16–24 h) at ambient temperature. Cover the reac-
tion vessel to prevent evaporation of the  solvent  .   

   3.    Quench the reaction by adding 50 mL DI water slowly to the 
reaction mixture and  stirring         for 1 h ( see   Note    8  ).      

       1.    Separate the organic portion using a separatory funnel, and 
wash it with 50 mL of saturated NaHCO 3 .   

   2.    Remove excess water from the organic fraction by passing it 
through a plug of magnesium sulfate (MgSO 4 ) in a fritted glass 
fi lter, and remove the organic  solvent   by rotatory evaporation.   

   3.    The crude product should be a red–orange oil containing solid 
crystalline particles (these particles are excess  tert -butylamine 
borane). Dissolve product in 5–10 mL acetonitrile and pass 
through a fi lter of fl ash silica to remove excess  tert -butylamine 
borane. Rinse the fi lter with excess acetonitrile to ensure that 
all of the product is collected ( see   Note    9  ).   

   4.    Collect the fi ltered product in a 25 mL round bottom fl ask and 
evaporate the excess acetonitrile under reduced pressure. The 
yield over two steps from dimethylferrocene is around 65 %.   

   5.    Confi rm the structure of the product by  1  H -NMR in CDCl 3  
( see  Fig.  1 ): δ(ppm) 1.91 (3H, s, Fc(–CH 3 )), 1.96 (3H, s, Fc(–
CH 3 )), 2.01 (2H, m, C-CH 2 –C), 2.44 (2H, t, Fc–CH 2 –C), 
3.41 (2H, t, C–CH 2 –Br), 3.92 (7H, m, Fc–H).

              1.    Add 0.100 g (2.33 mmol) of LPEI to a small round bottom 
fl ask with 7 mL acetonitrile ( see   Note    10  ).   

   2.    Stir the LPEI mixture and heat to 80 °C with a refl ux con-
denser, then add methanol dropwise until all of the LPEI dis-
solves (≤2 mL).   

3.1.3  Synthesis 
of 3-Bromopropyl 
Dimethylferrocene

3.1.4  Purifi cation 
of 3-Bromopropyl 
Dimethylferrocene

3.1.5  Synthesis 
of Ferrocene- Modifi ed 
Linear Poly(ethylenimine)
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   3.    Dissolve 0.156 g (0.47 mmol) 3-bromopropyl dimethylferro-
cene in 2 mL acetonitrile, and add to the stirring LPEI solu-
tion ( see   Note    11  ).   

   4.    Stir the reaction mixture 24 h at 90–100 °C using a jacketed 
condenser to prevent excessive  solvent   evaporation.   

   5.    Cool the reaction solution to room temperature, and evapo-
rate the  solvent   under reduced pressure.   

   6.    Add 20 mL of diethyl ether to the reaction fl ask and allow the 
fi nal product to soak for 1 h to remove any unreacted bromo-
propyl dimethylferrocene.   

   7.    Decant the diethyl ether and evaporate excess  solvent   under 
reduced pressure to give the dimethylferrocene-modifi ed LPEI 
(FcMe 2 -LPEI) product.               

  Fig. 1    ( a ) Synthetic reaction scheme for the preparation of dimethylferrocene-modifi ed  linear poly(ethylenimine)  , 
( b )  1 H-NMR of 3-bromopropyl  dimethylferrocene         in CDCl 3        

 

Ferrocene-Modifi ed Linear Poly(ethylenimine) for Enzymatic Immobilization…



188

       1.    Confi rm structure and substitution of the product by  1 H-
NMR in CD 3 OD ( see  Fig.  2 ): δ(ppm) 1.67 (2H, C–CH 2 –C), 
1.94 (6H, Fc(–CH 3 )), 2.30 (2H, Fc-CH2–C), 2.50–3.10 
(16H, N–CH 2 –C, polymer backbone), 3.87 (7H, Fc-H).

                  1.    Combine 14 μL of FcMe 2 -LPEI solution (10 mg/mL), 6 μL 
of GOx solution (10 mg/mL) and 0.75 μL of cross-linker 
solution (10 vol/vol.% EGDGE) in a small centrifuge vial.   

   2.    Vortex vigorously for 20 s, then coat 3 mL aliquots of the solu-
tion onto the surface of each of three  glassy carbon   electrodes 
using an Eppendorf pipette ( see   Note    12  ).   

   3.    Allow electrode fi lms to cure and dry for 24 h at room tem-
perature under ambient  atmosphere     .      

       1.    Dimethylferrocene-LPEI/GOx fi lms are characterized electro-
chemically in a 100 mM phosphate buffer, pH 7.4, at 25 °C using 
a standard three electrode confi guration with the FcMe 2 - LPEI/
GOx  glassy carbon   acting as the working electrode, a saturated 
calomel (SCE) reference electrode and a Pt counter electrode.   

3.1.6  Characterization 
of Ferrocene- Modifi ed 
Linear Poly(ethylenimine)

3.2  Dimethylferr
ocene-Mediated 
 Glucose Oxidase   
 Bioanode  

3.2.1  Preparation of 
Dimethylferrocene-LPEI/
Glucose Oxidase Electrode 
Films

3.2.2  Characterization 
of Dimethylferrocene-LPEI/
Glucose Oxidase Electrode 
Films

  Fig. 2     1 H-NMR of dimethylferrocene-modifi ed  linear poly(ethylenimine)   (FcMe 2 -LPEI) in CD 3 OD       
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   2.    Perform preliminary cyclic  voltammetry   (CV)    to allow for the 
polymer fi lms to electrochemically equilibrate; 10 scans, −0.1 V 
to 0.6 V vs. SCE at 50 mV s −1 .   

   3.    Test the electrode kinetics by performing slow scan rate CVs in 
the absence and presence of various concentrations of substrate 
(glucose); four scans, −0.1 V to 0.6 V vs. SCE at 2 mV s −1 , in 
the presence of 0 mM glucose and 100 mM glucose.   

   4.    The apparent enzymatic electrode  kinetics   are commonly 
determined using constant potential  amperometry   in which an 
oxidizing potential is held and the current is monitored as a 
response to the addition of substrate (glucose) to a stirring 
solution. Hold the potential at 0.1 V more positive than the 
peak oxidation potential ( E   p, a  ); allow the background current 
to equilibrate to a constant value (typically ~100 s), then inject 
aliquots of 2 M glucose solution so that the total glucose con-
centration is 10, 20, 30, 40, 50, 65, 70, and 100 mM. Effective 
FcMe 2 -LPEI/GOx fi lms should have a maximum current  den-
sity         around 1.0 mA cm −2  ( see  Fig.  3 ).

4                         Notes 

     1.    Prepare at least 24 h prior to use.   
   2.    Alternatively the  solvent   can be removed by vacuum 

distillation.   
   3.    Neutralization of the polymer solution requires a large quan-

tity of NaOH (>10 g) and is highly exothermic; caution should 
be exercised during this step.   

  Fig. 3    ( a ) Constant potential  amperometric    i  vs.  t  curve of FcMe 2 -LPEI/GOx fi lm response to injections of glu-
cose while being held at 0.5 V vs SCE, and ( b ) the resulting  Michaelis–Menten   plot. Experiments were per-
formed using 100 mM phosphate buffer at 25 ° C               
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    Chapter 15   

 FAD-Dependent Glucose Dehydrogenase Immobilization 
and Mediation Within a Naphthoquinone Redox Polymer                     

     Ross     D.     Milton      

  Abstract 

   Electrochemically-active polymers (redox polymers) are useful tools for simultaneous immobilization and 
electron transfer of enzymes at electrode surfaces, which also serve to increase the localized concentration 
of the biocatalyst. The properties of the employed redox couple must be compatible with the target biocata-
lyst from both an electrochemical (potential) and biochemical standpoint. This chapter details the synthesis 
of a naphthoquinone-functionalized redox polymer (NQ-LPEI) that is used to immobilize and electroni-
cally communicate with fl avin adenine dinucleotide-dependent glucose dehydrogenase (FAD- GDH), yield-
ing an enzymatic bioanode that is able to deliver large catalytic current densities for glucose oxidation at a 
relatively low associated potential.  

  Key words     Naphthoquinone  ,   Redox polymer  ,   Glucose dehydrogenase  ,   Enzymatic fuel cell  ,   Glucose 
oxidation  ,   Enzymes  

1      Introduction 

 Enzymatic fuel cells (EFCs) are devices that employ biological 
catalysts, such as enzymes, to facilitate the oxidation of alternative 
energy-dense fuels (i.e., sugars) under mild conditions (such as 
neutral pH and room temperature) in comparison to typical H 2 /
O 2  fuel cells [ 1 – 3 ]. Additionally, EFCs typically incorporate an 
enzyme at the biocathode of devices (usually a multi-copper oxi-
dase) that can accommodate the 4-electron reduction of O 2  to 
H 2 O [ 4 ]. It is favorable to immobilize  enzymes               at electrode sur-
faces, whereby an enhanced localized concentration of the biocata-
lyst offers improved catalytic current densities and lower overall 
costs of devices; spent fuel can be easily replenished without the 
requirement to replace a diffusive enzyme. 

 The mechanism of electron transfer between an enzyme and an 
electrode surface is of extreme importance (Fig.  1 ).  Mediated elec-
tron transfer (MET)   utilizes a small redox-active species to shuttle 
electrons between an enzyme’s redox-active cofactor and an 
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electrode surface. In contrast,  direct electron transfer (DET)   takes 
place when the redox-active cofactor of an enzyme is proximally 
located such that the distance between the cofactor and the elec-
trode is small enough to enable electron tunneling to or from the 
electrode surface. Additionally, DET must not block access of the 
substrate to the enzyme [ 2 ]. Redox polymers simultaneously pro-
vide a support to immobilize enzymes at an electrode surface while 
also locally providing redox active electron  mediators   that are 
immobilized and do not diffuse into the bulk solution. Further, the 
ability of redox species to undergo “ self-exchange  ” affords larger 
3D structures of immobilized enzyme-redox polymer architectures, 
which in turn enables larger catalytic current densities. While DET 
has been fi rmly established for many multi-copper oxidases (such as 
 laccase   and bilirubin oxidase), MET fi rmly remains the principal 
mechanism for electron transfer at the  bioanode   of EFCs.               

   When considering the use of an electron  mediator  , the poten-
tial of the redox species plays a major role in the mediator’s compat-
ibility. For an oxidative enzymatic reaction, the electron mediator 
must possess a  redox potential   that is more positive than the  redox 
potential   of the enzyme’s redox-active cofactor. An increased poten-
tial difference between these two components typically offers 
improved overall catalytic turnover (with a minimal potential differ-
ence being required for optimal catalytic turnover). In terms of 
improving an EFC’s performance, a maximized potential difference 
between the anode and cathode of an EFC would yield improved 
power densities; similarly, improved catalytic currents at the anode 
and cathode would  also  yield improve power densities. Unfortunately, 
these two variables are mutually exclusive. 

 The  redox potential   alone of the redox species does not consti-
tute a “good” electron  mediator  . The redox species must be able 
to accept electrons from the cofactor of the enzyme and enzymatic 
rejection of the redox species from the active site of the enzyme 
(i.e., the mediator is a poor “substrate”) may prevent electron 
transfer (depending on the mechanism of electron transfer between 

  Fig. 1     Mediated electron transfer   ( top ) and  direct electron transfer   ( bottom ) 
between an enzyme and an electrode  surface                     
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the redox species and the cofactor). An example of this is found in 
this chapter; the naphthoquinone redox species and its associated 
redox polymer is able to effi ciently transfer electrons between fl avin 
adenine dinucleotide-dependent glucose dehydrogenase (FAD-
GDH) although its counterpart,  glucose oxidase (GOx)  , employs 
the same cofactor (with comparable properties) yet is unable to 
undergo mediated bioelectrocatalytic glucose oxidation [ 5 ]. 

 The naphthoquinone redox polymer (synthesized as per Fig.  2  
and detailed below) possesses a relatively low  redox potential   and is 
able to undergo  MET   with fungal FAD-GDH resulting in large cata-
lytic currents for mediated bioelectrocatalytic glucose oxidation.

2       Materials 

 All aqueous solutions should be prepared using ultrapure water 
(18 MΩ cm at 25 °C). 

       1.    1,2-Naphthoquinone-4-sulfonic acid sodium salt (NQS): used 
as received.   

   2.    Diisopropylethylamine (DIPEA): used as received ( see   Note    1  ).   
   3.    (±)-glycidol: stored at 4 °C and used as received.   
   4.    Brine/saturated sodium chloride solution: add approximately 

90 g of sodium chloride (reagent grade) to 250 mL of distilled 
water. Shake the solution with the aid of sonication to dissolve 
the sodium chloride. Insoluble sodium chloride should remain.   

2.1  Reagents 
and  Solvents   for the 
Synthesis and 
Purifi cation of 
1,2-Naphthoquinone-
4- glycidol              

O=S=O
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  Fig. 2    Synthetic route for the preparation of  naphthoquinone  -functionalized  lin-
ear poly(ethylenimine)   (NQ-LPEI)       
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   5.    Liquid–liquid extraction solutions: (A) 100 mL of a brine solu-
tion is added to 35 mL of dichloromethane. (B) 100 mL of 
distilled water is added to 35 mL of chloroform.   

   6.    Magnesium sulfate: anhydrous reagent is added loaded on top 
of a fritted glass fi lter to form a layer of approximately 1 cm 
thickness. Solutions are dried over the magnesium sulfate layer 
by gravity.   

   7.    Silica gel purifi cation solvents: Diethyl ether is mixed with 
dichloromethane at a 3:1 ratio.         

       1.    Enzyme solution: FAD-dependent glucose dehydrogenase 
(fungal from  Aspergillus  sp.) is suspended in ultrapure water at 
a concentration of 30 mg/mL. Typically, 1–2 mg of lyophi-
lized FAD-dependent glucose dehydrogenase is used. Prepared 
immediately prior to use ( see   Note    2  ).   

   2.    Cross-linker solution:  Ethylene glycol diglycidyl ether 
(EGDGE)   is diluted with ultrapure water to a concentration of 
10 % v/v. Prepared immediately prior to use ( see   Note    3  ).   

   3.    Multi-walled  carbon nanotube   suspension: COOH- 
functionalized MWCNTs are added to isopropanol at a fi nal 
concentration of 5 mg/mL. The resulting suspension is dis-
rupted by sonication for 1 h. The fi nal suspension is then left 
to stand for an additional hour prior to use. Store at room 
 temperature               ( see   Note    4  ).   

   4.    Toray carbon paper electrodes: Untreated Toray carbon paper 
is cut into a fl ag shape with a 1 cm 2  “fl ag”. The remaining 
electrode is coated with melted paraffi n wax ( see   Note    5  ).   

   5.    Electrochemistry buffers and solutions: A citrate/phosphate 
buffer (0.2 M) is prepared and the pH is adjusted to 6.5. A 
glucose solution (1 M) is prepared using the citrate/phosphate 
buffer solution at least 24 h prior to electrochemical evaluation 
(to allow for mutarotation of glucose). Store at 4 °C.   

   6.    Electrochemistry equipment:  Bioelectrodes   are initially evalu-
ated using cyclic  voltammetry      with a potentiostat operating in 
a standard 3-electrode half-cell confi guration. Typically, a large 
platinum counter electrode is used along with common refer-
ence electrode (such as the saturated calomel electrode, Ag/
AgCl electrode or standard hydrogen electrode).      

   Linear poly(ethylenimine) (LPEI) was prepared as described in 
Chapter   14     Subheading   3.1.1    .   

3    Methods 

 All procedures (with the exception of  solvent   evaporation) are con-
ducted at room temperature. 

2.2   Bioelectrode   
Components 
and Electrochemistry 
Solutions

2.3   Linear 
Poly(Ethylenimine)  
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       1.    Add 241 μL of DIPEA (1.2 mol. eq., 178.8 mg, 1.38 mmol) 
to a 10 mL stirred solution of excess glycidol (9 g, 121 mmol) 
in a dropwise fashion. Leave the glycidol solution to stir for 
10 min at room temperature ( see   Note    6  ).   

   2.    Add 300 mg of solid 1,2-naphthoquinone-4-sulfonic acid 
sodium salt (1 mol. eq., 1.15 mmol) to the stirred solution of 
glycidol in a single portion. Leave the suspension to stir for an 
additional 10 min ( see   Note    7  ).   

   3.    Transfer the suspension to a separatory funnel that contains the 
liquid-liquid extraction solution (A). Repeatedly extract the 
organic fractions with dichloromethane against brine ( see   Note    8  ).   

   4.    Combine all of the organic fractions and remove the solvent  in 
vacuo  ( see   Note    9  ).   

   5.    The yellow product is dissolved in chloroform and extracted a 
further three times with the liquid-liquid extraction solution 
(B). Combine the organic fractions, dry over magnesium sul-
fate (anhydrous) and remove the  solvent    in vacuo  to yield a dry 
yellow  powder               ( see   Note    10  ).      

       1.    Prepare a column with silica gel for the purifi cation of the 
1,2-naphthoquinone-4-glycidol. For a 300 mg preparation, a 
column of 30 cm in length and 2.5 cm diameter is typically used. 
A fl ash column (with a large volume reservoir) is preferred.   

   2.    Equilibrate the silica gel column with 3:1 diethyl ether–dichlo-
romethane. Load the yellow product onto the column ( see  
 Note    11  ).   

   3.    Purifi cation is afforded by constant fl ushing with above elution 
solvent mixture. DIPEA typically elutes from the column at 
the very beginning of the product band (yellow)—the fi rst ca. 
5 % of the eluted product (by volume) is usually discarded ( see  
 Note    12  ).   

   4.    The  solvent   is removed  in vacuo  to yield a yellow powder. 
Overall, the entire synthesis and purifi cation typically results in 
a mol. yield % of approximately 25–30 %. The fi nal product is 
stored in a vacuum desiccator at room temperature, until use.      

       1.     1 H and  13 C NMR spectroscopy can be performed in CDCl 3  to 
confi rm the successful synthesis of the above product. 
Additionally, any residual glycidol or DIPEA can be identifi ed. 
Figure  3a, b  presents the  1 H and  13 C NMR spectra for the 
product, respectively.
     1   H NMR  ( 400 MHz, CDCl   3  ) :  δ 8.06 (d,  J  = 7.6 Hz, 1H, 
-CH), 7.87 (d,  J  = 7.8 Hz, 1H, -CH), 7.66 (t,  J  = 7.6 Hz, 
1H, -CH), 7.55 (t,  J  = 7.6 Hz, 1H, -CH), 5.90 (s, 1H, -CH 
adjacent to ether linkage), 4.45 (dd,  J  = 11.3, 2.1 Hz, 1H, 
-O- CH   2  -), 3.97 (dd,  J  = 11.3, 6.4 Hz, 1H, -O- CH   2  -), 3.48–

3.1  Synthesis of 
1,2-Naphthoquinone-
4-glycidol

3.2  Purifi cation of 
1,2-Naphthoquinone-
4-glycidol

3.3  Characterization 
of 1,2-Naphtho
quinone-4-glycidol
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3.40 (m, 1H, -CH- epoxy), 2.97 (t,  J  = 4.4 Hz, 1H, - CH   2   -  
epoxy), 2.79 (dd,  J  = 4.5, 2.5 Hz, 1H, - CH   2  - epoxy). 
   13   C NMR  ( 101 MHz, CDCl   3  ): δ 179.21 (C=O), 179.06 
(C=O), 167.18 (C-O), 134.90 (CH), 131.57 (C), 131.53 
(CH), 130.19 (C), 128.99 (CH), 124.72 (CH), 103.62 (CH), 
70.28 (-O-CH 2 ), 48.87 (epoxy CH), 44.27 (epoxy CH 2 ). 
  ESI-MS (high resolution) found : 253.0477 [M + Na] + .      

    The recipe below aims to theoretically prepare a redox polymer with 
approximately 25 % substitution across the polymer  backbone/repeat-
ing units. Typically, a fi nal substitution of 20–23 % is estimated.

    1.    LPEI (46 mg synthesized as per Chapter   14     Subheading   3.1.1    , 
4 mol. eq., 1.1 mmol) is dissolved in a stirred solution of meth-
anol (15 mL).   

   2.    To the above, 62 mg of 1,2-naphthoquinone-4-glycidol 
(1 mol. eq., 0.27 mmol) in a minimal volume of methanol is 
added dropwise. The resulting solution is left to stir overnight 
at room temperature.   

   3.    Upon completion, the  solvent   is removed  in vacuo . The result-
ing residue is soaked with two portions of tetrahydrofuran 
(15 mL, 1 h each) to remove any unsuccessfully grafted 
1,2-naphthoquinone-4-glycidol ( see   Note    13  ).   

3.4                 Synthesis of 
1,2-Naphthoquinone-
4-glycidyl-LPEI Redox 
Polymer (NQ-LPEI)

  Fig. 3     1 H ( a , 400 MHz) and  13 C ( b , 100 MHz) NMR spectra of purifi ed 
1,2- naphthoquinone  -4-glycidol       
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   4.    The fi nal polymer (NQ-LPEI) is dried and stored (dry at room 
temperature) for later use. For the construction of  bioelec-
trodes   (below) the resulting polymer is typically dissolved in 
ultrapure water at a concentration of 10 mg/mL, immediately 
prior to use ( see   Note    14  ).      

   The instructions provided below are for the preparation of a bio-
electrode whereby the naphthoquinone moiety of the redox poly-
mer facilitates  MET   between fungal FAD-dependent glucose 
dehydrogenase and a carbon electrode surface. To date, this con-
fi guration has been evaluated on  glassy carbon   and carbon paper 
(Toray) electrode surfaces. Ultrapure water (18 MΩ cm at 25 °C) 
is used for all steps below.                

       1.    Using a positive displacement pipette, deposit 5 μL of the 
MWCNTs suspension onto the surface of a polished glassy car-
bon electrode to yield an approximate loading of 0.35 mg/
cm 2 . Proceed to the next step once the electrode is dry 
(~10 min at room temperature) ( see   Notes    4   and   15  ).   

   2.    Combine the NQ-LPEI polymer solution from Subheading  3.4  
with the enzyme solution and the cross-linker solution in a small 
Eppendorf tube (500 μL) at the following ratio (can be scaled):

   (a)     NQ-LPEI solution : 84 μL   
  (b)     Enzyme solution : 36 μL   
  (c)     Cross-linker solution : 4.5 μL    

  ( see   Note    16  ).   

   3.    Deposit 3 μL of the resulting solution onto the modifi ed sur-
face (MWCNTs) of a  glassy carbon   electrode and leave to dry 
overnight at room temperature ( see   Note    17  ).      

   The following evaluation procedure is specifi c to FAD-dependent 
glucose dehydrogenase. Differing enzymatic properties (such as 
turnover number) of alternate biocatalysts may require testing 
under custom conditions (i.e., scan rate).

    1.    Prior to electrochemical analysis, dried electrodes are gently 
rinsed with ultrapure water to remove any excess NQ-LPEI.                  

   2.    Initially, bioelectrodes are electrochemically cycled for between 
10 and 20 complete cycles at 50 mV/s. This further allows for 
the removal of any unbound NQ-LPEI; during this initial step, 
the NQ-LPEI fi lm will also hydrate and swell ( see   Note    18  ). 
The potential window varies depending on the pH of the sup-
porting electrolyte as well as the  reversibility   of the NQ species 
at the chosen electrode surface. Typically, the potential win-
dow of interest for a modifi ed glassy carbon electrode operat-
ing at pH 6.5 is between −0.45 and +0.05 V (vs. a saturated 
calomel reference electrode).   

3.5   Bioelectrode   
Construction

3.5.1  Bioelectrode 
Construction

3.5.2   Bioelectrode 
  Evaluation
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   3.    Following this initial equilibration step, the  bioelectrodes   are 
then analyzed for a substrate blank (i.e., in the absence of glu-
cose) at 10 mV/s, under the same potential window as described 
above. Typically, fi ve complete cycles are performed during 
which time the redox peaks for the NQ species stabilize.   

   4.     Bioelectrodes   are then analyzed once again (at 10 mV/s) in 
the presence of the enzyme’s substrate, glucose (Fig.  4 ).

4                                Notes 

     1.    DIPEA is required as a non-nucleophilic sterically hindered 
base. The use of other amine-containing nucleophilic bases 
(such as triethylamine) results in a red color change and major 
undesired side products.   

   2.    Initial fi ndings suggest that FAD-dependent glucose dehydro-
genase from  Aspergillus  sp. is favorable. Further subspecies 
(such as that obtained from  Aspergillus oryzae ) are compatible 
but diminished catalytic current densities are typically observed.   

   3.     EGDGE   is used as a crosslinker between secondary amines on 
the LPEI backbone and accessible nucleophilic amine acids on 
the protein surface (and iterations thereof). The polymeric 
counterpart (PEGDGE) has not been evaluated for this system.   

   4.    Carboxylated MWCNT are purchased from   www.cheaptubes.
com     and used as received.   

   5.    Toray carbon paper (TGP-H-060) is purchased from   www.
fuelcellearth.com     and used as received. Toray carbon paper is 
ordered without hydrophobic (Tefl on) treatment.   

  Fig. 4    Representative cyclic voltammogram of a  FAD  -dependent glucose  dehy-
drogenase       bioelectrode   prepared using the NQ-LPEI polymer, in the absence 
( dashed line ) and presence ( solid line ) of the glucose.                Bioelectrodes were ana-
lyzed at pH 6.5 (citrate/phosphate buffer, 0.2 M) at a scan rate of 10 mV/s       
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   6.    This step of the reaction can be continued for more than 
10 min, although side products (most likely epoxide ring 
opening-derived) are  observed              .   

   7.    Over the course of 10 min, the suspension will change from 
orange to brown in color.   

   8.    To aid in the removal of unreacted glycidol, around 6–8 extrac-
tions are typically performed.   

   9.    Extracted organic phases are typically combined and concen-
trated along the course of extraction. Due to its extraction 
against brine, dichloromethane has a tendency to “bump” 
under reduced pressure. Passing the organic extract through a 
thin bed of anhydrous magnesium sulfate prior to removing 
the  solvent   prevents this.   

   10.    This step aids in the removal of residual glycidol. The presence 
of glycidol in the fi nal product results in an “oily” appearance. 
A successfully purifi ed product forms a yellow powder when 
following removal of the chloroform.   

   11.    The product is not overly soluble in the 3:1 diethyl ether–
dichloromethane solvent mixture. Typically, the product is dis-
solved in a  minimal  volume of dichloromethane for application 
to the column bed (equilibrated with the solvent mixture).   

   12.    Applying the product to the column in a small volume of 
dichloromethane and the presence of glycidol will result in the 
mobility of the crude product mixture for ca. 5 % of the column 
bed length—utilizing a long column bed will aid purifi cation. 
After the initial mobility has subsided, the product will elute as 
a yellow solution. Under the above solvent mixture residual 
1,2-naphthoquinone-4-sulfonic acid sodium salt remains at the 
top of the column bed and does not typically elute. The prod-
uct is eluted with multiple column volumes of the  solvent   mix-
ture, until the eluent appears almost colorless. Eluted fractions 
are concentrated throughout the chromatography  process              .   

   13.    Tetrahydrofuran effi ciently removes any residual 
1,2- naphthoquinone-4-glycidol that did not successfully graft to 
the polymer backbone. The fi nal polymer has very limited solu-
bility in tetrahydrofuran, although some product will be removed.   

   14.    The polymer solution is prepared fresh from the dried product 
for every experiment.   

   15.    The presence of MWCNTs improves the electrochemical 
 reversibility   of the NQ species, as well as provides a larger spe-
cifi c surface area, which in turn also improves the physical  sta-
bility   of the  bioelectrode   architecture.   

   16.    Once the  EGDGE   is added, it is important to coat the elec-
trodes without any signifi cant delay to prevent undesired 
hydrolysis of the epoxide groups of the crosslinker.   

FAD-Dependent Glucose Dehydrogenase Immobilization and Mediation Within…
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Chapter 16

Layer-by-Layer Assembly of Glucose Oxidase on Carbon 
Nanotube Modified Electrodes

Alice H. Suroviec

Abstract

The use of enzymatically modified electrodes for the detection of glucose or other non-electrochemically 
active analytes is becoming increasingly common. Direct heterogeneous electron transfer to glucose oxi-
dase has been shown to be kinetically difficult, which is why electron transfer mediators or indirect detec-
tion is usually used for monitoring glucose with electrochemical sensors. It has been found, however, that 
electrodes modified with single or multi-walled carbon nanotubes (CNTs) demonstrate fast heterogeneous 
electron transfer kinetics as compared to that found for traditional electrodes. Incorporating CNTs into 
the assembly of electrochemical glucose sensors, therefore, affords the possibility of facile electron transfer 
to glucose oxidase, and a more direct determination of glucose. This chapter describes the methods used 
to use CNTs in a layer-by-layer structure along with glucose oxidase to produce an enzymatically modified 
electrode with high turnover rates, increased stability and shelf-life.

Key words Enzyme immobilization, Glucose oxidase, Carbon nanotubes

1  Introduction

The use of enzymatically modified electrodes for the detection of 
glucose or other non-electrochemically active analytes is becoming 
increasingly common due to the low-cost, real-time operation in 
addition to a high specificity compared to other detection methods 
such as chromatography [1–7]. Although the oxidation of glucose 
oxidase is thermodynamically spontaneous, the distance that the 
electron has to travel to the electrode surface is far enough that the 
oxidation of FAD in glucose oxidase is kinetically unfavorable. This 
makes the heterogeneous oxidation of the FAD in the glucose oxi-
dase an overall unfavorable process by itself. When the electrode is 
modified with the enzyme as well as a layer-by-layer support sys-
tem, these modifications do not destroy the enzymatic activity or 
the enzyme in addition to providing high mechanical stability.
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Glucose oxidase has become a benchmark enzyme for biosensors. 
Glucose oxidase has many favorable attributes such as high turnover 
rate, excellent selectivity, good thermal and pH stability as well as 
low cost [6]. The active site in glucose oxidase contains the FAD 
coenzyme molecule which is tightly bound but not covalently 
attached to the enzyme and fully reversible. Since FAD is buried 
inside the center of the oxidase, it exhibits inefficient electron trans-
fer to an electrode surface. There are two main methods to over-
come this barrier, mediated electron transfer (MET) and direct 
electron transfer (DET), see Fig. 1 [8–11]. In a mediated electron 
transfer system, an electrochemically reversible redox molecule is 
used to transport the electron from the active site of the enzyme to 
the surface of the electrode. MET systems typically use molecules 
that have fast electron transfer kinetics and an oxidation potential 
positive of the thermodynamic oxidation potential of the FAD cen-
ter of the glucose oxidase. Mediators used for these reactions typi-
cally use organometallic hydrogel polymers. In these polymers, a 
redox-active metal center such as osmium, ruthenium, or ferrocene 
is covalently attached to a polymer backbone like poly(vinylpyridine) 
(PVP) or poly(ethyleneimine) (PEI) [12, 13]. MET, while making 
the current densities larger, can affect the stability of the system. To 
simplify the system but still have large current densities it is possible 
to produce modified electrodes that directly transfer the electrons 
from the enzyme to the electrode. Direct electron transport (DET) 
occurs when an immobilized enzyme active site is both close to the 
surface and in the correct orientation on the electrode for electron 
transfer to take place, which overcomes the kinetic barrier to allow 
heterogeneous oxidation to take place. Carbon nanotubes have been 
postulated to be able to facilitate electron transfer from glucose oxi-
dase to the surface of the electrode [4].

CNTs are found to have high electrocatalytic effect and fast elec-
tron transfer rates. This is due to the chemical and physical 
properties of these materials. The structure of carbon nanotubes is 
unique, having graphite sheets along the cylinder with properties 
similar to the basal plane of highly ordered pyrolytic graphite 

1.1  Electron 
Transport

1.2  Carbon 
Nanotubes
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Fig. 1 Electron transfer at an enzymatic electrode using either: (a) direct electron transfer or (b) mediated 
electron transfer (Reproduced with permission from Mano et al. [7])
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(HOPG). The open ends of CNTs are similar to the edge plane of 
HOPG.  McCreery et  al. studied extensively the electrochemical 
behavior of HOPG electrodes, and have found that that the edge 
plane has much better electron transfer properties than the basal 
plan [14]. This means given the much larger proportion of edge to 
plane with CNTs, it is not surprising that CNTs demonstrate favor-
able electron transfer kinetics.

Glucose oxidase can be immobilized with CNTs in a variety of 
ways. Several authors have adsorbed glucose oxidase to carbon 
nanotubes cast onto carbon electrodes. Guiseppi-Elie et al. reported 
on electron transfer from CNT modified electrodes to glucose oxi-
dase [15]. They found that glucose oxidase adsorbed to single walled 
carbon nanotubes cast onto glassy carbon electrodes had current 
responses characteristic of the redox chemistry of FAD/FADH2. 
When the glucose oxidase sensor is exposed to glucose in an oxygen 
saturated solution, a current response is shown that is consistent 
with the enzymatic conversion of glucose to gluconolactone. The 
authors speculate that the electron transfer to glucose oxidase is a 
result of the fibrils of the cast CNT film coming within tunneling 
distance of the FAD portion of the glucose oxidase enzyme. Like 
Gooding, Guiseppi-Elie et al. proposed that the single-walled CNTs 
penetrate the native structure of the enzyme to facilitate electron 
transfer. Unlike Gooding, Guiseppi-Elie et al. propose that this hap-
pens without having to denature and then reconstitute the enzyme 
structure around the carbon nanotube. However, it is important to 
note that oxygen is likely producing peroxide in this system.

Another method is to use CNT to immobilize the glucose oxi-
dase to the CNTs using a layer-by-layer assembly [1]. This method 
allows the close contact between the enzyme and surface of the elec-
trode, and effectively adsorbs the enzyme to the surface of the elec-
trode as well as maintaining a constant level of enzyme on the surface 
of the electrode [16, 17]. Other approaches like covalent binding or 
entrapment have been used, but their main drawback is that the 
distribution of enzyme is not uniform and can change the active site 
of the enzyme [18]. The layer-by-layer assembly of glucose oxidase 
electrodes provides a mild environment for the enzyme to be in with 
increased stability of the film. Layer-by-layer can use a variety of 
polyelectrolytes to modify the surface, this work uses polydiallyldi-
methylammonium chloride, but poly(ethyleneimine) or chitosan 
have also been used.

2  Materials

	 1.	Single-walled carbon nanotubes.
	 2.	Sonicator.
	 3.	5 mL centrifuge tubes.
	 4.	Vacuum filtration with 0.45 μm filter paper.

2.1  Shortening 
of Nanotubes

Layer-by-Layer Assembly of Glucose Oxidase on Carbon Nanotube Modified Electrodes
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	 1.	Glassy carbon electrodes (2 mm diameter).
	 2.	Micropolish.
	 3.	Sonicator.
	 4.	Potentiostat able to perform cyclic voltammetry.
	 5.	PDDA (polydiallyldimethylammonium chloride).
	 6.	Suspension of shortened MWNT in DMF (as described in 

Subheading 3.1).

	 1.	Phosphate buffer: 0.05 M and pH 7.4.
	 2.	Glucose stock solution: 1.0  M d-glucose solution, prepared 

and allowed to mutarotate for 24 h (see Subheading 3.2).

	 1.	Glucose oxidase solution: Type X-S, 10KU (Aspergillus niger, 
E.C. 1.1.3.4) glucose oxidase at 0.5 mg/mL.

	 2.	HEPES buffer: 0.1 M and pH 7.4.
	 3.	Nanotube modified electrodes (as described in Subheading 3.2).
	 4.	1 mL centrifuge tubes.

	 1.	PDDA/GOx/PDDA/CNT film electrodes (see 
Subheading 3.4).

	 2.	Phosphate buffer: 0.1 M and pH 7.4.
	 3.	2,6-dichlorophenolidophenol (DCPIP): 0.7 mM prepared in 

water.
	 4.	UV–Vis spectrophotometer.
	 5.	Quartz Cuvettes.

	 1.	Phosphate buffer: 0.1 M and pH 7.4.
	 2.	H2O2 solution: 100 mM and prepared fresh daily.
	 3.	1.0 M d-glucose solution, prepared and allowed to mutarotate 

for 24 h (see Subheading 3.2).
	 4.	Potentiostat able to perform cyclic voltammetry and 

amperometry.
	 5.	Electrochemical cell.
	 6.	Electrochemical flow cell.
	 7.	Reference electrode suitable for aqueous experiments (typi-

cally Ag/AgCl).
	 8.	Counter electrode (typically platinum wire).
	 9.	PDDA/GOx/PDDA/CNT film electrodes (see 

Subheading 3.4).

2.2  Preparation 
of Nanotube Modified 
Electrodes

2.3  Glucose Stock 
Solution

2.4  Modification 
of Film Electrodes 
with Enzyme 
and Nanotube 
Modified Electrodes

2.5  Determination 
of Immobilized 
Enzyme Activity

2.6  Electrochemical 
Testing of Modified 
Electrodes
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3  Methods

Carbon nanotubes have a tendency to aggregate in solution due to 
their very strong van der Waals interactions [19, 20]. The entangle-
ment due to this aggregation prevents the CNTs from solubilizing 
in solution easily and do not have any available ends to electrostati-
cally attract enzyme. This method cuts the CNTs and provides free 
ends that will oxidize and have an overall net negative charge.

	 1.	In a small beaker, add 2 mg of SWNTs and 10 mL of a mixture 
of 1:3 concentrated sulfuric acid and concentrated nitric acid.

	 2.	Sonicate for 4 h.
	 3.	Cool to room temperature.
	 4.	Dilute with DI water to 500 mL.
	 5.	Filter the resultant solution with a 0.45 μm filter paper.
	 6.	Wash with water until neutral pH is achieved and collect solid.
	 7.	Redisperse in DMF to a concentration of 5 mg/mL.

The carbon nanotubes when placed on the surface of the electrode 
will form a well-ordered layer on the surface. This surface will be 
negatively charged after rinsing with water and letting dry at ambi-
ent conditions.

	 1.	Polish glassy carbon electrodes using alumina slurry.
	 2.	Sonicate electrode in DI water for 10 min to remove all alu-

mina from surface.
	 3.	Place 20 μL of CNT solution onto the cleaned glassy carbon 

electrode.
	 4.	Allow electrodes to dry at room temperature.
	 5.	The electrodes were then rinsed with DI water and allowed to 

dry again.

	 1.	Prepare a 1.0  M glucose stock solution by measuring out 
180.0 g of glucose into a 1-L volumetric flask.

	 2.	Use 0.1 M phosphate buffer, pH 7.4 to dilute to the line.
	 3.	Let stand to mutarotate for 24 h (see Note 1).

The modification of the glassy carbon electrodes uses a layer-by-
layer assembly process. The CNTs are added to the surface and 
allowed to self-assembly at room temperature. After rinsing with 
water, the now negatively charged surface has a layer of positively 
charged PDDA added to the surface. Now that the surface is posi-
tively charged, a layer of glucose oxidase (which is negatively 
charged at pH 7.4) will electrostatically assemble to the surface of 
the electrode. This is finished with one more layer of PDDA to 

3.1  Shortening 
of Carbon Nanotubes

3.2  Preparation 
of Nanotube Modified 
Electrodes

3.3  Glucose Stock 
Solution

3.4  Modification 
of CNT Film Electrodes 
with Enzyme

Layer-by-Layer Assembly of Glucose Oxidase on Carbon Nanotube Modified Electrodes
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keep the glucose oxidase on the surface. This procedure specifically 
uses glucose oxidase, but could also be used with other FAD-
dependent enzymes.

	 1.	Prepare a 100 mL 0.5 M NaCl aqueous solution.
	 2.	Dissolve PDDA into the 0.5 M NaCl solution to a final con-

centration of 1 mg/mL PDDA.
	 3.	In a small 1 mL centrifuge tube, add 500 μL of the 1 mg/mL 

PDDA solution. Place the CNT modified electrode into the 
centrifuge tube and let rest at room temperature for 20 min.

	 4.	Rinse the electrode with DI water and let dry.
	 5.	In a small 1 mL centrifuge tube, add a 0.5 mg/mL glucose 

oxidase solution in 0.1 M HEPES buffer (pH 7.4).
	 6.	Put the PDDA/CNT modified electrode into the centrifuge 

tube and let rest at room temperature for 20 min.
	 7.	In a small 1 mL centrifuge tube, add 500 μL of the 1 mg/mL 

PDDA solution and let rest at room temperature for 20 min.
	 8.	Make the second PDDA layer by placing the modified electrode 

in a small 1 mL centrifuge tube, add 500 μL of the 1 mg/mL 
PDDA solution and let rest at room temperature for 20 min.

	 9.	Rinse with water and let dry at room temperature.

After preparing the immobilized enzyme electrodes, it is important 
to determine if the enzymes still have activity. This is done by com-
paring the enzyme activity of the prepared biosensor to that of 
enzyme in free solution. It is well known that immobilization can 
decrease the activity of the enzyme by limiting the ability of the 
substrate to reach the active site. However, it is also possible that 
the immobilization could increase the activity of the enzyme by 
hindering enzyme. The procedure, described here [21], measures 
the activity of the immobilized GOx using the electron acceptor 
DCPIP.  DCPIP is blue in its oxidized form and turns colorless 
when reduced. This can be used in conjunction with the GOx to 
determine its activity.

	 1.	In a small vial, mix 8.5 mL of 0.1 M phosphate buffer, pH 7.4, 
0.5 mL of DCPIP, and 1 mL of glucose solution.

	 2.	Add 2 mL of the mixture to the quartz cuvette.
	 3.	Place the cuvette in the spectrophotometer and measure the 

absorbance at 555 nm.
	 4.	Suspend the enzymatic electrode in the cuvette so that the 

modified surface is submerged. Leave the electrode in the solu-
tion for 5 min.

	 5.	Remove the electrode and mix by inverting 3–4 times.
	 6.	Place the cuvette in the spectrophotometer and measure the 

absorbance at 555 nm.

3.5  Determination 
of Immobilized 
Enzyme Activity
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The activity of the immobilized GOx can be calculated from 
the following equation:

	
Enzyme activity

Units

mg

mL

mM
initial final




=

−( )( )
−

A A 2

8 465. 11 1 5 1 0 005cm cm mg−( )( )( )( )min .
	

Ainitial = initial absorbance at 555 nm
Afinal = absorbance at 555  nm after reaction with enzyme 

electrode
2 mL = total volume of assay
8.465 mM−1 cm−1 = millimolar extinction coefficient of DCPIP
5 min = total time of reaction
1 cm = path length of cuvette
0.005 mg = mass of immobilized GOx
One unit of GOx will oxidize 1  μmol of β-d-glucose to d-

gluconolactone per minute at room temperature at pH 7.4.

Typically two different types of electrochemical experiments are 
performed to test these types of modified electrodes. The first is 
cyclic voltammetry (CV) which shows if there is good electrical 
connection and the other is amperometry which is able to quantify 
the enzyme activity on an electrode.

In cyclic voltammetry the working electrode is swept through a series 
of potentials and the resultant current is measured. To determine if 
the layers are functioning correctly, first the electrode is tested in the 
absence of glucose (just the buffer). Then the electrode is tested in 
the presence of hydrogen peroxide. If the electrode is working prop-
erly, the hydrogen peroxide will be oxidized and the oxidation peak 
should increase with increasing H2O2 concentration.

	 1.	In an electrochemical cell, place the enzymatic electrode, refer-
ence electrode, and counter electrode in phosphate buffer. The 
volume of buffer will vary based on the size of the container 
but should be enough to cover the electrodes.

	 2.	Program the potentiostat software with the following parame-
ters (the names may vary based on brand of instrument):

(a)	 Low potential: −0.8 V vs. Ag/AgCl
(b)	 High potential: 0.2 V vs. Ag/AgCl
(c)	 Scan rate: 100 mV/s
(d)	 Sweep segments or number of cycles: four segments or 

two cycles
	 3.	After programming the software with the above parameters, 

run two cycles with the electrode in buffer.
	 4.	Add enough of the H2O2 solution to make the final concentra-

tion 10 mM H2O2.

3.6  Electrochemical 
Testing of Modified 
Electrodes

3.6.1  Cyclic Voltammetry

Layer-by-Layer Assembly of Glucose Oxidase on Carbon Nanotube Modified Electrodes
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As can be seen in Fig. 2, a pair of well-defined redox peaks is 
observed. For a surface-confined electrode reaction a linear plot of 
scan rate vs. peak potential currents shows that the film is surface 
bound.

In an amperometry experiment, a fixed potential is applied to the 
working electrode and the current is measured over time. The 
potential is chosen based on the cyclic voltammetry data and a 
potential is chosen that will reduce the effects of electrochemical 
interferences. The potential is applied and the current initially 
jumps to a large value before slowly decaying. It should eventually 
stabilize at a relatively constant value, i.e., steady state current. At 
this point, substrate can be injected into the solution. After each 
injection the current should be allowed to stabilize again. For this 
type of experiment, a flow cell is ideal as it keeps the solution in 
motion and decreases the noise of the measurement.

	 1.	In a flow cell, place the enzymatic electrode, reference elec-
trode, and counter electrode. The phosphate buffer needs to 
be continuously flowing without air bubbles.

	 2.	Program the potentiostat software and pump with the follow-
ing parameters (the names may vary based on brand of 
instrument):

(a)	 Potential: −0.1 V vs. Ag/AgCl.
(b)	 Sample interval: how often the instrument takes a data 

point. Typically one point every second works well.

3.6.2  Amperometry

-0.5
-9.0

-8.0

-7.0

-6.0

-5.0

-4.0

-3.0

-2.0

-1.0

0

1.0

2.0

3.0

4.0

-0.4 -0.3 -0.2 -0.1 0

Potential / V

C
ur

re
nt

 / 
1e

-4
A a

e

0.1 0.2 0.3 0.4 0.5

Fig. 2 Cyclic voltammograms of a PDDA/GOx/PDDA/CNT modified electrode in 
0.05 M pH 7.4 phosphate buffer containing 0, 1, 2, 3, and 4 mM (from a to e) H2O2 
at a scan rate of 100 mV/s vs. Ag/AgCl [1]
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(c)	 Flow rate: 0.1 mL/min.
(d)	 Run time: Sometimes these experiments take a long time 

so setting the run time to be long is better than too short. 
The experiment can always be stopped early but for most 
instruments the parameters cannot be changed after it is 
already running.

	 3.	After programming the software with the appropriate param-
eters, begin the experiment.

	 4.	Depending on the electrode, the amount of time it takes for 
the current to stabilize can vary greatly. Allow a long time for 
the electrode current to come to a steady state value. Make 
sure that the phosphate buffer being fed into the flow cell is 
more than enough for the time of the experiment.

	 5.	When the current has stabilized, begin injections of the glu-
cose solution. Inject the glucose slowly to prevent air bubbles 
from entering the solution. After each injection allow the cur-
rent to stabilize before continuing with the next. Again, this 
time may vary.

With increasing concentration of glucose being injected into the 
system, the current will increase. As can be seen in Fig. 3 there is 
increasing current with increasing concentration of glucose. It pro-
duces a linear calibration curve as shown in Fig. 4. From this data a 
Lineweaver–Burk plot can be produced to obtain imax and Km. These 
are important parameters to be able to determine the enzyme 

Fig. 3 Amperometric data for a PDDA/GOx/PDDA/CNT modified electrode modi-
fied in 0.1 M pH 7.4 phosphate buffer at −0.10 V vs. Ag/AgCl. Various concentra-
tions of glucose injections are noted on the graph [1]

Layer-by-Layer Assembly of Glucose Oxidase on Carbon Nanotube Modified Electrodes



212

activity level as well as to compare the immobilization strategy across 
methods. The Km gives an estimate of the modified electrode’s affin-
ity for glucose and is not an intrinsic property of the enzyme, but of 
the system as a whole. The smaller the value of the calculated Km the 
better the enzyme is functioning in the modified electrode.

4  Notes

	 1.	Glucose standard solutions are required to sit for 24 h after 
preparation to allow for mutarotation. Mutarotation is the 
change in optical rotation between two anomers. This is 
required of a glucose solution since cyclic carbohydrates have 
an α and β form. d-glucose is typically in the β form. When a 
glucose solution is made a small percentage of the β form glu-
cose will convert to the α form until an equilibrium ratio 
between the α and β form is reached. However, glucose oxi-
dase can only oxidize the β form of glucose, so it is critical that 
the glucose solution is at equilibrium before it is used. If the 
glucose solution is used for experiments prior to reaching equi-
librium, the concentration of the substrate (β-d-glucose) will 
continue to change over the time span of the experiment.

Fig. 4 Calibration curve based on amperometric data for a PDDA/GOx/PDDA/CNT 
modified electrode over the range of glucose injection concentrations [1]

Alice H. Suroviec
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Chapter 17

Kinetic Measurements for Enzyme Immobilization

Michael J. Cooney

Abstract

Enzyme kinetics is the study of the chemical reactions that are catalyzed by enzymes, with a focus on their 
reaction rates. The study of an enzyme’s kinetics considers the various stages of activity, reveals the catalytic 
mechanism of this enzyme, correlates its value to assay conditions, and describes how a drug or a poison 
might inhibit the enzyme. Victor Henri initially reported that enzyme reactions were initiated by a bond 
between the enzyme and the substrate. By 1910, Michaelis and Menten were advancing their work by 
studying the kinetics of an enzyme saccharase which catalyzes the hydrolysis of sucrose into glucose and 
fructose. They published their analysis and ever since the Michaelis–Menten equation has been used as the 
standard to describe the kinetics of many enzymes. Unfortunately, soluble enzymes must generally be 
immobilized to be reused for long times in industrial reactors. In addition, other critical enzyme properties 
have to be improved like stability, activity, inhibition by reaction products, and selectivity towards non-
natural substrates. Immobilization is by far the chosen process to achieve these goals.

Although the Michaelis–Menten approach has been regularly adapted to the analysis of immobilized 
enzyme activity, its applicability to the immobilized state is limited by the barriers the immobilization matrix 
places upon the measurement of compounds that are used to model enzyme kinetics. That being said, the 
estimated value of the Michaelis–Menten coefficients (e.g., Vmax, KM) can be used to evaluate effects of immo-
bilization on enzyme activity in the immobilized state when applied in a controlled manner. In this review 
enzyme activity and kinetics are discussed in the context of the immobilized state, and a few novel protocols 
are presented that address some of the unique constraints imposed by the immobilization barrier.

Key words Enzyme activity, Enzyme kinetics, Michaelis–Menten, Immobilization

1  Introduction

Enzyme immobilization is used to improve enzyme stability, activ-
ity, inhibition by reaction products, and selectivity towards non-
natural substrates [1–4]. Enzyme kinetics is the science of using 
enzyme activity data to model or predict enzyme behavior. 
Consequently, before enzyme kinetics can be considered, its activ-
ity must be measured. Although immobilization can introduce 
conditions that either alter the enzyme’s activity (e.g., through 
modification of the enzyme structure through physical or chemi-
cal forces), or introduce barriers that alter its “apparent” activity 

1.1  Enzyme Activity
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(e.g., through the introduction of mass transfer limitations that 
limit substrate diffusion from the bulk solution to the enzyme 
active site), the experimental measurement of activity is the same 
whether the enzyme is immobilized or freely suspended in solu-
tion. With that in mind, a brief summary of the general definition 
of enzyme activity and how its measured is given although an 
excellent account can be found elsewhere [5].

The international unit for enzyme activity is the International Unit 
(IU) which is defined as the enzyme activity that converts 1 μmol 
of substrate per minute. Enzyme activity (as volume units) can be 
calculated from experimental data a defined in Eq. 1 [5].

	
IU mL sample

test volume mL d

mol cmnm

/ _
/ _ ,

=
× ( )× ×

×( − −

∆A s f 10 000

1 1 1e ))× ( )enzyme volume mL_
	
(1)

Where df is the dilution factor and 10,000 is a unit conversion. 
When multiplied by the total enzyme volume Eq. 1 yields the total 
enzyme activity. When divided by the total protein in the solution 
(as measured by protein assay), the specific enzyme activity is 
achieved (Units/mg or Units/g).

The key measurement, ΔA/s, effectively represents the amount 
of product produced per unit time. For these considerations it is 
assumed that the time course of the enzyme reaction can be fol-
lowed continuously, e.g., via optical test or other spectroscopic 
techniques wherein the initial rate can be calculated using the tan-
gent method to estimate the slope. In the case of oxidative/reduc-
tive enzymes, the flow of electrons can be monitored continuously 
using current measurement or the monitoring (e.g., via absor-
bance) of a coupled mediator compound that is reduced during 
the reaction [6]. Given that the use of initial rates is a requirement 
of the Michaelis–Menten approach to model enzyme kinetics (dis-
cussed below), it should be noted that Eq. 1 does not specify a 
substrate concentration. It simply defines the activity measurement 
for any given set of experimental conditions including the concen-
tration of the rate limiting substrate.

The product formed can also be measured at a defined end 
point where, presumably, the reaction is stopped by action of add-
ing an inhibiting agent [7–12]. The assay is stopped after a defined 
period of time and the final concentration of product measured. 
The production rate is based upon the difference between the sin-
gle value and the blank [5].

There are some subtle differences between the initial rate and end 
point methods that can become particularly relevant when applied to 
immobilized systems. For example, if the substrate concentration is 
not maintained constant, or if there is significant mass transfer 

1.1.1  Chemical
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resistance, ΔA/t will not increase linearly with time but will more 
than likely decrease with time. As such the activities that are calculated 
should be considered an averaged value and must therefore be dis-
cussed in the context of the specific assays conditions and relative 
comparisons must be made from data taken under exact conditions. 
There also exists the issue that specific events, such as inhibition will 
not be realized. For example, consider a plot of reaction product ver-
sus time (Fig. 1). A typical enzyme reaction might follow the path of 
the solid line. By contrast, an enzyme that is inhibited (or enzyme 
reaction that is mass transfer limited) might follow the path of the 
dashed line. Measuring the amount of product produced at time point 
A (initial rate conditions) would clearly reveal the inhibition. Measuring 
the amount of product produced at time point B (end point condi-
tions) would suggest that the enzyme is being inhibited, but not to 
the same extent as identified under initial rate conditions.

Finally, the activity can be measured as a constant rate [13]. 
This method utilizes flow cells in which fresh medium is passed 
over or through the immobilization matrix. In some cases, medium 
is recycled against fresh medium at a 20 or 40 to 1 ratio [14–16]. 
This approach, which is confined to immobilized enzyme, yields a 
single activity measurement for a given substrate concentration in 
the flow medium. Additional data for enzyme kinetic analysis is 
obtained by modifying the flow rate, under constant substrate feed 
concentration, or modifying the feed substrate concentration 
under conditions of constant feed rate.

Electrochemical measurement of enzyme activity is a subset limited 
to enzymes catalyzing oxidation/reduction reactions. Rather than 

1.1.2  Electrochemical
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Fig. 1 Plot of measured reaction product versus time for typical enzyme cata-
lyzed reaction in which the reaction product concentration is measured directly 
(e.g., HPLC) or indirectly (e.g., O.D.)
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defining and modeling activity in terms of the rate at which a chem-
ical compound is produced per unit time, the activity is character-
ized in terms of the rate at which electrons are captured and released 
from the oxidized substrate. Clearly, a mechanism to count the 
electrons released is required and this is accomplished either 
through mediated electron transfer or direct electron transfer. In 
mediated electron transfer the electrons released in the oxidation of 
the substrate are transferred from the oxidized substrate to a media-
tor molecule (such as the NAD+/NADH system) which then dif-
fuses to the surface of the working electrode where it is oxidized 
[17]. The released electrons then flow from the mediator (at the 
electrode surface) through an external circuit where they are 
counted as current. In the case of direct electron transfer, the elec-
trons released from the oxidized substrate are transferred directly to 
the electrode surface [18]. Other more complex coupled reactions 
also occur but they are beyond the scope of this discussion.

In either case the working electrode and enzyme are placed in 
a well stirred batch type apparatus filled with appropriate buffer/
reaction solution along with the appropriate reference and counter 
electrodes. In the case of immobilized enzyme, the immobilization 
matrix will be fixed to the electrode surface. The electrode surface 
will then be set to predefined potential (i.e., in the case of mediated 
electron transfer the potential will be that required to oxidize the 
reduced mediator), the substrate added, and the current measured. 
This is somewhat analogous to the initial rate method.

An alternative method is to apply cyclic voltammograms (CV) 
over a voltage range that spans both the oxidative and reductive 
reactions. The peak current is then taken from the oxidative path 
of the CV. This is somewhat analogous to the endpoint method 
since the oxidative/reductive reactions bring the oxidation reduc-
tion reaction to an equilibrium value for the given scan rate.

Finally, if a flow cell is used the peak current can be measured 
at steady state and as a function of flow rate. Alternative, a rotating 
disk electrode can be used and the limiting current can be mea-
sured as a function of rotational speed [19].

The discussion above considered only a single measurement of 
activity, as defined by the definition of an IU, and as measured by 
method of initial rate, end point, or constant rate. It is useful to 
note that Eq.  1 does not facilitate insight into the kinetics of 
enzyme behavior, or how to describe, in physiochemical terms, 
why a change in activity may or may not occur. To that end enzyme 
kinetics is a method to mathematically describe enzyme activity. 
The best known example of enzyme kinetic analysis is the method 
of Michaelis–Menten [20]. Although the best known kinetic model 
used to predict enzyme activity, it remains limited to situations 
where simple and straightforward kinetics can be assumed—i.e., 
there is no intermediate or product inhibition, and there is no 

1.2  Enzyme Kinetics

1.2.1  Chemical
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allostericity or cooperativity). More, it was developed for irrevers-
ible single-substrate reactions despite the reality that most enzyme 
reactions must be regarded as reversible and using two or more 
substrates as well as cofactors or coenzymes [5]. Because such con-
siderations, however, quickly lead to complicated relationships, 
simplifications are often introduced into the experimental protocol 
(e.g., limitation to initial rates, maintaining all components other 
than a single rate limiting substrate as constant).

Figure  2 depicts the typical Michaelis–Menten plot of mea-
sured reaction velocities as a function of substrate concentration. 
Each data point in this curve represents an individual experiment 
(whether it be determined by initial rate, end point, or constant 
rate) in which the rate of product production is measured and plot-
ted with respect to time. The inset shows an example of an initial 
rate experiment wherein the initial velocity for a given concentra-
tion of the rate limiting substrate S is computed from the initial 
linear region of the curve (i.e., νI = dP/dt = −dS/dt). Additional 
experiments are conducted at varying concentrations of S and the 
resultant ν–S plot is then fitted to the Michaelis–Menten model 
from which Vmax and KM are best determined by a second plot of 
the data in the form proposed by Lineweaver and Burk (i.e., 1/V 

S

V

Vmax

KM

2
maxV

ABS

Time

Fig. 2 Michaelis–Menten representation of enzyme activity data. V represents 
the initial velocity rate of a given enzyme reaction and is calculated from the 
initial linear portion of the measurement as depicted in the inset. S is the limiting 
substrate concentration for each rate experiment. ABS represents a typical mea-
surement of the reaction product being measured, usually measured by UV/VIS 
and termed the absorbance (ABS)

Kinetic Measurements for Enzyme Immobilization



220

is plotted versus 1/S and the slope is taken to be KM/Vmax and the 
intercept as 1/Vmax) [21].

The initial rate becomes visible (there is actually an initial “first 
phase” part of this curve that is too rapid to be measured) as the 
steepest part of the curve (Fig. 1, inset). Because of the inherent 
assumption of zero order, the slope (or initial rate) must be taken 
from the linear part of the curve. The main problem with evalua-
tion of initial rates is visualization of the linear portion of the curve 
(i.e., where dP/dt and dS/dt equal a constant). If the linearity 
cannot be detected, the Michaelis–Menten equation cannot be 
used to model the activity data under the assay conditions. It is 
important to note that this demand on linearity holds for all con-
centrations of the rate limiting substrate S applied and not just 
saturating values of S.

A common reason why the linear initial-rate region is difficult 
to detect is because the assay conditions are not optimum. The 
reality, however, may be the exact opposite: rather than too little 
active enzyme, Michaelis–Menten conditions are more likely to 
hold when less active enzyme is present. Thus, when linear cannot 
be achieved the initial rate experiments should first be repeated 
with less immobilized enzyme. And if possible, the sensitivity of 
detection should be increased. Finally, if decreased enzyme does 
not produce a linear region, attention should be dedicated to 
ensuring that pH, ionic strength, and temperature are all well 
maintained in the enzyme microenvironment. The molarity of the 
buffer is important and frequently a value of 0.1  M is chosen 
(which is actually low compared with the concentrated cell solu-
tion [5]). The nature of the ions can also destabilize an enzyme 
and the most appropriate buffer for the enzyme should be selected 
and this should be determined with assays on the enzyme in free 
solution prior to its use in assays on the immobilized enzyme. 
Finally, enhanced mass transfer of all compounds through the 
application of forced flow (e.g., either through stirring of the solu-
tion above the immobilization matrix, using a rotating disk elec-
trode, or passing the fluid through or over the immobilization 
matrix in a flow cell) should be applied to limit variations in the 
local pH, ionic strength, and temperature. The strength of the buf-
fer system should also not be overlooked.

Since a proportional amount of electrons are released per substrate 
molecule, some analogy with the chemical measurement method-
ology is appropriate. If the peak current is measured for additional 
substrate concentrations, the data can be plotted similar to a 
Michaelis–Menten plot except that rather than plotting the initial 
rates versus substrate concentration, the peak current is plotted as 
a function of substrate concentration. Figure 3 shows such a plot 
for several cases of the enzyme malate dehydrogenase immobilized 
in different forms of the same polymer.

1.2.2  Electrochemical
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For any given curve the current can then be fitted to the 
Michaelis-Menten “like” constants Imax and K′M [22].

	
I

I S

S K
=

×
+
max

M
app

	
(2)

or

	
I I c

K c
= +

+( )max
M
app

	

Where Imax is the maximum obtainable current. Although the 
Michaelis–Menten theory is not precisely transferable, this process 
is useful when comparing across various immobilization strategies. 
For example, Fig. 3 presents several “Michaelis–Menten” curves 
for the enzyme malate dehydrogenase immobilized in various 
forms of modified chitosan polymer [23–26]. For each case a dif-
ferent value of Imax and K′M are determined, and this data can be 
used to infer (at least to some degree of physiochemical accuracy) 
the effects of immobilization. For example, Table 1 shows model 
fits to the data presented in Fig. 3. Although exact meanings to the 
differences in Imax and KM

app are not readily obvious, one can infer 
effects of enzyme activity in terms of the enzyme’s ability to work 
(Imax) or its affinity for the substrate (KM

app).
Alternatively the reaction rate can be directly correlated to the 

measured current through Faraday’s constant [27].
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Fig. 3 Electrochemical activity of immobilized MDH in different chitosan poly-
mers. Legend: Filled squares (d): C4-Chitosan scaffold; filled and inverted trian-
gles (c): C4-Chitosan film; Filled diamonds (b): Chitosan film; filled triangles (a): 
ALA-Chitosan film
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n =

× ×
I

n F A 	
(3)

where ν is the reaction rate defined as moles of electrons released 
in the oxidation reaction per unit area per unit time (mol/s/cm2), 
I is the measured current defined as electrical charge in coulombs 
per unit time (C/s), F the Faraday constant is the magnitude of 
electrical charge in coulombs per mole of electrons (C/mol), A the 
area of the electrode (cm−2), n the number of electrons transferred. 
If one knows the moles of substrate consumed, or product pro-
duce for each mole of electrons released, the reaction rate in terms 
of moles of production is easily calculated.

In the case of immobilized enzymes, it is particularly useful to 
explore diffusion effects. To do this, the peak current from CV 
plots can be plotted versus the square root of the scan rate. 
Specifically the CV’s are repeated for a single substrate concentra-
tions under identical conditions except the scan rate is changed (it 
is also assumed that the concentration of the substrate does not 
change during the CV’s). If all cyclic voltammetric experiments 
yield a liner Ip versus ν1/2 plot, transport-limited electrochemistry 
can be assumed. More, the flux through the immobilization matrix 
can be estimated [25].

	
Flux p=

× ×

I

n F A 	
(4)

Where Ip = 2.69 × 105·n3/2·AC*·ν1/2·KD1/2. and Ip is peak current, 
n the number of electrons transferred, F the Faraday constant, A 
the area of the electrode, C* the concentration of redox species, v 
is the scan rate, K the extraction coefficient, and D is the diffusion 
coefficient.

Diffusion effects can also be investigated with the rotating 
disk electrode wherein the peak current is measured for a given 

Table 1 
Amperometric data of Imax and resulting KM

app for each chitosan thin film 
and scaffold tested

Imax (nA) KM
app (mM)

ALA film 33.4 ± 5.6 81.7 ± 27.4

CHIT film 80.1 ± 4.1 30.1 ± 4.9

C4 film 257.4 ± 7.4 69.2 ± 6.6

C4 scaffold 708.8 ± 21.1 132.7 ± 10.5

Michael J. Cooney
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concentration at various rotational rates [19]. In other cases, 
CV’s can be run versus a number of fixed rotational speed rates 
[28].

2  Materials

	 1.	Alcohol dehydrogenase (EC 1.1.1.1, CAS 9031-72-5) stored 
at −20 °C.

	 2.	β-Nicotinamide adenine dinucleotide (NAD+) and 
β-Nicotinamide adenine dinucleotide, reduced dipotassium salt 
(NADH) stored at −20 °C. Assay the concentration of spectro-
photometrically active NAD+. Run the alcohol dehydrogenase 
catalyzed reaction to completion. Assay the concentration of 
NADH at 340 nm (ε = 6300 M−1 cm−1). Note: the actual con-
centration of spectrophotometrically active NAD+ is calculated 
from Beer’s law using an extinction coefficient of 6.3 mM−1 cm−1.

	 3.	NAD+ solution in phosphate buffer: 3.0 mM NAD+ (2.16 mg 
solid per ml, assuming a mass purity of 92 %) in a solution con-
taining phosphate buffer (0.05  M pH  8.0), ethanol (0.1–
0.3 M), ADH (0.1 mg/ml, diluted from stock solution), and 
BSA (1.0 mg/ml). BSA is added as a protective agent against 
enzyme degradation and aggregation (see Note 1). Keep on ice 
and use within 6 h to avoid degradation as per manufacturer’s 
recommendations.

	 4.	pH 8.0 phosphate buffer: Make phosphate buffer by mixing 
separate stock solutions of 0.2 M K2HPO4 and KH2PO4, in 
proportions necessary to achieve a final pH of 8.0 via calibrated 
pH probe. The final stock solution is diluted to 0.05 M and 
filtered through 0.2 μm filters, and deaerated with N2 gas.

	 5.	Flow-through electrochemical cell with reference (Ag/AgCl, 
CH Instruments) and counter electrode (platinum wire, Alfa-
Aesar)) [6, 29].

	 6.	UV/VIS spectrophotometer with quartz flow-through cell.
	 7.	Peristaltic pump.
	 8.	BSA stock solution: BSA dissolved in stock solutions (100 mg/

ml) of phosphate buffer (pH 8.0).

	 1.	Methylene green solution: 0.4 mM reagent grade methylene 
green and 0.1  M sodium nitrate in 10  mM sodium borate 
solution.

	 2.	Medium molecular weight chitosan (MMW): Deacylate native 
medium molecular weight chitosan by autoclaving at 121 °C 
for 2 h in 40 wt% NaOH solution. Filter wash the autoclaved 
residue with DI water and phosphate buffer (pH  8) before 

2.1  Enzyme 
Characterization Using 
Flow Through Cells 
[13, 29]

2.2  Amperometric 
Characterization 
of Immobilized 
Enzyme on Glassy 
Carbon [30]
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drying in a vacuum oven at 50  °C for 24  h [31]. This will 
achieve a final deacetylation degree of 95 % (see Note 2).

	 3.	CHIT stock solution: Prepare a 1 wt% stock solution of deacyl-
ated chitosan (CHIT) in 0.25 M acetic acid. Store at room 
temperature under mild stirring.

	 4.	Prepare hydrophobically modified chitosan in the form butyl-
chitosan (C4-CHIT) and α-linoleic acid-chitosan (ALA-
CHIT) from the deacylated chitosan as originally presented 
elsewhere [24, 26]. For C4-CHIT, specifically, 0.5  g of 
medium molecular weight chitosan was dissolved in 15 ml of 
1 % acetic acid solution under rapid stirring until a viscous gel-
like solution was achieved. 15 ml of methanol was then added 
and the mixture allowed to stir for an additional 15  min at 
which time 20 ml of butyraldehyde was added, followed imme-
diately by addition of 1.25  g of sodium cyanoborohydride. 
The gel-like solution was continuously stirred until the suspen-
sion cooled to room temperature. The resulting product was 
separated by vacuum filtration and washed with 150 ml incre-
ments of methanol. The hydrophobically modified chitosan 
was then dried in vacuum at 40 °C for 2 h, leaving a flaky white 
solid absent of any residual smell of aldehyde. A portion of this 
polymer was then suspended in 0.2 M acetic acid to create a 
1 wt% solution and vortexed for 1 h in the presence of 2 and 
5 mm diameter yttria stabilized zirconia oxide balls (Norstone, 
Wyncote, PA) [25]. For ALA-CHIT, 1 g of MMW chitosan 
was dissolved in 100  ml of 0.2  M acetic acid and 85  ml of 
methanol under rapid stirring until a viscous solution was 
achieved. 200 μl of α-linoleic acid was then added to the solu-
tion. 10.5 mg of EDC (dissolved in 15 ml methanol) was then 
added; drop wise, to the chitosan solution. The reaction was 
then covered and left to stir on a magnetic stirrer plate for 
24 h. The resulting reaction mixture was then halted by pour-
ing the solution into 200 ml of a methanol/ammonia solution 
(7:3 v/v) under constant stirring. The precipitate was the 
rinsed with 1 L of distilled water followed by 500 ml of metha-
nol and then 200 ml of ethanol over a vacuum filtration sys-
tem. The ALA-CHIT was then dried in vacuum at 40 °C for 1 
week, yielding a flaky yellow solid [32].

	 5.	Modified chitosan solution: Prepare 1 wt% polymer stock solu-
tions of each modified polymer in 0.25 M acetic acid and store 
at room temperature until used.

	 6.	Malate dehydrogenase (porcine heart, lyophilized powder, 
No. 18670, USB Corporation, Cleveland, OH USA).

	 7.	β-Nicotinamide adenine dinucleotide (NAD+) and β-Nicotin 
amide adenine dinucleotide, reduced dipotassium salt (NADH).

	 8.	l-(−) Malic acid.
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	 9.	Glassy carbon (CH Instruments, # CHI104) and Ag/AgCl 
reference electrodes (CH Instruments, # CHI111).

	 1.	Hydrogenase enzyme or similar oxidative/reductive enzyme 
that produces a spectrophotometrically active co-product.

	 2.	Buffer: 0.05 M KH2PO4, 0.1 M KCl, pH 7.
	 3.	25 mm × 4.5 mm strip of platinum foil (Alfa Aesar, MA, USA).
	 4.	Miniature Ag/AgCl type reference electrode (BAS, West 

Lafayette, IN USA).
	 5.	Graphitic carbon (Superior Graphite, IL, USA).
	 6.	Methyl viologen.
	 7.	316 stainless steel mesh disks (total height or thickness of 

1.5 mm) were cut into 5.6 mm diameter disks geometric sur-
face areas of 0.25 cm2.

	 8.	pH 7 phosphate buffer: 0.05 M KH2PO4, 0.1 M KCl, pH 7.
	 9.	N2 or H2 gas.
	10.	Glove box (if needed for enzymes that must be in O2-free 

atmosphere).
	11.	Potentiostat Gamry 500 potentiostat or equivalent.

3  Methods

	 1.	Place surface holding immobilized enzyme into flow cell (e.g., 
physical absorption or polymer entrapment to either a carbon 
felt material or 316 stainless steel wire mesh (Fuel Cell Store, 
Boulder, CO)).

	 2.	Fill cell to capacity with phosphate buffer solution (0.05 M, 
pH 8.0).

	 3.	Slowly pump buffer solution (20  ml) through the flow cell 
(~1.6 ml/min) to purge the cell of non-adsorbed enzyme.

	 4.	Pump feed solution of 3.0 mM NAD+.
	 5.	Spectrophotometrically measure NADH concentration in the 

outflow.
	 6.	Measure the left hand side (LHS) of Eq. 5 experimentally and 

plot the right hand side (RHS) in the form of a Lineweaver–
Burk plot, assuming a value for the combined mass transfer 
parameter M

NAD+ . Equation  5 has three unknowns: Vmax
NAD+

 
(μmol/min), KM

NAD+

 (mM) and M
NAD+  (cm3/min). Picking a 

value for M
NAD+  allows one to plot the data in Lineweaver–

Burk form and facilitates solving for Vmax
NAD+

 and KM
NAD+

 as per 
the intercepts (Fig. 4). Their values, however, are arbitrarily 
dictated by the choice of M

NAD+  and therefore potentially 

2.3  Charge Transfer 
Efficiency 
of Immobilized 
Enzyme [6]

3.1  Enzyme 
Characterization Using 
Flow Through Cells 
[6, 29]
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meaningless. If, however, the assumption is made that the 
value for KM

NAD+

 will not change from the KM measured for the 
enzyme in free solution, then a value of M

NAD+  can be selected 
to yield a value for KM

NAD+

 that is equivalent to the value deter-
mined in free solution. The value for Vmax is then read off the 
intercept at the y-axis. Making this correction permits deriva-
tion of a Vmax for the electrode that is separated from the effects 
of mass transfer.
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	 7.	If one further assumes that the immobilization process does 
not affect the turnover rate of the immobilized enzyme (rela-
tive to its activity in free solution), then this value of Vmax, 
which represents the total activity of all bound enzyme, can be 
used to estimate the amount of enzyme that was immobilized. 
This can be useful when fabricating electrodes using immobili-
zation techniques that entrap a fraction of enzyme from global 
solutions (such as direct absorption or co-immobilization of 
gels from free solution) (see Note 3).

	 1.	Prepare poly(MG) coated glassy carbon electrodes as originally 
described elsewhere [33]. Polish 3 mm glassy carbon electrodes 
on a Buehler polishing cloth with 0.05 μm alumina. Rinse 
polished electrode with 18 MΩ water. To form a thin film of 
poly(MG), electropolymerize the electrode in the presence of 
methylene green solution using cyclic voltammetry (−0.3 to 

3.2  Amperometric 
Characterization 
of Immobilized 
Enzyme on Glassy 
Carbon Electrode [30]

NAD

b
bres M

NADHFNADHNAD(

1

bNADHF
1

NADVmax

1

NAD
MK
1

Fig. 4 Graphical depiction of the Lineweaver–Burk solution to Eq. 5
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1.3 V versus a Ag/AgCl reference electrode for ten scans at a 
scan rate of 0.05 V/s). The polymerized electrode is then rinsed 
with 18 MΩ water and allowed to dry in air over night.

	 2.	Coat the poly(MG) electrode with immobilized enzyme. The 
enzyme/polymer casting solution is made by adding 1 mg of 
lyophilized malate dehydrogenase to 100 μl polymer solution 
(1  wt% polymer in 0.25  M acetic acid, containing 1  mg/ml 
NAD+). The entire mixture is then vortexed for 30 min at +4 °C 
and 10 μl of the resulting mixture is then pipetted onto the 
poly(MG) coated electrode [34]. For the preparation of air-
dried films, the respective casting solutions are air-dried (3 h) at 
room temperature under air circulation. For preparation of scaf-
fold electrodes, the electrode plus casting solutions are immedi-
ately frozen at −80  °C for 1  h and then freeze-dried in a 
commercial freeze dryer (3 h). Because of some stability prob-
lems with the butyl-modified chitosan scaffolds, those scaffold 
electrodes should be prepared using a chitosan/butyl-chitosan 
solution prepared at a ratio of 1:1. All dried anodes are stored at 
−20 °C and tested within 24 h of preparation. Prior to electro-
chemical characterization, the dried electrodes should be soaked 
in 3 M (NH4)2SO4 solution (10 min) and carefully rinsed for 
1 min with sodium phosphate buffer (pH 8) (see Note 4).

	 3.	Execute amperometry using a three-electrode arrangement 
(Pt-counter electrode, Ag/AgCl reference electrode and glassy 
carbon/PMG/MDH working electrode) at a constant poten-
tial of +300 mV in 10 ml phosphate buffer (pH 7.4). Pipette 
aliquots of 2 M l-malate solution (pH 7.4 phosphate buffer) 
into the stirred solution and measure the resulting current 
measured with time. For each aliquot addition, there is an 
associated concentration of l-malate in solution. For each con-
centration (assumed not to change if the solution volume is 
quite large relative to the surface area of the electrode and thus 
minimal amounts of the l-malate are consumed) of l-malate, a 
steady state current will be achieved. This current is then plot-
ted (y-axis) against the l-malate concentration (x-axis) for a 
number of l-malate concentrations (Fig. 3). If enough mea-
surements are taken, a Michaelis–Menten type curve will be 
obtained from which parameters such as Imax and KM

' can be 
determined from simple curve fitting to Eq. 2 (for example). 
This process can be repeated for various immobilization poly-
mers as presented in Fig. 3 and in this manner their impact on 
enzyme immobilization discussed in relative terms.

	 1.	Obtain suitable hydrogenase enzyme (see Note 5).
	 2.	Dilute enzyme solution to 2 mg of protein/ml in N2-degassed 

buffer.

3.3  Charge Transfer 
of Immobilized 
Enzyme [6]
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	 3.	Fabricate three-dimensional stainless steel supports confined 
within a glass tube (OD 7.2 mm, ID 5.6 mm, Fig. 5). Pack 
two adjacent 316 stainless steel mesh disks (total height or 
thickness of 1.5  mm) of 5.6  mm diameter into glass tube.  
The upper disk should possess a trailing strand for electrical 
connection. The tapered end of the glass pipette is inverted 
and sealed with epoxy resin into the lower base, both to seal 
the electrode end and to provide an upward gas diffusion path-
way for hydrogen gas. The glass tube is then placed within a 
second, larger glass tube that is sealed with a rubber septum to 
allow submersion into a temperature (75 °C) controlled water 
bath (mini-gas diffusion cell, Fig. 5). The SS/PGC electrode 
has a geometric surface area of 0.25 cm2. The counter elec-
trode is a platinum foil strip (25  mm × 4.5  mm) entering 
through the top of the cell, and the reference electrode a min-
iature Ag/AgCl type similarly placed.

Gas Diffusion port

Lower septum

Upper septum

Enzyme addition port Gas inlet/outlet ports

Platinum foil 
counter electrode Electrolyte fill level

Water bath seal

150µl electrode well

Packed graphite bed

Water bath 
level

Trailing strand
connect

Reference electrode 

Fig. 5 Mini-electrochemical cell configured for packed column type electrodes
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	 4.	Entrap the graphite powder (Superior Graphite, IL, USA) onto 
the stainless steel supports: The graphite powder is first pre-
treated with concentrated sulfuric acid for 20 min, rinsed copi-
ously in pH 7 phosphate buffer, and then suspended within a 
distilled water slurry. Approximately 5 ml of this slurry is then 
pipetted onto the top of the metal support (i.e., stainless steel 
disks) and pushed through the metal mesh under pressure 
applied with a 10  ml syringe. The electrode gas entry port 
(underneath the electrode) is left open during this period to 
allow slurry to completely traverse the nickel foam or stainless 
steel mesh and thus coat the entire surface. After drying at 
130 °C for 1 h, excess carbon is removed, leaving a 150 μl well 
space between the surface of the electrode and the upper rim of 
the glass tube (Fig. 5).

	 5.	Immobilization enzyme onto the packed graphite carbon elec-
trode: Purge the cell atmosphere continuously with hydrogen 
(10 ml/min) through the upper stopper via a 20-gauge needle 
while the cell is kept partially filled (i.e., beneath the 150 μl 
electrode well) with electrolyte to facilitate heat transfer from 
the water-bath. Syringed 50 μl of enzyme solution (2 mg/ml) 
into the 150 μl electrode well space using the enzyme addition 
port (a 16-gauge needle sleeve) orientated to deliver solution 
directly into the well. The enzyme solution should be left for 
2 h at 75 °C, after which time it should be removed using an 
HPLC syringe inserted through the enzyme addition port. At 
this time, the mini-diffusion cell is filled to the 3 ml level with 
electrolyte, and gas purging is switched to the electrode gas 
addition port in order to provide diffusive gas flow directly 
through the electrode substrate.

	 6.	Potentiostatic DC polarization is used to characterize the per-
formance of the electrodes (with or without enzyme) in a 
three-electrode half-cell configuration (see Note 6). The 
enzyme and its electrode support as a working electrode (WE) 
must be held at a constant polarization potential against the 
reference electrode (RE), and current flowing from the WE to 
platinum counter electrode (CE) is then monitored. Measured 
current is taken after the potential step on the electrode is 
imposed and stabilized for 1 h.

	 7.	The entire cell is then filled with degassed electrolyte (3 ml), in 
order to allow contact with the platinum counter electrode.

	 8.	Spectrophotometric detection of hydrogenase (both bound 
and unbound) is determined by measuring the appearance of 
reduced methyl viologen at 580 nm [35]. Specifically, samples 
are incubated in hydrogen saturated EFC buffer and the color 
change (measured as a change in absorbance) is used to moni-
tor the rate of hydrogenase-catalyzed hydrogen oxidation and 
reduction of methyl viologen. For elevated temperature opera-
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tion (70–100  °C), sealed cuvettes should be incubated in a 
temperature-controlled water bath prior to their transfer to the 
spectrophotometer. Cuvettes for bound hydrogenase determi-
nation should comprise a sealed screw cap to allow electrodes 
to be immersed in the solution and a micro-stirrer to circulate 
electrolyte across the electrode.

	 9.	The calculation of bound and free enzyme are similar. In both 
cases a value for absorbance increase (determined from linear 
regression of absorbance increase with time) is converted to 
units of enzyme activity using Beer’s law (Eq. 6) and the unit 
definition of activity for hydrogenase enzyme. Using Beer’s 
law the molar rate of methyl viologen reduced (mM/min) per 
unit volume (mol/l/min) was calculated as:

	

∆
∆

∆
∆

C

t

A

t l
= ⋅

⋅
1

e 	
(6)

where ΔC/Δt is the rate at which methyl viologen is reduced 
(mol/l/min), ΔA/Δt is the slope of the measured absorbance 
change with time (min−1), ε is the extinction coefficient of 
methyl viologen (9700  M−1  cm−1), and l is the path length 
(1 cm). To convert to units of enzyme activity per unit volume, 
Eq. 6 is multiplied by the definition of activity for hydrogenase 
enzyme (1 unit of enzyme activity equals 2 μmol methyl violo-
gen reduced per minute)
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where U is the measured activity per unit volume (U/l) of 
enzyme solution in the cuvette. To obtain a value of the activ-
ity per unit electrode surface area (U/cm) Eq. 7 is multiplied 
by the volume of solution in the cuvette and then divided by 
the geometric surface area of the electrode.

	10.	To calculate charge transfer efficiency of bound enzyme, a the-
oretical maximum in current density is first calculated from 
spectrophotometrically determined enzyme loading (assuming 
perfect charge transfer efficiency), and then compared to the 
actual measured current density obtained from the DC polar-
ization experiment. The maximum theoretical current density 
is calculated from Faraday’s law:

	
I n F

H t

A
= × ×

d d/

	
(8)

where I is the current density (mA/cm), dH/dt is the hydrogen 
oxidation rate (mmol/s), A is the electrode geometric surface area 
(cm2), F is the Faraday constant (96,485 C/mol), and n is the 
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moles electrons released per mole of hydrogen oxidized (Eq. 2). 
The hydrogen oxidation rate per unit electrode surface area (dH/
dt)/A can be determined by multiplying the activity per unit elec-
trode surface area (U/cm) by the definition of hydrogenase 
enzyme activity (1 unit of enzyme activity is equal to 1 μmol of 
hydrogen oxidized per minute). The charge transfer efficiency of 
bound enzyme is then the ratio of the actual measured current 
density to the theoretical maximum, expressed as a percentage.

4  Notes

	 1.	There is a time dependency for the efficacy of this solution. 
NAD+ and alcohol dehydrogenase are only stable in solution 
for 6–8 h while ethanol at these concentration will evaporate 
from open containers.

	 2.	This step is done, because commercially available chitosan has 
batch dependencies that result in degrees of deacetylation from 
70 to 95 %. Consequently this step is executed to ensure con-
sistency in the degree of chitosan deacetylation from batch to 
batch and supplier to supplier.

	 3.	This analysis assumes no leaching of immobilized enzyme on 
the time scale of this experiment.

	 4.	The purpose and importance of this soaking step is to re-
equilibrate the enzymes to a salt solution that is used by the 
manufacturer to stabilize their activity during transport and 
long term storage.

	 5.	For details on hydrogenase enzyme purification, see as 
described elsewhere [6]. Otherwise, use suitable oxidative 
reductive enzyme.

	 6.	Potentiostatic DC polarization and amperometry are identical. 
While the potentiostat applies a constant potential and mea-
sures current, analytical chemists describe the technique as 
amperometry while chemical engineers term it potentiostatic 
DC polarization.
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