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Regulation of Nitrogen Fixation 
in Photosynthetic Purple Nonsulfur Bacteria

Bernd Masepohl

Abstract  Biological nitrogen fixation (BNF) is the nitrogenase-catalyzed process in 
which dinitrogen (N2) is reduced to ammonia (NH3), the preferred nitrogen source in 
bacteria. All N2-fixing or diazotrophic bacteria have molybdenum-nitrogenases. In 
addition, some diazotrophs possess one or two alternative Mo-free nitrogenases, 
namely a vanadium and/or an iron-only nitrogenase, which are less efficient than 
Mo-nitrogenase in terms of ATP-consumption per N2 reduced. BNF is widespread in 
photosynthetic purple nonsulfur bacteria, which are capable of using light energy to 
generate ATP for nitrogenase activity. This review focusses on BNF regulation in the 
purple nonsulfur bacteria Rhodobacter capsulatus, Rhodopseudomonas palustris, 
and Rhodospirillum rubrum. Rp. palustris is one of few diazotrophs having both 
alternative nitrogenases, whereas Rb. capsulatus and Rs. rubrum have Fe-nitrogenases 
but no V-nitrogenase. Purple nonsulfur bacteria regulate BNF in response to ammo-
nium, molybdenum, iron, oxygen, and light. BNF regulation involves common regu-
latory proteins including the two-component nitrogen regulatory system NtrB-NtrC, 
the transcriptional activator NifA, the nitrogen-specific sigma factor RpoN, the 
DraT-DraG system for posttranslational nitrogenase regulation, and at least two PII 
signal transduction proteins. When ammonium is limiting, NtrB phosphorylates 
NtrC, which in turn activates expression of nifA and other BNF-related genes. NifA 
and its homologs VnfA and AnfA activate expression of Mo, V, and Fe-nitrogenase 
genes, respectively, in concert with RpoN. DraT mediates nitrogenase switch-off by 
ADP-ribosylation upon ammonium addition or light deprivation, the latter condition 
causing energy depletion. DraG reactivates nitrogenase upon ammonium consump-
tion or reillumination. PII-like proteins integrate the cellular nitrogen, carbon, and 
energy levels, and control activity of NtrB, NifA, DraT, and DraG.  Beside these 
similarities in BNF regulation, there are species-specific differences. NifA is active 
as synthesized in Rb. capsulatus, but requires activation by PII in Rp. palustris and 
Rs. rubrum. Reversible ADP-ribosylation is the only mechanism regulating nitroge-
nase in Rs. rubrum, whereas Rb. capsulatus and Rp. palustris have additional ADP-
ribosylation-independent mechanisms. Last but not least, molybdate directly 
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represses anfA transcription and hence, Fe-nitrogenase expression in Rb. capsulatus, 
whereas expression of the alternative nitrogenases in Rp. palustris and Rs. rubrum 
respond to Mo-nitrogenase activity rather than to molybdate directly.

Keywords  Nitrogen fixation • Nitrogenase • Rhodobacter • Rhodopseudomonas • 
Rhodospirillum • Regulation

�Introduction to Biological Nitrogen Fixation

Growth of all eukaryotes and most prokaryotes requires a fixed nitrogen source 
like ammonium, nitrate, or amino acids. Quite a few prokaryotes, however, can 
reduce the chemically inert molecular dinitrogen (N2) to ammonia (NH3) by a pro-
cess called biological nitrogen fixation (BNF). No eukaryote is capable of directly 
fixing N2 but several eukaryotes like legumes and termites make indirectly use of 
N2 by forming symbiotic associations with nitrogen-fixing bacteria or archaea 
(Hongoh 2010; Oldroyd 2013). BNF depends on complex metalloenzymes called 
nitrogenases, which catalyze the overall reaction shown in Eq. (1), and require a 
theoretical minimum of 16 ATP per N2 reduced (Igarashi and Seefeldt 2003). In 
addition to N2 reduction, nitrogenases produce hydrogen gas (H2) in an obligate 
side reaction and, in the absence of N2, nitrogenases exclusively reduce protons to 
H2. Nitrogenase-catalyzed production of H2 as a biofuel has extensively been stud-
ied in photosynthetic bacteria (Adessi et  al. 2016; Heiniger et  al. 2012; Huang 
et  al. 2010; McKinlay and Harwood 2010; Rey et  al. 2007) and is discussed in 
more detail elsewhere in this book series.

	
N e H H2 3 28 8 16 2 16+ + + → + + +( )− + ATP NH ADP Pi

	
(1)

All N2-fixing (diazotrophic) bacteria and archaea possess a molybdenum-
dependent nitrogenase containing the catalytic iron-molybdenum cofactor, 
FeMoco (Zhang and Gladyshev 2008). In addition to Mo-nitrogenase, some 
diazotrophs synthesize alternative Mo-free nitrogenases containing the iron-
vanadium cofactor, FeVco, or the iron-only cofactor, FeFeco (Dos Santos et al. 
2012; McGlynn et al. 2013). The three nitrogenases are encoded by distinct gene 
sets, namely nifHDK (Mo-nitrogenase), vnfHDGK (V-nitrogenase), and anfH-
DGK (Fe-nitrogenase). Beside the structural nitrogenase genes, diazotrophs have 
numerous genes involved in cofactor biosynthesis, electron supply, and regula-
tion (see below).

In addition to N2 and protons, nitrogenases reduce the artificial substrate acety-
lene (C2H2). Mo-nitrogenases reduce acetylene to ethylene (C2H4), whereas alterna-
tive nitrogenases reduce acetylene to ethylene and in part, to ethane (C2H6). In the 
laboratory, gas chromatography-based acetylene reduction assays have been estab-
lished to quantify nitrogenase activity and to detect activity of alternative nitroge-
nases (Dilworth et al. 1988).

B. Masepohl
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Mo, V, and Fe-nitrogenases consist of two components each, the catalytic dini-
trogenases and the dinitrogenase reductases, the latter serving as the ultimate elec-
tron donors to their respective dinitrogenases (Curatti and Rubio 2014; Hu and 
Ribbe 2016). The three dinitrogenase reductases are collectively called Fe-proteins 
(homodimers of NifH, VnfH, and AnfH), all of which coordinate one [4Fe-4S] 
cluster involved in electron transfer. The Mo, V, and Fe-dinitrogenases are called 
MoFe-protein (heterotetramer of NifDK containing two FeMoco), VFe-protein 
(heterohexamer of VnfDGK containing two FeVco), and FeFe-protein (heterohex-
amer of AnfDGK containing two FeFeco), respectively. In addition to the catalytic 
cofactors, the dinitrogenases contain two P-clusters (see below) involved in electron 
transfer from the Fe-proteins to the catalytic cofactors.

Biosynthesis of the Mo-nitrogenase cofactors ([4Fe-4S] cluster, P-cluster, 
and FeMoco) is complex and requires several nif gene products including NifU, 
NifS, NifB, NifV, NifE, NifN, NifH, NifD, and NifK as shown for Klebsiella 
pneumoniae and Azotobacter vinelandii (Curatti and Rubio 2014; Hu and 
Ribbe 2016; and the references therein). Briefly, NifU and NifS function as the 
scaffold protein and sulfur donor, respectively, for biosynthesis of [4Fe-4S] 
clusters, which are either inserted into apo-NifH or serve as building blocks for 
P-cluster and FeMoco formation. The P-cluster is formed in situ on the apo-
NifDK protein, whereas the FeMoco is synthesized ex situ prior to insertion 
into the apo-NifDK protein. P-cluster biosynthesis starts with the transfer of 
two [4Fe-4S] clusters to the apo-NifDK protein followed by NifH-mediated 
reductive coupling to form the [8Fe-7S] or P-cluster. FeMoco biosynthesis 
starts with the coupling of two [4Fe-4S] clusters on NifB involving S-adenosyl-
methionine-dependent carbon (C) insertion to form an [8Fe-9S-C] cluster. This 
cluster is further processed on the NifEN scaffold by insertion of Mo and 
homocitrate (the product of homocitrate synthase, NifV) resulting in the 
[Mo-7Fe-9S-C-homocitrate] cluster or FeMoco, which is finally inserted into 
the apo-NifDK protein.

NifU, NifS, NifB, and NifV are required for activity of Mo, V, and 
Fe-nitrogenases in A. vinelandii indicating that the biosynthetic pathways of 
FeMoco, FeVco, and FeFeco overlap to a certain extent (Drummond et al. 1996; 
Kennedy and Dean 1992). Formation of FeVco involves the Vnf-specific NifEN 
homolog, VnfEN, instead of NifEN (Hu and Ribbe 2016; and the references 
therein). Possibly, the last steps of FeFeco biosynthesis occur in situ on the 
AnfDGK protein, since no NifEN homolog is required for Fe-nitrogenase activ-
ity (Schüddekopf et al. 1993).

Diazotrophs regulate BNF in response to several environmental factors including 
ammonium, molybdenum, iron, oxygen, and in case of photosynthetic bacteria, 
light. Since BNF is a highly energy-demanding process, diazotrophs typically 
induce nitrogenase expression only when ammonium, the product of BNF, is limit-
ing. Mo-nitrogenase is more efficient than the alternative nitrogenases in terms of 
consumption of ATP and reductant per N2 reduced (Hu et al. 2012; Schneider et al. 
1997) and hence, expression of alternative nitrogenases is typically repressed as 
long as Mo-nitrogenase is active. Most bacteria possess modABC genes encoding 

﻿Regulation of Nitrogen Fixation in Photosynthetic Purple Nonsulfur Bacteria
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high-affinity ABC transporters, which support uptake of molybdate, the only bio-
available form of molybdenum, under Mo-limiting conditions (Zhang and Gladyshev 
2008; Zhang and Gladyshev 2010). All three nitrogenases are irreversibly damaged 
by oxygen (Blanchard and Hales1996; Chisnell et al. 1988; Gollan et al. 1993) and 
diazotrophs have evolved different strategies to cope with this problem.

Diazotrophic and non-diazotrophic bacteria utilize similar proteins to sense the 
cellular nitrogen status and to control nitrogen assimilation. Among these proteins 
are the bifunctional uridylyltransferase/uridylyl-removing enzyme GlnD, the PII sig-
nal transduction proteins GlnB and GlnK, the two-component regulatory system 
NtrB-NtrC, and the ammonium transporter AmtB, which are best characterized in 
the non-diazotrophic enterobacterium Escherichia coli (van Heeswijk et al. 2013; 
and the references therein).

Briefly, GlnD senses the cellular nitrogen status through the glutamine level 
(Jiang et al. 1998a). Under low glutamine levels (N-limiting conditions), GlnD 
modifies GlnB and GlnK by uridylylation of conserved tyrosine residues within 
their T-loops. Under high glutamine levels (N-replete conditions), GlnD cata-
lyzes the reverse reaction by hydrolyzing GlnB-UMP and GlnK-UMP. Trimeric 
PII proteins can be fully uridylylated (PII-UMP3), partially uridylylated (PII-
UMP2 or PII-UMP1), or completely unmodified (PII). PII proteins directly sense 
the cellular carbon and energy status by binding 2-oxoglutarate (2OG) and ATP/
ADP, respectively (Radchenko et  al. 2013). 2OG joins nitrogen and carbon 
metabolism as it serves as the carbon skeleton for ammonium assimilation by 
the GS-GOGAT (glutamine synthetase–glutamate synthase) pathway. Taken 
together, PII proteins integrate the cellular nitrogen (glutamine), carbon (2OG), 
and energy (ATP/ADP) levels, and transduce these signals to target proteins by 
physical interaction.

Under N-limiting conditions, the response regulator NtrC is phosphorylated by 
its cognate sensor kinase NtrB (Jiang et al. 1998b). In turn, NtrC-P activates tran-
scription of glnA encoding glutamine synthetase, the glnK-amtB operon, and 
genes required for generation of ammonia from “poor” nitrogen sources like 
amino acids. Under N-replete conditions, unmodified GlnB forms a complex with 
NtrB to stimulate dephosphorylation and hence, inactivation of NtrC. In parallel, 
unmodified GlnK forms a complex with AmtB thereby inhibiting ammonium 
uptake under N-replete conditions.

This review deals with the regulation of nitrogen fixation in photosynthetic purple 
nonsulfur bacteria, which are capable of using light energy to generate the ATP 
required for nitrogenase activity. Purple nonsulfur bacteria are known for their 
extreme metabolic versatility enabling growth under photoautotrophic, photohetero-
trophic, chemoautotrophic, and chemoheterotrophic conditions (Madigan et  al. 
1984). BNF is widespread in purple nonsulfur bacteria and has been extensively 
studied in Rhodobacter capsulatus, Rhodopseudomonas palustris, and Rhodospirillum 
rubrum, whose complete genome sequences have been determined (Larimer et al. 
2004; Madigan et  al. 1984; Munk et  al. 2011; Strnad et  al. 2010). In addition to 
Mo-nitrogenase, Rb. capsulatus and Rs. rubrum synthesize Fe-nitrogenases (Davis 
et al. 1996; Lehman and Roberts 1991; Schneider et al. 1991; Schneider et al. 1997), 
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whereas Rp. palustris is one of the few diazotrophs synthesizing Mo, V, and 
Fe-nitrogenases (Oda et al., 2005).

�Organization of Nitrogen Fixation Genes in Purple Nonsulfur 
Bacteria

All diazotrophs including Rb. capsulatus, Rp. palustris, and Rs. rubrum con-
tain a common set of nitrogen fixation genes, namely the structural genes of 
Mo-nitrogenase (nifH, nifD, and nifK) and genes involved in [4Fe-4S] cluster, 
P-cluster, and FeMoco biosynthesis (nifU, nifS, nifB, nifV, nifE, and nifN) 
(Curatti and Rubio 2014; Hu and Ribbe 2016; Larimer et al. 2004;MacKellar 
et  al. 2016; Masepohl and Klipp 1996; Munk et  al. 2011; Oda et  al. 2005; 
Strnad et  al. 2010; Wang et  al. 2013). These common nif genes cluster with 
species-specific nif genes involved in regulation, electron transport to nitroge-
nase, and genes of unknown function (Fig. 1). Expression of common and spe-
cies-specific nif genes requires the central transcriptional activator NifA, which 
enhances transcription by RNA polymerase containing the nitrogen-specific 
sigma factor RpoN (also called NtrA or σ54) as is the case in other proteobacte-
rial diazotrophs (see below). NifA proteins consist of an N-terminal GAF 
domain involved in the response to the cellular nitrogen status, a central AAA 
domain involved in the interaction with RNA polymerase and ATP hydrolysis, 
and a C-terminal HTH (helix-turn-helix) domain involved in binding to pro-
moter DNA (Fischer 1994). Noteworthy, Rb. capsulatus synthesizes two struc-
turally and functionally highly similar NifA proteins: NifA1 and NifA2 
(Masepohl et al. 1988; Paschen et al. 2001).

Electron transport to nitrogenase in Rb. capsulatus involves the rnfABCDGEH 
genes (Jeong and Jouanneau 2000; Jouanneau et  al. 1998; Kumagai et  al. 1997; 
Schmehl et al. 1993), which are lacking in Rs. rubrum and Rp. palustris. Instead, the 
latter two strains contain the fixABCD genes, whose products form the major electron 
transport pathway in Rs. rubrum (Edgren and Nordlund 2004) and possibly also in 
Rp. palustris (Huang et al. 2010).

Many diazotrophs including Rb. capsulatus and Rp. palustris have iscN-nifUSVW 
operons, whereas Rs. rubrum lacks an nifS gene at the corresponding position 
between nifU and nifV. However, Rs. rubrum contains three nifS-like genes else-
where in the chromosome, one of which possibly serves as a sulfur donor for biosyn-
thesis of iron-sulfur clusters under N2-fixing conditions.

The structural genes of Fe-nitrogenase anfHDGK and the Fe-nitrogenase-
associated genes anfOR form conserved operons in Rh. capsulatus, Rp. palustris, 
and Rs. rubrum (Fig. 2) (Larimer et al. 2004; Munk et al. 2011; Oda et al. 2005; 
Schüddekopf et al. 1993; Strnad et al. 2010). Expression of these anf operons is acti-
vated by AnfA, an NifA-like regulator (Kutsche et  al. 1996; Schüddekopf et  al. 
1993). Activation of the V-nitrogenase-related genes vnfH, vnfDGK, and vnfENX in 
Rp. palustris depends on VnfA, another NifA-like activator. Like NifA, AnfA and 
VnfA act in concert with the sigma factor RpoN.

﻿Regulation of Nitrogen Fixation in Photosynthetic Purple Nonsulfur Bacteria
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�Cascade Activation of Nitrogen Fixation in Rhodobacter 
capsulatus

Rb. capsulatus is capable of growing with many different nitrogen sources including 
ammonium, urea, most amino acids, and N2 (Hillmer and Gest 1977; Masepohl et al. 
2001). Expression of urease and N2 fixation genes strictly depends on NtrC (Hübner 
et al. 1991; Kranz and Haselkorn 1985; Kutsche et al. 1996; Masepohl et al. 2001). 
As described above for E. coli, Rb. capsulatus NtrC is phosphorylated, and thus acti-
vated, by NtrB under ammonium-limiting conditions (Cullen et al. 1996). In contrast 
to NtrC from E. coli and other bacteria, which require the nitrogen-specific sigma 
factor RpoN to activate transcription of their target genes, Rb. capsulatus NtrC acti-
vates gene expression in concert with the housekeeping sigma factor RpoD (Bowman 
and Kranz 1998; Foster-Hartnett et al. 1994).

Upon phosphorylation, Rb. capsulatus NtrC activates transcription of nifA1, 
nifA2, mopA-modABC, and anfA (Fig. 3). Activation involves binding of NtrC to 
sequences similar to the Rb. capsulatus NtrC binding site consensus CGCC–N9–
GGC–N4–14–CGCC–N9–GGC (Foster-Hartnett and Kranz 1994; Kutsche et  al. 
1996). NifA1 and NifA2 differ only in their very N-terminal amino acid residues, 
and consequently, can functionally substitute for each other in transcriptional acti-
vation of Mo-nitrogenase genes (Masepohl et  al. 1988; Paschen et  al. 2001). 
Expression of Fe-nitrogenase genes is activated by AnfA (Kutsche et  al., 1996). 
Transcriptional activation by NifA1, NifA2, and AnfA depends on RpoN as is the 

Rhodobacter capsulatus

Rhodopseudomonas palustris

Regulation

Nitrogenase

Cofactor synthesis

Unknown function

Rhodospirillum rubrum

Fig. 2  Organization of Fe and V-nitrogenase-related genes. Genetic maps are based on the genome 
sequences of Rh. capsulatus SB 1003 (Strnad et al. 2010), Rp. palustris CGA009 (Larimer et al. 
2004), and Rs. rubrum S1 (Munk et al. 2011). Bent arrows in red or black mark possible NtrC and 
RpoN recognition sequences, respectively
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8

case in other proteobacterial diazotrophs (Hübner et al. 1991; Schüddekopf et al. 
1993). The Rb. capsulatus rpoN gene forms part of the nifU2-rpoN operon, whose 
expression is activated by NifA1, NifA2, and presumably also by AnfA (Cullen 
et al. 1994; Preker et al. 1992). A weak primary NtrC-independent promoter located 
in the nifU2-rpoN intergenic region drives initial expression of rpoN, while a sec-
ondary promoter upstream of nifU2 is required to increase rpoN expression under 
N2-fixing conditions (Cullen et al. 1994).

All Rb. capsulatus nif promoters including the nifU2 promoter as well as the 
anfH promoter contain sequences highly similar to the RpoN binding site consensus 
CTGC–N8–TTGC typically located at position −24/−12 relative to the transcription 
start site (Fig. 1) (Morett and Buck 1989; Schmehl et al. 1993). The nif promoters 
are preceded by sequences similar to the NifA binding site consensus TGT–N10–
ACA (Morett and Buck 1988). As expected for an AnfA-dependent promoter, the 
anfH promoter lacks an NifA binding site; however, the AnfA binding site has not 
yet been identified.

NtrC

NtrC P

nifA1D nifA2D mopAD modABC anfAD

inact ive

N2-f ixing condit ions

Growth with NH4
+

Mo uptake

NifA1 NifA2 MopA AnfA

nifHDKN nifHDKN

Mo-nitrogenase

N2 NH3

Fe-nitrogenase

N2 NH3

Mo-replete conditions

Fig. 3  Cascade regulation of nitrogen fixation in Rh. capsulatus. During growth with ammonium, 
NtrC is inactive, but is activated by phosphorylation upon ammonium consumption. NtrC-P activates 
RpoD-dependent promoters (boxed D), whereas NifA1, NifA2, and AnfA activate RpoN-dependent 
promoters (boxed N). MopA represses transcription of the mopA-modABC and anfA genes under 
Mo-replete conditions. For clarity, the second Mo-responsive regulator, MopB, is not shown
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�Ammonium Inhibition of Nitrogen Fixation in Rhodobacter 
capsulatus

The levels of Rb. capsulatus NtrC remain constant under N-limiting and N-replete 
conditions, but NtrC activity clearly responds to the cellular nitrogen status (Cullen 
et al. 1998). Ammonium keeps NtrC in its dephosphorylated inactive state, thus pre-
venting expression of the nifA1, nifA2, and anfA genes, and consequently, all the 
other nitrogen fixation genes (Foster-Hartnett and Kranz 1992; Preker et al. 1992).

Ammonium addition to an N2-fixing Rb. capsulatus culture causes three effects, 
namely (1) inactivation of NtrC-P by dephosphorylation, (2) inhibition of NifA1, 
NifA2, and AnfA activity, and (3) “switch-off” of Mo and Fe-nitrogenases 
(Drepper et al. 2003; Hallenbeck 1992; Hallenbeck et al. 1982; Jouanneau et al. 
1983; Masepohl et  al. 1993; Paschen et  al. 2001; Pierrard et  al. 1993a, b; 
Schüddekopf et al. 1993).

Ammonium-induced inactivation of NtrC prevents further expression of nifA1, 
nifA2, and anfA. A strain lacking GlnB expresses nifA1 (and probably also nifA2 and 
anfA) even in the presence of ammonium (Drepper et al. 2003). NtrB specifically 
interacts with GlnB but not with GlnK (Pawlowski et al. 2003) suggesting that inac-
tivation of Rb. capsulatus NtrC is catalyzed by an NtrB-GlnB complex exhibiting 
phosphatase activity as described above for E. coli.

Ammonium inhibition of NifA1, NifA2, and AnfA activity prevents further 
expression of all the other nitrogen fixation genes (Paschen et al. 2001; Schüddekopf 
et al. 1993). Either GlnB or GlnK is sufficient to inhibit NifA1 and NifA2, whereas 
a strain lacking both PII signal transduction proteins no longer inhibits activity of the 
NifA regulators (Drepper et al. 2003). Both NifA proteins interact with GlnB and 
GlnK (Pawlowski et al. 2003) suggesting that NifA inhibition is mediated by physi-
cal contact with the PII proteins. The strain lacking both PII proteins still expresses 
Mo-nitrogenase (Drepper et al. 2003) indicating that the Rb. capsulatus NifA pro-
teins are active as synthesized and do not require activation by PII as is the case in 
Rp. palustris and Rs. rubrum (Heiniger et al. 2012; Rey et al. 2007; Zhang et al. 
2000, 2004; Zhou et al. 2008; Zhu et al. 2006). In contrast to PII-mediated NifA 
inhibition in Rb. capsulatus, AnfA inhibition is not relieved in the strain lacking both 
PII proteins indicating that ammonium inhibition of NifA and AnfA involves differ-
ent mechanisms (Drepper et al. 2003).

Ammonium addition to an N2-grown culture rapidly represses activity of Mo and 
Fe-nitrogenases, an effect immediately reversed upon ammonium consumption 
(Hallenbeck 1992; Hallenbeck et al. 1982; Jouanneau et al. 1983; Masepohl et al. 
1993; Pierrard et al. 1993a). In Rb. capsulatus, nitrogenase “switch-off” is caused by 
at least two mechanisms, one blocking activity of the Fe-proteins, NifH and AnfH, 
by ADP-ribosylation, and another possibly blocking the ATP or the electron supply 
to nitrogenase (Förster et al. 1999; Pierrard et al. 1993a, b). Evidence for the second 
mechanism comes from the observation that Rb. capsulatus strains expressing mutant 
NifH proteins, which are no longer ADP-ribosylated, as well as a draTG mutant 
strain still exhibit ammonium-induced nitrogenase switch-off (Förster et al. 1999; 
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Pierrard et al. 1993a; Yakunin and Hallenbeck 1998b). Ammonium-induced nitroge-
nase switch-off independent of ADP-ribosylation has been reported in many other 
diazotrophs, but the underlying mechanisms are unknown (Huergo et al. 2012; and 
the references therein). In Rb. capsulatus, a further nitrogenase switch-off mecha-
nism called “magnitude response” reflects the amount of added ammonium (Yakunin 
and Hallenbeck 1998b; Yakunin et al. 1999).

ADP-ribosylation is catalyzed by DraT (dinitrogenase reductase ADP-ribosyl 
transferase), whereas DraG (dinitrogenase reductase-activating glycohydrolase) 
mediates the reverse reaction (Huergo et al. 2012; Nordlund and Högbom 2013; and 
the references therein). ADP-ribosylation at arginine residue 101 of one subunit of 
the Rb. capsulatus NifH homodimer is sufficient to prevent electron transfer to the 
MoFe protein and consequently, N2 reduction by Mo-nitrogenase (Jouanneau et al. 
1989). Proper regulation of nitrogenase modification and switch-off requires GlnB, 
GlnK, and AmtB, and disruption of the amtB gene abolishes ADP-ribosylation and 
switch-off (Drepper et  al. 2003; Tremblay et  al. 2007; Tremblay and Hallenbeck 
2008; Yakunin and Hallenbeck 2002).The amtB strain exhibits wild-type growth 
properties with ammonium as sole nitrogen source indicating that AmtB is dispens-
able for ammonium uptake, but primarily serves as an ammonium sensor for 
ammonium-induced switch-off of nitrogenase (Tremblay and Hallenbeck 2009).

Figure 4 shows a model of DraTG-mediated ammonium regulation of 
Mo-nitrogenase and possibly also of Fe-nitrogenase in Rb. capsulatus. The mecha-
nisms of DraT activation and DraG inactivation can be summarized as follows: (1) 
Under N2-fixing conditions, both PII proteins are uridylylated, but upon ammonium 
addition, GlnK-UMP and GlnB-UMP are deuridylylated. (2) Next, DraG is inacti-
vated by membrane sequestration as a ternary DraG-GlnK-AmtB complex and 
DraT is activated by complex formation with GlnB. In turn, the GlnB-DraT com-
plex mediates ADP-ribosylation of the Fe-protein. (3) Upon ammonium consump-
tion, DraG is released from the membrane and reactivates the Fe-protein by 
removing the ADP-ribose moiety.

�Ammonium Regulation of Nitrogen Fixation 
in Rhodopseudomonas palustris

Expression and activity of Mo-nitrogenase in Rp. palustris is regulated at three lev-
els, namely (1) control of nifA transcription, (2) control of NifA activity, and (3) 
switch-off control of Mo-nitrogenase as is the case for Rb. capsulatus (Heiniger et al. 
2012; Rey et al. 2007). Ammonium regulation at all three levels involves PII proteins 
in both diazotrophs. In contrast to Rb. capsulatus, which has two PII genes, glnB and 
glnK, Rp. palustris has three PII genes forming part of the glnB-glnA and the glnK1-
amtB1-glnK2-amtB2 clusters (Connelly et  al. 2006). GlnB, GlnK1, and GlnK2 
undergo uridylylation under ammonium-starved (N2-fixing) conditions, but are 
deuridylylated under ammonium-replete conditions. Under N2-fixing conditions, 
NtrC activates transcription of the nifA gene (level 1). Only after binding to GlnB, 
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Rp. palustris NifA is capable of activating Mo-nitrogenase gene expression (level 2). 
Upon ammonium addition to an N2-grown culture, GlnK2 and DraT2 form a com-
plex to inactivate Mo-nitrogenase by ADP-ribosylation. In addition, Rp. palustris 
DraT2 possibly regulates electron transfer to nitrogenase as discussed for Rb. capsu-
latus DraT (Förster et al. 1999; Heiniger et al. 2012; Pierrard et al. 1993a, b). Like 
Mo-nitrogenase, the V and Fe-nitrogenases in Rp. palustris are modified upon 
ammonium addition (Heiniger and Harwood 2015).

Rp. palustris strains synthesizing mutant NifA* proteins with single amino acid 
substitutions or small deletions in the Q-linker constitutively express nitrogenase and 
produce H2 even in the presence of ammonium (Heiniger et al. 2012; Rey et al. 2007). 
The Q-linker is located between the nitrogen-responsive GAF domain and the RNA 
polymerase-binding AAA domain (Fischer 1994). Three observations explain, how 
the nifA* mutants bypass the elaborated regulatory cascade otherwise limiting N2 fixa-
tion to ammonium-starved conditions in the wild-type. First, Rp. palustris synthesizes 
low amounts of NifA independent of NtrC activation. Second, mutant NifA* proteins 
do not require activation by GlnB and thus, appear to be more active than wild-type 
NifA proteins. Consequently, NifA* strains overexpress Mo-nitrogenase explaining at 
least in part resistance against DraT2-mediated nitrogenase switch-off. Third, DraT2 
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Fig. 4  Model of ammonium-responsive nitrogenase regulation in Rb. capsulatus. Upon ammo-
nium addition to a nitrogen-fixing culture, GlnK-UMP and GlnB-UMP are deuridylylated. In turn, 
DraT is activated by GlnB, while DraG is inactivated by GlnK-mediated membrane sequestration. 
DraT-mediated ADP-ribosylation of the Fe-protein prevents electron (e−) transfer to the MoFe-
protein. Upon ammonium consumption, DraG is released from the membrane and reactivates the 
Fe-protein by removing the ADP-ribose moiety
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activity requires GlnK2, whose expression depends on NtrC, which is synthesized 
only at low levels in the presence of ammonium (Conlan et al. 2005). NtrC activates 
transcription of the ntrC gene in Rp. palustris (Conlan et al. 2005), whereas NtrC is 
constitutively synthesized Rb. capsulatus (Cullen et al. 1998).

�Ammonium Regulation of Nitrogen Fixation in Rhodospirillum 
rubrum

Transcription of nifA completely or for the most part depends on NtrC in Rb. capsu-
latus and Rp. palustris, respectively (Foster-Hartnett and Kranz 1992; Heiniger et al. 
2012; Hübner et al. 1993; Preker et al. 1992; Rey et al. 2007), whereas NtrC appears 
to be dispensable for nifA expression in Rs. rubrum (Zhang et al. 1995). However, the 
Rs. rubrum nifA gene is preceded by a possible NtrC binding site (Fig. 1) suggesting 
that NtrC contributes to nifA expression. Disruption of ntrC impairs nitrogenase 
switch-off in Rs. rubrum, likely because NtrC is required for maximal glnBA expres-
sion, and GlnB is essential for DraT activation (Cheng et al. 1999; Zhang et al. 1995).

Rs. rubrum NifA is synthesized in an inactive form, which requires activation 
by GlnB as is the case in Rp. palustris (Zhang et al. 2000, 2001, 2004). Neither 
of the other two PII proteins synthesized by Rs. rubrum, GlnK and GlnJ, can 
substitute for GlnB in NifA activation. GlnD is essential for NifA activation indi-
cating that only GlnB-UMP but not its unmodified form, GlnB, is capable of 
activating NifA (Zhang et al. 2005). GlnB* variants mediating NifA activity in a 
strain lacking GlnD contain single amino acid substitutions in the T-loop appar-
ently mimicking the uridylylated form of GlnB (Zhang et  al. 2004; Zhu et  al. 
2006). NifA* variants no longer requiring activation by GlnB-UMP contain 
amino acid substitutions in the N-terminal GAF domain, which is involved in 
interaction between wild-type NifA and GlnB-UMP (Fischer 1994; Zhou et al. 
2008). Nitrogenase activity is still switched-off by ammonium in Rs. rubrum 
nifA* strains, whereas ammonium switch-off is mostly relieved in Rp. palustris 
nifA* strains as described above (Heiniger et  al. 2012; Rey et  al. 2007; Zhou 
et al. 2008). Rs. rubrum nifA* strains lacking DraT, however, exhibit high nitro-
genase activity in the presence of ammonium.

DraT-mediated ADP-ribosylation appears to be the only mechanism controlling 
nitrogenase activity in Rs. rubrum (Zhang et al. 1996). In contrast, nitrogenase activ-
ity is controlled by two mechanisms, one DraT-dependent and another DraT-
independent mechanism, in many other diazotrophs including Azoarcus sp. strain 
BH72, Azospirillum brasilense, Herbaspirillum seropedicae, and Rb. capsulatus 
(Förster et  al. 1999; Fu and Burris 1989; Huergo et  al. 2012; Oetjen and 
Reinhold-Hurek 2009; Pierrard et  al. 1993a, b; Yakunin and Hallenbeck 1998b; 
Zhang et al. 1996).

Rs. rubrum has three PII genes forming part of the glnB-glnA, glnJ-amtB1, and 
glnK-amtB2 operons (Munk et al. 2011). Upon ammonium addition to an N2-grown 
culture, DraT is activated by interaction with unmodified GlnB, and DraG is inacti-
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vated by membrane sequestration involving AmtB1, unmodified GlnJ, and possibly 
an unknown membrane protein (Nordlund and Högbom 2013; Teixeira et al. 2008; 
Wang et al. 2005; Wolfe et al. 2007; Zhang et al. 2006).

�Darkness Regulation of Nitrogenase

Like ammonium addition, light deprivation causes nitrogenase switch-off in photo-
synthetic bacteria (Huergo et al. 2012; Nordlund and Högbom 2013; Pierrard et al. 
1993b; Selao et al. 2011; Yakunin and Hallenbeck 2002; Zhang et al. 1995, 2001, 
2006). In Rs. rubrum, ammonium and darkness-induced nitrogenase regulation by 
reversible ADP-ribosylation involve the same proteins, namely DraT, DraG, GlnB, 
GlnJ, and AmtB1, but the signaling mechanisms transducing the cellular nitrogen 
and energy levels differ (Teixeira et al. 2010; Zhang et al. 2001, 2006). While ammo-
nium addition to an N2-grown culture causes a big increase in the cellular glutamine 
concentration leading to GlnD-mediated deuridylylation of GlnB-UMP and GlnJ-
UMP, light deprivation does not affect the glutamine pool or induce PII demodifica-
tion on a big scale (Li et al. 1987; Teixeira et al. 2010). Full uridylylation of trimeric 
PII prevents “plug-in” interaction with AmtB, whereas partially uridylylated PII pro-
teins form a complex with AmtB in A. brasilense (Rodrigues et al. 2011). Hence, 
DraG inactivation in Rs. rubrum may either be achieved by GlnJ-independent mem-
brane sequestration or involve complex formation between partially deuridylylated 
GlnJ and AmtB1 (Huergo et al. 2012; Nordlund and Högbom 2013).

�Iron Regulation of Electron Transport to Nitrogenase

Rb. capsulatus utilizes two parallel acting electron transport pathways to nitroge-
nase, the RnfABCDGEH-FdxN and the NifJ-NifF pathway, in which the ferredoxin 
FdxN and the flavodoxin NifF act as the ultimate electron donors to NifH and pos-
sibly also to AnfH (Gennaro et al. 1996; Hallenbeck and Gennaro 1998; Jeong and 
Jouanneau 2000; Jouanneau et al. 1998; Kumagai et al. 1997; Schmehl et al. 1993; 
Yakunin et  al. 1993; Yakunin and Hallenbeck 1998a). The Rnf proteins form an 
energy-coupling NADH oxidoreductase complex that catalyzes the reduction of 
FdxN. The NifJ protein is a pyruvate-flavodoxin oxidoreductase mediating electron 
transfer from pyruvate to NifF.  In contrast to the situation in Rb. capsulatus, the 
NifJ-NifF pathway constitutes the sole electron transport pathway to nitrogenase in 
K. pneumoniae (Hill and Kavanagh 1980; Shah et al. 1983).

Unlike the rnf and fdxN genes, the Rb. capsulatus nifF and nifJ genes are not con-
tained in the major nif clusters (Fig. 1). However, the nifF gene belongs to the NifA 
regulon and accordingly, nifF is specifically expressed under N2-fixing conditions as is 
the case for the rnf and fdxN genes (Gennaro et al. 1996; Schmehl et al. 1993). In con-
trast to nifF, the nifJ gene is expressed under ammonium-replete conditions and its 
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expression increases only slightly under N2-fixing conditions indicating that NifJ func-
tion is not restricted to N2 fixation (Yakunin and Hallenbeck 1998a). The NifJ-NifF 
pathway contributes significantly to electron transfer to nitrogenase under iron-replete 
conditions, but is essential under iron-limiting conditions (Gennaro et al. 1996; Yakunin 
et al. 1993; Yakunin and Hallenbeck 1998a). Accordingly, nifF expression and NifF 
accumulation is higher under iron-deficient than under iron-sufficient conditions, while 
rnf transcription and Rnf accumulation decreases upon iron limitation (Jouanneau et al. 
1998). Apparently, Rb. capsulatus copes with iron limitation by replacing the iron-
containing ferredoxin FdxN by the Fe-free flavodoxin NifF, but the iron-responsive 
mechanisms controlling nifF and rnf expression remain unknown to date.

Rs. rubrum lacks rnfABCDGEH genes but instead has fixABCX genes (Fig. 1), 
whose products form the major electron transport pathway to nitrogenase in this 
diazotroph (Edgren and Nordlund 2004). In addition, Rs. rubrum has an nifJ-like 
gene encoding a pyruvate-ferredoxin oxidoreductase (Edgren and Nordlund 2006). 
In both the FixABCX and the NifJ pathways ferredoxin N (encoded by the fdxN gene 
located downstream of nifB; Fig. 1) is the ultimate electron donor to nitrogenase 
(Edgren and Nordlund 2005, 2006). Like Rs. rubrum, Rp. palustris lacks 
rnfABCDGEH genes but has fixABCX genes (Fig. 1), which are essential for diazo-
trophic growth (Huang et al. 2010) suggesting that electron transport to nitrogenase 
in Rp. palustris involves a similar mechanism as in Rs. rubrum.

�Regulation of Molybdate Uptake and Alternative Nitrogenases

Most bacteria synthesize high-affinity molybdate transporters (modABC-encoded) 
suggesting that they have to cope at least temporarily with Mo limitation (Zhang and 
Gladyshev 2008). Under Mo-replete conditions, E. coli represses modABC transcrip-
tion by the molybdate-responsive one-component regulator ModE, thus limiting 
expression of the Mo uptake system to Mo-limiting conditions. ModE binds a palin-
dromic sequence called Mo-box overlapping the modA transcription start site thereby 
preventing binding of RNA polymerase (Studholme and Pau 2003).

Rb. capsulatus has two modE homologs, mopA and mopB, belonging to diver-
gently transcribed operons, mopA-modABCD and mopB (Fig. 1). Upon molybdate-
binding MopA and MopB repress transcription of the mopA-modABCD and anfA 
genes by binding the Mo-boxes overlapping the transcription start sites of mopA and 
anfA (Fig. 5) (Kutsche et al. 1996; Müller et al. 2010; Wiethaus et al. 2006). Either 
MopA or MopB is sufficient to repress transcription from the mopA and anfA pro-
moters. Beside its role as a repressor, MopA acts as a transcriptional activator of the 
mop gene encoding a molybdate-binding hexameric protein (Wiethaus et al. 2009). 
In contrast to the mopA and anfA Mo-boxes, which overlap the transcription start 
sites, the mop Mo-box is located at some distance upstream of the transcription start 
site as expected for an enhancer binding site. In line with the proposed role of the 
Mop protein in Mo storage, Mop accumulates to high levels with increasing Mo 
concentrations (Hoffmann et al. 2016).
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While Mo represses mopA, the mopB gene is constitutively transcribed and 
accordingly, the MopA/MopB ratio varies in response to Mo availability 
(Hoffmann et al. 2016; Wiethaus et al. 2006, 2009). Under Mo-limiting condi-
tions, MopA is more abundant than MopB, whereas only MopB is left under 
Mo-replete conditions. MopA and MopB form homodimers as well as het-
eromers (Wiethaus et al. 2009). Disruption of mopB enhances mop expression 
suggesting that MopA-MopB heteromer formation counteracts mop activation 
by MopA homodimers.

Since AnfA is essential for Fe-nitrogenase expression, anfA repression by MopA 
and MopB prevents Fe-nitrogenase expression at high Mo concentrations (Fig. 3). In 
contrast, Mo-nitrogenase levels increase with increasing Mo concentrations involving 
a yet unknown post-transcriptional control mechanism (Hoffmann et al. 2014a, 2016).

In addition to ModABC, which imports molybdate at nanomolar concentrations 
in the environment, Rb. capsulatus synthesizes the oxyanion transporter PerO, which 
imports molybdate in micromolar ranges (Gisin et  al. 2010). Besides molybdate, 

<<<< <<<<<<    >>>>>> >>>>
Mo-box consensus ATCGNTATATA–N6–TATATAACGAT

Rb. capsulatus anfA GTCGTTATATG–N7–TATATAACGGA
Rb. capsulatus mopA ATCGCTATTAG–N7–TATATAACGAT

Rp. palustris modE1 ACCGTTATATA–N7–CATATGACGAC
Rp. palustris anfA no Mo-box
Rp. palustris vnfA no Mo-box

Rs. rubrum anfA no Mo-box
Rs. rubrum modA no Mo-box

mopB mopA modABC anfA mop

MopA

MopB

MopA

MopB

MopA

Mo uptake Mo storage

TSS

TSS

Fig. 5  Nitrogen fixation and molybdate transport-related Mo-boxes. Mo-boxes are highly con-
served palindromic sequences (marked by arrow heads) serving as binding sites for ModE-type 
regulators (Studholme and Pau 2003). Conserved Mo-box nucleotides in the promoters of Rb. 
capsulatus anfA and mopA, and Rp. palustris modE1 are highlighted in blue. Rb. capsulatus syn-
thesizes two ModE-like regulators, MopA and MopB, which repress transcription of the mopA-
modABC and anfA genes by binding Mo-boxes (red squares) overlapping the transcription start 
sites (TSS) of mopA and anfA (Kutsche et al. 1996). In addition, MopA activates mop transcription 
by binding the Mo-box (green square) preceding the mop TSS (Wiethaus et al. 2006)

﻿Regulation of Nitrogen Fixation in Photosynthetic Purple Nonsulfur Bacteria



16

PerO transports tungstate, vanadate, and sulfate. In contrast to the modABC genes, 
transcription of perO is not repressed by molybdate.

Like Rb. capsulatus, Rp. palustris has two modE genes, one of which, modE1, clus-
ters with modABC genes, while the other is located at a distant position in the chromo-
some (Larimer et al. 2004). The modE1 promoter contains a likely Mo-box (Fig. 5) 
indicating that ModE1 autoregulates its own expression in response to molybdate avail-
ability as is the case for Rb. capsulatus MopA. In contrast to the Rb. capsulatus anfA 
promoter, the Rp. palustris anfA and vnfA promoters do not encompass an obvious 
Mo-box suggesting that anfA and vnfA do not belong to the ModE1 regulon (see 
below). Unlike Anabaena variabilis ATCC 29413, which synthesizes a high-affinity 
vanadate transporter, VupABC, sustaining V-nitrogenase activity under vanadate-limit-
ing conditions, Rp. palustris lacks vupABC homologs (Pratte and Thiel 2006).

Disruption of the Mo-nitrogenase genes induces expression of V and 
Fe-nitrogenases in Rp. palustris even at high molybdate concentrations otherwise 
sufficient to repress Fe-nitrogenase in Rb. capsulatus (Oda et al. 2005; Wang et al. 
1993). Similar to the situation in Rp. palustris, Rs. rubrum strains lacking active 
Mo-nitrogenase express Fe-nitrogenase irrespective of Mo availability (Lehman and 
Roberts 1991). Hence, the mechanisms controlling expression of the alternative 
nitrogenases in Rp. palustris and Rs. rubrum differ from that in Rb. capsulatus.

�Nitrogenase Protection Against Oxygen Damage

Mo, V, and Fe-nitrogenases are irreversibly damaged by oxygen (Blanchard and 
Hales 1996; Chisnell et al. 1988; Gollan et al. 1993), and thus, many diazotrophs 
synthesize nitrogenase only under anaerobic or microaerobic conditions. Other diaz-
otrophs have evolved different strategies to protect nitrogenase at high ambient oxy-
gen concentrations. Some filamentous cyanobacteria develop specialized N2-fixing 
cells called heterocysts, which have thick cell walls limiting oxygen entry and lack 
the oxygen-evolving photosystem PSII.  Most rhizobia express nitrogenase exclu-
sively within special plant organs called nodules, in which oxygen partial pressure is 
sufficiently low. Other strategies involve cytochrome bd oxidase (cydAB-encoded) or 
the Shetna’s protein II (fesII-encoded) mediating “respiratory” and “conformational” 
protection of nitrogenase, respectively, in A. vinelandii, Gluconacetobacter diazotro-
phicus, and Rb. capsulatus (Hoffmann et al., 2014a; Kelly et al. 1990; Moshiri et al. 
1994; Schlesier et al. 2016; Ureta and Nordlund 2002). Conformational protection 
depends on a ternary complex formed by FeSII, the Fe-protein, and the MoFe-protein 
(Schlesier et al. 2016).

The Rb. capsulatus FeSII homolog, FdxD, supports diazotrophic growth via 
Mo-nitrogenase (but not via Fe-nitrogenase) under semiaerobic conditions (Hoffmann 
et al. 2014a). Expression of the fdxD gene, which is located immediately upstream of 
the nifHDK genes, is activated by NifA1 and NifA2 but not by AnfA. Hence, the 
fdxD gene belongs to the Mo-nitrogenase regulon, and its product specifically pro-
tects Mo-nitrogenase against oxygen damage.
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NifA-dependent fdxD expression decreases with increasing oxygen concentra-
tions (Hoffmann et al. 2014a). This regulation is possibly explained by oxygen sen-
sitivity of NifA1 and NifA2, which belong to the class of oxygen-sensitive NifA 
regulators (Fischer 1994; Paschen et  al. 2001). Members of this class contain an 
additional domain absent in oxygen-tolerant NifA proteins, the interdomain linker 
domain, which is located between the central AAA and the C-terminal HTH domain. 
The interdomain linker domain is implicated in metal (possibly Fe) binding and oxy-
gen or redox sensing in Bradyrhizobium japonicum and Herbaspirillum seropedicae 
(Fischer et al. 1988, 1989; Oliveira et al. 2009).

Maximal fdxD expression requires both NifA1 and NifA2 (Hoffmann et  al. 
2014a), and maximal nifA2 expression depends on the two-component regulatory 
system RegB-RegA (Elsen et al. 2000). In contradiction to the original assumption 
that oxygen directly inhibits RegB kinase activity (Mosley et al. 1994; Sganga and 
Bauer. 1992), the RegB-RegA system apparently responds to the cellular redox state 
(Elsen et al. 2000). Besides controlling nitrogen fixation (via nifA2), the RegB-RegA 
system regulates photosynthesis, carbon dioxide assimilation, and hydrogen oxida-
tion, thus acting as a master regulator of important energy-generating and energy-
consuming processes.

�Nitrogenase Protection Against Carbon Monoxide Inhibition

Carbon monoxide (CO) inhibits all nitrogenase-catalyzed substrate reductions 
except for proton reduction by blocking intramolecular electron flow and hence, CO 
hampers N2 fixation and diazotrophic growth (Hwang et al. 1973; Lee et al. 2009; 
Lockshin and Burris 1965; Rivera-Ortiz and Burris 1975; Shen et  al. 1997; Yan 
et al. 2012). A small protein, CowN, sustains N2-dependent growth of Rb. capsula-
tus and Rs. rubrum in the presence of CO (Hoffmann et  al. 2014b; Kerby and 
Roberts 2011). CowN has been suggested to form a complex with nitrogenase like 
the Shetna protein but experimental evidence supporting this assumption is lacking 
(Kerby and Roberts 2011). In both Rb. capsulatus and Rs. rubrum, cowN expression 
is induced by CO, but cowN activation depends on different transcription activators 
in these species.

CO induction of Rb. capsulatus cowN expression is mediated by the CO-responsive 
regulator CooA (Hoffmann et al. 2014b), which belongs to the family of heme-containing 
transcription factors (Roberts et al. 2005). Expression of cooA is activated by NifA1 and 
NifA2, whereas AnfA represses cooA and consequently, cowN. Accordingly, CowN 
specifically sustains diazotrophic growth via Mo-nitrogenase but not Fe-nitrogenase-
dependent growth in the presence of CO.

The Rs. rubrum CooA homolog activates expression of CO dehydrogenase genes, 
but is dispensable for cowN expression (Fox et al. 1996; Kerby and Roberts 2011; 
Shelver et  al. 1995). Instead, cowN expression in Rs. rubrum requires another 
CO-responsive regulator, RcoM (Kerby et al. 2008; Kerby and Roberts 2011), which 
is lacking in Rb. capsulatus.
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Genes similar to cowN are widespread in bacteria (Kerby and Roberts 2011). 
Apparently, all bacteria harboring a cowN homolog also possess nifHDK genes 
implying that CowN-mediated Mo-nitrogenase protection is a common mechanism. 
In contrast to strict ammonium repression of the nifHDK genes, however, cowN is 
only partially repressed by ammonium in Rb. capsulatus and Rs. rubrum suggesting 
that CowN function is not restricted to nitrogenase protection (Hoffmann et  al. 
2014b; Kerby and Roberts 2011).
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Sulfur Metabolism in Phototrophic Bacteria

Christiane Dahl

Abstract  Sulfur is one of the most versatile elements in life due to its reactivity in 
different oxidation and reduction states. In contrast to the assimilatory provision of 
sulfur-containing cell constituents that is found in most taxonomic groups, dissimi-
lation is restricted to prokaryotes and serves energy-yielding processes where sulfur 
compounds are donors or acceptors of electrons. In many anoxygenic phototrophic 
bacteria, reduced sulfur compounds play a prominent role as electron donors for 
photosynthetic carbon dioxide fixation. This process is especially characteristic for 
the green sulfur bacteria (GSB) and the purple sulfur bacteria (PSB). Allochromatium 
vinosum and Chlorobaculum tepidum, representatives of the PSB and GSB, respec-
tively, are the workhorses for detailed elucidation of sulfur oxidation pathways. 
Genes identified in these organisms served as the basis of a genome-based survey of 
the distribution of genes involved in the oxidation of sulfur compounds in other 
genome-sequenced anoxygenic phototrophs. These analyses show that dissimila-
tory sulfur metabolism is very complex and built together from various modules 
encoding different enzymes in the different organisms. Comparative genomics in 
combination with biochemical data also provide a clear picture of sulfate assimila-
tion in anoxygenic phototrophs.

Keywords  Sulfur metabolism • Purple sulfur bacteria • Sulfur globules • Sulfide • 
Thiosulfate • Tetrathionate • Sulfate • Allochromatium vinosum • Green sulfur bac-
teria • Sulfur oxidation • Assimilatory sulfate reduction

�Introduction

Sulfur exhibits high reactivity in reduced forms and occurs in several stable oxida-
tion states. Sulfate or sulfide in water and soil and sulfur dioxide in the atmosphere 
constitute the majority of sulfur in nature (Middelburg 2000). Smaller but signifi-
cant roles are played by polysulfide, polythionates, thiosulfate, sulfoxides, as well 
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as elemental sulfur. Sulfur is the element with the highest number of allotropes but 
only a few occur in biological systems. Sulfur appears in all organisms in many 
different organic compounds such as amino acids, enzyme cofactors, (poly)pep-
tides, sulfolipids, vitamins, or carbohydrates. The biological roles of inorganic sul-
fur compounds are comparatively restricted: (1) They can serve as sources for sulfur 
assimilation and incorporation into the abovementioned organic compounds. (2) 
They can be employed as donors or acceptors of electrons for energy-generating 
electron transport. Dissimilatory sulfur-based energy generation goes along with 
mass transformations and occurs almost exclusively among prokaryotes, while 
assimilatory sulfur metabolism is not only very common in prokaryotes but also 
occurs in plants, algae, and fungi.

In oxygenic phototrophic organisms, the redox properties of sulfur-containing 
metabolites and of sulfur in proteins are very important for the interplay between the 
reductive assimilative processes of photosynthesis and reactive oxygen species that 
are formed as side products of photosynthetic electron transport (Dahl et al. 2008b). 
In anoxygenic phototrophic bacteria, reduced sulfur compounds can play a particu-
larly important role as electron donors for photosynthetic carbon dioxide fixation. In 
fact, the utilization of sulfur compounds is common to almost all groups of photo-
trophic prokaryotes: certain species of the cyanobacteria can perform anoxygenic 
photosynthesis at the expense of sulfide as an electron donor (Arieli et  al. 1991, 
1994; Shahak and Hauska 2008). A few representatives of the strictly anaerobic 
Gram-positive heliobacteria as well as members of the filamentous anoxygenic pho-
totrophic (FAP) bacteria of the phylum Chloroflexi are able to oxidize reduced sulfur 
compounds, thiosulfate oxidation is widespread among the photoheterotrophic aero-
bic anoxygenic phototrophic bacteria, and many of the classical purple non-sulfur 
bacteria can use thiosulfate and/or sulfide as electron donors. Utilization of reduced 
sulfur compounds is best known and studied for the purple (families Chromatiaceae 
and Ectothiorhodospiraceae) and green sulfur bacteria (phylum Chlorobi).

In this chapter the sulfur-oxidizing capabilities of the various groups of photo-
trophic bacteria will be only briefly described. The reader is referred to a number of 
previous reviews that still provide valuable sources of information on sulfur com-
pounds used by the various groups as well as on sulfur oxidation patterns (Brune 
1989; Brune 1995b; Dahl 2008; Frigaard and Bryant 2008a, b; Frigaard and Dahl 
2009; Gregersen et  al. 2011; Sander and Dahl 2009). Here, I will focus on new 
developments arising from studies performed during the past 8–10  years that 
substantially broadened our knowledge of the biochemical details of the different 
sulfur oxidation pathways. In addition, a substantial number of additional genome 
sequences for purple sulfur bacteria became available that allows to draw additional 
information from comparative analyses of gene arrangements and occurrence. 
Transcriptomic profiling and comparative proteome analyses for phototrophic 
model organisms provide further crucial information resources (Eddie and Hanson 
2013; Falkenby et al. 2011; Weissgerber et al. 2013, 2014a). A brief overview of 
assimilatory sulfate reduction metabolism will also be given. Organosulfur com-
pound metabolism will not be dealt with here, and the reader is referred to informa-
tion provided by others (Baldock et al. 2007; Denger et al. 2004, 2006; Kappler and 
Schäfer 2014; Visscher and Taylor 1993).
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�Sulfur Oxidation Capabilities of Phototrophic Bacteria

In the following section, the sulfur oxidation capabilities of the various groups of 
anoxygenic phototrophic bacteria are very briefly summarized.

�Purple Sulfur Bacteria

Purple sulfur bacteria of the families Chromatiaceae and Ectothiorhodospiraceae 
preferentially use reduced sulfur compounds as electron donors during photolitho-
autotrophic growth. The most important difference between the two families is that 
Chromatiaceae produce intracellular sulfur globules when growing on sulfide, thio-
sulfate, polysulfides, or elemental sulfur, while the Ectothiorhodospiraceae accu-
mulate extracellular sulfur. For one member of the Ectothiorhodospiraceae, 
Thiorhodospira sibirica, extra- as well as intracellular sulfur deposition has been 
reported (Bryantseva et al. 1999). All phototrophic members of the Chromatiaceae 
use sulfide and sulfur of the oxidation state zero as photosynthetic electron donors. 
Several species are limited to these compounds while a range of more versatile spe-
cies uses several reduced sulfur compounds including thiosulfate and sulfite. 
Polysulfide oxidation is probably ubiquitous. This does not appear astonishing 
because polysulfides are formed as intermediates of the oxidation of sulfide en route 
to sulfur globules (Prange et al. 2004). Polysulfides are especially stable intermedi-
ates of sulfide oxidation by members of the Ectothiorhodospiraceae because these 
thrive under alkaline growth conditions which are essential for longer-term stability 
of polysulfides. Utilization of sulfide, elemental sulfur, and thiosulfate is common 
to the species of the genus Ectothiorhodospira, while species of the genera 
Halorhodospira and Thiorhodospira oxidize sulfide to sulfur which is further oxi-
dized to sulfate by some species. Thiosulfate is used only by Halorhodospira 
halophila (Raymond and Sistrom 1969).

�Green Sulfur Bacteria

GSB exhibit very little variation in their ability to oxidize sulfur compounds. Almost 
all members of this group oxidize sulfide and elemental sulfur to sulfate. The only 
exception is Chlorobium ferrooxidans for which only Fe2+ and hydrogen are suit-
able photosynthetic electron donors. In general, GSB have a very high affinity for 
sulfide, and it is the preferred sulfur substrate even in the presence of other reduced 
sulfur compounds. Typically, sulfide is first transformed into zero-valent sulfur 
which is deposited as extracellular sulfur globules. Some strains of the genera 
Chlorobaculum and Chlorobium can oxidize thiosulfate (Imhoff 2003), and one 
strain has been reported to be capable of tetrathionate utilization (Khanna and 
Nicholas 1982).

﻿Sulfur Metabolism in Phototrophic Bacteria
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�Purple Non-sulfur Bacteria

Purple non-sulfur bacteria are to a much lesser extent capable of tolerating and 
using toxic sulfur compounds such as sulfide than the PSB.  The phototrophic 
Betaproteobacteria of the orders Rhodocyclales and Burkholderiales have not  
been reported to use reduced sulfur compounds as electron donors. Sulfide inhibits 
growth at low concentrations (Imhoff et  al. 2005). In the genome of Rubrivivax 
gelatinosus, sox genes are present indicating the potential for thiosulfate oxidation 
(Sander and Dahl 2009). Sulfate can be reductively assimilated. Within the alphap-
roteobacterial purple non-sulfur bacteria, the ability to use reduced sulfur com-
pounds is widespread. Intermediates and final products formed vary considerably 
between species. Complete oxidation of sulfide to sulfate has been described for 
several species (Frigaard and Dahl 2009; Imhoff et al. 2005; Sander and Dahl 2009). 
Thiosulfate is used by many species and either completely oxidized to sulfate or 
transformed into tetrathionate. Sulfur is also used as a substrate by some species 
(Sander and Dahl 2009).

�Aerobic Bacteriochlorophyll-Containing Bacteria

Aside from cyanobacteria and proteorhodopsin-containing bacteria, aerobic ano
xygenic phototrophic (AAP) bacteria are the third most numerous group of photo-
trophic prokaryotes in the ocean. This functional group represents a diverse 
assembly of species which taxonomically belong to various subgroups of Alpha-, 
Beta-, and Gammaproteobacteria. AAP bacteria are facultative photoheterotrophs 
which use bacteriochlorophyll-containing reaction centers to harvest light energy 
under fully oxic in situ conditions (Koblizek 2015). Almost 60 strains of AAP are 
currently fully genome sequenced (tabulated in Koblizek 2015).

In general AAP bacteria cannot grow photolithoautotrophically on reduced sul-
fur compounds. However, many representatives of this physiological group can oxi-
dize sulfur compounds as additional sources of electrons and grow as sulfur-oxidizing 
lithoheterotrophs. The ability for thiosulfate oxidation appears to be especially 
widespread (Sorokin et al. 2000; Yurkov et al. 1994). The genomes of many AAP 
bacteria contain the genes soxB, soxAX, soxYZ, and soxCD encoding a periplasmic 
thiosulfate-oxidizing multienzyme complex (Friedrich et al. 2005; Sander and Dahl 
2009). A recent study furthermore revealed that sox genes are present mainly in 
those members of the widespread and ecologically very important OM60/NOR5 
clade that also encode genes enabling aerobic anoxygenic photoheterotrophy,  
like Congregibacter litoralis (C. litoralis) DSM 17192T, Congregibacter sp. strain 
NOR5-3, or Luminiphilus syltensis DSM 22749T (Spring 2014). However, a strin-
gent correlation of genes encoding Sox proteins and subunits of the photosynthetic 
apparatus was not apparent, because some bacteriochlorophyll a-containing strains 
do not encode Sox proteins.

C. Dahl



31

�Acidobacteria

The phylum Acidobacteria, a sister clade to the δ-Proteobacteria in the domain 
Bacteria, encompasses a large and physiologically diverse group of microorgan-
isms (Ciccarelli et al. 2006). Recently, a phototrophic member of this group was 
described, Chloracidobacterium thermophilum (Bryant et al. 2007; Tank and Bryant 
2015a, 2015b), the first aerobic chlorophototroph that has a type I, homodimeric 
reaction center (RC). Key genes for all known carbon fixation pathways are absent 
as are genes for assimilatory sulfate reduction. Cab. thermophilum is unable to use 
sulfate as a sulfur source and instead relies on reduced sulfur sources such as thio-
glycolate, cysteine, methionine, or thiosulfate. Cultures containing sodium sulfide 
did not show sustained growth, but microscopic analyses revealed that sulfur glob-
ules were produced. Similar to green sulfur bacteria, these globules remained asso-
ciated with the outer surfaces of cells and suggested that sulfide oxidation occurred. 
The genome lacks any known enzymes for the oxidation of sulfide, so how sulfide 
oxidation occurs is not clear (Tank and Bryant 2015b).

�Phototrophic Gemmatimonadetes

Very recently a BChl a-producing, semiaerobic anoxygenic photoheterotroph from 
the phylum Gemmatimonadetes, Gemmatimonas phototrophica, has been described 
(Zeng et al. 2014, 2015). Sulfur oxidation capabilities have not been reported. None 
of the genome-sequenced members of the Gemmatimonadetes contain sox genes.

�Sulfur Oxidation Pathways

With regard to their sulfur metabolism, phototrophic bacteria are characterized by a 
great variability of sulfur substrates used and pathways employed. On a molecular 
genetic and biochemical level, sulfur oxidation is best described in the purple sulfur 
bacterium Allochromatium vinosum and in the green sulfur bacterium Chlorobaculum 
tepidum. An overview of the currently proposed model of sulfur oxidation in A. vino-
sum is shown in Fig. 1. The figure is based on a combination of biochemical evidence, 
genome sequence information, as well as whole genome transcriptomic profiling and 
comparative quantitative proteomics (Weissgerber et al. 2011, 2013, 2014a).

Many enzymes involved in sulfur metabolism can readily be identified in genome 
sequences by sequence homology with known enzymes. The genome sequences of 
15 strains of GSB have already been available for several years, and the occurrence 
of genes related to sulfur oxidation in these organisms has already been extensively 
tabulated and discussed (Frigaard and Bryant 2008b; Frigaard and Dahl 2009; 
Gregersen et al. 2011; Venceslau et al. 2014). A greater number of genome sequences 
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Fig. 1  Current model of sulfur oxidation in Allochromatium vinosum (Figure taken from 
Weissgerber et  al. 2014a) (Copyright © American Society for Microbiology, Applied and 
Environmental Microbiology 80, 2014, 2279–92, doi: 10.1128/AEM.04182–13). The proteomic 
profiles (circles) and transcriptomic profiles (boxes) are depicted next to the respective proteins. 
Relative fold changes in mRNA levels above 2 (green) were considered significant enhancement. 
Relative changes smaller than 0.5 (red) were considered to indicate significant decreases in mRNA 
levels. Relative fold changes between 0.5 and 2 (yellow) indicated unchanged mRNA levels.  
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for purple sulfur bacteria only became available over the last few years (Table 1). 
This chapter will therefore focus on analyzing this comparatively new set of 
sequence information.

�Oxidation of Thiosulfate

Thiosulfate (S2O3
2−) oxidation is conducted by a large number of photo- and che-

motrophic sulfur-oxidizing bacteria. In general, two completely different pathways 
can be differentiated. In the first, two thiosulfate anions are oxidized to tetrathion-
ate. In the second, catalyzed by the periplasmic Sox multienzyme system (Dahl 
et  al. 2008a; Friedrich et  al. 2001), multiple steps lead to complete oxidation to 
sulfate. In some bacteria including A. vinosum both pathways coexist (Hensen et al. 
2006; Smith and Lascelles 1966). The occurrence of genes related with the two 
pathways in purple sulfur bacteria is summarized in Table 2.

�Oxidation of Thiosulfate to Tetrathionate

The ability to perform the very simple oxidation of two molecules of thiosulfate to 
tetrathionate according to the equation 2 S2O3

2− → S4O6
2−+2e− is widespread among 

prokaryotes. The reaction is not only well-established intermediate step in the oxi-
dation of reduced sulfur compounds to sulfate in many obligately chemolithoauto-
trophic bacteria (Lu and Kelly 1988; Müller et al. 2004; Wentzien et al. 1994) but 
also known for some purple non-sulfur bacteria like Rhodomicrobium vannieli and 
Rhodopila globiformis and purple sulfur bacteria including A. vinosum (Frigaard 
and Dahl 2009; Hensen et al. 2006; Then and Trüper 1981).

Despite the well-documented significance of tetrathionate formation in aquatic 
and terrestrial habitats (Barbosa-Jefferson et al. 1998; Podgorsek and Imhoff 1999; 
Sorokin 2003), the membrane-bound doxDA encoding thiosulfate/quinone oxidore-
ductase from the thermoacidophilic archaeon Acidianus ambivalens was the only 
tetrathionate-forming enzyme characterized on a molecular level for a long time 
(Müller et  al. 2004). Genes homologous to doxDA do not occur in phototrophic 
prokaryotes. Instead, a gene (tsdA) encoding a novel periplasmic 27.2 kDa diheme 
cytochrome c thiosulfate dehydrogenase was identified in A. vinosum (Denkmann 
et al. 2012). The crystal structure of the enzyme revealed two typical class I c-type 

Fig. 1 (continued) The same color coding is applied to changes on the protein level. Here, values 
above 1.5 (green) and below 0.67 (red) were considered significant. Those cases where transcrip-
tomic data were not available or the respective protein was not detected in the proteomic approach 
are indicated by white squares or circles. Changes are depicted that occurred upon a switch from 
photoorganoheterotrophic growth on malate to photolithoautotrophic growth on, from left to right, 
sulfide, thiosulfate, elemental sulfur, and sulfite. Changes on sulfite were not determined on the 
proteome level
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Table 1  Genome-sequenced purple sulfur bacteria

Organism Accession number S2− S0 S2O3
2−

Reference 
(genome or 
organism)

Chromatiaceae

Allochromatium vinosum 
DSM 180T

NC_013851, NC_013852, 
NC_013851

+ + + Weissgerber 
et al. (2011)

Thiorhodovibrio sp. 970 NZ_AFWS02000000 + + − Unpublished
Lamprocystis purpurea 
DSM 4197

NZ_ARBC00000000 + + + Imhoff (2001)

Thiocapsa marina 5811 
DSM 5653T

NZ_AFWV00000000 + + + Caumette et al. 
(2004)

Thiocapsa sp. KS1 CVPF01000000 + + + Unpublished
Thiohalocapsa ML1 GCA_001469165 + + + Hamilton et al. 

(2014)
Thiorhodococcus sp. 
AK35

NZ_AONC01000000 + + + Unpublished

Thiorhodococcus drewsii 
AZ1 DSM 15006T

NZ_AFWT00000000 + + + Zaar et al. 
(2003)

Thiocystis violascens 
DSM 198T

NC_018012 + + + Imhoff et al. 
(1998)

Marichromatium 
purpuratum 984 DSM 
1591T

NZ_CP007031 + + + Imhoff et al. 
(1998)

Thioflaviococcus mobilis 
DSM 8321T

NC_019940, NC_019941 + + − Imhoff and 
Pfennig (2001)

Ectothiorhodospiraceae

Halorhodospira 
halophila SL1 DSM 244T

NC_008789 + + + (Challacombe 
et al. 2013)

Halorhodospira 
halochloris str. A DSM 
1059T

CP007268 + − + Singh et al. 
(2014)

Thiorhodospira sibirica 
ATCC 700588T

NZ_AGFD00000000 + + − Bryantseva 
et al. (1999)

Ectothiorhodospira 
haloalkaliphila ATCC 
51935T

NZ_AJUE00000000 + + + (Imhoff and 
Süling 1996)

Ectothiorhodospira sp. 
PHS-1

AGBG00000000 nd nd nd Kulp et al. 
(2008)

cytochrome domains wrapped around two hemes. Heme 1 exhibits His/Cys iron 
coordination and constitutes the active site of the enzyme (Brito et al. 2015). His/
Cys heme iron ligation is rare among prokaryotes, usually leads to a low redox 
potential of the corresponding heme (Bradley et al. 2012; Kappler et al. 2008; Pires 
et al. 2006; Reijerse et al. 2007), and appears to be of special importance in sulfur-
based energy metabolism. In the oxidized state, Heme 2 iron is axially ligated by a 
histidine and a lysine residue (Fig. 2). Upon reduction, a switch occurs at this heme 
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from Lys to Met axial ligation. This change probably affects the redox potential of 
Heme 2 and may be an important step during the reaction cycle (Brito et al. 2015).

TsdA enzymes of various source organisms exhibit different catalytic bias (Kurth 
et  al. 2015). While the enzyme from the sulfur oxidizer A. vinosum is strongly 
biased toward catalyzing thiosulfate oxidation (Brito et  al. 2015), TsdA from 
Campylobacter jejuni acts primarily as a tetrathionate reductase and enables the 
organism to use tetrathionate as alternative electron acceptor for anaerobic respira-
tion (Liu et al. 2013).

Currently it is largely unclear which redox carriers mediate the flow of electrons 
arising from thiosulfate oxidation into respiratory or photosynthetic electrons chains. 
In several organisms including Thiomonas intermedia, Sideroxydans lithotrophicus, 
and Pseudomonas stutzeri, tsdA is immediately preceded by a gene encoding 
another diheme cytochrome, TsdB (Denkmann et al. 2012). TsdB is not itself reac-
tive with thiosulfate but accepts electrons from TsdA even when TsdA and TsdB do 
not originate from the same source organism (Denkmann et al. 2012). In the anoxy-
genic phototrophic purple sulfur bacterium Marichromatium purpuratum, TsdA 
and TsdB form a fusion protein with TsdB constituting the amino-terminal domain. 
TsdBA fusion proteins are also encoded in other members of the Chromatiaceae, 
e.g., Thiorhodococcus sp. AK35, Thiocystis violascens, Thiorhodococcus drewsii, 
and Thioflaviococcus mobilis (Table 2). However, TsdBA fusions are not a common 
trait in purple sulfur bacteria. In A. vinosum, a tsdB gene is not present (Denkmann 
et al. 2012). In A. vinosum, the protein with the closest relationship to T. intermedia 
or P. stutzeri TsdB is Alvin_2879. This cytochrome c4 (previously cytochrome 
c-553(550)) is membrane bound possibly via the hydrophobic protein Alvin_2880 and 
has a positive redox potential of +330 mV (Cusanovich and Bartsch 1969).

Fig. 2  Heme coordination of A. vinosum TsdA (Brito et al. 2015). Left: Heme 1 is coordinated by 
His53 and Cys96. Right: Heme 2 is coordinated by His His165 and Lys208. Upon reduction, a ligand 
switch from Lys208 to Met209 occurs. Sulfur atoms are shown in green
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Another candidate for accepting electrons from TsdA in purple anoxygenic 
phototrophic bacteria is the high potential iron-sulfur protein (HiPIP). A. vinosum 
and M. purpuratum produce HiPIP, and as this protein has a quite positive reduction 
potential (+350 mV) (Bartsch 1978), it would be well suitable as an electron accep-
tor for TsdA.

�Oxidation of Thiosulfate to Sulfate

The Sox pathway of thiosulfate oxidation is a prime example for the oxidation of 
protein-bound sulfur atoms in the bacterial periplasm (Friedrich et al. 2001; Zander 
et al. 2010). Among the many organisms pursuing this pathway, some store sulfur 
globules as intermediates (e.g., A. vinosum), whereas others do not form sulfur 
deposits (e.g., Paracoccus pantotrophus). The Sox pathway in these two physiologi-
cal groups appears to have one fundamental difference, and this is the involvement 
of the hemomolybdoprotein SoxCD (Fig. 3).

In non-sulfur-storing organisms, the proposed mechanism for sulfur oxidation 
requires four different proteins: SoxB, SoxXA, SoxYZ, and SoxCD (Friedrich et al. 
2001). The heterodimeric SoxYZ protein acts as the central player and carries path-
way intermediates covalently bound to a cysteine residue located near the carboxy-
terminus of the SoxY subunit (Appia-Ayme et al. 2001; Quentmeier and Friedrich 
2001; Sauvé et al. 2007). The c-type cytochrome SoxXA(K) catalyzes the oxidative 
formation of a disulfide linkage between the sulfane sulfur of thiosulfate and the 
cysteine of SoxY (Bamford et al. 2002; Ogawa et al. 2008). The sulfone group is 
then hydrolytically released as sulfate in a reaction catalyzed by SoxB (Sauvé et al. 
2009). The next step is oxidation of the SoxY-bound sulfane sulfur to a sulfone by 
the hemomolybdoprotein SoxCD and again hydrolytic release of sulfate (Zander 
et al. 2010).

Fig. 3  Model of Sox-mediated thiosulfate oxidation in Paracoccus pantotrophus (left) and (a) 
A.  vinosum (right). Adapted from (Sander and Dahl 2009). All reactions take place in the 
periplasm
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In those organisms forming sulfur as an intermediate, SoxCD is not present and 
the SoxY-bound sulfane sulfur is transferred to zero-valent sulfur stored in sulfur 
globules residing in the periplasm by an unknown mechanism, possibly involving 
the rhodanese-like protein SoxL (Welte et al. 2009). In A. vinosum, sox genes are 
present in two clusters (soxBXAKL, Alvin_2167 to 2171, and soxYZ, Alvin_2111 and 
2112) with soxBXA and soxYZ being indispensable for thiosulfate oxidation (Hensen 
et  al. 2006). The protein encoded by soxK has been identified as a subunit of a 
SoxXAK complex in the green sulfur bacterium Chlorobaculum tepidum (Ogawa 
et al. 2008) and probably fulfills the same function in purple sulfur bacteria.

�Oxidation of Sulfide

Different enzymes are candidates for sulfide oxidation: sulfide/quinone oxidoreduc-
tases (SQR) (Schütz et al. 1997) and a flavocytochrome c sulfide dehydrogenase 
(FccAB) (Chen et al. 1994; Meyer and Cusanovich 2003) (Table 3). In Rhodovulum 
sulfidophilum, a member of the Rhodobacteraceae, the Sox system is not only 
essential for thiosulfate oxidation but also indispensable for the oxidation of sulfide 
in  vivo (Appia-Ayme et  al. 2001). The same might well be the case for other 
non-sulfur bacteria containing sox genes. In A. vinosum mutants deficient in either 
flavocytochrome c (Reinartz et al. 1998), sox genes (Hensen et al. 2006), or both 
(D. Hensen, B. Franz, C. Dahl, unpublished), sulfide oxidation proceeds with wild-
type rates indicating that SQR plays the major role.

All characterized SQRs are single-subunit flavoproteins associated with the cyto-
plasmic membrane (Marcia et al. 2009, 2010b; Shahak and Hauska 2008). Based on 
the protein structure, six distinct SQR types were identified (Marcia et al. 2010a). 
Here, the nomenclature suggested by Frigaard and coworkers is followed (Gregersen 
et al. 2011) to clearly identify the multiple types of sqr genes often found in the 
same organism (Table 3). Members of types SqrA, SqrB, SqrC, SqrE, and SqrF have 
been biochemically characterized (Arieli et  al. 1994; Brito et  al. 2009; Cherney 
et al. 2010; Griesbeck et al. 2002; Marcia et al. 2009; Shuman and Hanson 2016; 
Zhang and Weiner 2014). The SqrA type exemplified by the functionally well-
characterized enzyme from the cyanobacterium Oscillatoria limnetica (Bronstein 
et al. 2000) and the purple non-sulfur bacterium Rhodobacter capsulatus (Schütz 
et al. 1999) does neither occur in green (Gregersen et al. 2011) nor in purple sulfur 
bacteria (Table 3). The same holds true for SqrE. The SqrD and SqrF types appear 
to be especially widespread in the family Chromatiaceae, while members of the 
Ectothiorhodospiraceae all contain a gene encoding SqrB. The SqrF-type enzyme 
from C. tepidum has recently been shown to have a low affinity for sulfide and a 
high enzymatic turnover rate consistent with a function as a high sulfide adapted 
SQR (Chan et al. 2009; Eddie and Hanson 2013). The primary reaction product of 
the SQR reaction is soluble polysulfide (Griesbeck et al. 2002).

In a variety of sulfide-oxidizing species, flavocytochrome c is present as a soluble 
protein in the periplasm or as a membrane-bound enzyme (Kostanjevecki et al. 2000). 
The protein consists of a larger flavoprotein (FccB) and a smaller hemoprotein 
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(FccA) subunit. The proteins show sulfide/cytochrome c activity in vitro (Bosshard 
et al. 1986). FccAB occurs in many purple and green sulfur bacteria but there are 
also species that lack it (Frigaard and Dahl 2009; Sander and Dahl 2009). It is pos-
sible that FccAB is advantageous under certain growth conditions, and it has been 
speculated that it might represent a high-affinity system for sulfide oxidation espe-
cially suited at very low sulfide concentrations (Brune 1995b).

�Oxidation of Polysulfides

Polysulfides occur as the primary reaction product of the oxidation of sulfide in 
purple (Franz et al. 2009; Prange et al. 2004) and green (Marnocha et al. 2016) sul-
fur bacteria. It is still unclear how polysulfides are converted into sulfur globules 
(Fig. 1). Theoretically this could be purely chemical spontaneous process as longer 
polysulfides are in equilibrium with elemental sulfur (Steudel et al. 1990).

�Oxidation of External Sulfur

Many green and purple sulfur bacteria are able to oxidize externally supplied elemen-
tal sulfur. Sulfur of oxidation state zero mainly consists of S8 rings and chain-like 
polymeric sulfur. Traces of S7 rings are also present. Elemental sulfur is virtually 
insoluble in water, and it is still unclear how exactly phototrophs are able to bind, 
activate, and take up this substrate. A. vinosum uses only the polymeric sulfur fraction 
of commercially available sulfur (Franz et al. 2007). Soluble intermediates like sul-
fide, polysulfides, or polythionates do not appear to be formed. It therefore seems 
unlikely that mobilization of elemental sulfur by purple sulfur bacteria involves excre-
tion of soluble sulfur-containing substances that would be able to act on substrate 
distant from the cells (Franz et al. 2009). Instead, direct cell-sulfur contact appears to 
be necessary for uptake of elemental sulfur by A. vinosum (Franz et al. 2007).

�Properties of Sulfur Globules

In anoxygenic phototrophic sulfur bacteria, sulfur formed as an intermediate  
is never deposited in the cytoplasm. Green sulfur bacteria and members of the 
Ectothiorhodospiraceae form extracellular sulfur globules, and the globules of  
the members of the family Chromatiaceae are located in the periplasmic space 
(Pattaragulwanit et  al. 1998). Independent of the site of deposition, the sulfur 
appears to be of similar speciation, i.e., long sulfur chains that might be terminated 
by organic residues in purple sulfur bacteria (Prange et al. 2002). While protein-
aceous envelopes have never been reported for extracellular sulfur globules, the 
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sulfur globules in the Chromatiaceae are enclosed by a protein envelope (Brune 
1995a). In A. vinosum this envelope is a monolayer of 2–5  nm consisting of  
four different hydrophobic sulfur globule proteins, SgpABCD (Brune 1995a; 
Pattaragulwanit et al. 1998; Weissgerber et al. 2014a). All of these proteins are syn-
thesized with cleavable N-terminal peptides mediating Sec-dependent transport to 
the periplasm and share a highly repetitive amino acid sequence rich in regularly 
spaced proline residues. They are predicted to act purely as structural proteins. A 
covalent attachment of sulfur chains to the proteins is unlikely as none of the Sgps 
contains any cysteine residues. The envelope is indispensable for formation and 
deposition of intracellular sulfur in A. vinosum. The 10.5 kDa SgpA and SgpB pro-
teins resemble each other and are in part able to replace each other. SgpC is impor-
tant for expansion of the globules (Prange et  al. 2004). SgpD was only recently 
detected by investigating the sulfur globule proteome and proved to be the most 
abundant of the four sulfur globule proteins (Weissgerber et al. 2014a). The relative 
mRNA levels for the corresponding gene increased drastically with addition of sul-
fide or thiosulfate to the growth medium (Weissgerber et al. 2013). Genes encoding 
sulfur globule proteins occur in all genome-sequenced purple sulfur bacteria of the 
family Chromatiaceae but are absent in Ectothiorhodospiraceae. The combination 
of sulfur globule proteins appears to be variable (Table 4).

�Oxidation of Stored Sulfur to Sulfite

The oxidative degradation of sulfur deposits in phototrophic sulfur bacteria is still a 
major subject of research. Besides the comparatively well-characterized Dsr (dis-
similatory sulfite reductase) system, a completely new pathway of sulfur oxidation 
involving a heterodisulfide reductase-like enzyme system is currently emerging 
(Dahl 2015; Venceslau et al. 2014) and appears to be implemented in several photo-
trophic members of the family Ectothiorhodospiraceae (Table 5).

�The Dsr System of Sulfur Oxidation

Currently, the best studied of the sulfur oxidation pathways operating in the cyto-
plasm is the so-called Dsr pathway (Fig. 4) involving the enzyme reverse dissimi
latory sulfite reductase (DsrAB) (Dahl et  al. 2005; Pott and Dahl 1998). Low- 
molecular-weight organic persulfides such as glutathione amide persulfide have 
been proposed as carrier molecules transferring sulfur from the periplasmic or 
extracellular sulfur deposits into the cytoplasm (Frigaard and Dahl 2009). It is not 
yet known how exactly the proposed persulfidic carrier molecules are generated and 
whether specific enzymes are involved in this process nor have transporters for such 
molecules be characterized from any sulfur-oxidizing prokaryote. An extensive 
Cys-SSH-based sulfur relay system exists in A. vinosum (Figs. 1 and 4) that traffics 
sulfur atoms stemming ultimately from sulfur stored in sulfur globules, through a 

C. Dahl
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cascade of protein persulfide intermediates hosted on a rhodanese, TusA, possibly 
DsrE2A, DsrE, and DsrC (Stockdreher et al. 2012) to the active site of the enzyme 
sulfite reductase (Cort et al. 2008; Dahl et al. 2008c; Dahl 2015), the enzyme that 
catalyzes formation of sulfite.

A rhd-tusA-dsrE2 or at least a tusA-dsrE2 arrangement occurs in all currently 
genome-sequenced sulfur oxidizers harboring the Dsr system (Venceslau et  al. 
2014) (Table 5). In A. vinosum the tusA and the rhd and the dsrE2 gene follow the 
same pattern of transcription as observed for the established cytoplasmic sulfane 
sulfur-oxidizing proteins (i.e., the Dsr system) (Stockdreher et al. 2014; Weissgerber 
et  al. 2013). A rhd-tusA-dsrE2-deficient A. vinosum mutant strain, although not 
viable in liquid culture, was clearly sulfur oxidation negative upon growth on solid 
media containing sulfide (Stockdreher et al. 2014). TusA is one of the major pro-
teins in A. vinosum, and the rhd and possibly also the dsrE2A encoded protein were 
identified as entry points for sulfur delivery to this protein (Stockdreher et al. 2014). 
The rhodanese-like Rhd protein (Alvin_2599) catalyzes sulfur transfer from thio-
sulfate or glutathione persulfide (GSSH) to cyanide in vitro, and the TusA protein 
was clearly established as a protein accepting sulfane sulfur from the A. vinosum 
rhodanese (Stockdreher et al. 2014). The DsrE2A protein is less well characterized 
and its role remains elusive at present (Stockdreher et  al. 2014). It is firmly 
established that A. vinosum TusA is an interaction partner of DsrEFH, a hexameric 
protein arranged in a α2β2γ2 structure (Dahl et al. 2008c). Sulfur transfer between 
TusA and DsrEFH is reversible in vitro (Stockdreher et al. 2014). From DsrEFH 
sulfur is transferred to DsrC (Stockdreher et al. 2012).

The eminently important DsrC protein works as the physiological partner of the 
DsrAB sulfite reductase not only in sulfur-oxidizing but also in sulfate-reducing 
prokaryotes (Venceslau et  al. 2014). DsrC is a member of the DsrC/TusE/RpsA 
superfamily and contains two strictly conserved redox active cysteines in a flexible 
carboxy-terminal arm (Cort et  al. 2008): CysA is the penultimate residue at the 
C-terminus and CysB is located ten residues upstream (Venceslau et al. 2014). When 
combined in solution in their native, non-persulfurated state, DsrEFH and DsrC 
form a tight complex (Stockdreher et al. 2012), and each DsrE2F2H2 heterohexamer 
associates with either one or two DsrC molecules. Interaction of DsrEFH with DsrC 
is strictly dependent on the presence of DsrE-Cys78 and DsrC-CysA (Cort et  al. 
2008; Stockdreher et al. 2012).

In Fig. 1 the concept is implemented that persulfurated DsrC serves as the sub-
strate for DsrAB and oxidation of DsrC-CysA-S− by this enzyme is thought to result 
in persulfonated DsrC (DsrC-CysA-S03

−) from which sulfite is possibly released by 
the formation of a disulfide bridge between CysA and CysB (Stockdreher et al. 2014; 
Venceslau et al. 2014). However, this proposal is challenged by the very recent find-
ing that a DsrC trisulfide, in which a sulfur atom is bridging the two conserved 
cysteine residues, is released as the product of the reverse reaction, i.e., sulfite 
reduction, upon catalysis by DsrAB from a sulfate reducer (Santos et al. 2015). An 
alternative model is represented in Fig. 4 integrating formation of a DsrC trisulfide 
possibly by the action of the membrane-bound DsrMKJOP electron-transporting 
complex that contains the heterodisulfide reductase-like subunit DsrK which could 

﻿Sulfur Metabolism in Phototrophic Bacteria
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well characterize the suggested reaction (Grein et al. 2010a, 2010b, 2013; Sander 
et al. 2006). Electrons released during oxidation of the DsrC trisulfide to DsrC and 
sulfite may be transferred to the protein DsrL. This iron-sulfur flavoprotein is essen-
tial for sulfur oxidation in A. vinosum (Dahl et al. 2005; Lübbe et al. 2006). It bears 
striking sequence similarity to the electron-bifurcating subunit of the NfnAB com-
plex from Thermotoga maritima (Demmer et al. 2015) and would have the theoreti-
cal capacity for reduction of NAD+; however, experimental evidence substantiating 
this idea is currently completely lacking. Understanding the exact mechanistic 
details of the interaction of DsrC, DsrAB, and the other Dsr proteins is, in fact, one 
of the most challenging points in research on sulfur-oxidizing prokaryotes.

�The Hdr-Like System of Sulfur Oxidation

The rhd-tusA-dsrE2 arrangement does not only occur in all currently genome-
sequenced sulfur oxidizers harboring the Dsr system but also in a wide array of 
chemo- and also phototrophic sulfur oxidizers that do not contain the Dsr pathway 
(Venceslau et al. 2014) (Table 5). In these sulfur oxidizers, a gene cluster hdrC1B1A-
hyphdrC2B2 encoding an array of proteins resembling different subunits of archaeal 
heterodisulfide reductases is inevitably present (Venceslau et al. 2014). As shown in 
Table 5, genes encoding a putative hdr-like complex occur in several phototrophic 
representatives of the family Ectothiorhodospiraceae. The typical arrangement of 
the hdr-like gene cluster is shown in Fig. 5 for a chemotrophic sulfur oxidizer 

Fig. 4  Model of Dsr-mediated sulfane sulfur oxidation in A. vinosum integrating a sulfur-mobilizing 
function for Rhd, sulfur transfer functions for TusA and DsrEFH, and a substrate-donating function 
for DsrC. As detailed in the text, the model is based on biochemical as well as on molecular genetic 
evidence

C. Dahl
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(Acidithiobacillus caldus) and the phototroph Halorhodospira halochloris. In 
almost all cases, the hdr-like gene set is immediately linked with rhd-tusA-dsrE2 or 
rhd-dsrE2 arrangements promoting the notion that an Hdr-like protein complex is 
involved in the generation of sulfite from disulfide or even more likely protein-
bound persulfide intermediates formed during sulfur oxidation. Heterodisulfide 
reductases (Hdr) are enzymes present in methanogenic archaea and catalyze the 
reduction of the heterodisulfide, CoM-S-S-CoB, formed in the last step of methano-
genesis (Hedderich et al. 2005; Thauer et al. 2008). The general idea of an involve-
ment of a Hdr-like complex and probably also specialized sulfurtransferases (Rhd, 
DsrE, TusA) in sulfite formation was first put forward by Quatrini and coworkers on 
the basis of microarray transcriptome profiling and quantitative RT-PCR analyses 
performed with A. ferrooxidans ATCC 23270 (Quatrini et al. 2006, 2009). The sug-
gestion found support in further transcriptional regulation studies not only on sev-
eral Acidithiobacillus species (Chen et al. 2012; Ehrenfeld et al. 2013; Latorre et al. 
2016) and the Gram-positive Sulfobacillus thermosulfidooxidans (Guo et al. 2014) 
but also on the thermoacidophilic archaeon Metallosphaera sedula (Auernik and 
Kelly 2010). In addition, proteomic studies showed high levels of Hdr-like proteins 
in the presence of reduced sulfur compounds (Mangold et al. 2011; Osorio et al. 
2013; Ouyang et al. 2013). In several of the cited studies, upregulation in the pres-
ence of reduced inorganic sulfur compounds affected the hdr-like genes as well as 
the sulfur transferase genes. Tight functional interaction of the encoded proteins is 
further indicated by the observation that genes dsrE to hdrB2 constitute a single, 
distinct transcriptional unit in A. ferrooxidans ATCC 16786 (Ehrenfeld et al. 2013). 
The whole concept is further substantiated by the recent purification of a Hdr-like 
complex from membranes of Aquifex aeolicus (Boughanemi et al. 2016).

Fig. 5  Comparison of the hdr-like gene cluster in Acidithiobacillus caldus and Halorhodospira 
halophila. The soeABC genes encode a membrane-bound cytoplasmically oriented sulfite-
oxidizing enzyme. Rhd, TusA, and DsrE are sulfur-mobilizing and sulfur-transferring proteins, 
respectively. HdrB1, HdrB2, HdrC1, HdrC2, and HdrA bear similarity to the HdrABC subunits of 
soluble heterodisulfide reductases from methanogens. Hyp indicates a gene for a hypothetical 
protein. LbpA1 and LbpA2, lipoate-binding proteins, and LplA, single-domain protein lipoate 
ligase or more probably octanoylate transferase (Christensen et al. 2011; Christensen and Cronan 
2010). radSAM1 and radSAM2 are annotated as radical SAM proteins and could insert sulfur into 
octanoylated LbpA. Several of the hdr-like gene clusters in sulfur oxidizers encode a protein puta-
tively involved in fatty acid transport which could play a role in import of lipoate precursors 
GGred, similarity to geranyl geranyl reductase, and could be involved in modification of imported 
fatty acids before they are channeled into the specific lipoylation pathway
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Ehrenfeld et al. 2013 were the first to point out the presence of a gvcH-like gene 
encoding a lipoate-binding protein (Ehrenfeld et al. 2013). On the basis of striking 
sequence similarity and the presence of a strictly conserved lysine residue known to 
be required for lipoate attachment (Spalding and Prigge 2010), the name LbpA 
(lipoate-binding protein A) is suggested for this single lipoyl domain protein. Many 
sulfur oxidizers carry two copies of the gene indicating a functional dimer. Furthermore, 
genes encoding another DsrE-like sulfurtransferase and proteins with the potential to 
act in biosynthesis of protein-bound lipoic acid (two radical SAM proteins, a lipoate-
protein ligase, and geranyl geranyl reductase-like protein) are inevitably found in 
organisms containing hdr-like genes but not in sulfur oxidizers pursuing the Dsr path-
way (Fig. 5, Table 5). In most cases these genes are immediately linked with the hdr 
genes as shown in Fig. 5, and in some cases they are located at other places in the 
genome (e.g., in the purple sulfur bacterium Thiorhodospira sibirica, Table 5).

Overall, the present circumstantial evidence is quite overwhelming in the 
argument that a Hdr-like enzyme system including dedicated sulfur transferases 
(Rhd, DsrE, TusA) and also a dedicated lipoate-binding protein is a central and key 
element in the bioenergetics of sulfur-oxidizing prokaryotes devoid of the Dsr sys-
tem (Bobadilla Fazzini et al. 2013; Chen et al. 2012; Dahl 2015; Guo et al. 2014; 
Mangold et al. 2011; Quatrini et al. 2009; Venceslau et al. 2014). However, genetic 
experiments that would finally prove this omics-derived concept have so far not 
been published for any organism, and biochemical studies that would shed light on 
the underlying reaction mechanism(s) are completely lacking.

Currently, it appears premature to suggest a more detailed model of the Hdr-like 
mechanism. The LbpA protein is a prime candidate as a sulfur substrate-binding 
entity that presents the sulfur substrate to different catalytic entities. However, fur-
ther functions can at present not be assigned.

�Oxidation of Sulfite to Sulfate

The last step in the oxidation of reduced sulfur compounds is the oxidation of sulfite 
yielding sulfate as the final product. Sulfate formation from sulfite is energetically 
favorable and carried out by a wide range of organisms (Simon and Kroneck 2013). 
In addition, many purple sulfur bacteria can even use externally available sulfite as 
photosynthetic electron donor. Two fundamentally different pathways for sulfite 
oxidation have been well characterized in chemotrophic and phototrophic sulfur-
oxidizing bacteria: (1) direct oxidation and (2) indirect, AMP-dependent oxidation 
via the intermediate adenylylsulfate (adenosine-5′-phosphosulfate).

�Oxidation of Sulfite in the Periplasm

Many sulfite-oxidizing enzymes catalyzing direct oxidation of sulfite are located 
outside the cytoplasmic membrane (in the periplasm in Gram-negative bacteria). 
The best characterized enzyme belonging to this group, SorAB, stems from the 
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chemotroph Starkeya novella and consists of a molybdopyranopterin (Mo-PPT) 
cofactor-carrying subunit (SorA) and a monoheme cytochrome c (SorB) (Kappler 
et al. 2000; Kappler and Bailey 2005). SorA-type molybdoproteins without a SorB 
subunit have been termed SorT (D’Errico et al. 2006; Wilson and Kappler 2009), 
but recently this discrimination has been questioned (Simon and Kroneck 2013). 
Neither genes closely related to sorAB nor those encoding SorT sulfite dehydroge-
nases occur in the currently available genomes of anoxygenic phototropic bacteria.

A second option for oxidation of sulfite in the periplasm is the Sox system. It has 
been shown that sulfite is accepted in  vitro as a substrate of the reconstituted  
Sox system from the chemotroph Paracoccus denitrificans (Friedrich et al. 2001; 
Frigaard and Dahl 2009; Sander and Dahl 2009). Notably, Friedrich and coworkers 
proved this reaction to be independent on the presence of SoxCD, a molybdohemo-
protein catalyzing the six-electron oxidation of SoxY-cysteine-bound persulfide to 
sulfone sulfur. Purple bacteria that form sulfur globules during thiosulfate oxidation 
contain the Sox system albeit without the SoxCD proteins (Frigaard and Dahl 2009; 
Hensen et al. 2006; Meyer et al. 2007). Notably, the presence of SoxB and SoxXA 
is not essential for sulfite oxidation in A. vinosum (Hensen et al. 2006).

However, the periplasmic sulfur substrate-binding protein SoxYZ is needed in 
parallel to cytoplasmic enzymes for effective sulfite oxidation in A. vinosum (Dahl 
et al. 2013). Genes for this protein are present in purple sulfur bacteria irrespective 
of the organisms’ substrate range with only one exception (Thioflaviococcus mobi-
lis), while the presence of SoxXA(K) and SoxB appears to be strictly linked to the 
ability of the cells to utilize thiosulfate (Table 2).

�Oxidation in the Cytoplasm

Indirect Pathway via Adenosine 5′-Phosphosulfate

It is firmly established that a number of purple as well as green anoxygenic photo-
trophic sulfur bacteria oxidize sulfite in the cytoplasm using an indirect pathway via 
adenosine-5′-phosphosulfate (APS) catalyzed by APS reductase (AprBA) and ATP 
sulfurylase (Sat) (Dahl 1996; Frigaard and Dahl 2009; Parey et al. 2013; Rodriguez 
et al. 2011; Sanchez et al. 2001) (Fig. 1).

In A. vinosum, the sat gene encoding ATP sulfurylase (Alvin_1118) is located 
immediately upstream of the aprMBA genes encoding membrane-bound APS 
reductase (Alvin_1119–1121) (Hipp et al. 1997; Weissgerber et al. 2011). AprM is 
predicted to contain five transmembrane helices with no sequence similarity to any 
currently known conserved domain or cofactor binding site in the databases. An 
essential function of AprM as a membrane anchor that allows spatial and functional 
association of this type of oxidative APS reductase with the membrane has been 
postulated, and it has been suggested that AprM serves as an entry point into the 
membrane for the electrons released during formation of APS from sulfite and AMP 
(Meyer and Kuever 2007). In the currently available complete genome sequences of 
phototrophic members of the family Chromatiaceae, the same gene arrangement  
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is present in Thiorhodovibrio sp. 970 (Table 6). In Thiocapsa marina 5811, 
Thiorhodococcus drewsii AZ1, Thiocystis violascens DSM 198T, and Thioflavio
coccus mobilis DSM 8321T, sat and aprMBA are not linked on the chromosome 
(Table 6). The occurrence of aprMBA has also been reported for Thiococcus pfen-
nigii 4520 (Gregersen et al. 2011).

The QmoABC complex was first identified in the dissimilatory sulfate-reducing 
bacterium Desulfovibrio desulfuricans (Pires et al. 2003). The complex consists of 
one membrane (QmoC) and two cytoplasmic subunits (QmoAB). The two QmoC 
hemes b are reduced by quinols, and experimental evidence strongly indicates that 
the Qmo complex participates in electron flow between the quinone pool and the 
cytoplasm, i.e., that it acts as the electron-donating unit for APS reductase in sulfate 
reducers (Frigaard and Dahl 2009; Ramos et al. 2012). The qmoABC genes are not 
only present in sulfate-reducing prokaryotes (Ramos et al. 2012) but occur also in 
many chemotrophic sulfur-oxidizing bacteria as well as in green sulfur bacteria 
(Frigaard and Dahl 2009; Rodriguez et al. 2011) and in one further purple sulfur 
bacterium (Thiodictyon sp. Cad16 (Gregersen et  al. 2011)). In sulfur oxidizers, 
QmoABC is thought to act as electron acceptor for the electrons released during 
formation of APS and would thus have a function analogous to that of AprM. It is 
thus conceivable to state that the electrons generated by the oxidative formation of 
APS from sulfite and AMP are fed into the photosynthetic electron transport chain 
on the level of menaquinone either by AprM or by the much better characterized 
QmoABC complex (Grein et al. 2013; Meyer and Kuever 2007; Ramos et al. 2012; 
Rodriguez et al. 2011). It may be especially advantageous to be equipped with the 
Qmo-related electron-accepting unit for APS reductase. The presence of the HdrA-
like QmoA in the Qmo complex opens the possibility that—in reverse to the mecha-
nism suggested for sulfate reducers (Grein et  al. 2013; Ramos et  al. 2012)—an 
electron bifurcation occurs that could result in simultaneous reduction of low poten-
tial electron acceptors like ferredoxin or NAD+. Such a process would be of signifi-
cant energetic advantage especially for chemolithoautotrophic growth because it 
would result in a lower energy demand for reverse electron flow.

Direct Pathway via SoeABC

Notably the APS reductase pathway is neither generally present in purple sulfur 
bacteria (Table 6) nor is it essential in A. vinosum (Dahl 1996; Sanchez et al. 2001). 
The sat and aprBA genes are not present in some members of the Chromatiaceae 
(Meyer and Kuever 2007) and generally absent in Ectothiorhodospiraceae  
(Table 6). Recently the membrane-bound iron-sulfur molybdoprotein SoeABC was 
identified as a major enzyme catalyzing direct oxidation of sulfite to sulfate in the 
cytoplasm of A. vinosum (Dahl et al. 2013). The function of SoeABC was proven by 
strongly reduced specific oxidation rates for externally supplied sulfite and by mas-
sive excretion of sulfite into the medium during oxidation of sulfide in A. vinosum 
SoeABC-deficient strains. Crude extract of a SoeABC-deficient A. vinosum lacked 
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AMP-independent sulfite-oxidizing activity. Further indication for an involvement 
of SoeABC in dissimilatory sulfur oxidation in A. vinosum was gathered during 
recent genome-wide transcriptional profiling (Weissgerber et  al. 2013). Relative 
transcription of all three A. vinosum soe genes was found to be increased about 
threefold during photolithoautotrophic growth on sulfide or thiosulfate than during 
photoorganoheterotrophic growth on malate (2.99-, 2.77-, and 2.93-fold increase on 
sulfide and 1.96-, 1.98-, and 3.00-fold increase on thiosulfate, for soeA, soeB, and 
soeC, respectively). Changes in the same range were observed for the genes encod-
ing the enzymes of the APS reductase pathway when thiosulfate replaced malate, 
while relative transcript levels for the sat-aprMBA genes were 7.6–9.7-fold higher 
in the presence of sulfide compared to the presence of malate

In A. vinosum, SoeABC is encoded by genes Alvin_2491 (soeA), Alvin_2490 
(soeB), and Alvin_2489 (soeC). The protein consists of the 108.95 kDa molybdo
protein SoeA carrying one [Fe4S4] cluster at the N-terminus; the 26.995 kDa iron-
sulfur protein SoeB, which upon comparison with related structurally characterized 
proteins (Jormakka et  al. 2008) is predicted to bind four [Fe4S4] clusters; and a 
35.715 kDa NrfD-/PsrC-like membrane protein (Simon and Kern 2008) with eight 
transmembrane helices. Neither AvSoeA and AvSoeB nor any of the other purple 
sulfur bacterial SoeA or SoeB proteins listed in Table 6 are synthesized with cleavable 
TAT signal peptides that are usually present on the active site subunits of the bio-
chemically well-characterized periplasmic sulfur-metabolizing complex iron-sulfur 
molybdoproteins, i.e., polysulfide and sulfur reductase (PsrABC, SreABC), thiosul-
fate reductase (PhsABC), or tetrathionate reductase (TtrABC) (Heinzinger et  al. 
1995; Hensel et al. 1999; Krafft et al. 1992; Laska et al. 2003). SoeA and SoeB are 
thus located in the cytoplasm and attached to the cytoplasmic membrane by interac-
tion with SoeC. The holoprotein is therefore well suited for oxidation of sulfite gener-
ated in the cytoplasm. It should be noted that SoeABC and the periplasmic Sor-type 
sulfite dehydrogenases belong to completely different families of molybdoenzymes.

Genes encoding proteins related to SoeABC are present in purple as well as 
green sulfur bacteria and have in the past years repeatedly been speculated to be 
involved in the oxidation of sulfite generated by the Dsr system in the cytoplasm 
(Frigaard and Bryant 2008b; Frigaard and Dahl 2009) (Table 6). Notably, soeABC-
like genes co-localize with dsr genes in several green sulfur bacteria and in 
Halorhodospira halophila (Dahl 2008; Frigaard and Dahl 2009).

The possession of the APS reductase pathway in addition to or instead of SoeABC 
may be advantageous because additional energy is gained by substrate phosphoryla-
tion in the ATP sulfurylase catalyzed step by transferring the AMP moiety of APS 
onto pyrophosphate (Parey et al. 2013).

�Sulfate Assimilation

Sulfate assimilation by in anoxygenic phototrophic bacteria has been extensively 
covered in previous reviews (Frigaard and Dahl 2009; Sander and Dahl 2009). 
Some anoxygenic phototrophic bacteria are very much specialized for living in 
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habitats with reduced sulfur compounds and such bacteria usually completely lack 
a sulfate reduction pathway. On the other hand, very many versatile purple sulfur 
and non-sulfur bacteria and even a few green bacteria are able to assimilate and 
reduced sulfate in the absence of a reduced source of sulfur. Among the filamentous 
anoxygenic bacteria, the ability to assimilate sulfate may or may not be present.

Here, the assimilatory sulfate reduction pathway in A. vinosum is presented as  
an example (Fig. 6). The pathway commences with the uptake of sulfate via the 
membrane-bound components of a periplasmic substrate-binding transport system 
similar to the situation in E. coli (Kredich 1996). Once inside the cell, sulfate is 
activated to adenosine-5′-phosphosulfate by the enzyme ATP sulfurylase (Leustek 
and Saito 1999). Assimilatory ATP sulfurylases occur in two different forms: a het-
erodimeric CysDN type as in E. coli (Leyh 1993) and a homo-oligomeric Sat-related 
type as found in other bacteria, plants, and fungi (Foster et al. 1994; MacRae et al. 
2001). Both types occur in anoxygenic phototrophic bacteria (Frigaard and Dahl 
2009; Sander and Dahl 2009). The sulfate reduction pathway in A. vinosum does not 
involve formation of phosphoadenosine- 5′-phosphosulfate (Neumann et al. 2000). 
Instead, a CysH-type iron-sulfur cluster binding APS reductase catalyzes reductive 
cleavage of APS yielding sulfite and AMP. Sulfite is finally reduced to sulfide by an 
assimilatory sulfite reductase. In the case of A. vinosum, this enzyme is a ferredoxin-
dependent CysI-type siroheme-[4Fe-4S] cluster-containing protein as it also occurs 
in cyanobacteria, algae, and higher plants (Dhillon et al. 2005). This enzyme type is 
common in anoxygenic phototrophic bacteria (Frigaard and Dahl 2009). Biosynthesis 
of cysteine requires the formation of O-acetyl-l-serine, which is then further trans-
formed to cysteine catalyzed by cysteine synthase B (CysM) in a reaction that is 
dependent on the availability of sulfide (Fig. 6) (Hensel and Trüper 1976). It is well 
established that the CysTWA ABC-type transporter in conjunction with the peri-
plasmic binding protein CysP transports not only sulfate but also thiosulfate into the 
cytoplasm (Sirko et al. 1995). In Salmonella typhimurium and E. coli, cysteine syn-
thase B (CysM) also accepts thiosulfate as a substrate and hooks it up to O-acetyl-
serine resulting in the formation of S-sulfocysteine (Kredich 1992). S-sulfocysteine 
is then reduced to cysteine resulting in the release of sulfite (Nakatani et al. 2012; 
Sekowska et  al. 2000). Glutathione, thioredoxins, or glutaredoxins have been 
discussed as possible reductants in this reaction (Funane et al. 1987; Nakatani et al. 
2012; Woodin and Segel 1968). A similar reaction sequence is also probable for the 
assimilation of thiosulfate in A. vinosum (Fig. 6). In fact, thiosulfate was previously 
detected intracellularly in A. vinosum (Franz et al. 2009).

During photoorganoheterotrophic growth of A. vinosum on organic acids like 
malate, sulfide for biosynthesis of sulfur-containing cell constituents is provided by 
the assimilatory sulfate reduction pathway in an energy-consuming process (Fig. 6) 
(Neumann et al. 2000), while sulfide is readily available without any input of energy 
under sulfur-oxidizing conditions. Accordingly, the presence of reduced sulfur com-
pounds results in elevated relative mRNA and protein levels for genes/proteins of 
central enzymes of oxidative sulfur metabolism, while transcript and protein levels 
for genes/proteins involved in assimilatory sulfate reduction are negatively affected 
(Weissgerber et al. 2013, 2014a). These responses are positively correlated to the 
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Fig. 6  Current model of assimilatory sulfate reduction in A. vinosum. CysE serine 
O-acetyltransferase (Alvin_0683), CysM cysteine synthase B (Alvin_2228), GshA glutamate/cys-
teine ligase (Alvin_0863), CysM cysteine synthase B (Alvin_2228); GshA glutamate/cysteine 
ligase (Alvin_800), GshB glutathione synthetase (Alvin_0197), γ-GluCys γ-glutamylcysteine, 
GSH glutathione, XSH glutathione, reduced thioredoxin or glutaredoxin, XSSX oxidized glutathi-
one, thioredoxin or glutaredoxin (see text for further explanation). The transcriptomic (boxes) 
(Weissgerber et al. 2013), proteomic (circles) (Weissgerber et al. 2014a), and metabolomic profiles 
(triangles) (all relative to growth on malate) are depicted next to the respective protein/metabolite. 
Relative fold changes in mRNA levels above 2 (red) were considered significantly enhanced. 
Relative changes smaller than 0.5 (blue) were considered as indicating significant decreases in 
mRNA levels. Relative fold changes between 0.5 and 2 (gray) indicated unchanged mRNA levels. 
The same color coding is applied to changes on the protein and metabolome levels. Here, values 
above 1.5 (red) and below 0.67 (blue) were considered significant. Those cases, where transcrip-
tomic data was not available or the respective protein or metabolite was not detected in the 
proteomic or metabolomic approach, respectively, are indicated by white squares, circles, or 
triangles. Sulfur compounds added, from left to right, sulfide, thiosulfate, elemental sulfur, and 
sulfite. Changes on sulfite were not determined on the proteome and metabolome levels. Figure 
reproduced from (Weissgerber et al. 2014b)
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concentration changes of the metabolites of the affected metabolic pathways 
(Weissgerber et al. 2014b) (Fig. 6). It is conceivable to assume that the interplay 
between the processes of dissimilatory sulfur oxidation and assimilatory sulfate 
reduction is regulated in a similar manner in other anoxygenic phototrophic bacteria 
capable of pursuing both pathways.
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Abstract  Chlorophylls (Chls) are tetrapyrrole pigments that are essential for photo-
synthesis, which supports almost all organisms on the planet. Thus, elucidation of the 
molecular mechanisms of Chl biosynthesis is a major biological challenge. Nearly 
100 different Chls with differing ring structures and substituents are represented by 
Chls a, b, c, d, and f and bacteriochlorophylls a, b, c, d, e, and g. Phototrophic prokary-
otes perform photosynthesis using specific sets of Chls that capture available light 
under the conditions of their natural habitats. For example, cyanobacteria grow pho-
tosynthetically in the top layers of water columns using Chl a, whereas purple bacteria 
perform anoxygenic photosynthesis using bacteriochlorophyll a in the deeper layers 
of the water columns. Extensive gene searches have been performed in photosynthetic 
prokaryotes since the 1990s, and the largely complete scheme of Chl biosynthetic 
pathways includes a core pathway that is conserved among all photosynthetic organ-
isms and comprises diverse reactions for the production of a variety of Chls. With this 
framework of biosynthetic pathways, further studies of Chl biosynthesis are directed 
at understanding the physiological and biochemical aspects. The physiological aspects 
include elucidation of regulatory networks that are integrated with other cellular pro-
cesses, and the biochemical aspects include elucidation of three-dimensional struc-
tures of Chl biosynthetic enzymes to understand molecular mechanisms. In this 
chapter, we describe the current investigations of molecular mechanisms of enzymes 
in the Mg branch focusing on the latter aspects.

Keywords  Bacteriochlorophyll • Chlorophyll • Crystal structures • Cyanobacteria 
• Photosynthetic bacteria • Mg branch

�Introduction

Chlorophylls (Chls) are tetrapyrrole pigments that are essential for photosynthesis. 
Chls harvest light and transfer the energy to neighboring Chl molecules, and only 
select Chls participate in the first electron transfer event. Chls comprise multiple 
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combinations of ring structures and pyrrole ring substituents, and nearly 100 differ-
ent Chls have been identified in photosynthetic organisms (Scheer 2006). However, 
phototrophic organisms utilize light energy using specific sets of Chls with chemi-
cal structures that efficiently harvest light under unique environmental habitats.

Chls are classified into porphyrin, chlorin, and bacteriochlorin according to the 
oxidation states of the cyclic tetrapyrrole ring (Fig. 1; Rüdiger 2003; Scheer 2006). 
Ring structures profoundly affect the spectroscopic properties of the Chl pigments 
in addition to pyrrole rings substituents. However, bacteriochlorophylls (BChls) do 
not necessarily have bacteriochlorin rings, and BChls c, d, and e are chlorins that are 
similar to Chl a rather than bacteriochlorins.

Substituents of Chl variants predominantly occur at C3, C7, C8, and C12 
positions (Fig. 1). However, the recently identified Chl f carries a formyl group 
at the C2 position. Novel Chls with different combinations of substituents will 
likely be discovered in future studies. In addition, novel Chls can be produced 
by the introduction of novel combinations of substituents using gene manipula-
tion. Accordingly, BChl f was artificially produced by inactivation of the bchU 
gene in the green bacterium Chlorobaculum limnaeum (Harada et  al. 2012; 
Vogl et al. 2012).

Only a specific set of Chls (Chl a, Chl a2, BChl a, BChl b, Zn-BChl a, Chl d, 
and BChl g and their epimers) can operate as a special pair Chl to initiate charge 
separation events and function as antenna Chls. Other Chls function as antenna 
pigments that are engaged in harvesting light and transferring exciton energy to 
the neighboring Chls (Blankenship 2014; Fujita 2015). Photosynthetic prokary-
otes produce all types of Chl except for Chl c and are used as model organisms 
for the molecular studies of Chl biosynthesis, which is a major challenge in 
biology.

Early searches for genes encoding Chl biosynthetic enzymes were performed 
using genetic analyses of the purple bacterium Rhodobacter capsulatus (Yen and 
Marrs 1976; Yang and Bauer 1990; Bollivar et al. 1994). These investigations were 
largely completed upon identification of the chlF gene, which encodes a Chl f syn-
thase that catalyzes the formation of C2-formyl groups to covert Chl(ide) a to 
Chl(ide) f in cyanobacteria (Ho et al. 2016). Given the full gene list (Table 1) and 
corresponding “road map” (Fig. 2) of Chl biosynthesis, further studies of Chl bio-
synthesis are focused on detailed biochemical analyses of structure-based molecu-
lar mechanisms in diverse enzymes. These new research goals include elucidation 
of molecular mechanisms for efficient assembly of Chl-binding proteins into photo-
systems, light-harvesting complexes, and chlorosomes.

During the biogenesis of photosystems, Chl supply is coordinated with the 
production of apoproteins that avoids photooxidative damage by free Chl mole-
cules (Nickelsen and Rengstl 2013; Yang et al. 2015; Heinz et al. 2016; Komenda 
and Sobotka 2016). In contrast with cyanobacteria and purple bacteria that have 
relatively simple Chl compositions, green bacteria produce at least three differ-
ent types of Chl, including BChl c, d, or e, BChl a, and the Chl a derivative Chl 
aPD, which has a phytadienol instead of a phytol. BChls c, d, or e work exclu-
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Table 1  List of genes involved in Chl and BChl biosynthetic pathways

No. Enzyme
E.C. 
number

Gene 
(BChl 
a)

Gene 
(Chl a) Comments

1 5-Aminolevulinate synthase 2.3.1.37 hemA –

2 Glutamyl-tRNA synthetase 6.1.1.17 gltX Shared with protein 
synthesis

3 Glutamyl-tRNA reductase 1.2.1.70 hemA First regulatory target 
of tetrapyrrole 
biosynthesis

4 Glutamate-1-semialdehyde 
2,1-aminomutase

5.4.3.8 hemL

5 5-Aminolevulinate 
dehydratase

4.2.1.24 hemB

6 Porphobilinogen deaminase 2.5.1.61 hemC

7 Uroporphyrinogen III 
synthase

4.2.1.75 hemD

8 Uroporphyrinogen III 
decarboxylase

4.1.1.37 hemE

9 Coproporphyrinogen III 
oxidase (oxygen 
independent)

1.3.99.22 hemN Radical SAM family

10 Coproporphyrinogen III 
oxidase (oxygen dependent)

1.3.3.3 hemF

11 Protoporphyrinogen IX 
oxidase

1.3.5.3 hemY

12 Protoporphyrinogen IX 
oxidase

1.3.5.3 hemG

13 Protoporphyrinogen IX 
oxidase

– hemJ

14 Protoporphyrin IX: Mg 
chelatase

6.6.1.1 bchI
bchD
bchH

chlI
chlD
chlH

Class I chelatase, AAA+ 
family, I6D6 hexamer, 
H2 dimer
Stimulated by Gun4

15 Mg-protoporphyrin IX 
methyltransferase

2.1.1.11 bchM chlM Class I 
methyltransferase

16 Mg-protoporphyrin IX 
monomethyl ester cyclase 
(oxygen independent)

4.–.–.– bchE chlE Radical SAM family, 
vitamin B12

17 Mg-protoporphyrin IX 
monomethyl ester cyclase 
(oxygen dependent)

1.14.13.81 acsF acsF 
(chlA, 
cycI)

Monooxygenase, 
binuclear irons

18 3,8-Divinyl chlorophyllide a 
8-vinyl reductase

1.3.1.75 bciA bciA 
(dvr)

NADPH dependent 
(N-DVR)

19 3,8-Divinyl 
protochlorophyllide 8-vinyl 
reductase

1.3.7.– bciB bciB
(cvrA)

Ferredoxin dependent 
(F-DVR), FrhB-like, 
2x[4Fe-4S] clusters, 
FAD

(continued)
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Table 1  (continued)

No. Enzyme
E.C. 
number

Gene 
(BChl 
a)

Gene 
(Chl a) Comments

20 Protochlorophyllide 
oxidoreductase (light 
independent)

1.3.7.7 bchL
bchN
bchB

chlL
chlN
chlB

Nitrogenase-like, 
ferredoxin dependent, 
ATP-dependent 
reductase component as 
L2 dimer, catalytic 
component as N2B2 
heterotetramer, NB 
cluster

21 Protochlorophyllide 
oxidoreductase (light 
dependent)

1.3.3.33 por por SDR family, Light and 
NADPH dependent

22 (Bacterio)chlorophyll a 
synthase

2.5.1.62 bchG chlG

23 Geranylgeranyl reductase 1.3.1.83 bchP chlP

24 Chlorophyll(ide) a 
oxygenase

1.4.13.122 cao Rieske Fe-S cluster, 
mononuclear iron

25 Chlorophyllide a 
oxidoreductase (3,8-divinyl 
chlorophyllide a 8-vinyl 
reductase)

1.3.7.35 bchX
bchY
bchZ

Nitrogenase-like, 
ferredoxin dependent, 
ATP-dependent 
reductase component as 
X2 dimer, catalytic 
component as Y2Z2 
heterotetramer, 
[4Fe-4S] cluster
a-COR

26 C8-Ethylidene synthase – b-COR
27 (Bacterio)chlorophyllide a 

3-vinyl hydroxylase
4.2.1.– bchF

28 3-Hydroxy (bacterio)
chlorophyllide a 
dehydrogenase

1.–.–.– bchC

29 Chlorophyllide a 
demethoxycarbonylase

– bciC

30 3-Vinyl 
bacteriochlorophyllide d 
C82-methyltransferase

2.1.1.– bchQ Radical SAM family

31 3-Vinyl 
bacteriochlorophyllide d 
C122-methyltransferase

2.1.1.– bchR Radical SAM family

32 3-Vinyl 
bacteriochlorophyllide d 
31-hydroxylase

– bchV BchF-like

33 Bacteriochlorophyllide d 
C20-methyltransferase

2.1.1.– bchU Class I 
methyltransferase

(continued)
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Table 1  (continued)

No. Enzyme
E.C. 
number

Gene 
(BChl 
a)

Gene 
(Chl a) Comments

34 Bacteriochlorophyllide c 
hydratase

– bciD Radical SAM family

35 Bacteriochlorophyll d/c/e 
synthase

2.5.1.– bchK ChlG/BchG-like

36 Chlorophyll(ide) f synthase – chlF PsbA paralog

7HM-Chlorophyll a
Chlorophyll f

Chlorophyll d

Glycine

Siroheme/Vitamin B12/Cofactor F430

C
om

m
on

 p
at

hw
ay

bilin pigments
Mg branch

Fe branch

Uroporphyrinogen III

Protoporphyrin IX

5-Aminolevulinate

Glutamyl tRNA

Glutamate Succinyl CoA

Protoheme

Glutamate-1-semialdehyde

Porphobilinogen

1-Hydroxymethylbilane

Coproporphyrinogen III

Protoporphyrinogen IX

Chlorophyllide a

DV-Chlorophyllide a

Protochlorophyllide

DV-Protochlorophyllide

Mg-Protoporphyrin IX monomethylester

Mg-Protoporphyrin IX

Chlorophyll c3

Chlorophyll c2

Chlorophyll c1

Chlorophyll a Chlorophyll b

Bacteriochlorophyll d

Bacteriochlorophyll c

Bacteriochlorophyll e

3V-Bchlide d

BChlide d hmg ep

BChlide c hmg ep

BChlide e hmg ep
Bacteriochlorophyll a

Bacteriochlorophyll b

3V-BChlide a

3HE-Chlide a

BChlide a

3HE-BChlide g

BChlide b

DV-Chlorophyll a

3HE-BChlide a

3Ac-Chlide a

Bacteriochlorophyll g

BChlide g

Fig. 2  A complete picture of Chl biosynthesis. All Chls diverge from protoporphyrin IX, which is 
produced by the common pathway. The Mg branch is shown with a gray background. Thick black 
lines indicate the core pathway from 5-aminolevulinate to Chlide a. Important intermediates that are 
shared by pathways are shown as red circles with thin lines. Final Chls are shown as red circles with 
thick lines. Chlide a is a hub intermediate and is shown in red double circles with thin lines. Pathways 
with dotted lines are eukaryotic photosynthetic organisms that are beyond the scope of this chapter. 
Abbreviations: Chlide, chlorophyllide; BChlide, bacteriochlorophyllide; DV, 3,8-divinyl; 3HE, 
3-hydroxyethyl; 3Ac, 3-acetyl; 7HM, 7-hydroxymethyl; hmg, homologs; and ep, epimers

Y. Fujita and H. Yamakawa



73

sively as antenna Chls and are localized in chlorosomes (Pedersen et al. 2010). 
In contrast, BChl a is incorporated into reaction centers and FMO proteins, and 
Chl aPD is incorporated in the reaction center as primary electron accepter. These 
Chls appear to share biosynthetic pathways and unique biosynthetic branches, 
suggesting the presence of mechanisms that control localization of these Chls 
into various cellular compartments.

In this chapter, we briefly introduce the first nine Chl biosynthetic reactions, 
which are shared with heme biosynthesis, and then describe recent advances in 
the understanding of the Mg branch and specific pathways of Chl and BChl bio-
synthesis. Other aspects of Chl biosynthesis have been reviewed previously 
(Chew and Bryant 2007a, b; Tanaka and Tanaka 2007, 2011; Masuda and Fujita 
2008; Stenbaek and Jensen 2010; Czarnecki and Grimm 2012; Chen 2014; 
Brzezowski et al. 2015).

�Common Pathway

The first nine Chl biosynthetic reactions are common to the heme biosynthesis path-
way and can be divided into three parts with three reactions each as follows: (1) 
5-aminolevulinate (ALA) formation (Fig. 3), (2) formation of uroporphyrinogen III 
(Urogen) (Fig. 4), and (3) conversion to protoporphyrin IX (Proto) (Fig. 5).

�Common Pathway 1: 5-Aminolevulinate Formation

ALA is the common first precursor for all tetrapyrrole pigments, including Chls, 
hemes, bilins, and vitamin B12 (Beale 2006; Jahn and Heinz 2009), and is produced 
(Fig. 3) from succinyl-CoA and glycine in condensation reaction of ALA synthase 
(1). This pathway is known as the C4 pathway or Shemin pathway and is distributed 
among α-proteobacteria, which are the most common type of photosynthetic bacteria. 

NH2

COOH

COOH

L-Glutamic acid

2 NH2

COOH

CO–tRNAGlu

Glutamyl-tRNA

3 NH2

COOH

CHO

Glutamate-
1-semialdehyde

4

NH2

COOH

O

5-Aminolevulinic acid
(ALA)

1
S-CoA

COOH

O

Succinyl CoA

H2N-CH2-COOH

Glycine
ATP
tRNAGlu

AMP
PPi

NADPH
H+

NADP+ CoA-SH
CO2

Fig. 3  First stage of the common pathway; ALA formation. The C4 (1) and C5 (2, 3 and 4) path-
ways are shown at the right and left, respectively. Numbers in bold (in Figs. 3 to 23) indicate the 
enzyme that catalyzes the reactions shown in Table 1
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Alternatively, ALA is synthesized in the C5 pathway, which comprises glutamyl-
tRNA synthetase (2), glutamyl-tRNA reductase, (3) and glutamate-1-semialdehyde 
2,1-aminomutase (4). The C5 pathway is more broadly distributed than the C4 path-
way, and with the exception of purple bacteria (α-proteobacteria), most phototrophic 
prokaryotes produce ALA by the C5 pathway. Glutamyl-tRNA reductase is the target 
enzyme for feedback regulation of Chl and heme biosynthesis.

�Common Pathway 2: From 5-Aminolevulinate 
to Uroporphyrinogen III

Eight ALA molecules are sequentially condensed to form uroporphyrinogen III 
(Urogen) (Fig. 4; Schubert et al. 2009). Urogen is the precursor for vitamin B12 and 
F430 and is the first branching point for these tetrapyrrole pigments. Initially, two 
ALA molecules are condensed to form the pyrrole unit porphobilinogen (PBG) by 
ALA dehydratase (5). PBG deaminase (6) then condenses four PBG molecules to 
form 1-hydroxymethylbilane (preuroporphyrinogen), the first tetrapyrrole pigment. 
Subsequently, Urogen synthase (7) cyclizes the linear tetrapyrrole to form Urogen 
with inversion of the D ring, leading to the asymmetry of porphyrin.
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Fig. 4  Second stage of the common pathway. Three reactions (5, 6 and 7) from ALA to Urogen
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�Common Pathway 3: From Uroporphyrinogen III 
to Protoporphyrin

Urogen is converted to protoporphyrin (Proto) by three reactions (Fig. 5; Cornah and 
Smith 2009), and Proto is the final common intermediate for Chls and heme. Initially, 
four caroboxy groups of Urogen are shortened to methyl groups by Urogen decar-
boxylase to form coproporphyrinogen III (CPgen) (8). Subsequently, two of the four 
propionate groups are shortened to vinyl groups by CPgen oxidase (CPO) to form 
protoporphyrinogen IX (PPgen) (9, 10). Two evolutionarily unrelated CPOs have 
been identified, including HemF, which requires oxygen for the reaction (9), and the 
oxygen-independent CPO HemN (10). Most purple bacteria and cyanobacteria use 
these enzymes differentially in response to environmental oxygen levels. Accordingly, 
HemF is a constitutive CPO, whereas HemN is induced when cells are exposed to 
hypoxic environments. PPgen is finally converted to Proto by PPgen oxidase (PPO) 
(11, 12, 13). Three evolutionarily unrelated PPOs (HemY, HemG, and HemJ) were 
previously identified (Kobayashi et al. 2014). Among these, HemY is most ubiqui-
tously distributed among green bacteria and among some cyanobacteria, plants, ani-
mals, and fungi (11). PPO supplies Proto for Mg chelatase and ferrochelatase that 

COOH

HOOC

NH

COOH
COOH

HN

COOH

HN

HOOC

HOOC

NH

COOH

Uroporphyrinogen III

8

4CO2

COOH

NH

COOH

HN

HN

HOOC

NH

COOH
Coproporphyrinogen III

NH HN

HN

HOOC

NH

COOH
Protoporphyrinogen IX

2H2O
2CO2

9
O2, 2H+

10
2Met, 2dAd
2CO2

2SAM

NH N

HN

HOOC

N

COOH
Protoporphyrin IX

11

6e–

3O23H2O2

3 menaquinone
3 menaquinol

12

13

Fig. 5  Third stage of the common pathway involving three reactions from Urogen to Proto. After 
the first reaction by Urogen decarboxylase (8), two (9 and 10) and three (11, 12 and 13) analogous 
enzymes are present in Cpgen oxidase and PPgen oxidase reactions, respectively
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produce Chls and heme, respectively. Direct interactions between PPO (HemY) and 
ferrochelatase have been proposed to be associated with efficient transfer of the 
strong photosensitizer Proto in tobacco plants (Koch et  al. 2004), and a probable 
complex of PPO (HemY) and the H subunit of Mg chelatase was recently proposed 
(see below; Chen et al. 2015a). HemG is only found in γ-proteobacteria and green 
bacteria (12), and HemJ was identified in the cyanobacterium Synechocystis sp. PCC 
6803 (Synechocystis 6803) (Kato et al. 2010) (13) and is distributed among purple 
bacteria and cyanobacteria.

Due to close relationship with the production of erythrocytes in humans, all 
heme biosynthetic enzymes have been extensively studied in medical research 
fields. Moreover, with exception of HemG and HemJ, crystal structures of these 
enzymes are available (Masuda and Fujita 2008). In contrast, little is known of Mg 
branch enzymes, despite recent structural studies (Fig. 6).

�A Core Pathway of the Mg Branch: Protoporphyrin IX 
to Chlorophyllide a

The Mg branch comprises more than 20 distinct enzymes that are involved in the 
biosynthesis of Chls a and b and BChls a, b, c, d, and e. However, three-dimensional 
structures are only available for four of these enzymes including Mg chelatase 
(MgCh), ChlM, dark-operative protochlorophyllide (Pchlide) oxidoreductase 
(DPOR), and BchU and for the accessory protein GUN4 (Fig. 6). Although whole 
structures and reaction mechanisms were proposed in DPOR, structures for Mg Ch 
remain incomplete and only include the catalytic component ChlH and a low-reso-
lution structure of the ID complex. As indicated in Fig. 6, Mg Ch and DPOR are 
especially large complexes in the Chl a biosynthesis. In the following sections, we 
describe properties of individual Mg branch enzymes in detail.

�Mg Chelatase

MgCh is a key enzyme at the branch point between heme and Chl biosynthesis path-
ways (Fig. 7, 14; Willows and Hansson 2003) and catalyzes ATP-dependent insertion 
of Mg2+ into Proto to form Mg-protoporphyrin IX (Mg-Proto) as the first committed 
enzyme of the Mg branch. This reaction is complicated by the involvement of three-
subunit proteins and the three substrates, Proto, Mg2+, and ATP. In addition, Mg2+ is 
incorporated into Proto and is separately required for ATP hydrolysis.

Class I chelatases include MgCh, cobalt chelatase in vitamin B12 biosynthesis, 
and nickel chelatase in F430 biosynthesis (Bollivar 2010), whereas Class II 
chelatases include ferrochelatase and sirohydrochlorin ferrochelatase, which 
incorporate iron but do not require ATP (Romão et al. 2011). In contrast with the 
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Proto Mg-ProtoProto

MPE Chlide

Ycf54

F-DVR

LPOR ChlP
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Chl a
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MgCh

(ChlH)2

ID complex
I6D6

Gun4 ChlM

Pchlide

(ChlL)2

(ChlNB)2

Fig. 6  A graphical summary of Chl a biosynthesis in cyanobacteria. Four crystallographic struc-
tures of MgCh, Gun4, ChlM, and DPOR are shown in the same scale. The other enzymes are 
included schematically. Note that MgCh (the ChlH dimer and the ID complex) and DPOR [a sta-
bilized complex of the L protein (ChlL)2 and the NB protein (ChlNB)2] complexes are very large 
compared with ChlM and Gun4 proteins of about 30 kD. In the ID complex, the integrin I domain 
of ChlD (C-terminal domain) is shown in cyan ellipses. Spatial arrangements of Gun4 and ChlM 
on ChlH are hypothetical, although experiments suggest that both proteins are physically associ-
ated with ChlH. Accession codes in the Protein Data Bank of ChlH, ID complex, Gun4, ChlM, and 
DPOR complex are 4ZHD, 2X31, 4XKB, and 2YNM, respectively
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Fig. 7  Reaction of Mg chelatase. About 15 ATP molecules are hydrolyzed by the I subunit, and 
Mg2+ is incorporated into the center of Proto on the catalytic subunit H through formation of a 
transient holoenzyme with the ID complex (see Figs. 8 and 9)

single polypeptide enzyme ferrochelatase (HemH), MgCh comprises I (ChlI/BchI, 
ca. 40 kD), D (ChlD/BchD, ca. 70 kD), and H (ChlH/BchH, ca. 140 kD) subunits, 
and the transient holoenzyme complex, the IDH complex, appears to dissociate 
after the reaction.
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�The I Subunit (BchI/ChlI)

The I subunit is a member of the ATPases associated with diverse cellular activities 
(AAA+) superfamily and plays roles as the ATPase subunit and the Mg2+ donor. 
Walker A and B motifs are conserved in the N-terminal region of the I subunit, and 
the X-ray crystallographic structure was determined in BchI from R. capsulatus as 
a monomeric form at a resolution of 2.1  Å (Fodje et  al. 2001). Moreover, BchI 
forms a hexameric structure in the presence of ATP (Hansson et al. 2002), and elec-
tron microscopy analyses identified this structure as a ring with a diameter of 120 Å 
(Fodje et al. 2001). Although the crystal structure was only solved as a monomeric 
form, the hexameric structure was simulated based on the homologous hexameric 
protein HslU.

�The D Subunit (BchD/ChlD)

The D subunit also has an N-terminal AAA+ domain with relatively high similarity 
to that of the I subunit. Because the Walker motif is incomplete, the D subunit does 
not have ATPase activity. Moreover, the N-terminal domain is connected to the 
unique C-terminal region via Pro-rich and acidic linker regions. A unique C-terminal 
domain of about 200 amino acid residues is referred to as the integrin I domain and 
is present as a component of integral membrane receptor proteins that are involved 
in cell–cell and cell–matrix interactions in animal cells. The integrin I domain con-
tains the unique short metal iron-dependent adhesion site (MIDAS) motif (DxSxS) 
as a specific metal-binding site, and the MIDAS motif is associated with other con-
served motifs of the other subunits (LDV in H subunit and RGE/D in I subunit), 
suggesting interactions of the D subunit with H and I subunits (Fodje et al. 2001).

D subunits form a hexamer in the absence of ATP and may serve as a scaffold for 
assembly of the I hexamer into the ID complex, which is dependent on ATP. Three 
structures of the ID complex (ID–ADP, ID–AMPPNP, and ID–ATP) from R. capsu-
latus were reconstructed at 7.5, 14, and 13  Å, respectively, using single-particle 
cryo-electron microscopy and confirmed the two-tiered hexameric ring structure 
(Figs. 6 and 8; Lundqvist et al. 2010). Structural differences between these three ID 
complexes suggest that conformational changes in integrin I domains of the D sub-
units modulate interaction modes with protomer interfaces of the I hexamer. This 
conformational change may be coupled with the insertion of Mg2+ into Proto on the 
H subunit, which binds the ID complex transiently to complete chelation.

�The H Subunit (BchH/ChlH)

When the largest subunit H is overexpressed in Escherichia coli, it was purified as a 
Proto-bound form, suggesting involvement as the catalytic component of MgCh 
(Gibson et al. 1995). In accordance with a current hypothesis, the Proto-bound H 
subunit interacts with the ID complex to form a transient holoenzyme. Subsequently, 
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Mg-Proto is produced on the H subunit following ATP hydrolysis by the I subunit, 
and the holoenzyme complex dissociates immediately (Axelsson et  al. 2006; 
Lundqvist et  al. 2010). The released Mg-Proto is then delivered to the enzyme 
ChlM, either directly or via GUN4, and is not released into the solution (Shepherd 
et al. 2005).

Initially, three-dimensional structures of the H subunit were determined using 
electron microscopy and single-particle reconstruction techniques in BchH from R. 
capsulatus (Sirijovski et al. 2008). The low-resolution structure at a 25 Å resolution 
showed that the apo form of ChlH comprises three lobe-shaped domains (lobes I, II, 
and III). Whereas lobes I and III are characteristic protruding “thumb” and “finger” 
structures, respectively, these unique structures are fused in another structure of the 
substrate-bound form (BchH-Proto, at about 28 Å resolution), indicating a substrate-
induced conformational change. In concomitant proteolytic analyses, Apo-BchH 
(130 kD) was digested by a protease into a 45-kDa C-terminal domain, whereas the 

Fig. 8  Crystal structures 
of top (A) and side (B) 
views of the ID complex. 
Contiguous protomers of 
the ChlI hexamer are 
shown in green and dark 
green. Contiguous 
protomers of the ChlD 
hexamer are shown in cyan 
and dark cyan. C-terminal 
domains (integrin I 
domain) are shown 
schematically as light cyan 
ellipses
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substrate-bound form (BchH-Proto) was resistant to proteolysis. This observation 
suggests that substrate-induced conformational changes increase structural rigidity.

Recently, an X-ray crystallographic structure of ChlH from Synechocystis 6803 
was determined at 2.5 Å (Chen et al. 2015a, Figs. 6 and 9), and domains I–VI (num-
bered from the N-terminal) were identified. In these analyses, domains III and IV 
formed a cage-like structure, and domains I and II formed head and neck structures, 
respectively. The Proto substrate-binding pocket was proposed to be a hydrophobic 
cleft between domains III and V, mediating Proto interactions with six residues in 
domain III and thirteen residues in domain V. This scattered distribution of associ-
ated amino acid residues may be consistent with previous proteolytic digestion and 
Proto-binding analyses of BchH (Sirijovski et al. 2008).

Substrate binding of a full-length apo-BchH protein was lost upon truncation of 
N-terminal and C-terminal domain proteins. However, further structural analyses 
are required to elucidate mechanisms of Mg chelation. In addition, structural 
insights into the interaction between the H subunit and the ID complex remain 
uncharacterized, reflecting poor understanding of how the dimeric H subunit inter-
acts with the three-fold symmetric structure of the ID complex.

90 º

Domain VI

Domain IV

Domain IV

Domain II
Domain II

Domain I

Domain I

Domain III

Domain IIIDomain V
Domain V

Fig. 9  Crystal structures of the ChlH monomer from Synechocystis 6803. Although the crystal 
structure of ChlH is a homodimer (Fig. 6), the monomer structure is shown here. ChlH comprises 
domains I–VI. A probable Proto-binding site (shown by a yellow circle) was proposed as an inter-
nal pocket between domains III (blue) and V (dark blue)
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�Interactions of the H Subunit with Other Enzymes for Substrate/Product 
Channeling

The MgCh substrate Proto is provided by PPO (see above), and because Proto is a 
potent photosensitizer, it should not be present as a free form in the cytosol. The 
crystal structure of ChlH was used to model a complex with tobacco PPO1 and to 
investigate efficient channeling of Proto (Chen et al. 2015a). In this model, a PPO1 
dimer interacts with a ChlH dimer, and the distance between probable substrate-
binding sites of PPO1 and ChlH was reportedly about 49 Å in the supercomplex 
PPO1–ChlH.  However, dynamic conformational changes of both enzymes are 
required for direct channeling of Proto. In addition, the PPO types, HemY, HemG, 
and HemJ, are widely distributed among photosynthetic prokaryotes (Kobayashi 
et  al. 2014), but are evolutionarily unrelated. Specifically, tobacco PPO1 corre-
sponds with HemY, whereas PPO corresponds with HemJ in most cyanobacteria, 
such as Synechocystis 6803 (Kato et al. 2010). Thus, the crystal structure of HemJ 
is required to investigate channeling between PPO and MgChl in cyanobacteria.

�GUN4

Gun4 is a porphyrin-binding protein (22–27 kD) that is involved in the regulation of 
tetrapyrrole biosynthesis. The gun4 gene was identified in Arabidopsis thaliana as 
a genome locus and mutation caused a genome uncoupling phenotype, in which 
nuclear and plastid genes were decoupled (Larkin et al. 2003). In wild-type A. thali-
ana, functional decreases in plastid suppress nuclear genes encoding plastid-
localized proteins, such as light-harvesting Chl a/b-binding proteins (LHCB), 
implying the presence of a retrograde signal from plastids to nuclei. Moreover, 
lesions on genes for H subunits (gun5) and Gun4 commonly caused the “gun” phe-
notype, suggesting retrograde signaling by Mg-Proto (Mochizuki et  al. 2001). 
However, this model was later questioned due to the lack of correlations between 
Mg-Proto contents and Lhcb gene expression (Mochizuki et al. 2008; Moulin et al. 
2008). As an alternative, singlet oxygen generated by photosensitization of Mg-Proto 
may mediate complex feedback regulation of ALA synthesis (Schlicke et al. 2014).

Gun4 from Synechocystis 6803 stimulates MgCh activity by binding and trans-
ferring the porphyrin substrate to the H subunit via direct interactions, resulting in 
stimulation of MgCh activity (Larkin et  al. 2003). Interestingly, Gun4 alleviates 
impairments of MgCh activity caused by ChlH variants with point substitutions 
(Ala942 in gun5 and Pro595 in cch) (Davison and Hunter 2011), confirming that 
Gun4 and ChlH interact directly.

The X-ray crystal structure of Gun4 from Synechocystis 6803 was revealed at 
2.3  Å, and a probable Proto-binding site was proposed (Verdecia et  al. 2005). 
Moreover, crystal structures of Gun4 complexes with deuteroporphyrin IX (1.5 Å) 
and Mg-deuteroporphyrin IX (2.0 Å) were recently determined (Chen et al. 2015b, 
Figs. 6 and 10), and the proposed binding mode was confirmed. Deuteroporphyrin 
IX is a comparatively stable Proto analogue, and both of these porphyrins bound 
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Gun4 through extensive hydrophobic interactions in the binding pocket, leading to 
exposure of their B- and C-rings to the solvent, thus facilitating direct transfer of 
Proto and Mg-Proto to the H subunit and ChlM, respectively.

The gun4 gene is ubiquitously distributed among oxygenic phototrophic organ-
isms including cyanobacteria, but was not found in Gloeobacter violaceus PCC 
7421. Moreover, no gun4 homologs were identified in anoxygenic photosynthetic 
bacteria. However, gun4 gene is conserved in chloroplast DNA of some eukaryotic 
photosynthetic organisms, such as the red algae Cyanidium caldarium and Porphyra 
purpurea (De Las Rivas et al. 2002), and this gene is denoted ycf53 as a conserved 
open reading frame in the chloroplast genome (Peter et al. 2011).

To assess physiological roles of Gun4  in cyanobacteria, mutant Synechocystis 
6803 cells lacking a gun4 ortholog (sll0558) were isolated (Wilde et  al. 2004; 
Sobotka et  al. 2008). The gun4-mutant lost photoautotrophic growth ability but 
grew in the presence of glucose, reflecting decreased MgCh activity and Chl con-
tents (8% of WT) and accumulation of Proto under medium light intensity 
(50 μmol m−2 s−1). In addition, ferrochelatase activity was greatly decreased sug-
gesting that Gun4 modulates metabolic flow between Mg and Fe branches of tetra-
pyrrole biosynthesis in cyanobacteria.

C-ring

D-ring

Asn211

Arg113Arg214

B-ring

Fig. 10  Crystal structure of Mg-deuteroporphyrin IX-bound Gun4 from Synechocystis 6803. Note 
that Mg-deuteroporphyrin IX is arranged as B- and C-rings exposed to the solvent. Two positive 
charges from Arg113 and Arg214 interact with the negatively charged C17 and C13 propionates, 
respectively, which may facilitate the binding of Mg-Proto or Proto. In addition, Asn211 serves as 
an axial ligand to the central Mg2+ ion of Mg-deuteroporphyrin IX
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�Mg-Protoporphyrin IX Methyltransferase

The C13 propionate of Mg-Proto is methylated by Mg-Proto methyltransferase 
(ChlM/BchM, Fig. 11A, 15). Mg-Proto has two propionate groups in symmetric 
positions at C13 and C17, and methylation of these is nearly random in chemical 
modification. In contrast, ChlM strictly methylates the C13 propionate group giv-
ing rise to Mg-Proto monomethyl ester (MPE). Similar to other methyltransfer-
ases, ChlM requires the methyl donor S-adenosyl methionine (SAM), which is 
converted to S-adenosyl homocysteine (SAH) after the transfer of methyl group to 
Mg-Proto.

ChlM is a member of the Class I methyltransferase family, which includes vari-
ous methyltransferases with various substrates (Schubert et  al. 2003). A unique 
feature of ChlM is that it methylates carboxyl groups. His-tagged ChlM protein 
was a monomer (26 kD) in gel filtration chromatography analyses. The enzyme 
activity was observed with purified ChlM proteins from R. sphaeroides (Gibson 
and Hunter 1994) and Synechocystis 6803 (Shepherd et al. 2003). Steady kinetics 
analyses of cyanobacterial ChlM revealed a random-order mechanism, in which 
SAM and Mg-Proto bind to free ChlM in either order and form the ternary com-
plex ChlM–Mg-Proto–SAM and then the products SAH and MPE are released 
from the enzyme in either order (Shepherd et al. 2003). In a subsequent study, a 
reaction intermediate was detected using a stopped-flow technique, and the initial 
phase of the reaction was analyzed for the first time in enzymes of Chl biosynthesis 
(Shepherd et al. 2005).

The H subunit of MgCh (ChlH) stimulates ChlM activity, and quenched-flow 
analysis suggested that this follows accelerated formation and decay of a reac-
tion intermediate in the catalytic cycle (Shepherd et  al. 2005). As mentioned 
above, MgCh is the first committed enzyme of the Mg branch. Hence, tight 
coupling between the sequential reactions of MgCh and ChlM methyltransfer-
ase may contribute to a regulatory mechanism that controls the metabolic flow 
of Proto.

Recently X-ray crystal structures of cyanobacterial ChlM complexes with 
SAM and SAH were determined at a resolution of 1.6 and 1.7 Å, respectively 
(Figs. 6 and 11B, Chen et al. 2014). As expected from other methyltransferases, 
ChlM carries the core fold of seven-stranded β-sheets that interact with five 
α-helices. Moreover, in these crystal structures, SAM and SAH are bound by the 
conserved motifs DXGCGXG and DI in the same orientation. However, attempts 
to crystalize ChlM in complex with Mg-Proto were unsuccessful, and binding of 
Mg-Proto was simulated based on structures of SAM/SAH-bound ChlM. These 
simulations indicated a deep hydrophobic cleft in the vicinity of the SAM-
binding site, suggesting that the carboxylate at the C13 propionate of Mg-Proto 
forms hydrogen bonds with the conserved Tyr28 and His139 residues. His139 
may also deprotonate the C13-propionate group, potentially facilitating direct 
methyl transfer from SAM to the negatively charged carboxylate. In addition, 
Tyr28 may contribute to the proper orientation of donor and acceptor groups dur-
ing catalysis (Fig. 11B).
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�Mg-Protoporphyrin IX Monomethyl Ester Oxidative Cyclase

The fifth ring (E-ring) is a unique structure of Chl-related tetrapyrrole pigments. 
This complex structure is formed by an oxidative cyclization reaction of 
Mg-Proto monomethyl ester (MPE) that is catalyzed by MPE cyclase (Fig. 12). 
Two evolutionarily unrelated enzyme systems have been identified, involving the 
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Fig. 11  (A) Reaction of Mg-Proto methyltransferase (15). The methyl group of SAM is specifi-
cally transferred to the C13 propionate by the methyltransferase ChlM. This reaction appears to be 
tightly coupled with the MgCh reaction. (B) Crystal structure of the ChlM–SAM complex from 
Synechocystis 6803. The spatial arrangement of the substrate Mg-Proto has not yet been deter-
mined. However, a cleft (shown by a pink ellipse) close to the S-methyl group (indicated by arrow) 
is proposed to be the Mg-Proto-binding pocket. Ile138, Tyr220, and Tyr221 in the cleft may have 
hydrophobic interactions with the Mg-Proto. Two conserved amino acid residues Tyr28 and 
His139 may be involved in methyl transfer
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oxygen-independent and oxygen-dependent enzymes, BchE (Fig. 12, 16) and AcsF/
ChlA (Fig. 12, 17), respectively. However, both reactions remain undefined deu to 
the absence of established reconstitution systems with purified enzymes.

�Oxygen-Independent MPE Cyclase BchE

bchE was identified as the responsible gene for the accumulation of MPE in the pho-
tosynthetic gene cluster of R. capsulatus (Bollivar et al. 1994). This gene is distrib-
uted among most photosynthetic bacteria, but is not found in eukaryotic photosynthetic 
organisms. Three genes were assumed to be bchE orthologs in the genome of the 
cyanobacterium Synechocystis 6803. However, phenotype and pigment analyses of 
knockout mutants of these genes failed to show BchE-type MPE cyclase activities of 
the gene products (Minamizaki et  al. 2008). Instead, we demonstrated that two 
homologous genes for AcsF-type MPE cyclase (named ChlAI and ChlAII) operate 
differentially in Synechocystis 6803. Subsequently, however, using abundant genome 
sequence data for many cyanobacteria, Bandyopadhyay et al. pointed out the more 
plausible bchE-like genes in the Cyanothece species PCC 7425 and 7822 
(Bandyopadhyay et al. 2011). Accordingly, we introduced these bchE-like genes into 
a bchE-lacking mutant of R. capsulatus and showed that both transconjugants grew 
photosynthetically with restored production of BChl. Thus, we concluded that these 
bchE-like genes are bchE orthologs that should be called chlE (Yamanashi et  al. 
2015). However, the distribution of bchE in cyanobacteria is sporadic, suggesting 
that bchE was lost during evolution in many cyanobacterial lineages.

The amino acid sequence of BchE indicates that BchE belongs to the radical 
SAM superfamily. In particular, the central domain of BchE carries a typical Cys 
motif (CxxxCxxC) that binds a [4Fe-4S] cluster, which is a common feature of radi-
cal SAM family enzymes. The [4Fe-4S] cluster is bound by three conserved Cys, 
and the fourth ligand is the amide group of SAM in HemN, a representative of radi-
cal SAM enzymes (Layer et al. 2003). The presence of an Fe-S cluster in BchE was 
indicated by characteristic absorption spectra of an insoluble fraction from E. coli 
overexpressing BchE (Ouchane et  al. 2004). Moreover, an N-terminal motif for 
binding of vitamin B12 was identified in BchE.  Finally, vitamin B12-requiring 
mutants of R. capsulatus accumulate MPE, suggesting probable vitamin B12-
dependency of BchE (Gough et al. 2000).

The origin of the 131-oxo group of the product 3,8-divinyl Pchlide is an oxygen 
atom from a water molecule in BchE, and a radical-mediated reaction mechanism 
was proposed (Gough et al. 2000). In this model, the first hydroxylation to form 
131-hydroxy MPE is an oxidation reaction that removes two electrons and two pro-
tons. Subsequently, the 131-hydroxy group is converted to a 131-oxo group in a 
second oxidation step, also involving removal of two electrons and two protons. The 
product 3,8-divinyl Pchlide is then formed by a final oxidation process that forms a 
C–C bond between C132 and C15 with the removal of two electrons and two pro-
tons. Initial break of the C–H bond of the C131 methylene group may be accom-
plished by the attack from an adenosyl radical, similar to other radical SAM 
enzymes (Fig. 12, 16). However, cofactors that accept electrons and protons in these 
sequential reactions remain unidentified.
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�Oxygen-Dependent MPE Cyclase AcsF/ChlA

An alternative MPE cyclase was identified in the purple bacterium Rubrivivax gelati-
nosus using a targeted mutagenesis of an unidentified open reading frame (Pinta et al. 
2002). This mutant only accumulated MPE only under high oxygenation conditions, in 
which the wild type still produces small amounts of BChl, whereas under photosyn-
thetic (anoxic) conditions, BChl production is similar in mutant and wild-type cells. 
Pinta et al. named this gene acsF (aerobic Chl synthesis with Fe), because the amino 
acid sequence of the gene has two putative iron-binding motifs (Pinta et al. 2002), and 
the mutant phenotype was interpreted according to BchE activity under anoxic condi-
tions. Subsequently, differential regulation of AscF and BchE by a transcriptional regu-
lator Fur was demonstrated in R. galatinosus (Ouchane et al. 2007). Moreover, acsF 
orthologous genes were identified in plants (CHL27 in A. thaliana, Tottey et al. 2003; 
xanthan-l in barley, Rzeznicka et al. 2005) and in the green algae (crd1 and cth1 in the 
green alga Chlamydomonas reinhardtii, Moseley et al. 2000; Moseley et al. 2002).

Two cyanobacterial acsF homologs (chlAI and chlAII, Minamizaki et al. 2008, or cycI 
and cycII, Peter et al. 2009) were identified in Synechocystis 6803, and whereas ChlAI is 
constitutively expressed, ChlAII is only induced under micro-oxic conditions. Accordingly, 
phenotypic and pigment analyses revealed that ChlAI is essential for photosynthetic 
growth under aerobic conditions and that ChlAII plays an important role under micro-oxic 
conditions. However, no bchE orthlogs are present in Synechocystis 6803, and under low 
oxygen conditions, the transcriptional regulator ChlR activates the transcription of the 
chlAII gene with the contiguous genes ho2 and hemN (Aoki et al. 2012).

Because molecular oxygen is the origin of the 131-oxo group of 3,8-divinyl 
Pchlide, AcsF/ChlA is a monooxygenase with similar activities to HemF and NrdB, 
which require oxygen and may have common binuclear iron centers (Ouchane et al. 
2004). The reaction catalyzed by AcsF/ChlA (Fig. 12, 17) likely involves initial for-
mation of a C132 hydroxy group. In this reaction, the proton donor to form the 
hydroxy group and H2O is assumed to be NADPH, and following oxidation, two 
successive removals of two electrons and two protons lead to formation of 3,8-divi-
nyl Pchlide. Recently, Jensen et al. suggested that the plastoquinone pool in the thy-
lakoid membrane accepts electrons from MPE (Steccanella et al. 2015). In addition, 
reduced quinone may reduce probable iron centers (Fe3+ to Fe2+) of the AcsF protein 
of the MPE cyclase. These investigations also demonstrated that octyl gallate inhibits 
the MPE cyclase reaction, potentially in a manner that is similar to those of the plas-
tid terminal oxidase and the alternative oxidase that interact with quinone.

Although oxygen-dependent MPE cyclase reactions can be assayed in crude 
extracts, no reconstitution system with purified AcsF/ChlA proteins has been estab-
lished. Moreover, additional subunits are probably required for this reaction, as sug-
gested by the requirement of membrane fractions in crude assay systems. Genetic 
analyses of barley also support this hypothesis (Rzeznicka et al. 2005).

AcsF/ChlA is affected by NADPH-dependent thioredoxin isoform C (NTRC) 
and 2-Cys peroxiredoxin, which stimulates AcsF/ChlA activity in barley etio-
plasts (Stenbaek et al. 2008). In Synechocystis 6803, Slr1780 interacts with CycI 
(ChlAI), and its gene was named ycf54 as an ortholog from the conserved open 
reading frame in the chloroplast genome of algae (Hollingshead et al. 2012). Fully 
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segregated mutants lacking ycf54 (∆ycf54) show severe Chl-deficient phenotypes, 
with accumulating MPE and 3-formyl MPE (Hollingshead et al. 2016). However, 
a small amount of Chl (about 13%) is still detected in ∆ycf54 cells, suggesting 
that Ycf54 is not essential for CycI activity, but may participate in the assembly of 
CycI with unknown subunits. In agreement, CycI levels markedly decreased in 
∆ycf54 cells.

Accumulations of AcsF were unexpectedly found in chlorosome fraction from 
Chloroflexus aurantiacus (Tang et  al. 2009), implying that AcsF has additional 
unknown roles, potentially in iron transport accumulation of iron in chlorosome.

�3,8-Divinyl (Proto)chlorophyllide a 8-Vinyl Reductase

Most Chls possess an ethyl group at the C8 position, although a vinyl group origi-
nally occupies this position at the stage of protoporphyrin IX, except in 
Prochlorococcus species, which have 3,8-divinyl Chl pigments. Thus, the 8-vinyl 
group should be reduced during any steps from Proto to chlorophyllide (Chlide) a, 
and three evolutionarily unrelated enzymes, BciA (N-DVR), BciB (F-DVR), and 
Chlide a oxidoreductase (COR), are known to catalyze reduction of 8-viniyl group 
of Chl intermediates.

�(NADPH-Dependent 8-Vinyl Reductase) BciA

In 2004, a gene (At5G18660; dvr) encoding an 8-vinyl reductase (DVR) was identi-
fied in A. thaliana following extensive screening of mutants producing 3,8-divinyl Chl 
a (Nagata et al. 2005). Independently, an identical gene was identified as responsible 
for the pcb2 (pale-green and chlorophyll b reduced 2) locus (Nakanishi et al. 2005). 
This dvr gene was the last identified Chl a biosynthesis gene, at least in angiosperm 
plants (Beale 2005), but was the first identified gene for DVR in photosynthetic organ-
isms. Nagata et al. (2005) showed that marine cyanobacteria that produce 3,8-divinyl 
Chl a exclusively, such as Prochlorococcus, lack the dvr gene, whereas other groups 
of marine cyanobacteria that produce Chl a, such as Synechococcus, have the dvr 
gene. Subsequently, dvr orthologs were identified in other angiosperms and photosyn-
thetic bacteria and were named bciA accordingly to involvement in BChl biosynthesis 
(Chew and Bryant, 2007). BciA is NADPH dependent and was therefore named 
N-DVR, and the preferred substrate of N-DVR in A. thaliana is 3,8-divinyl Chlide a 
rather than 3,8-divinyl Pchlide (Fig. 13, 18) (Ito and Tanaka 2014).

During early searches for genes of BChl biosynthesis, a bchJ-lacking mutant of 
R. capsulatus accumulated 3,8-divinyl Pchlide, suggesting that the bchJ gene 
encodes a 3,8-divinyl Pchlide DVR (Suzuki and Bauer 1995a, b). Subsequently, 
BchJ was shown to have no activity of DVR, and BchJ may play roles as substrate 
channeling or regulation of BChl biosynthesis in C. tepidum (Chew and Bryant 
2007a, b). Recently Willows et  al. reported that BchJ forms a 1:1 complex with 
ChlH and ChlM, suggesting roles as a porphyrin carrier in R. capsulatus, similar to 
that of Gun4 (Sawicki and Willows 2010).
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N-DVR is distributed among eukaryotic photosynthetic organisms, some minor 
cyanobacterial strains, such as Leptolyngbya and marine Synechococcus, and among 
photosynthetic bacteria, such as C. tepidum and R. sphaeroides (Chen et al. 2016). 
Acaryochloris marina is a unique cyanobacterium that produces Chl d and harbors 
both bciA and bciB genes. In addition, corresponding enzyme activities were con-
firmed by heterologous expression in bciB-lacking mutant of Synechocystis 6803 
(Chen et al. 2016).

Ferredoxin-Dependent 8-Vinyl Reductase BciB

Although the gene encoding DVR was identified in A. thaliana, no bciA homolo-
gous genes were found in the cyanobacterium Synechocystis 6803, suggesting that 
this cyanobacterial strain expresses another DVR that may be unrelated to 
BciA.  Subsequently, two research groups independently identified a novel gene 
(slr1923) encoding a second DVR in Synechocystis 6803 using distinct techniques 
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(Islam et al. 2008; Ito et al. 2008). This gene (cvrA) encodes a ferredoxin-dependent 
DVR (F-DVR), with no amino acid sequence similarity to that of N-DVR, indicat-
ing different evolutionary origins. However, F-DVR is closely related to the F420-
dependent [NiFe]-hydrogenase subunit FrhB in methanogenic archaea.

The amino acid sequence of F-DVR includes two Cys motifs (CxxCxxC and CxxC) 
that may be involved in chelation of [4Fe-4S] clusters. Moreover, UV–visible spectra of 
Chloroherpeton thalassium BciB purified from E. coli suggested the presence of Fe-S 
clusters and FAD, and subsequent EPR spectroscopy and determinations of iron and 
sulfur suggested that BciB binds two [4Fe-4S] clusters, of which one may be essen-
tial for activity. Reduction of the 8-vinyl group of 3,8-divinyl Pchlide is dependent 
on reduced ferredoxin or dithionite, and a structural model of BciB was proposed 
based on the crystal structure of FrhB (Saunders et al. 2013).

F-DVR shows broader substrate specificity than N-DVR. In particular, F-DVR 
from Synechocystis 6803 reduces 3,8-divinyl forms of both Chlide a and Pchlide 
(Fig. 13, 19). Moreover, in the reconstitution assays with BciB from C. thalassium, 
3,8-divinyl Pchlide was used as the substrate (Saunders et al. 2013). This substrate 
specificity is supported by exclusive accumulation of Pchlide, not 3,8-divinyl 
Pchlide, in DPOR-lacking cyanobacterial mutants of L. boryana in the dark 
(Yamamoto, Esaka and Fujita, unpublished result).

�COR: A Third 8-Vinyl Reductase

Tamiaki et  al. found that a bciA-lacking mutant of C. tepidum produced normal 
BChl a with the 8-ethyl group, despite the absence of a bciB homologs. These 
observations strongly suggested the presence of a third type of DVR in C. tepidum 
(Mizoguchi et al. 2012), as proposed in R. sphaeroides (Canniffe et al. 2013). This 
third DVR was identified as a latent activity of COR, which normally reduces 
C7=C8 double bond of chlorin ring to form bacteriochlorin ring (Nomata et  al. 
2006a, b). Tsukatani et al. found that purified R. capsulatus COR converts 3,8-divinyl 
Chlide a to Chlide a by reducing the C81=C82 double bond (Tsukatani et al. 2013a, 
b; Yamamoto et al. 2014). The in vivo activity of COR was also confirmed in C. 
tepidum (Harada et al. 2014), and the probable mechanism is discussed in the sec-
tion of Chlorophyllide a oxidoreductase.

�Protochlorophyllide Oxidoreductase

The C17=C18 double bond of Pchlide is stereospecifically reduced by Pchlide 
reductase to form Chlide a, which is the direct precursor of Chl a (Fig. 13, 20, 21). 
Given that biosynthetic pathways toward various BChls diverge from Chlide a, 
Pchlide reduction can be regarded as the final step of the core pathway of Chl bio-
synthesis. Two evolutionarily unrelated Pchlide reductases have been identified, 
including a light-independent (dark-operative) Pchlide oxidoreductase (DPOR; 
Fig. 13, 20) and a light-dependent Pchlide oxidoreductase (LPOR; Fig. 13, 21). 
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from Prochlorococcus marinus (D). The L protein is shown in orange, and the BchN/ChlN and 
BchB/ChlB subunits of the NB protein are shown in green and blue, respectively. Pchlide is shown 
in white stick, and iron and sulfur atoms of the NB cluster are shown as orange and yellow balls, 
respectively. Close-up views of the Pchlide-binding sites of the NB proteins of R. capsulatus (C) 
and P. marinus (E). Probable stereospecific hydrogenations of the C17=C18 double bond of 
Pchlide are shown as red dotted arrows. The hydrogen bonds that appear to be important for proton 
transfer to C18 are shown as gray dotted lines. Two water molecules are shown as red spheres; one 
is an axial ligand of the central Mg2+ of Pchlide, and the other is a water molecule that may mediate 
proton transfer from the His residue to C18. In the close-up view of R. capsulatus, additional resi-
dues (Phe25, Phe393, Trp387, Leu407, and Met408) for binding Pchlide are shown
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Interestingly, there is no significant sequence similarity between them, suggesting 
that they were derived from different ancestral genes. Their unique properties, the 
light requirement of LPOR and the oxygen sensitivity of DPOR (see below), closely 
reflect ecological niches of respective photosynthetic organisms.

�Light-Independent (Dark-Operative) Pchlide Oxidoreductase DPOR

DPOR is a nitrogenase-like enzyme comprising an ATP-dependent reductase com-
ponent (L protein) and a catalytic component (NB protein), which are cognates of 
Fe protein and MoFe protein of nitrogenase, respectively (Fujita and Bauer 2003; 
Reinbothe et al. 2010). Moreover, the L protein is a homodimer of BchL in anoxy-
genic photosynthetic bacteria and of ChlL in oxygenic phototrophs (Nomata et al. 
2005; Bröcker et al. 2008a, b). A [4Fe-4S] cluster is bound between the protomers 
(Nomata et al. 2006a, b; Bröcker et al. 2008a, b) by two conserved Cys residues of 
BchL (ChlL) (Bröcker et al. 2008a, b). This [4Fe-4S] cluster is extremely vulnera-
ble to oxygen, similar to that of nitrogenase Fe protein, and upon exposure to air the 
purified L protein from R. capsulatus is quickly inactivated, with a half-life of only 
20 s (Nomata et al. 2006a, b).

The NB protein is a heterotetramer of BchN (ChlN) and BchB (ChlB) and pro-
vides the catalytic site of Pchlide (Bröcker et al. 2008a, b; Nomata et al. 2008a, b). 
Another iron–sulfur cluster (NB cluster) is bound in the interface between BchN 
and BchB (Muraki et al. 2010) and uniquely held by three Cys from BchN and one 
Asp from BchB. Similar clusters are found in ferredoxin of Pyrococcus furiosus 
(Calzolai et al. 1995), Fnr (Gruner et al. 2011) and IspG (three Cys and one Glu 
coordination, Lee et al. 2010). Following reducing by the L protein, the NB cluster 
mediates electron transfer to the substrate Pchlide and is less sensitive to oxygen 
than Fe-S cluster of the L protein (Nomata et al. 2008a, b).

Pchlide reduction by DPOR requires ATP hydrolysis and the presence of electron 
donors such as ferredoxin or dithionite (Fujita and Bauer 2000). Although at least four 
ATP molecules are required for each Pchlide, this value linearly increases up to ten with 
increasing ratios of L protein to NB protein from one to eight (Nomata et al. 2016).

DPOR genes are ubiquitously distributed among photosynthetic prokaryotes, 
including cyanobacteria, and among eukaryotic photosynthetic organisms, and all 
three genes are encoded by chloroplast DNA in some algae, moss, and gymno-
sperms. However, DPOR genes are absent in angiosperms and in many classes of 
algae (Fujita and Bauer 2003). The mosaic distribution of DPOR in eukaryotic algae 
suggests extensive evolutionary loss, which might be linked to the presence of 
LPOR (Hunsperger et al. 2015).

The X-ray crystal structure of DPOR has been solved for the L protein (Sarma 
et al. 2008) and the NB protein (Bröcker et al. 2010; Muraki et al. 2010) and for 
a stabilized complex of the two components (Moser et al. 2013). The crystal struc-
ture of the L protein from R. sphaeroides is very similar to that of the Fe protein 
of nitrogenase, including the overall structure and geometry of the [4Fe-4S] 
cluster (Fig. 14A; Sarma et  al. 2008). A unique charge distribution around the 
[4Fe-4S] cluster may be involved in specific electron transfer to the NB protein. 
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The NB protein from R. capsulatus has been solved as substrate Pchlide-bound 
and Pchlide-free forms (Fig. 14B; Muraki et al. 2010), indicating an overall struc-
ture of a pseudosymmetric dimer of the heterodimer BchN–BchB, in which the 
two catalytic units are assembled via interactions only between the BchB pro-
tomers, as described for the MoFe protein of nitrogenase. The substrate Pchlide is 
held in a cavity surrounded by largely hydrophobic residues from BchN and 
BchB, including some hydrophobic residues from the other symmetric protomer 
BchB’, such as BchB’-Met408 (Fig. 14C). Interestingly, no axial ligand for the 
central Mg2+ ion of Pchlide is present, except for one water molecule. Moreover, 
the distance between the NB cluster and Pchlide is about 10 Å, which is short 
enough for direct electron transfer (Fig. 14C; Muraki et al. 2010).

The crystal structure of the NB protein with its substrate enabled a proposal 
about the structural basis of the stereospecificity of C17=C18 double-bond reduc-
tion. Specifically, the uniquely distorted C17-propionate residue of Pchlide is very 
close to C18 (4.8 Å), and BchB-Asp274 is also close to C17 (4.9 Å). Hence, the 
spatial arrangement of the propionate and Asp274 suggests that two protons are 
transferred stereospecifically to C18 and C17, respectively, to form Chlide a (Fig. 
14C). Accordingly, this proton transfer is abolished in experiments with a substrate 
analogue Chl c and a site-directed variant BchB-D274A (Muraki et  al. 2010). 
However, the crystal structure of the stabilized complex from P. marinus (Fig. 14d) 
suggested notable differences in the proton donor for C18, in which a water mole-
cule may directly mediate proton transfer from His394 or C17-propionate to C18 
(Fig. 14E; Moser et al. 2013).

Pchlide reduction requires two electrons and two protons, which are coordinated 
with each other during the reaction. Subsequently, electron paramagnetic resonance 
(EPR) analyses of the DPOR reaction with the BchB-D274A variant suggested that 
Pchlide reduction proceeds via Pchlide radicals that are formed following transfer 
of one electron and one proton (Nomata et al. 2014). Thus, DPOR is a very unique 
Fe-S enzyme that generates substrate radicals by direct electron transfer from the 
NB cluster.

A crystal structure of the L-protein–NB-protein complex stabilized by ADP-
AlF3 was determined (Figs. 6 and 14D; Moser et al. 2013). The L protein and the 
NB protein interact specifically to form a transient complex for electron transfer 
from the [4Fe-4S] cluster of the L protein to the NB cluster, which is coupled with 
ATP hydrolysis by the L protein. This transient complex was stabilized by an ATP 
analogue ADP-AlF3 that was also used to stabilize a complex of Fe protein and 
MoFe protein of nitrogenase (Schindelin et al. 1997). In structural comparisons of 
the free form of L protein and the complex, the [4Fe-4S] cluster of the L protein 
moved 3.2 Å toward the NB cluster to facilitate electron transfer. In the stabilized 
complex, the [4Fe-4S] cluster of the L protein, the NB cluster, and Pchlide are 
arranged on a straight line (Fig. 14D, E).
Nicotinamide reportedly inhibits the production of BChl, leading to accumulation 
of Pchlide in R. sphaeroides (Shioi et al. 1988). In agreement, the DPOR assay 
system revealed that nicotinamide inhibits electron transfer from the L protein to 
the NB protein (Nomata et al. 2013), and this specific inhibitor was then used to 
investigate the reaction cycle of DPOR.
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�Light-Dependent Protochlorophyllide Oxidoreductase

LPOR is a unique enzyme that requires light for catalysis. In nature, the only other 
enzyme with such light requirement is DNA photolyase (Suzuki and Bauer 1995a, 
b), although a recently discovered Chl f synthase may have similar properties (Ho 
et al. 2016). Because LPOR is the sole Pchlide reductase in plants, Chl biosynthesis 
is arrested at the Pchlide reduction stage in angiosperm seedlings in the dark. Thus, 
LPOR is the key enzyme for light-dependent greening in plants. Although LPOR 
had been considered specific to photosynthetic eukaryotes, a cyanobacterial chlL-
lacking mutant retained the ability to produce Chl under light conditions, clearly 
indicating the presence of a LPOR in cyanobacteria (Fujita et al. 1992). Subsequently, 
a cyanobacterial gene encoding LPOR (por) was successfully cloned as a recombi-
nant cosmid that complemented the photosynthetic growth of DPOR-lacking 
mutants of R. capsulatus (Suzuki and Bauer 1995a, b), indicating that LPOR is 
ubiquitous among cyanobacteria. Recently, a photosynthetic bacterium harboring 
the por gene was identified (Kaschner et al. 2014), and sequence homology analyses 
suggested that this gene was transmitted from cyanobacteria by lateral gene transfer. 
Moreover, in photosynthetic eukaryotes, por is a nuclear gene and is often present 
in multiple copies (Skinner and Timko 1998; Hunsperger et al. 2015).

LPOR is a single polypeptide enzyme with a molecular mass of 30–35 kD and 
belongs to the short-chain dehydrogenase/reductase (SDR) family, which com-
monly utilizes the pyridine nucleotides NAD(P)H or NAD(P)+ as cofactors (Fig. 13, 
21; Labesse et al. 1994).

Proteins of the SDR family commonly comprise 250–300 amino acid residues, 
and in the N-terminal domain, GxxxGxxG serves as the NAD(P)H- or NAD(P)+-
binding site, and a common motif KxxxY in the central part provides the catalytic 
center (Kavanagh et al. 2008). In addition to these residues, the active site contains 
of an Asn-Ser-Tyr-Lys tetrad. Enzymes of the SDR family show widely varying 
activities and encompass oxidoreductases (EC 1), lyases (EC 2) and epimerases (EC 
5). Although sequence homology among these enzymes is relatively low (10–30%), 
X-ray crystallography data indicates high conservation of three-dimensional struc-
tures comprising a twisted parallel β-sheet flanked by two to three α-helices and a 
Rossmann fold. These features may be also conserved in LPOR, and critical roles 
of Lys and Tyr residues of the active site were confirmed in pea LPOR using site-
directed mutagenesis (Wilks and Timko 1995). According to the ensuing catalytic 
model, the Lys residue lowers the pK value of the Tyr residue, which serves as a 
proton donor for the substrate. Subsequently, hydride is transferred from the pro-S 
phase of NADPH nicotinamide that is induced by light absorption of the bound 
Pchlide molecule. In agreement, transfer of a hydride and a proton is a common 
feature of SDR enzyme activities. Moreover, the unique light requirement of LPOR 
may be derived from a 33-amino acid extension that is not found in other SDR fam-
ily enzymes. Hence, the structure of LPOR was simulated according to reported 
structures of SDR family enzymes, and spatial arrangement of the active site that 
enable unique light-dependent reactions was simulated (Menon et al. 2016).
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The light-triggering property of LPOR provides a unique system to investigate 
initial stages of the ensuing enzyme reaction in ultrafast timescale (Heyes et  al. 
2002). Thus, using a recombinant cyanobacterial LPOR protein, a series of detailed 
spectroscopic analyses were performed under low temperature, and a catalytic cycle 
was proposed (Heyes et  al. 2003) as follows: initially, photon absorption by the 
bound Pchlide molecule activates its conformation, and absorption of a second pho-
ton triggers a series of light-driven hydride and proton transfers that lead to the 
formation of Chlide (Sytina et al. 2008).
Recently a chaperone-like protein CPP1 was identified as a protein that is critical 
for normal LPOR accumulation in Nicotiana benthamiana and A. thaliana (Lee 
et al. 2013). This gene was also found in cyanobacteria, and a mutant lacking the 
CPP1 gene (slr1918) in Synechocystis 6803 showed a high light-sensitive pheno-
type. This phenotype may reflect significantly decreased LPOR under a high-light 
condition (100 μmol m−2 s−1), as observed in a por-lacking mutant of L. boryana 
(Fujita et al. 1998, see below).

�Functional Differentiation of DPOR and LPOR and Evolutionary 
Implications

Although Pchlide reduction is catalyzed exclusively by DPOR in photosynthetic 
bacteria (Bollivar et al. 1994), LPOR and DPOR coexist in cyanobacteria. As men-
tioned above, DPOR catalyzes radical-mediated Pchlide reduction using oxygen-
sensitive Fe-S clusters, but remains active in the dark. In contrast, LPOR is an 
oxygen-tolerant enzyme that requires light. These enzymatic properties of DPOR 
and LPOR suggest functional differentiation in cyanobacterial cells (Fujita et  al. 
1998), as confirmed in detailed phenotype analyses of cyanobacterial mutants lack-
ing either enzyme. Specifically, an LPOR-lacking mutant of the cyanobacterium 
Leptolyngbya boryana (Plectonema boryanum) showed retardation of photosyn-
thetic growth under light intensities higher than 25 μE m−1 s−1 and a lethal pheno-
type under higher light intensities (>130  μE  m−2  s−1). These observations were 
interpreted as partial inactivation of DPOR by oxygen from photosystem II under 
medium light intensity, increased oxygen generation under higher light intensity, 
and then complete inactivation of DPOR under light intensity >130 μE m−2 s−1.

Under anaerobic conditions, in which cultures were bubbled with N2 gas contain-
ing 0% O2, the LPOR-lacking mutant grew photosynthetically under high light 
intensity. In these experiments, the maximal oxygen level for growth of the LPOR-
lacking mutant was 3%, which was referred to as the “Chlorophyll Pasteur Point” 
because LPOR becomes essential for photosynthetic growth of cyanobacteria at 
higher oxygen concentrations than this critical oxygen concentration (Yamazaki 
et  al. 2006). Interestingly, this oxygen concentration coincides with that of the 
atmosphere following the Great Oxidation Event (GOE) about 2.45 billion years 
ago (Sessions et al. 2009). During early evolution of photosynthesis (>3.7 billion 
years ago), Pchlide reduction in Chl or BChl biosynthesis was catalyzed by the 
older enzyme DPOR, which had evolved from a lineage common to nitrogenase. 

﻿Biochemistry of Chlorophyll Biosynthesis in Photosynthetic Prokaryotes



96

Subsequently, extensive oxygen production by ancient cyanobacteria that have only 
DPOR caused the GOE. The resulting oxygen level often inactivates DPOR, and 
this environment may have acted as a main selective pressure for the evolution of an 
alternative oxygen-tolerant Pchlide reductase LPOR from the SDR family 
(Yamazaki et al. 2006).

In contrast with LPOR-lacking mutants, DPOR-lacking mutants have no detect-
able phenotype under most tested conditions. However, mild growth retardation 
may occur under long-term low-light or green-light conditions. In agreement, a liv-
erwort (Marchantia polymorpha) mutant, in which the chlB gene in chloroplast 
DNA was inactivated, showed poor growth under short-day conditions (Ueda et al. 
2014).

The expression of chlLNB genes is upregulated in the cyanobacterium Fremyella 
diplosiphon under green-light conditions. Because the action spectra of LPOR indi-
cate that green light is ineffective for the photoreaction (Shui et al. 2009), these data 
suggest that DPOR compensates for low LPOR activity. In addition, the transcrip-
tional regulator PedR senses cellular redox status and represses the expression of 
DPOR genes in response to oxidative stress in Synechocystis 6803 (Nakamura and 
Hihara 2006). These regulatory systems may provide molecular basis for differen-
tial use of these enzymes according to their intrinsic enzyme properties under fluc-
tuating environments.

�Final Two Steps from Chlorophyllide a to Chlorophyll a

�Chlorophyll Synthase ChlG and Bacteriochlorophyll 
Synthase BchG

The final step in Chl a biosynthesis is the esterification of Chlide a by phytol (Fig. 
15, 22). This reaction is catalyzed by Chl a synthase ChlG. Heterologous expression 
of the chlG gene from Synechocystis 6803 (slr0056) in E. coli leads to detectable 
Chl a synthase activities in crude lysates of the recombinant E. coli cells. This activ-
ity was dependent on the presence of Chlide a and phytyl diphosphate. Geranylgeranyl 
diphosphate was accepted as the substrate, yielding geranylgeranylated Chl a (Oster 
et al. 1997; see “Geranylgeranyl reductase ChlP/BchP”).

The final step of BChl a biosynthesis also involves esterification of bacterio-
chlorophyllide (BChlide) a with phytol by the BChl a synthase BchG. BchG activ-
ity was also confirmed in crude lysate of E. coli expressing bchG from R. capsulatus, 
and geranylgeranyl diphosphate was the substrate. ChlG and BchG enzymes dis-
criminate between Chlide a and BChlide a, and ChlG does not accept BChlide a as 
a substrate and vice versa (Oster et al. 1997). This property of Chl/BChl synthases 
suggests that photosynthetic bacteria that produce multiple Chls, such as BChl a, 
Chl aPD, and BChls c/d/e in green bacteria, have Chl synthase isoforms that are 
specific for respective Chls. In addition, because BChls c, d, and e have farnesyl 
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groups instead of phytol groups, the corresponding BChl synthase must accept 
farnesyl diphosphate as substrate.

Recently, one-amino acid substitutions in ChlG (I44F) and BchG (F28I) recipro-
cally altered the specificity of Chlide a and BChlide a. Hence, residues Ile44  in 
ChlG and F28 in BchG may be involved in the recognition of Chlide a and BChlide 
a, respectively (Kim et al. 2016), warranting future crystallographic analysis of Chl/
BChl synthases.

�Geranylgeranyl Reductase ChlP/BchP

Following esterification of Chlide a with geranylgeranyl diphosphate instead of 
phytol diphosphate, the successive reduction steps of the geranylgeranyl group to 
phytol is regarded as an alternative final step of Chl a biosynthesis (Fig. 16, 23). 
Geranylgeranyl reductase (GGR) is encoded by the chlP gene in cyanobacteria and 
the bchP gene in photosynthetic bacteria. Geranylgeranyl diphosphate produced by 
isoprenoid biosynthesis carries the four double bonds, C2=C3, C6=C7, C10=C11, 
and C14=C15, and three of these (C6=C7, C10=C11, and C14=C15) are succes-
sively reduced to produce phytol diphosphate. GGR accepts both geranylgeranyl 
diphosphate and geranylgeranylated Chl a as the substrate.

Photosynthetic growth was arrested in a chlP-lacking mutant (∆chlP) of 
Synechocystis 6803, whereas photomixotrophic growth was accompanied with high 
light sensitivity. Similarly, tocopherol biosynthesis was altered in the ∆chlP mutant, 
leading to reduced α-tocotrienol concentrations instead of α-tocopherol in the wild-
type strain, suggesting an additional role of ChlP in vitamin E biosynthesis (Shpilyov 
et al. 2005).
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Fig. 15  Reaction of Chl synthase ChlG. Chlide a is converted to Chl a by the attachment of a 
phytol tail by Chl synthase (22), which is the final reaction of Chl a biosynthesis. In BChl a bio-
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HPLC and NMR spectroscopy analyses of BChls from Rhodopseudomonas 
palustris indicated that geranylgeranyl diphosphate double bonds are reduced in the 
order C6=C7, C10=C11, and C14=C15 (Mizoguchi et al. 2006). However, Tamiaki 
et al. identified a BChl a species with a single C10–C11 bond, suggesting that the 
first two reduction reactions fluctuate, whereas the third is fixed at C14=C15 (Tamiaki 
et al. 2016). It is noteworthy that the first two reductions are stereospecific 7S and 
11S configurations, warranting further interpretation according to GGR structure.

�Specific Pathways for Various Chlorophylls

Biosynthetic pathways of Chl a and other (B)Chls diverge following formation of 
Chlide a (Fig. 2), and although most substituents formation and modification reac-
tions are unique for individual (B)Chls, some are biochemically and evolutionarily 
related.
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stereospecific hydrogenations, and the last target is C14=C15
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�Chlorophyll(ide) a Oxygenase for Production of Chlorophyll b

Prochloron and Prochlorothrix are marine cyanobacterial genera that are character-
ized by the presence of accessory Chl b (Lewin 1976). Moreover, the marine cyano-
bacterial genus Prochlorococcus is unique in its exclusive use of divinyl Chls, such 
as 3,8-divinyl Chl a and 3,8-divinyl Chl b (Chisholm et al. 1988). Chl(ide) a oxy-
genase (CAO; Fig. 17, 24) is responsible for the formation of Chl b from Chl a and 
was identified in the green alga C. reinhardtii (Tanaka et al. 1998) and subsequently 
in Prochlorothrix and Prochloron, which carry divinyl Chl b (Tomitani et al. 1999). 
CAO has a motif (CxH—CxxH) for a Rieske-type iron–sulfur cluster and another 
for mononuclear iron binding. Interestingly, Prochlorococcus CAO diverged from 
plant and Prochlorothrix/Prochloron CAOs, and despite the evolutionary distance, 
the two sequence motifs are completely conserved (Tomitani et  al. 1999). This 
divergence may reflect the different Prochlorococcus substrate 3,8-divinyl Chl a. 
Based on similarities with other monooxygenases with Rieske iron–sulfur clusters 
and mononuclear iron, such as 2-oxoquinoline 8-monooxygenase (Martins et  al. 
2005), Tanaka et al. suggested that CAO operates as trimer and larger complexes 
(Kunugi et al. 2013).

In vitro experiments indicate that Chlide a is the substrate of CAO (Oster et al. 
2000). However, Chl a to Chl b conversion is observed in cucumber cotyledons in 
the dark (Tanaka and Tsuji 1981, 1982). Thus, CAO may accept Chl a as a substrate 
in vivo, although the insolubility of Chl a precludes in vitro experiments that may 
confirm its acceptability as a substrate.

Tanaka et al. suggested that Chl(ide) a is converted to dihydroxymethyl Chl(ide) 
a by two sequential monooxygenation reactions, followed by spontaneous dehydra-
tion to produce Chl(ide) b. This reaction mechanism likely requires NADPH as the 
electron donor (Fig. 17; Tanaka and Tanaka 2011).

�Bacteriochlorophylls a, b, and g

�Chlorophyllide a Oxidoreductase

To convert chlorin ring structures of Chlide a to the bacteriochlorin rings for biosyn-
thesis of BChl a, the second nitrogenase-like enzyme, COR, catalyzes alternative 
stereospecific reduction of C7=C8 double bond in B-ring of Chlide a (Fig. 18, 25). 
COR comprises the three subunits BchX, BchY, and BchZ (Burke et al. 1993a, b; 
Nomata et al. 2006a, b), which have similar amino acid sequences to the DPOR 
subunits BchL, BchN, and BchB, respectively (Burke et al. 1993a, b). Moreover, 
similar to the subunits of DPOR, BchX forms a homodimer (the X protein) and 
functions as the ATP-dependent reductase component, and BchY and BchZ form a 
heterotetramer (the YZ protein) that functions as the catalytic component. The 
requirement of dithionite and ATP for the COR reaction was experimentally con-
firmed in a reconstitution system with purified X protein and YZ protein from R. 
capsulatus (Nomata et al. 2006a, b). Similarly, sequential reactions of DPOR and 
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COR were reconstituted with purified proteins using Pchlide as the substrate 
(Yamamoto et al. 2014).

Similar to the L protein in DPOR, EPR spectral and site-directed mutagenesis 
analyses showed that the X protein carries a [4Fe-4S] cluster that is bound by two 
Cys residues, as in BchL (Kiesel et al. 2015). The YZ protein also carries two [4Fe-
4S] clusters per heterotetramer, as in the NB protein (Kiesel et al. 2015). However, 
in contrast with the NB cluster, four Cys residues chelate the cluster in the YZ pro-
tein, as indicated by typical EPR spectra for [4Fe-4S] clusters (Nomata et al. 2008a, 
b). Finally, site-directed mutagenesis analyses of BchY and BchZ from Roseobacter 
denitrificans indicate that three conserved Cys in BchY (Cys62, Cys87, and Cys145) 
and one Cys in BchZ (Cys35) are essential for the activity (Kiesel et al. 2015).
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Although X proteins from C. tepidum and R. denitrificans partially reduce the 
NB protein from C. tepidum, no reduction of the NB protein from cyanobacteria 
(T. elongatus and P. marinus) was observed (Wätzlich et al. 2009). In addition, the 
L protein from R. capsulatus failed to transfer electrons to the YZ protein from R. 
capsulatus (Nomata and Fujita, unpublished). These varying compatibilities of chi-
meric components of COR and DPOR may reflect fitness between docking surfaces 
of reductase and catalytic components.

As mentioned above, COR from R. capsulatus reduces 8-vinyl group of Chlide 
a to form Chlide a (Tsukatani et al. 2013a, b; Yamamoto et al. 2014; Fig. 19, 25). 
However, the DVR activity of COR is obscured in wild-type R. capsulatus cells 
because BciA is the main DVR.

COR from the BChl b producing photosynthetic bacterium Blastochloris viridis 
that catalyzes the formation of 8-ethylidene from 8-vinyl groups but has no C7=C8 
reduction activity (Tsukatani et al. 2013a, b; Fig. 19, 26). The gene encoding ethylidene 
synthase remained elusive for many years (Xiong et al. 1998), and no corresponding 
genes were identified in photosynthetic bacteria that produce BChl b or BChl g. Thus, 
the discovery of ethylidene synthase activity of the known enzyme COR was unex-
pected (Tsukatani et al. 2013a, b), but was confirmed in COR from BChl g-producing 
Heliobacterium modesticaldum (Tsukatani et al. 2013a, b). The absence of genes for 
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Fig. 19  Reactions of a-COR and b-COR. b-COR works as the C8-ethylidene synthase that con-
verts 3,8-divinyl Chlide a to BChlide g (26), which is converted to BChlide b by BchF and BchC. 
a-COR has DVR activity in addition to C7=C8 reduction activity (25). The stoichiometry of these 
reactions may be the same as that of DPOR
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DVR (bciA or bciB) is a common trait of BChl b and BChl g producing bacteria, in 
which the substrate for COR is exclusively 3,8-divinyl Chlide a. Finally, heliobacterial 
BChlide g is farnesylated by BChl g synthase, giving rise to BChl g.

Tamiaki et al. classified COR enzymes as a- and b-COR types (Tamiaki et al. 
2016). Specifically, a-COR (1,2-type COR) reduces sequentially C7=C8 and 
C81=C82 double bonds (Fig. 19, 25) and is distributed among normal BChl a pro-
ducing photosynthetic bacteria. In contrast, b-COR (1,4-type COR) catalyzes the 
formation of C8-ethylidene group from 3,8-divinyl Chlide a (Fig. 19, 26) and is 
distributed only among BChl b producing purple bacteria, such as B. viridis, and 
among BChl g-producing heliobacteria. However, molecular phylogenetic analyses 
of BchX, BchY, and BchZ amino acid sequences failed to discriminate between 
a-COR and b-COR, because b-COR occurs in a mosaic manner and does not form 
subclades (Tsukatani et al. 2013a, b). Moreover, reduction reactions of a-COR and 
b-COR are commonly hydrogenations of two carbons. In a-COR, the target two 
carbons (C7 and C8) are contiguous (a 1,2 hydrogenation) and the distance is 
1.37 Å. In contrast, the two terminal carbons in the butadiene structure (C=C–C=C) 
are hydrogenated in b-COR (a 1,4 hydrogenation), and the distance between C7 and 
C82 carbons is 3.13 Å. Thus, a slight spatial shift in the distance between amino acid 
proton donors may alter catalytic activities of 1,2 and 1,4 hydrogenations. Because 
these subtle structural changes may be caused by substitutions of few amino acid 
residues, simple comparison of their amino acid sequences offers little explanatory 
value. Hence, X-ray crystallographic analyses of COR, especially the YZ protein 
with its substrate, are awaited to further define the catalytic mechanisms of CORs 
and the structural basis for catalytic differences between a-COR and b-COR.

Due to high oxygen vulnerability, COR enzymes are only functional under 
anaerobic conditions. Moreover, exposure of COR to low oxygen conditions leads 
to the production of superoxide radicals (Kim et al. 2008), potentially contributing 
selective pressures against retention of CORs in ancient oxygenic photosynthetic 
bacteria (ancient cyanobacteria) that produce both Chl a and BChl a (Phase I′, 
Masuda and Fujita 2008). This hypothesis is supported by lethal phenotype of 
Synechocystis 6803 expressing COR in the presence of oxygen (Kim et al. 2009).

�Formation of C3-Acetyl Group by BchF and BchC

Following formation of the bacteriochlorin ring, the final stage of BChls a and b 
biosynthesis pathway is the conversion of vinyl group to acetyl group at the C3 posi-
tion. Genetic analyses of R. capsulatus indicated that bchF and bchC genes are 
involved in this conversion (Bollivar et  al. 1994). In particular, the bchF gene 
encodes 3-vinyl BChlide a hydroxylase, which hydroxylates the vinyl group at the 
C3 position (Fig. 18, 27). The ensuing hydroxymethyl group at the C3 position is 
then converted to acetyl group by 3-hydroxyethyl BChlide a dehydrogenase (BchC), 
giving rise to BChlide a (Fig. 18, 28).

The first enzymatic analyses of BchF and BchC from C. tepidum have recently 
been reported (Kiesel et al. 2015), about 20 years after the identification of the bchF 
and bchC genes in R. capsulatus (Bollivar et  al. 1994). In these analyses, bchF 
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(CT1421) from C. tepidum was overexpressed in E. coli, and BchF was solubilized 
with Triton X-100. Then, the activity was confirmed in mixed reactions with DPOR, 
in which Pchlide was converted to 3-hydroxyethyl Chlide a via Chlide a by sequen-
tial activities of DPOR and BchF.

The bchC (CT1422) gene of C. tepidum was also overexpressed in E. coli, and 
BchC protein was purified. Following addition of BchC to reaction mixtures con-
taining DPOR and BchF, the substrate Pchlide was converted to 3-acetyl Chlide a. 
These analyses indicated that BchC accepts chlorin (3-hydroxyethyl Chlide a) as 
the substrate, and the ensuing specificity suggested three pathways from Chlide a to 
BChlide a, including COR–>BchF–>BchC, BchF–>COR–>BchC, and BchF–
>BchC–>COR (Fig. 18; Kiesel et al. 2015).

Another bchF-like gene, bchV (CT1776), was identified in the C. tepidum genome, 
with about 50% amino acid sequence identity with BchF. This bchF-like gene may be 
specifically involved in hydroxylation at C31 during biosynthesis of BChls c, d, and e 
(see Fig. 22, 32), but not in BChl a biosynthesis. Recently, Harada et al. demonstrated 
that BchF and BchV are partially differentiated to BChl a and BChl c, respectively, 
and that these genes are partially compatible with each other (Harada et al. 2015).

BchF and BchV bear the stereospecificity of the configuration (S/R) of the hydroxyl 
group at the C31 position. Accordingly, in vitro assays of BchF and BchV indicated 
dominant R-epimer formation over S-epimer by both enzymes. However, these bio-
chemical data were not necessarily consistent with the compositions of BChl c homo-
logs in ∆bchF and ∆bchV mutants, suggesting the presence of unknown factors that 
influence R- and S-epimer ratios in C. tepidum chlorosomes (Harada et al. 2015).

�Bacteriochlorophylls c, d, and e

Despite the nomenclature, BChls c, d, and e are chlorins that uniquely possess the 
31-hydroxyethyl group and lack the C132-methoxycarobonyl group. In addition, 
these molecules are present in mixtures of homologs that have varying alkyl groups 
at C8 and C12 positions and varying S- and R-epimeric configurations of the C31-
hydroxyethyl group (Fig. 1). These unique structures may provide the molecular 
basis for formation of high BChl aggregation states in chlorosomes that function as 
unique protein-independent antenna systems in green sulfur bacteria, filamentous 
anoxygenic phototrophs, and phototrophic acidobacteria. To generate these unique 
features, biosynthetic pathways of BChls c, d, and e share four common enzymes, 
including C131-demethoxycarbonylase (BciC), C3-methyl hydroxylase (BchF and 
BchV), C8-methyl transferase (BchQ), and C12-methyl transferase (BchR).

�Chlide a C132-Demethoxycarbonylase BciC

The first committed enzyme BciC catalyzes demethoxycarbonylation at the C132 
position (Fig. 20, 29). The bciC gene has been identified in C. tepidum (CT1077) and 
Candidatus Chloracidobacterium thermophilum (Cabther_B0031; Liu and Bryant 
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2011). A bciC knockout mutant failed to synthesize BChl c and accumulated BChlide 
and Chlide derivatives with C132 methoxycarbonyl groups, confirming that deme-
thoxycarbonylation is the first committed reaction from Chlide a in BChl c biosynthe-
sis. Moreover, BciC enzyme activity was recently confirmed in a reconstitution 
system. In these experiments, BciC from C. tepidum was heterologously expressed in 
E. coli and was recovered in precipitates following ultracentrifugation. Subsequently, 
demethoxycarbonylase activity was clearly detected in the precipitate, and the esti-
mated Km value for Chlide a was 5.2 μM (Teramura et al. 2016). BciC did not accept 
pheophorbide a as the substrate. Chlide a’ was a poor substrate, suggesting stereo-
specificity of BciC for the C132 methoxycarbonyl group. Moreover, BciC did not cata-
lyze this reaction in porphyrin and bacteriochlorin rings and was identified as a Chlide 
a demethoxycarbonylase. However, there is another possibility that BciC may also be 
a methylesterase that catalyzes the removal of methyl group to form 132-carboxy-

pyropheophorbide a, followed by spontaneous decarboxylation to 3-vinyl BChlide d.

�C82 and C121 Methyltransferases BchR and BchQ

BChls c, d, and e carry extensively methylated substituents at C8 and C12 positions. 
Specifically, n-propyl, iso-butyl, and neo-pentyl groups have been detected at the 
C8 position, which originally bore an ethyl group. In addition, an ethyl group was 
detected at the C12 position in addition to the original methyl group. Because chlo-
rosomal BChls are present as a mixture of variously methylated BChl homologs, 
extensive methylation at C8 and C12 positions may contribute to broadening of the 
Qy absorption band of BChl c, d, and e. For example, C. tepidum cells grown under 
moderate light-conditions contain the homologs C8-ethyl/C12-methyl, C8-ethyl/
C12-ethyl, C8-propyl/C12-ethyl, and C8-iso-propyl/C12-ethyl, at a ratio of 
10:60:20:5. Moreover, methylation levels tend to increase under lower-light condi-
tions. The C8 homologs with n-propyl, iso-butyl, and neo-pentyl groups are formed 
by a sequential methylation of ethyl group at the C82 position by the methyltransfer-
ase BchQ (Fig. 21, 30). Similarly, the ethyl group at C12 is formed by methylation 
at the C121 position by the methyltransferase BchR (Fig. 21, 31). In subsequent 
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genetic analyses of C. tepidum, genes encoding these specific methyltransferases 
were identified according to the hypothesis that, similar to BchE, the C8 and C12 
methyltransferases belong to the radical SAM family (Gomez Maqueo Chew et al. 
2007). In agreement, the BChl c pool in a mutant lacking bchQ (CT1777) was a 
simple mixture of C8-ethyl/C12-methyl and C8-ethyl/C12-ethyl homologs, and that 
of bchR (CT1320) mutants was a mixture of C8-ethyl/C12-methyl, C8-propyl/C12-
methyl, and C8-iso-propyl/C12-methyl homologs. Finally, a bchQ and bchR null 
mutant accumulated only the C8-ethyl/C12-methyl homolog of BChlide c. Based 
on these pigment compositions, Chew et al. (2007) concluded that bchQ and bchR 
encode BChlide c C-82 and C-121 methyltransferases, respectively (Gomez Maqueo 
Chew et al. 2007). However, BChlide c contents were significantly reduced in all 
mutants, and their chlorosomes showed abnormal shapes and reduced sizes, sug-

gesting unknown functions of highly methylated BChl c.

�The C20 Methyltransferase BchU

BChls c and e are uniquely methylated at the C20 position, leading to Qy peak shifts 
of BChl c to red, from 732 nm (BChl d) to 751 nm (BChl c) in whole-cell spectra. 
This red shift of antenna Chls may be important for the efficiency of light harvesting 
under very low-light conditions. Sequence analyses of a gene encoding a probable 
methyltransferase in a spontaneous mutant that produces BChl c and that in the 
original strain of C. vibrioforme that produces BChl d led to identification of the 
bchU gene, which encodes BChl d C20 methyltransferase that produces BChl c 
(Fig. 22, 33). Subsequent experiments confirmed accumulation of BChl d instead of 
BChl c in a targeted mutant of C. tepidum, in which the orthologous gene (CT0028) 
was inactivated (Maresca et al. 2004). Moreover, enzyme activity of the C. tepidum 
BchU protein was confirmed after purification from E. coli (Harada et al. 2005). 
BchU does not discriminate between R/S configurations at the C31 hydroxyl group. 
Moreover, BchU methylates Zn-bacteriopheophorbide d but not bacteriopheophor-
bide d, indicating the requirement of a central metal ion.

Crystal structures of BchU from C. tepidum (free BchU and BchUs in complex 
with SAM and SAH) were solved, and reaction mechanisms were proposed (Wada 
et al. 2006; Fig. 22). Specifically, folding of the C-terminal domain indicated that 
BchU is a Class I methyltransferase. However, attempts to crystallize a complex 
with the substrate BChlide d or its Zn analogues (Zn-bacteriopheophorbide d) were 
unsuccessful, whereas anomalous electron densities corresponding to the central Zn 
ion were detected in crystals of a BchU-Zn-bacteriopheophorbide d complex. 
Subsequently, the orientation of bacteriopheophorbide d was simulated based on the 
position of the central metal, and the distance between the C20 carbon of 
Zn-bacteriopheophorbide d and the methyl group of SAM was 3.0 Å close enough 
for direct transfer of a methyl group. Based on these data, an SN2-like reaction 
mechanism was proposed, and according to the mode, it is expected that a conserved 
Tyr (Tyr246) acts as the nucleophilic residue. Taken together, these data indicated a 
carbanion species on C20 of BChlide d, which is generated following attack by the 

﻿Biochemistry of Chlorophyll Biosynthesis in Photosynthetic Prokaryotes



108

N
N N

C
O

O
H

N

3-
V

in
yl

 b
ac

te
rio

ch
lo

ro
ph

yl
lid

e 
d 

ho
m

ol
og

s

M
g

O

32
N

N N

C
O

O
H

N

B
ac

te
rio

ch
lo

ro
ph

yl
lid

e 
d

ho
m

ol
og

s

M
g

O

R
8

R
12

R
8

R
12

H
2O

O
H

N
N N

C
O

O
H

N

B
ac

te
rio

ch
lo

ro
ph

yl
lid

e 
c

ho
m

ol
og

s

M
g

O

R
8

R
12

O
H

33
S

A
M

S
A

H

N
N N

C
O

O
H

N

B
ac

te
rio

ch
lo

ro
ph

yl
lid

e 
e

ho
m

ol
og

s

M
g

O

R
8

R
12

O
H

34 4H
+  

+ 
4e

–

H
2O

N
N N

C
O

O
H

N

B
ac

te
rio

ch
lo

ro
ph

yl
lid

e 
f

ho
m

ol
og

s

M
g

O

O

R
8

R
12

O
H

H
2O

34

ZnTy
r2

46

H
is

29
0

A
sn

15
3

A
sp

28
6

H
is

15
0

S
A

M

Ty
r2

29

O

F
ig

. 2
2 

Fi
na

l r
ea

ct
io

ns
 in

 th
e 

fo
rm

at
io

n 
of

 B
C

hl
id

e 
e 

an
d 

B
C

hl
id

e 
f. 

B
ch

V
 (a

nd
 B

ch
F)

 c
at

al
yz

e 
th

e 
hy

dr
ox

yl
at

io
n 

of
 th

e 
C

31  c
ar

bo
n 

of
 3

-v
in

yl
 B

C
hl

id
e 

d 
ho

m
o-

lo
gs

 to
 f

or
m

 B
C

hl
id

e 
d 

ho
m

ol
og

s 
(3

2)
. S

ub
se

qu
en

tly
, m

et
hy

la
tio

n 
at

 th
e 

C
20

 c
ar

bo
n 

is
 c

at
al

yz
ed

 b
y 

th
e 

C
20

 m
et

hy
la

se
 B

ch
U

 (
33

),
  f

ol
lo

w
ed

 b
y 

th
e 

fo
rm

at
io

n 
of

 th
e 

fo
rm

yl
 g

ro
up

 a
t C

7 
by

 B
ci

D
 (

34
).

 I
n 

a 
m

ut
an

t l
ac

ki
ng

 th
e 

bc
hU

 g
en

e,
 th

e 
bi

os
yn

th
et

ic
 p

at
hw

ay
 b

ra
nc

he
s 

fr
om

 B
C

hl
id

e 
d 

by
 th

e 
ac

tio
n 

of
 B

ci
D

 to
 f

or
m

 
B

C
hl

id
e 

f (
34

).
 A

 c
ry

st
al

 s
tr

uc
tu

re
 o

f 
th

e 
B

ch
U

–S
A

H
 c

om
pl

ex
 w

ith
 a

 s
ub

st
ra

te
 a

na
lo

gu
e 

Z
n-

ba
ct

er
io

ph
eo

ph
or

bi
de

 d
 is

 s
ho

w
n 

in
 th

e 
lo

w
er

 p
ar

t. 
T

he
 s

ub
st

ra
te

 is
 

sh
ow

n 
as

 a
 m

ag
en

ta
 e

lli
ps

e,
 b

ec
au

se
 th

e 
or

ie
nt

at
io

n 
of

 th
e 

su
bs

tr
at

e 
an

al
og

ue
 Z

n-
ba

ct
er

io
ph

eo
ph

or
bi

de
 d

 h
as

 n
ot

 b
ee

n 
de

te
rm

in
ed

, b
ut

 th
e 

lo
ca

tio
n 

of
 th

e 
ce

nt
ra

l 
Z

n 
io

n 
ha

s 
be

en
 d

et
er

m
in

ed

Y. Fujita and H. Yamakawa



109

hydroxyl group of Tyr246 and may induce methyl transfer from SAM to C20 to 
form BChldie c (Wada et al. 2006).

�C7-Formylation, BciD

BChl e has a formyl group at the C7 position. Thus, green bacteria that produce 
BChl e likely have an enzyme that converts the C7-methyl group to a formyl group 
(Fig. 22, 34), as with CAO in Chl b biosynthesis. Although no genes showed signifi-
cant similarities with that encoding CAO in the green bacterium C. phaeobacterioi-
des, a unique bioinformatics approach using genomes from various green bacteria 
successfully identified the gene bciD as responsible for formation of the formyl 
group at the C7 position in BChl e biosynthesis (Harada et al. 2013). In contrast 
with the monooxygenase CAO, BciD belongs to the radical SAM family. Because 
oxygen is poorly available as a substrate in the anaerobic habitats of green bacteria, 
water molecules are likely oxygen donors for this reaction. However, the cofactors 
that accept four protons and four electrons that are removed from the reaction 
remain unidentified.

�The Bacteriochlorophyll c Synthase BchK

Three genes from the green bacterium C. tepidum have significant similarities to 
BchG and coincide with the number of types of Chl, BChl a, Chl aPD, and BChl c, 
from this bacterium. Targeted mutagenesis of these genes clearly demonstrated that 
among them, bchK (CT1992) encodes a BChl c synthase that specifically esterifies 
farnesol to BChlide c (Fig. 23, 35; Frigaard et al. 2002). Moreover, sequence simi-
larities suggested that the other two homologous genes, CT1610 and CT1270, 
encode BChl a synthase (BchG) and Chl aPD synthase (ChlG), respectively (see the 
section of Chlorophyll synthase ChlG and bacteriochlorophyll synthase BchG). 
These observations suggested that BchK catalyzes farnesylation for the biosynthe-

sis of BChls d and e in other green bacteria (Fig. 23, 35).

�Bacteriochlorophyll f: A Novel Bacteriochlorophyll

C20 methylation is a unique feature of BChl c and e, and the C7-formyl group is a 
unique feature of BChl e. In addition, a BChl d-like pigment with a C7-formyl 
group is likely present without C20 methylation, and although this putative BChl 
species remained unidentified, it has been named BChl f (Gloe et al. 1975). However, 
a bchU mutant of the green bacterium C. limnaeum, which originally produced 
BChl e, was isolated as a novel green bacterium that uses BChl f as an antenna Chl 
in chlorosomes (Harada et al. 2012; Vogl et al. 2012; Fig. 22, 34).
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�Chlorophylls d and f

Chls d and f have unique formyl groups at C3 and C2 positions, respectively. Peaks 
of Qy bands for Chls d and f are 698 and 708 nm, respectively, whereas that of Chl 
a in methanol is 655 nm. Hence, the red shift of these pigments confers the cyano-
bacterial ability to utilize far-red light. Chl d was originally identified in the sym-
biotic cyanobacterium Acaryochloris marina (Miyashita et al. 1996). Subsequently, 
cyanobacteria producing Chl d were shown to be more ubiquitously distributed 
than expected (Kashiyama et al. 2008). Moreover, Chl f was discovered in a fila-
mentous cyanobacterium that inhabits stromatolites (Chen et al. 2010). This cya-
nobacterium (Halomicronema hongdechloris) produces Chl f only under 
far-red-light conditions and not under white-light conditions. In addition, the uni-
cellular cyanobacterium strain KC1 was isolated from the Japanese fresh water 
Lake Biwa, and Chl f was found at 6.7% of the amount of Chl a after growth under 
far-red light (740 nm), indicating that Chl f contributes a far-red antenna for pho-
tosystems I and II (Itoh et al. 2015).

In structural terms, conversion of methyl to formyl groups in Chl f biosynthesis 
may be similar to CAO or BciD. Both of these enzymes commonly catalyze the 
formyl formation from methyl group at the C7 position with the different mecha-
nisms described above. Hence, enzymes that produce Chl f may have similar fea-
tures to those of CAO or BciD. However, Ho et al. (2016) recently showed that the 
chlF gene encoding the probable Chl(ide) f synthase is a PsbA paralog that is 
induced by far-red light. Accordingly, heterologous production of Chl f in chlF 
overexpressing Synechococcus sp. PCC 7002 cells was dependent on light, suggest-
ing that the Chl(ide) f synthase is a light-dependent oxidoreductase. Although fur-
ther biochemical studies are required, this unprecedented similarity with PsbA 
suggests that the ChlF protein adopts a light-dependent electron transfer mechanism 
similar to that of D1 in photosystem II.

Conversion of vinyl to formyl groups in Chl d is a unique reaction in (B)Chl 
biosynthesis, and formation of the acetyl group at the C3 position in BChl a produc-
tion may be somewhat similar. Specifically, concerted actions of a hydroxylase and 
a dehydrogenase are possible in Chl d biosynthesis. Moreover, based on the 
knowledge of (B)Chl biosynthesis, Chlide a likely serves as the common precursor 
for the production of Chls d and f.
In a recent study, Gan et  al. showed that the filamentous cyanobacterium 
Leptolyngbya sp. JSC-1 readily adapts to far-red light by remodeling its photosys-
tems (Gan et al. 2014). During this adaptation process, Chls d and f are produced 
and incorporated into the newly produced photosystems. Given the discovery of the 
chlF gene in the cyanobacterium Chlorogloeopsis fritschii PCC 9212, the genes 
responsible for the production of Chl d may also be identified soon in the same 
cyanobacterium.
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�Perspectives

Extensive gene searches in various photosynthetic organisms over the past 
25 years have revealed a largely complete battery of genes for (B)Chl biosynthe-
sis, although some important genes remain to be identified, such as those involved 
in Chl d biosynthesis. Consequently, researchers in this field are now focused on 
investigations of reaction mechanisms based on three-dimensional structures. 
Following pioneering crystallographic studies of BchU and DPOR, recent studies 
have revealed structures of ChlH and ChlM. However, more extensive structural 
studies are required for thorough understanding of Chl biosynthesis. In particular, 
although E-ring is a common structural feature of all Chls, the corresponding 
biochemistry is the least understood. Hence, establishment of reconstitution sys-
tems with enzymes that produce E-ring is an urgent requirement for the under-
standing of Chl biosynthesis.

Final destinations of Chl molecules are also understudied, and coordination of 
Chl biosynthesis with assembly of Chl-binding apparatuses, such as photosystems, 
light-harvesting Chl-binding proteins, and chlorosomes, likely involves multiple 
complex mechanisms that are beyond the scope of this chapter. In particular, because 
biosynthetic intermediates of Chls and Chl molecules themselves are strong photo-
sensitizers, the potential for ensuing damage to photosynthetic cells is high. 
Accordingly, photosynthetic organisms have developed elaborate mechanisms to 
cope with these potential reactive oxygen species generators. Hence, specific physi-
cal interactions between contiguous enzymes may be important for efficient transfer 
of Chl intermediates and likely include interactions of varying strength and tight 
regulatory pathway that are mediated by as yet unknown factors.

The present studies indicate that reaction centers contain Chls with unique fea-
tures. For example, Chl a’ (the 132 epimer of Chl a) in PSI, BChl g’ (the 132 epimer 
of BChl g) in the reaction center of Heliobacteria, BChl a’ (the 132 epimer of BChl 
a) in the reaction center of green sulfur bacteria, and Chl aPD in the primary accep-
tor Chl in green sulfur bacteria have unique properties among Chls. However, it 
remains unknown how these unique Chls are produced in cells. In addition, 
although pheophytin a is the primary electron acceptor in PSII, its production 
likely involved unknown enzymes that coordinate the removal of Mg2+ ion from 
Chl a. Identification of the corresponding genes may finally exhaust the repertoire 
of Chl biosynthetic genes.

The evolution of photosynthesis is closely related to global environmental transi-
tions. Thus, adaptation of Chl biosynthetic enzymes likely played critical roles in 
the survival of photosynthetic organisms and life on this plant. Among changing 
environmental conditions, oxygen levels are likely the most critical factor, as indi-
cated by the prevalent use of enzymes that are vulnerable to oxygen, such as radical 
SAM enzymes and nitrogenase-like enzymes in anoxygenic photosynthetic bacteria 
compared with oxygenic cyanobacteria. These observations likely provide an evo-
lutionary time line for photosynthetic organisms that emerged in anaerobic environ-
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ments about three billion years ago. Specifically, ancient oxygen-producing 
cyanobacteria are strongly implicated as a cause of the GOE. Similarly, new aerobic 
environments may alter metabolism in photosynthetic organisms. Taken together, 
the present data warrant extensive comparative studies on Chl biosynthesis to eluci-
date details of the evolutionary pathways of photosynthetic organisms from ancient 
times.
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The Maintenance of Iron Homeostasis Among 
Prokaryotic Phototrophs

Sébastien Zappa and Carl E. Bauer

Abstract  Like all prokaryotes, photosynthetic bacteria have had to solve the 
difficulty of acquiring poorly available iron in oxic environments and, at the 
same time, have had to manage the potential deleterious Fenton chemistry effects 
caused by this metal. In addition, photosynthesis requires a lot of iron for both the 
synthesis of the photosystem and the photosynthetic process itself. As a result of 
this iron need, phototrophs are good model organisms to study bacterial iron 
homeostasis. This review focuses on transcriptomic changes induced by iron limi-
tation centering on major functional features of iron homeostasis such as the acqui-
sition, storage, and regulation. We review evidence that iron limitation induces 
significant stress that triggers global transcriptional changes resulting in upregula-
tion of iron import and storage while decreasing photosynthesis. Studies on tran-
scription factors that regulate genes involved in iron homeostasis will also be 
covered, with the Ferric Uptake Regulator being the most understood. Finally, we 
will discuss the interference between iron and copper homeostasis, especially since 
iron transport systems make up a primary defense against copper poisoning.

Keywords  Iron • Iron homeostasis • Iron transport • Iron regulation • Iron stress 
response • Fur • Irr • Feo • TonB • Siderophore • EfeUOB • FutABC • PfsR • Copper 
homeostasis

�Introduction

Studies as early as 1956 showed that iron affects the synthesis of the purple bacterial 
photosystem. Specifically, Lascelles reported that iron supplementation stimulates 
production of bacteriochlorophyll in the purple bacterium Rhodobacter sphaeroides 
(Lascelles 1956). Conversely it has also been shown that iron limitation leads to an 
absence of pigmentation and impaired growth under photosynthetic conditions 
(Peuser et al. 2011). Surprisingly, there are few other reports on the effect of iron 
availability on synthesis of the purple bacterial photosystem.
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In contrast to limited mechanistic studies with purple bacteria, the effect of iron 
on synthesis of the cyanobacterial photosystem has been an active area of research. 
Numerous studies have shown that iron deprivation leads to a general decreases in 
chlorophyll and phycocyanin synthesis in cyanobacteria (Öquist 1974; Guikema 
and Sherman 1983; Sandmann 1985; Sandström et al. 2002). Adaptation of the pho-
tosynthetic apparatus to iron deficiency also affects the composition and ratio of 
individual photosystem components. Briefly, the Fe-S-containing ferredoxin is 
replaced by the flavodoxin IsiB, and the photosystem I (PSI) is surrounded by IsiA 
proteins. Formation of the IsiA-PSI supercomplex compensates the decrease of PSI 
in terms of light-harvesting capacity. More details and references can be found in 
the following articles (Chauhan et al. 2011; Ryan Keogh et al. 2012; Fraser et al. 
2013; Cheng and He 2014; Wahadoszamen et al. 2015). IsiA and IsiB are encoded 
by the isiAB operon and make up a central part of the response to iron limitation, 
often considered as a hallmark of the cyanobacterial iron response, and will be dis-
cussed in this review.

The effect of iron limitation on pigment synthesis in photosynthetic species is 
understandable given that many enzymes involved in the bacteriochlorophyll, 
chlorophyll, and phycocyanin synthesis require iron as a cofactor for catalysis 
(Beale and Cornejo 1983; Frankenberg and Lagarias 2003; Sirijovski et al. 2007; 
Sarma et al. 2008). In addition, iron is an important component of photosystem I 
(PSI) and photosystem II (PSII) as well as an essential component of the electron 
transport chain, many components of which use heme as an electron carrier 
(Ferreira and Straus 1994; Keren et al. 2004). Given the poor solubility of iron in 
oxic environments and its toxicity through Fenton chemistry, bacterial fitness is 
tied to the necessity of efficient import and storage systems that also prevent the 
buildup of an intracellular free iron pool, in other words an efficient iron homeo-
stasis (Touati 2000; Andrews et al. 2003; Chiancone et al. 2004). The literature on 
the effect of iron on synthesis and function of photosystems is expansive and thus 
beyond the scope of a single review. Consequently, this review focuses on mecha-
nisms that photosynthetic prokaryotes use to acquire, sequester, and regulate 
appropriate amounts of intracellular iron.

�The Cellular Response to Iron Limitation

There are currently only few reports of global studies of the effect of iron limitation 
on gene expression in anoxygenic photosynthetic prokaryotes. A study on 
Rhodobacter (R.) sphaeroides showed that acclimation to iron-free medium induces 
a lack of pigmentation, as a result of the downregulation of the photosynthetic genes 
pucAB and puc2AB, encoding light-harvesting complex II. In addition, iron limita-
tion increased the cellular amount of reactive oxygen species (ROS) (Peuser et al. 
2011). Overall, 384 transcriptomic changes were observed: 33 downregulations 
concerning photosynthesis, flagellum biosynthesis, and chemotaxis genes and 351 
upregulated genes dealing with iron uptake and storage but also Fe-S cluster 
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assembly and repair (Peuser et al. 2012). Unexpectedly, no significant changes were 
observed regarding genes involved in the oxidative stress response, despite the 
increase of cellular ROS. Finally, it is remarkable that the ferrous iron uptake sys-
tem feoAB did not respond to iron deficiency while it did to H2O2 (Peuser et  al. 
2012). Another study on the effect of iron limitation on iron transport and heme 
gene expression deals with R. capsulatus (Zappa and Bauer 2013a). That study 
demonstrated that iron limitation led to an overall increase in ferrous and ferric 
transport gene expression and an increase in siderophore and heme uptake receptor 
expression. There was also a decrease in expression in a putative ferrous iron efflux 
pump indicating that R. capsulatus cells that are starved for iron adjust their mem-
brane transport components in a way that maximizes iron acquisition and retention. 
There is also a general increase in heme gene expression which presumably reflects 
stress on heme synthesis caused by inactivation of enzymes in the heme pathway 
that use iron as a cofactor as well as limitation of iron availability for insertion into 
protoporphyrin IX (Zappa and Bauer 2013a).

In contrast to limited understanding of global effects of iron limitation in anoxy-
photosynthetic prokaryotes, there have been global studies on the effects of iron 
limitation with cyanobacteria. Major findings are summarized in Fig. 1. A study 
with Synechocystis sp. PCC 6803 demonstrated that an iron limitation kinetic shift 
resulted in 1076 transcription units that were differentially expressed during at least 
one time point. These include 644 mRNAs and 434 noncoding RNAs (307 asRNAs, 
125 sRNAs) (Hernández-Prieto et al. 2012). A highly dynamic pattern was observed 

Fig. 1  Iron limitation induces global transcriptomic and metabolic changes. 1Iron storage response 
varies depending on species studied (e.g., Synechocystis vs. Trichodesmium). 2Inorganic carbon 
change in Synechocystis varies depending on studies
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with a transient initial upregulation followed by downregulation. The affected genes 
included those involved in photosynthesis (PSI, PSII, phycobilisomes, ATP syn-
thase complex, carbon fixation, porphyrin and chlorophyll synthesis) but also 
involved in oxidative phosphorylation, which in cyanobacteria borrows several 
components to photosynthesis (plastoquinone pool, soluble electron carriers, cyto-
chrome b6f, ATP synthase). Downregulation of cytochrome b6f under iron limitation 
has been consistently observed (Sandström et al. 2002; Shi et al. 2007; Thompson 
et al. 2011; Fraser et al. 2013). Decrease in PSI gene expression is stronger than that 
of PSII genes, which is consistent with the PSI/PSII ratio as is classically observed 
(Hernández-Prieto et al. 2012). Other functional group had less dynamic, more sus-
tained expression patterns. Typically, iron transport (fhuA, futA, fetA, exbD)- and 
storage (bfd)-related genes along with the isiAB operon were upregulated. The latter 
operon encodes the IsiA protein, involved in PSI modification, and the flavodoxin 
IsiB, both involved in the iron stress/sparing response. On the opposite, the flv4-2 
operon, encoding the PSII protection flavodiiron protein complex Fl2-Fl4, was 
downregulated. Also with sustained pattern was a transcription increase of nitrogen 
assimilation genes (nirA, glnN, glnA, ntcA), while inorganic carbon fixation genes 
decrease (cmpABCD). As both processes necessitate iron-containing enzymes, the 
observed difference in transcription change may be a signature of cellular prioritiza-
tion (Hernández-Prieto et al. 2012).

Antisense RNA appears to be involved in different ways: from promoting mRNA 
stability of nitrogen assimilation genes to fine-tuning either the basal mRNA level of 
iron import genes or the transient expression of isiA and flv4 (Hernández-Prieto et al. 
2012). In addition, among the 125 sRNA differentially expressed upon iron limita-
tion, four showed potential regulatory functions in photosynthesis and respiration. In 
a few cases, different patterns of expressions were observed between a UTR and its 
associated gene indicating that the UTR may constitute riboswitches which adds 
another layer of regulation. Such cases include ferrous iron transport (feoA), bicar-
bonate transport (cmpA), Fe-S cluster assembly (sufB), and phycobilisome-dependent 
light energy dissipation (slr1964) (Hernández-Prieto et al. 2012).

By following a set of 106 proteins in Synechocystis sp. PCC 6803, a proteomic 
approach confirmed the bulk of the above transcriptomic data. Most photosynthesis 
components were downregulated (PSI, PSII, phycobilisomes, cytochrome b6f, solu-
ble electron carriers), as were Fe-S-containing proteins (Vuorijoki et  al. 2016). 
Upregulated photosynthesis elements were the IsiA and IsiB iron stress proteins and 
the phycobilisome-interacting orange carotenoid protein, involved in photoprotec-
tion. On the other hand, carbon fixation components were upregulated which is not 
consistent with previously reported transcriptomic data (Hernández-Prieto et  al. 
2012; Vuorijoki et al. 2016). Other upregulated components included iron transport 
(FeoB, FhuA) and storage (MgrA) proteins, sigma factors SigB and SigC, Fe-S 
biosynthesis repressor SufR, and nitrogen assimilation factor NtcA. Downregulation 
was observed for FurA, hydrogenase HoxH, and sigma factor SigA. TCA cycle was 
overall downregulated as a consequence of multiple Fe-S-containing enzymes, 
while phosphoenolpyruvate carboxylase and pentose phosphate pathway enzymes 
were upregulated (Vuorijoki et al. 2016).
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An additional proteomic characterization of iron stress was reported for the 
marine non-heterocystous filamentous diazotroph Trichodesmium erythraeum 
IMS101. The global iron-sparing response in this species results in a reduction of 
55–60% for the iron requirement of the cell, with the largest part of this saving com-
ing from the reduction in nitrogenase and PSI contents (Snow et al. 2015). Statistical 
analysis of the iron-stressed proteome showed that with higher the iron content, 
individual proteins were more affected by iron limitation. Otherwise, ferrous iron 
transporter FeoA-FeoB could not be detected unlike the ferric iron transporter FutA/
IdiA (Snow et al. 2015). Numerous enzymes involved in oxidative stress response 
(Ni-SOD, TrxA, TrxB, peroxiredoxin) were upregulated under iron deprivation. So 
was a PilA homologue, this major pilin protein was described to take part in growth 
on iron oxides for Synechocystis sp. PCC 6803 (Lamb et al. 2014). The nitrogen 
fixation and photosynthesis pathways were repressed, while IsiA, the flavodoxin 
IsiB, and the plastocyanin were overexpressed. Typical PSI/PSII decrease and IsiA/
PSI increase under iron deficiency were confirmed in this study (Snow et al. 2015). 
Severe decrease of the iron storage ferritin under iron limitation indicates that the 
cellular iron pool becomes fully associated with functional iron proteins in these 
conditions. On the opposite, iron-replete cells are estimated to have 84% of the cel-
lular iron in the ferritins (Snow et  al. 2015). Interestingly, the class II fructose 
bisphosphate aldolase enzymes, which are often Fe2+ dependent, were substituted 
by class I enzymes. RuBisCo, ATP synthase, and cytochrome b6f/PSII were 
unchanged or only mildly changed (Snow et al. 2015). Heme synthesis was also 
found affected by iron depletion although with various patterns. Indeed, hemA is 
downregulated or unchanged in Prochlorococcus sp. MED4 and MIT9313 strains, 
respectively (Thompson et al. 2011). This is contrasted by upregulation of several 
heme synthesis genes in Anabaena sp. PCC 7120 (González et al. 2012; Snow et al. 
2015). In the same species, two heme oxygenases are activated by iron depletion, 
while in Trichodesmium erythraeum IMS101, heme oxygenase is repressed (Snow 
et al. 2015). This highlights that there are different strategies of iron recycling in 
different cyanobacterial species.

Iron availability also impacts the expression of several cyanobacterial ferre-
doxins. Synechocystis sp. PCC 6803 exhibits nine ferredoxins, Fed1–9. Iron star-
vation downregulates Fed1, Fed4, Fed5, and Fed8. On the other hand, Fed7 is 
upregulated by iron-deplete and downregulated under iron-replete conditions. 
Fed9 was not described as transcriptionally affected by iron, but it does interact 
with the flavodiiron protein Flv3. Both Fed7 and Fed9 are important in response 
to oxidative stress and metal availability, particularly to iron (Cassier-Chauvat 
and Chauvat 2014).

Finally, one note of caution regarding global changes needs to be made. A com-
parison of four iron limitation transcription studies with Synechocystis sp. PCC 
6803 indicates that only 28 genes display significant differential changes in all four 
studies: 21 are upregulated, 3 downregulated, and 4 vary form one study to the other 
(Hernández-Prieto et al. 2012). This underlines the high sensitivity of the cellular 
response to variability in experimental conditions and potential genetic drift of labo-
ratory strains.
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�Iron Transport

The import of iron can occur with several different classes of transporters 
(Andrews et al. 2003; Cartron et al. 2006; Cornelis and Andrews 2012; Zappa 
and Bauer 2013b). Briefly, poorly soluble Fe3+ iron can be imported as Fe3+ 
bound to a siderophore by a TonB-dependent siderophore uptake system or as 
free Fe3+ by a metal ABC transporter. Uptake of the more soluble Fe2+ can occur 
via the Feo system and the EfeUOB system, although other studies also show 
that the latter system can also import soluble Fe3+ as well as extract Fe2+ from 
heme (Létoffé et al. 2009; Miethke et al. 2013). By far, siderophore uptake has 
received most of the attention over past decades but more and more is known 
about these alternative pathways of iron import. None of these iron import sys-
tems are unique to photosynthetic bacteria as they are widely dispersed among 
the bacterial domains. Iron import systems identified in phototrophic bacteria 
are depicted in Fig. 2.

Fig. 2  Overview of iron transport systems identified in phototrophic prokaryotes. Represented are 
the export and import of siderophores, with the example of Anabaena schizokinen. TBDT-TonB-
ExbBD systems can be involved in the uptake of ferrisiderophores, heme, and ferric iron. EfeUOB 
system can be involved in the import of iron as ferric, ferrous iron as well as extracting iron from 
heme. Ferric iron import can be achieved by the FutABC system while Feo system uptakes ferrous 
iron. Reductive pathway, involving a putative extracellular or periplasmic reductase, is also pic-
tured as well as the abiotic photoreduction
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�Siderophore Synthesis and Uptake Systems

Siderophore synthesis and uptake have been frequently reviewed, so readers inter-
ested in this topic are directed to the following references (Köster 2001; Krewulak 
and Vogel 2008, 2011; Hopkinson and Morel 2009; Sandy and Butler 2009; Hider 
and Kong 2010; Chu et al. 2010; Morrissey and Bowler 2012). Siderophores are 
small ligands of 500–1500 Da that exhibit a high affinity for Fe3+ (Kf > 1030 M). 
Siderophores are produced by a wide range of organisms (bacteria, fungi, dia-
toms, graminaceous plants) in all sorts of environments (terrestrial, soil, freshwa-
ter, open ocean, coastal ocean water) with more than 500 siderophores identified. 
Most siderophores are synthesized by nonribosomal peptide synthetases (NRPSs) 
or polyketide synthases (PKSs) with chemical structures classified as catechol, 
hydroxamate, or alpha-hydroxycarboxylate. Siderophores chelate the relatively 
insoluble Fe3+, which enables organisms with adequate siderophore uptake sys-
tems to import this oxidized form of iron. Organisms can produce one or several 
siderophores, along with the corresponding uptake systems, but organisms can 
also scavenge siderophores that are produced by other species (in this case sidero-
phores that are scavenged from another species are called xenosiderophores). In 
Gram-negative bacteria, the typical siderophore uptake system consists of an 
outer membrane ferrisiderophore receptor that interacts with a siderophore-specific 
TonB-ExbB-ExbD complex to provide the energy for translocation of the sidero-
phore into the periplasm. Once in the periplasm, an ABC transporter cassette, 
comprised of a periplasmic siderophore-binding protein, permease, and ATPase, 
then imports the ferrisiderophore into the cytoplasm.

Siderophore-based iron import has been described for photosynthetic organ-
isms. In the purple bacterium R. sphaeroides, no synthesis of hydroxamate- or 
catecholate-type siderophore could be detected, but this bacterium was shown to 
uptake ferric citrate and ferric parabactin supplied to the growth medium (Moody 
and Dailey 1984, 1985). Genome sequence analysis of model purple bacteria also 
shows the presence of numerous siderophore uptake systems. For example, there 
are 4 in R. sphaeroides, 7 in R. capsulatus, 24 in Rhodopseudomonas (Rh.) palus-
tris but none in R. ferrooxidans (Larimer et al. 2004; Zappa and Bauer 2013b). 
Unlike R. sphaeroides and R. capsulatus, Rh. palustris is able to synthesize a 
siderophore, namely, rhizobactin. Based on the ratio of siderophore synthesis ver-
sus siderophore uptake systems in their respective genomes, it is reasonable to 
speculate that these three organisms rely more or less heavily on xenosiderophores. 
In R. sphaeroides and R. capsulatus, siderophore uptake systems were also shown 
to be transcriptionally upregulated under iron-limiting conditions (Peuser et al. 2012; 
Zappa and Bauer 2013a).

In cyanobacteria, the production of siderophores and/or use of xenosidero-
phores under iron scarcity have been known for a long time (Trick and Kerry 
1992; Ferreira and Straus 1994; Michel and Pistorius 2004). Siderophore produc-
tion has been reported for numerous species such as Anabaena sp., Anabaena 
cylindrical, Anabaena oryzae, Microcystis aeruginosa, Microcystis wesenbergii, 
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Synechococcus sp., but overall cyanobacteria have been described as poor sidero-
phore producers (Simpson and Neilands 1976; Lammers and Sanders-Loehr 
1982; Ghassemian and Straus 1996; Xing et  al. 2007; Nicolaisen et  al. 2010; 
Alexova et al. 2011; Wang et al. 2014; Singh and Mishra 2015). Characterized 
siderophores of cyanobacterial origin include the suite of synechobactins pro-
duced by the marine species Synechococcus sp. PCC 7002, schizokinen synthe-
sized by the freshwater species Anabaena sp. PCC 7120, and the anachelins 
isolated from the other freshwater species Anabaena cylindrica. While synecho-
bactins and schizokinen are similar citrate-based siderophores, anachelins are 
peptide siderophores. Synechobactins differ schizokinen by the presence of fatty 
acid tails (Hopkinson and Morel 2009).

Siderophore used in cyanobacteria has not been extensively characterized, but 
genome analysis suggests that, for marine species, the process might be more 
implemented in coastal rather than open-ocean species (Hopkinson and Morel 
2009). From an ecological standpoint, cyanobacterial production of siderophores 
avoids being overgrown by eukaryotic algae (Murphy et al. 1976). Currently, the 
best molecular model of cyanobacterial siderophore usage was assembled in 
Anabaena sp. PCC 7120. This strain was shown to produce at least two sidero-
phores, including schizokinen. The schizokinen exporter SchE, a protein of the 
major facilitator superfamily, and HgdD, a TolC-like protein, are responsible for 
the export of schizokinen (Nicolaisen et  al. 2010). Two TonB-dependent outer 
membrane transporters (TBDT) were identified: the schizokinen transporter SchT 
and the Fe3+ and Cu2+ transporter IatC (Nicolaisen et  al. 2008, 2010). Several 
TonB-exbBD systems were tested, and TonB3-ExbB3D3 was shown to import 
schizokinen from the outer membrane receptor SchT to the periplasm. Finally, a 
FhuBCD cassette was identified as the final step of schizokinen uptake, with 
FhuD being the periplasmic schizokinen-binding protein, FhuB the permease, and 
FhuC the ATP-binding protein. The tonB3 and fhu genes were found to be essen-
tial for the cells to grow under normal iron levels (Stevanovic et  al. 2012). 
Systematic study of TBDT and TonB-ExbBD systems revealed a complex net-
work where some are responsive to high iron levels at low cell density, while oth-
ers are upregulated under iron-limiting condition at high cell density. The latter 
category makes up the core of the iron deficiency response (Stevanovic et  al. 
2013). Upregulation of fhuC was observed under iron limitation, although to a 
much lesser extent than schE and schT (Rudolf et al. 2015). Kinetics showed that 
endogenously produced schizokinen is imported faster than xenosiderophores by 
a 100-fold factor in Anabaena sp. PCC 7120 and Anabaena flos-aqua (Sonier 
et  al. 2012; Rudolf et  al. 2015). Different transporters are dedicated to import 
schizokinen and xenosiderophores in the periplasm, but final internalization 
through the plasma membrane involves the same transporter in Anabaena sp. PCC 
7120 (Rudolf et al. 2015).

In Anabaena sp. PCC 7120, two gene clusters potentially involved in sidero-
phore synthesis were found: one involved in hydroxamate-type siderophore syn-
thesis, in the vicinity of the SchT-encoding gene, and a large gene cluster of 
76 kb, with NRPS/PKS signature genes (Jeanjean et al. 2008; Nicolaisen et al. 
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2008). Transcription of the genes of the 76 kb cluster was found upregulated in 
iron-limiting conditions or in the presence of oxidative stress (Jeanjean et  al. 
2008). Likewise, genes involved in siderophore synthesis and uptake are upregu-
lated in Nostoc when iron was scarce (Yingping et al. 2014). In addition, screen-
ing for TonB-dependent outer membrane receptors in 32 cyanobacterial genomes 
revealed the presence of 22 TonB-dependent receptors in Anabaena sp. PCC 
7120, including 14 FhuA type, 3 IutA type, and 1 ViuA type, which are related 
to hydroxamate, citrate-hydroxamate, and catecholate siderophore import, 
respectively. Variability of the transcriptomic response to iron levels highlights 
that these TBDT are specialized in either quick response to high iron at low cell 
density, genuine response to iron limitation, or copper detoxification (Stevanovic 
et al. 2013). Nevertheless, the number of TBDT varies a lot between cyanobacte-
rial genomes: 33 in Gloeobacter violaceus, 22 in Anabaena sp. PCC 7120, 10 in 
Anabaena variabilis, 6 in Synechococcus sp. PCC 7002, 4 in Synechocystis sp. 
PCC 6803, and none in Prochlorococcus. Some were also found in the 
“Candidatus Synechococcus spongiarum” group, cyanobacterial symbionts of 
sponges, and seem to be remnants of ancestral features of nonsymbiotic ances-
tors (Burgsdorf et al. 2015). Interestingly, no FecA-type transporter was identi-
fied, although this ferric citrate transporter is widely distributed in other bacterial 
classes (Mirus et  al. 2009). So far, only three cyanobacterial TonB-dependent 
receptors were experimentally studied: the two aforementioned SchT and IacT in 
Anabaena sp. and FdTonB in Fremyella diplosiphon. As the latter was found 
unresponsive to iron levels, it brings to two the number of cyanobacterial TonB-
dependent transporters involved in iron homeostasis with experimental confirma-
tion, both in the same species. Finally, in Synechocystis sp., a putative FhuA-type 
siderophore transporter that was identified in silico (slr1406) was experimentally 
shown to be upregulated in iron-limiting condition (Mirus et al. 2009; Shcolnick 
et al. 2009). Still, this highlights how siderophore uptake in cyanobacteria is far 
from being fully characterized.

Besides classic activation under iron scarcity, it is interesting to note that light 
quality can affect iron uptake. Indeed, cyanobacteria can adapt to the color of 
light via a process known as complimentary chromatic adaptation. DNA micro-
array showed that genes responding to chromatic adaptation in Fremyella diplo-
siphon have homologues in other cyanobacteria that are responsive to iron 
scarcity, such as atpB that putatively encodes a siderophore uptake protein 
(Stowe-Evans et al. 2004). Finally, in marine environments, import of Fe3+ from 
siderophore could involve mechanisms other than the TonB-dependent uptake. 
Extracellular reduction of the ferrisiderophore complex could be a primary pro-
cess in these conditions: instead of actually internalizing the complex, it is dis-
sociated by reduction by an extracytoplasmic reductase or by photoreduction. 
Once reduced, free Fe2+ is set free to diffuse passively through an outer mem-
brane porin before reaching Fe2+ transporter FutABC or FeoB (Hopkinson and 
Morel 2009; Sandy and Butler 2009). Extracellular reduction of ferric iron from 
siderophore prior to iron uptake was also shown in Anabaena sp. PCC 7120 
(Kranzler et al. 2011).
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�Ferric Iron ABC Transporters

As an alternative to siderophore-based Fe3+ uptake systems, some species can also 
contain a ferric iron ABC transporter. In such a situation, ferric iron has to first reach 
the periplasm, for example, by passive diffusion through the outer membrane via a 
porin. Then, the Fe3+ ABC transporter operates using a Fe3+-binding periplasmic 
protein, an inner membrane permease and an ATPase. Well-studied examples of the 
Fe3+ ABC transporter are the FbpABC (AfuABC), SfuABC, and HitABC systems 
(Andrews et al. 2003). Unlike TonB-dependent uptake systems, these transporters 
are less specific and were shown to be able to import Fe2+ and/or Mn2+ in addition to 
or instead of Fe3+ (see Zappa and Bauer (2013b) for references). In purple bacteria, 
screening of Rhodobacter genomes revealed the presence of an FbpABC homo-
logue in R. capsulatus, R. sphaeroides, and R. ferrooxidans, where the permease-
encoding gene is duplicated (Zappa and Bauer 2013b). Thus, this fbpAB1B2C operon 
might be inherited from a common ancestor to Rhodobacter species. Among this 
genus, another Fe3+ ABC transporter was found, but only in R. sphaeroides. It is 
homologous to the SitABCD transporter originally described in Salmonella enterica 
serovar Typhimurium (Kehres et al. 2002). And as in the latter organism, some ele-
ments suggest that it might be involved in Mn2+ rather than Fe3+ transport. Firstly, R. 
sphaeroides does not harbor the Mn2+-specific transporter MntH, while the other 
Rhodobacter representatives do (Zappa and Bauer 2013b). Second, the specificity 
of this transporter to Fe3+ is not stable across the organisms harboring it. Third, its 
transcription is not upregulated under iron scarcity but instead is upregulated by 
manganese scarcity (Peuser et al. 2012).

More is known about Fe3+ ABC transporters in cyanobacteria than those of 
anoxygenic bacteria. The FutA/IdiA Fe3+ ABC transporter was identified in the 
genomes of 28 unicellular cyanobacteria of the Prochlorococcus, Synechococcus, 
and Synechocystis genera (Morrissey and Bowler 2012). Biochemical character-
ization has been primarily done on the Synechocystis sp. PCC 6803 homologue. 
The FutA1A2BC consists of two Fe3+-binding proteins FutA1 and FutA2, a perme-
ase FutB, and an ATPase FutC with fut gene expression upregulated under iron-
limiting conditions. Deletion of futA1 or futA2 also reduces cellular iron content, 
with the futA1 deletion being the most severe. Interestingly, while FutA2 is a highly 
abundant periplasmic protein and is accepted as the Fe3+ periplasmic receptor of 
the ABC cassette, the role of FutA1 remains unclear. Unlike FutA2, FutA1 is not 
located in the periplasm but is instead predominantly located in the cytoplasm. 
However, deletion of futA1 does severely reduce the concentration of Fe3+-FutA2 in 
the periplasm, so it does exert an indirect control on iron import by the FutA2BC 
complex (Katoh et al. 2000, 2001a, b; Badarau et al. 2008; Shcolnick et al. 2009; 
Morrissey and Bowler 2012).

Originally identified as IdiA, FutA1 has also been suggested to protect the acceptor 
side of PSII from H2O2 production under iron limitation by direct protein-protein inter-
action (Ting et al. 2002; Michel and Pistorius 2004). FutA2 is also connected to oxida-
tive stress as it is regulated by PerR, the Fur-like transcription factor involved in 
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oxidative stress response (Shcolnick et al. 2009). Other FutABC uptake systems were 
identified in other cyanobacteria, and most cyanobacterial FutA sequences make up a 
homologous clade (Tom-Yew et al. 2005). Regarding experimental clues, Microcystis 
aeruginosa has one FutA homologue that seems localized at the periphery of the cell 
and that was shown to be expressed under iron limitation (Alexova et al. 2011). A 
homologous Fe3+ transport system designated as IdiA/FutB/FutC was found to be con-
served through several Prochlorococcus genomes, and IdiA, the Fe-binding periplas-
mic protein, was also shown to be transcriptionally upregulated under iron scarcity 
(Thompson et al. 2011). In Anabaena sp. PCC 7120, putative ferric iron transporters 
iutA1, iutA2, and hutA1 were reported to only mildly respond to iron limitation (Rudolf 
et al. 2015). In the same species, various elements of ferric iron transporters were found 
to be upregulated in the presence of either high iron at low cell density (fecD2, fecD3) 
or low iron at mild cell density (fecD1, fecC1, futB). This reveals involvement of homol-
ogous systems in various cellular responses (Stevanovic et al. 2013).

Finally, ExbB-ExbD pathways are usually associated with TonB-dependent 
uptake, which was extensively characterized for siderophores. Nevertheless, three 
ExbB-ExbD systems were identified in the non-siderophore-producing Synechocystis 
sp. PCC 6803, all of which being upregulated under iron limitation and involved in 
inorganic Fe3+ uptake (Jiang et  al. 2015). Redundancy and lethality induced by 
mutation of the three systems suggest that inorganic Fe3+ uptake may be the main 
iron source for this cyanobacterium and this class of phototrophs (Jiang et al. 2015). 
In Anabaena sp. PCC 7120, the various ExbBD systems respond to either high or 
low iron which indicate specialization (Stevanovic et al. 2013).

�Ferrous Iron Uptake

While less is known about ferrous iron transport than its ferric counterpart, some 
pathways for Fe2+ transport have been identified, such as the Feo or EfeUOB sys-
tems. The former is widely distributed among bacteria and some archaea. It is 
encoded most of the time as an feoAB operon in which FeoB encodes an Fe2+ per-
mease and FeoA, a cytoplasmic partner of FeoB with a function that remains to be 
elucidated. FeoA seems to be a multifunctional protein that is essential in some 
species for Fe2+ transport, while in others it is only required for full efficient Fe2+ 
transport. An additional FeoA partner can occur, as well as a third element FeoC 
that has also an elusive role. It is presumed to be a transcription factor that regulates 
feoABC operon expression but also to protect FeoB from proteolysis. FeoA, FeoB, 
and FeoC were shown to interact together in Vibrio cholerae. Multiple Feo systems 
in the same bacteria have been described, and this situation can lead to specializa-
tion of each system such as general cellular needs vs. magnetosome needs and iron 
import vs. manganese import (hence the appellation Feo vs. Meo) (Hantke 2003; 
Cartron et al. 2006; Perry et al. 2007; Lau et al. 2013, 2016; Stevenson et al. 2016).

The Efe system has also shown an involvement in ferrous iron transport. First 
identified in pathogenic bacteria, the Efe system is actually widespread. This system 
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is expressed as an operon, efeUOB or efeUOBM, and consists of a permease EfeU 
that is homologue to the yeast Ftr1p iron permease, a Dyp-type peroxydase EfeB 
that is presumed to be periplasmic and to bind heme, and a periplasmic cupredoxin-
containing EfeO.  A cupredoxin-less EfeO homologue can occur and is named 
EfeM. Mechanism of this pathway is not yet clear as it differs from one organism to 
another, sometimes enabling the uptake of Fe3+ or heme iron in addition to Fe2+ (see 
Zappa and Bauer (2013b) for references) (Turlin et al. 2013; Miethke et al. 2013). 
In the Rhodobacter genus, a FeoA1A2BC cassette was identified in the three repre-
sentatives R. capsulatus, R. sphaeroides, and R. ferrooxidans. A second and simpler 
FeoAB cassette was also found in the R. capsulatus genome. While the FeoA1A2BC 
cassette is likely to come from a common Rhodobacter ancestor, the FeoAB one 
could have been acquired later by gene duplication or horizontal gene transfer. The 
other Fe2+ uptake pathway, EfeUOB, is present in the genome of R. capsulatus but 
absent in the two other Rhodobacter species (Zappa and Bauer 2013b). In this cas-
sette, EfeU and EfeO appear encoded as a fusion EfeUO protein according to the 
genome sequence. But manual sequencing finally established that those two part-
ners as distinct genes (Zappa and Bauer 2013a). The Feo system of R. sphaeroides 
was not transcriptionally induced under iron limitation, while both R. capsulatus 
Feo systems were upregulated in the absence of iron (Peuser et al. 2012; Zappa and 
Bauer 2013a). In addition, transcription of R. capsulatus efeU was shown to be 
induced under iron scarcity (Zappa and Bauer 2013a).

In marine cyanobacteria, the Feo system seems absent from the genomes of 
Prochlorococcus and open-ocean Synechococcus species while present in coastal 
Synechococcus species (Morrissey and Bowler 2012). In the freshwater cyanobac-
terium Synechocystis sp. PCC 6803, a feoB gene was reported, and its transcription 
was showed to be induced by either low iron concentrations or ROS in the growth 
medium (Katoh et al. 2001a; Latifi et al. 2005; Shcolnick et al. 2009). Likewise, a 
FeoB homologue in Microcystis aeruginosa was found to be upregulated under iron 
limitation (Alexova et al. 2011). In Anabaena sp. PCC 7120, feoB is only weakly 
induced by iron limitation, while all feo elements were activated under high iron 
(Stevanovic et al. 2013; Rudolf et al. 2015). The Feo system in this strain was pro-
posed to be part of the immediate response to high iron at low cell density (Stevanovic 
et al. 2013). Interestingly, the Feo transporter is presumed to be associated down-
stream of a siderophore-independent Fe3+ reduction pathway (Kranzler et al. 2014).

�Reductive Ferric Iron Uptake Pathway

Recent observations about the capability of cyanobacteria to directly reduce inor-
ganic Fe3+ to Fe2+ have questioned the paradigm that siderophores are the main route 
of iron uptake in oxygenic phototrophs. Indeed, evidences of extracellular ferric 
iron reduction by cyanobacteria were reported using Synechocystis sp. PCC 6803 
(Kranzler et al. 2011; Thorne et al. 2015). In Anabaena sp. PCC 7120 and (most 
likely) Anabaena flos-aquae, reductive Fe3+ uptake was also shown to be uncoupled 
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from the schizokinen uptake (Sonier et al. 2012; Rudolf et al. 2015). Heavy ener-
getic costs of siderophore synthesis and import are also inversely correlated to the 
cell density. Rudolf and co-authors proposed that, for filamentous bacteria like 
Anabaena sp. PCC 7120, siderophore-based iron uptake is cost-effective only under 
low iron and high cell density. On the other hand, Fe3+ reduction to Fe2+ followed by 
Fe2+ transport is more adapted to a less dense population. While the expensive sid-
erophore system is tightly regulated, the iron reduction pathway seems to be poorly 
regulated and may thus constitute the “default mode” of iron uptake (Rudolf et al. 
2015). Such a reductive pathway was proven to be prevalent in eight cyanobacterial 
species, where its “default mode” character was confirmed. Whatever species stud-
ied, reductive Fe3+ uptake is consistently 10,000-fold more efficient than the uptake 
of the siderophore ferrioxamine B (Lis et al. 2015). In addition, Anabaena sp. PCC 
7120 imports inorganic Fe3+ by reducing it 1000 times more efficiently than its 
endogenously produced siderophore schizokinen (Lis et al. 2015).

A mechanism of Fe3+ reduction has been suggested to involve the aforementioned 
FutA1A2BC system, an alternate respiratory terminal oxidase (ARTO), and the Feo 
system (Kranzler et al. 2014). According to this model (Fig. 2), Fe3+ could enter the 
periplasm through a porin where it is chelated by FutA2. This accumulation of Fe3+-
FutA2 complex would enable a gradient pushing Fe3+ toward the periplasm where Fe3+ 
would be reduced by ARTO with the resulting Fe2+ imported into the cytoplasm via 
the Feo system (Kranzler et al. 2014). This model suggests regulatory activities for 
FutA1 and FutC and matches the previously described property of FutA2 as a cellular 
iron partitioning protein (Waldron et al. 2007; Kranzler et al. 2014).

Finally, a few studies suggest the involvement of pili in Fe3+ transport in 
Synechocystis sp. PCC 6803. Type IV pili were previously described as “bacterial 
nanowires” as they can conduct electricity (Lovley and Malvankar 2015). In this 
cyanobacterium, a ∆pilA1 mutant showed impaired growth on iron oxides and goe-
thite. It also displays some iron-deficient signatures such as lower phycobilisome 
contents (Lamb et al. 2014). Moreover, deletion of the transcription factor LexA 
induces a transcription response that is very similar to the one triggered by iron 
limitation: upregulation of iron transporters and downregulation of photosynthesis-
related genes except isiAB (Kizawa et  al. 2016). PilA-encoding genes, including 
pilA1, were strongly affected by lexA deletion with some being directly controlled as 
shown by LexA binding to the promoters of pilA7 and pilA9 (Kizawa et al. 2016). As 
Lamb and co-authors reported only about the ∆pilA1 phenotype, it would seem 
worth at this point to extend the study to other pilA genes.

�Heme Uptake

Many cells can also scavenge iron from heme often acquired from the environment. 
Cellular use of heme iron can occur via two mechanisms: import and cytoplasmic deg-
radation of heme and periplasmic deferrochelation of heme. The first pathway is 
enabled by TonB-dependent heme uptake systems, similar to the ones involved in 
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siderophore uptake. Once heme is internalized in the cytoplasm, a heme oxygenase is 
required in order to open the tetrapyrrole ring and extract Fe2+. This uptake system has 
been well characterized in pathogenic bacteria, but is not restricted to pathogens as this 
salvage pathway also benefits symbiotic and free-living marine bacteria (Nienaber 
et al. 2001; Hopkinson et al. 2008; Runyen-Janecky et al. 2010; Anzaldi and Skaar 
2010; Braun and Hantke 2011; Septer et al. 2011; Burgsdorf et al. 2015). In the second 
pathway, the iron atom is extracted from heme in the periplasm without modifying the 
tetrapyrrole structure, releasing protoporphyrin IX. It is performed by the aforemen-
tioned EfeUOB system (Létoffé et al. 2009; Turlin et al. 2013). Genome analysis of 
Rhodobacter model strains revealed the presence of a complete TonB-dependent heme 
uptake system in R. capsulatus, HmuRSTUV, but not in R. sphaeroides or R. ferrooxi-
dans (Zappa and Bauer 2013b). The heme uptake receptor was shown to be induced 
under iron-limiting conditions (Zappa and Bauer 2013a). In R. sphaeroides, a protein 
annotated as being involved in heme uptake was observed to be induced under iron 
limitation (Peuser et al. 2012). This protein shows relatively poor sequence conserva-
tion with HmuP, a regulator of the Hmu system in Bradyrhizobium japonicum, also 
poorly conserved in R. capsulatus (Zappa and Bauer 2013b). Rh. palustris genome also 
revealed the presence of a heme uptake system (Larimer et al. 2004). Finally, the other 
pathway for heme iron usage, EfeUOB, could be identified in R. capsulatus where it is 
upregulated under low concentration of iron (Zappa and Bauer 2013b, a).

In cyanobacteria, studies of heme uptake are even more in their infancy. In an 
effort to characterize the occurrence and diversity of TonB-dependent transporters, 
putative heme uptake systems were identified, the cyanobacteria Acaryochloris 
marina, Anabaena sp. PCC 7120, and three strains of Synechococcus (Mirus et al. 
2009). These are based on sequence analysis and will require experimental confir-
mation. Interestingly, a TonB-based heme uptake pathway that was identified to be 
relatively well distributed in marine bacteria was found totally absent from the 
marine cyanobacterial genomes (Hopkinson et al. 2008).

�Elemental Iron Storage

Storage of iron can be achieved using three types of proteins: ferritins (Ftn), bacte-
rioferritins (Bfr), and DNA-binding proteins from starved cells (DPSs). These are 
homo-oligomers of 24- or 12-mers that form a protective ball of protein around 
amorphous iron and inorganic phosphate or ferrihydrite. Di-iron centers enable the 
oxidation of cytoplasmic Fe2+ into insoluble Fe3+ for storage when it is translocated 
inside the complex, while heme groups reduce the stored Fe3+ to mobilize it and 
export it as soluble Fe2+ to the cytoplasm (Andrews 2010a, b; Bou-Abdallah 2010).

As heme-containing proteins, bacterioferritins are considered a member of the 
cytochrome class of proteins. Before genome sequencing and sequence analysis could 
enable their quick identification, they were often isolated and named as cytochromes 
(cytochrome b558 in R. sphaeroides, cytochrome b557 in R. capsulatus). By keeping the 
iron away from cellular machinery, bacterioferritins add a detoxification property to 
their storage function. By accumulating and releasing iron upon cellular needs, Ftn, 
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Bfr, and DPS are considered as massive cytochrome complexes forming small organ-
elles. While Ftn and Bfr seem to be involved in genuine iron storage, DPSs are usually 
associated with DNA providing protection from oxidative stress. The Ftn, Bfr, and 
DPS superfamily of proteins has been well documented (Andrews 2010a, b; Bou-
Abdallah 2010).

A Bfr was first observed in 1962 in R. sphaeroides and isolated 23 years later 
as cytochrome b558, a year after the isolation of a Bfr homologue in Rhodospirillum 
rubrum (Meyer and Cusanovich 1985). It contains one heme per two subunits. 
Genome analysis proved that R. sphaeroides has actually two Bfr-encoding 
genes in addition to a membrane-bound Ftn (Mbfa). R. capsulatus has only one 
Bfr and one Mbfa, while R. ferrooxidans has only one Mbfa. In addition, recent 
studies in Bradyrhizobium japonicum and Agrobacterium tumefaciens showed 
that Mbfa functions as an iron efflux pump (Bhubhanil et al. 2014; Sankari and 
O’Brian 2014). Pumping excess iron out of the cell is definitely a good way to 
regulate iron equilibrium. All three Rhodobacter representatives exhibit an 
Mbfa sequence, which can be a signature of an ancestral feature from iron-rich 
environments that was retained for toxicity issue. None of the three Rhodobacter 
species exhibit a DPS-encoding gene (Zappa and Bauer 2013b). As DPSs were 
characterized as oxidative stress defense instead of iron storage units, it might 
be interesting to see if the absence of DPS is a trait of anoxygenic photosyn-
thetic bacteria that evolved in more reducing environments. One of the R. cap-
sulatus Bfr has been crystallized and extensively studied (Cobessi et al. 2002). 
This protein consists of a cytoplasmic 24-subunit complex containing 900–1000 
Fe atoms and 600 phosphate molecules per Bfr complex. The cellular content of 
R. capsulatus Bfr decreased in the absence of iron and increased when iron was 
added back to the growth medium (Ringeling et al. 1994). However, the tran-
scription of the Bfr gene did not show much changes depending on iron avail-
ability, suggesting posttranscriptional regulation of Bfr in this organism (Zappa 
and Bauer 2013a). A Bfr homologue from R. sphaeroides, Bfr1 (orf1546), is 
associated with a ferredoxin and is transcriptionally upregulated when iron is 
scarce. Transcription of an additional Bfr2 (orf3342) gene also was insensitive 
to iron, while Mbfa appeared only weakly iron regulated (Rodionov et al. 2006; 
Peuser et al. 2011, 2012).

In oxygenic phototrophs, the Ftn family is well studied. For example, in Synechocystis 
sp. PCC 6803, two Bfr’s, BfrA and BfrB, sequester 50% of the total cellular iron con-
tent. Both Bfr’s are needed for optimal growth as single or double mutants have reduced 
iron content, impaired growth characteristics, increased amount of IsiA (a hallmark of 
cyanobacterial response to iron deficiency), and reduced PSI content. Interestingly, 
BfrA has a di-iron center, while BfrB shows the sequence signature of a heme-binding 
site. Thus, it is suggested that BfrA and BfrB form an active complex by interacting as 
a heteroligomer that can take advantage of both a di-iron center and heme (Keren et al. 
2004). The transcription of the Bfr-encoding genes does not vary much upon either iron 
availability or oxidative stress changes (Shcolnick et al. 2009).

In addition to the BfrAB complex, Synechocystis sp. PCC 6803 has a DPS repre-
sentative, MrgA, that appears to provide a link between iron homeostasis and oxida-
tive stress. Unlike BfrAB, MrgA does not seem to exert major iron storage function 
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(Shcolnick et al. 2007). But it is to provide crucial resistance to H2O2, especially 
during the reallocation of iron between its storage in Bfr and its target use as a 
cofactor. Moreover, MgrA was shown to be regulated by the oxidative stress regula-
tor PerR (Shcolnick et al. 2009). With the exception of Prochlorococcus species that 
harbor Ftn, Bfr, and DPS, most cyanobacteria contain one or two Bfr and multiple 
DPSs (Morrissey and Bowler 2012; Ekman et al. 2014) (Thompson et al. 2011). The 
multicellular heterocyst Nostoc punctiforme harbors four DPSs and one Bfr with 
one of the DPSs transcriptionally activated under oxidative stress and a mutant in 
the corresponding gene unable to grow on H2O2. This DPS is therefor thought to be 
involved in protection from oxidative stress. Still in Nostoc punctiforme, the Bfr 
representative is found primarily in heterocysts where it may help to provide the 
high levels of iron needed for N2 fixation (Ekman et al. 2014). A DPS representative, 
DpsA, was also studied in Synechococcus sp. PCC 7942 that was shown to be a 
DNA-binding hemoprotein localized associated with the thylakoid membrane. The 
mRNA level of DpsA was relatively high under normal iron levels and increased in 
iron-limiting conditions, with various degrees depending on studies (Dwivedi et al. 
1997; Durham and Bullerjahn 2002; Michel et al. 2003). Deletion of DpsA seemed 
to affect severely PSII but also increases cellular sensitivity to oxidative stress (high 
light, paraquat), while PSI remains at normal activity. Overall, DpsA appeared as a 
cellular protector of oxidative stress induced by oxygenic photosynthesis. 
Nevertheless, it was also identified as part of the iron homeostasis components as 
the dpsA mutant showed some of the typical marks of iron deficiency such as altered 
transcription of the isiAB operon and amount of PSI-IsiA super complex. 
Consequently, DpsA in this species is thought to have a dual role of iron storage and 
oxidative stress (Dwivedi et al. 1997; Durham and Bullerjahn 2002; Michel et al. 
2003). A DpsA homologue was also identified in Anabaena sp. PCC 7120. However, 
one cannot conclude yet whether DpsA acts as an iron storage protein or an oxida-
tive stress detoxifier or both in this species (Hernández et al. 2007). Two DPS homo-
logues were also found in Thermosynechococcus elongatus, DpsA-Te and Dps-Te 
with DpsA-Te exhibiting unusual properties such as the presence of two Zn2+ at the 
ferroxidase center and the use of O2 to oxidize Fe2+ with an efficiency that compares 
to the classically used H2O2 (Alaleona et al. 2010). Finally, in Fremyella diplosi-
phon, five out of six ferritins or ferritin-like proteins were observed to be transcrip-
tionally downregulated under iron limitation (Pattanaik et al. 2014).

�Transcription Regulation of Iron Homeostasis

The regulation of cellular iron homeostasis involves both the control of activity 
of iron export and import transporters and the expression of iron importers and 
exporters encoding genes. An active area of research has established that the 
regulation of genes involved in iron transport and sequestration is complex and 
involves network of regulatory proteins. Some of these regulatory proteins are 
involved in the regulation of a specific iron homeostasis gene cluster and are 
thus termed “local regulators.” Others control a wide array of iron homeostasis 
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genes and are thus “global regulators.” Local regulators can be AraC type, two-
component systems, extracytoplasmic function (ECF) sigma factors, LysR type, 
and small RNA (see Zappa and Bauer (2013b) for references). Unlike global 
iron regulators, local transcription regulator dealing with iron homeostasis has 
not been studied in phototrophs. Anecdotally, genome analysis of R. capsulatus 
showed four AraC-like transcription factors located next to siderophore uptake 
gene clusters (Rodionov et al. 2006). In Rh. palustris, seven genes encode ECF 
sigma factors which are located in the vicinity of siderophore uptake system, 
siderophore synthesis, or putative heme uptake gene clusters (Larimer et  al. 
2004). Below is a discussion about known iron regulatory factors.

�The Ferric Uptake Regulator (FUR)

For several decades Fur has been considered the hallmark of bacterial iron homeo-
stasis regulation with detailed reviews on its activity previously covered (Rudolph 
et al. 2006; Lee and Helmann 2007; Carpenter et al. 2009; Fillat 2014; Frawley 
and Fang 2014). Homologues of Fur have been identified in a wide range of bac-
teria where it acts as a repressor of iron acquisition gene expression under iron-
replete conditions. Fur directly binds Fe2+ to form an Fe2+-Fur holoprotein that 
interacts with target DNA promoters. This basic mechanism has been extended 
since the first Fur studies as it is now known that apo-Fur can also activate gene 
expression. Holo-Fur can also control the transcription of a small RNA that sub-
sequently regulates expression of iron homeostasis genes which is an additional 
layer of indirect control.

Bacteria of the Rhizobiales and Rhodobacterales orders also use an alternative 
related global regulator of iron homeostasis called Irr that appears to be a func-
tional shift of Fur. In these organisms Fur seems to act as a manganese uptake 
regulator and is thus renamed Mur (Rudolph et al. 2006; Rodionov et al. 2006; 
Johnston et al. 2007; O’Brian 2015). As a result, among photosynthetic bacteria, 
the Fur/Mur regulator is presumed to have different functions whether it is a pur-
ple bacteria representative or a cyanobacterial one. In addition, Fur is a member 
of a larger family of regulators that encompasses more than Fur sensu stricto, 
Mur, and Irr. Other regulators in this family included Zur, Nur, and PerR that 
sense zinc, nickel, and peroxide, respectively (Fillat 2014). Substrate selectivity 
of the active site can be rather subtle since a single Glu to Asp substitution was 
shown to induce a transition of the iron sensing of Fur to the peroxide activity of 
PerR (Parent et al. 2013).

�Fur/Mur in Purple Bacteria

In the Rhodobacter genus, a fur gene was identified in R. sphaeroides and R. ferro-
oxidans, but not in R. capsulatus (Zappa and Bauer 2013b). In R. sphaeroides, a 
deletion of fur induces stronger growth impairment under manganese than iron 
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limitation. A putative Mn/Fe uptake system, SitABCD, was shown to be controlled 
by Fur, so Fur might be involved in manganese homeostasis rather than iron and as 
such should be renamed Mur (Peuser et al. 2011).

�Fur in Cyanobacteria

Many cyanobacterial genomes such as Synechocystis sp. PCC 6803, Synechococcus 
sp. PCC 7002, Nostoc punctiforme, Anabaena sp. PCC 7120, and Microcystis aeru-
ginosa typically have three Fur-encoding genes, often named furA, furB, and furC 
or fur, zur, and perR (Hernández et al. 2004a; Shcolnick et al. 2009; Alexova et al. 
2011; Ekman et al. 2014; Yingping et al. 2014). Nevertheless, only two Fur homo-
logues can be found in Prochlorococcus, while Acaryochloris marina MBIC1107 
has 13 (Thompson et al. 2011; Hernández-Prieto et al. 2012; Ludwig et al. 2015). 
Cyanobacterial furA seems to be an essential gene as all attempts to inactivate it 
have failed in all species studied (Synechococcus elongatus PCC 7942, 
Synechococcus sp. PCC 7002, Synechocystis sp. PCC 6803, Anabaena sp. PCC 
7120) (Ghassemian and Straus 1996; Michel et  al. 2001; Kunert et  al. 2003; 
Hernández et al. 2006; López-Gomollón et al. 2006; Ludwig et al. 2015). A recent 
approach in Anabaena sp. PCC 7120, consisting in putting furA under the control of 
a Co2+/Zn2+-inducible promoter, confirmed that turning off furA expression shuts 
down bacterial growth (González et al. 2016). The FurA homologue of Anabaena 
sp. PCC 7120 is by far the most well-characterized cyanobacterial Fur protein. As 
such, most of the following information deals with this Fur representative, although 
elements from other Fur homologues will be discussed. A summary of current 
knowledge about Anabaena sp. PCC 7120 FurA is presented in Fig. 3.

Biochemistry of FurA

The Anabaena sp. PCC 7120 FurA was originally identified by the signature 
sequence HHXHXXCXXC (Bes et al. 2001). Biochemical characterization showed 
that Mn2+ and DTT, while not necessary, strongly enhance the DNA-binding activity 
of FurA, while H2O2 inhibits DNA binding. Inactivation by H2O2 can be reversed by 
the addition of DTT (Hernández et al. 2005). In addition, FurA binds to heme with 
an affinity in the μM range with the formation of this complex preventing DNA 
binding. Based on the presence of a Cys-Pro motif, where the Cys is an axial ligand 
of heme, these data suggest that FurA may be a heme sensor involved in the response 
to oxidative stress (Hernández et al. 2004b; Pellicer et al. 2012). Interestingly, this 
Cys-Pro motif is present in all cyanobacterial homologues but absent in non-
cyanobacterial ones. Heme could thus be involved in sensing redox variations 
within a cyanobacterial filament, from the microaerophilic environment of hetero-
cysts to the reduced vegetative cells performing photosynthesis. Unlike classic Fur 
proteins, no structural Zn2+ was found in FurA.  Oligomerization was found to 
increase with the increase of FurA concentration or with ionic strength, but to 
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decrease in reducing conditions (Hernández et al. 2002). The FurA monomer has a 
diameter of 4 nm ± 1 with approximately 40% of α-helices and buried polar/charged 
residues. Dimerization seems to occur via hydrophobic interactions, which is con-
sistent with the ionic strength effect, but disulfide bonds are observed in the trimer. 
Oxidizing conditions seem to disrupt the dimer form, which reassembles into tri-
mers/tetramers. The odd number of cysteine residues suggests potential intermo-
lecular bond formation and redox sensing property (Hernández et al. 2002, 2005; 
Lostao et al. 2010). Nevertheless, in vivo analysis shows that FurA is present mostly 
as a monomer with usually two but sometimes only one disulfide bond located at its 
two CXXC motifs and no intermolecular bond. Moreover, these two motifs were 
found to exert a disulfide reductase activity that has never been described in the Fur 
family and may extend its involvement in cellular processes such as redox signaling 
(Botello-Morte et al. 2014). Interaction with DNA occurs sequentially with first the 
binding by FurA monomer to the site 1 of the FurA-binding sequence, known as the 
“iron box.” This introduces a 55 ± 14 bend in the DNA, which gives more exposure 
to the second site of the “iron box.” From there, a second FurA monomer can bind 
to site 2 and form a dimer that releases the DNA bend. Or, a second FurA subunit 
can form a dimer with first FurA monomer without binding to site 2, which will 

Fig. 3  The ferric uptake regulator FurA, in Anabaena sp. PCC 7120, is a global regulator. 
Represented are functions/genes where direct binding of FurA has been documented. FurA is pri-
marily a repressor although few direct activation candidates were reported. Oligomerization differs 
between in vitro and in vivo studies
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conserve the DNA bend. From either route, tri- or tetra-merization can occur there-
after (Pallarés et al. 2014). Finally, the “iron box” is not well defined, and, for now, 
it seems only safe to say that FurA binds to particular structures of A/T-rich DNA 
sequences of 19–23 bp (González et al. 2011, 2014).

FurA Regulation and the FurA Regulon

The Anabaena sp. furA gene was found to be expressed under iron-deplete or iron-
replete conditions with only a slight increase in iron-limiting conditions (Hernández 
et al. 2002). A furA cis antisense RNA was also observed, consisting of the tran-
script of the nearby ORF alr1690 with the α-furA and the intergenic region. Deletion 
of this alr1690-α-furA region increased the level of FurA, highlighting a posttran-
scriptional regulation of FurA.  Interestingly, the gene organization consisting of 
tail-to-tail furA and alr1690 is conserved in other cyanobacterial genomes such as 
Nostoc punctiforme and Anabaena variabilis (Hernández et al. 2006). In addition, 
regulation of fur by an antisense RNA has been observed also in Microcystis aeru-
ginosa PCC 7806 and Synechocystis sp. PCC 6803, in a genomic context that is 
different from Anabaena sp. PCC 7120 (Sevilla et al. 2011). At the protein level, 
iron starvation was shown to downregulate FurA in Synechocystis sp. PCC 6803 
(Vuorijoki et al. 2016).

An in silico analysis predicted that 215 proteins could be control by FurA in 
Anabaena sp. PCC 7120, which represent as much as 3.4% of the total 
ORF.  These targets are scattered in different functional groups such as iron 
acquisition systems, signal transduction, redox regulation, photosynthesis and 
respiration, heterocyst differentiation, oxidative stress defenses, energy metabo-
lism, fatty acid metabolism, synthesis of amino acids, cofactors and cell enve-
lope, DNA replication, and repair- and transposon-related functions (González 
et al. 2014). Recent transcriptome analysis showed that 2089 genes display sig-
nificantly different expressions when furA is turned off, consisting in 94 upregu-
lations and 1595 downregulations which is inconsistent with the primary 
function of Fur as a repressor and reflects pleiotropic changes (González et al. 
2016). These genes belong mostly to two functional groups—regulation and 
transport across membrane—and encompass processes such as iron homeosta-
sis, photosynthesis, detoxification, light sensing, exopolysaccharide synthesis, 
chlorophyll catabolism, and transposons (González et al. 2016). In addition, a 
growing amount of target genes have been studied in  vivo and/or in  vitro. 
Moreover, as a furA-less strain of cannot be obtained, the regulon of FurA was 
mostly studied by overexpressing it. This was achieved by disrupting the afore-
mentioned alr1690-α-furA RNA or by placing an extra-copy of furA under an 
inducible promoter. Finally, it is important to mention that, by disrupting 
alr1690-α-furA, one cannot discriminate the downstream effects of FurA over-
expression from the alr1690 deletion. Another and more recent approach was 
to put furA under a Co2+/Zn2+-inducible promoter (González et  al. 2016). But 
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whatever approach used, some trends could be revealed, sometimes highlighted 
by in vitro DNA-binding assay.

Increase of Fur through disruption of alr1690-α-furA revealed a wide array of 
effects such as a lower growth rate, lower chlorophyll and phycobiliprotein con-
tent, and lower cellular iron content but also modified ultrastructures (cell wall, 
thylakoid number and arrangement, shorter filaments, cell size, carboxysome 
number) (Hernández et al. 2010). All of this highlights signs of both iron-specific 
and generalized stress-generating pleiotropic responses when FurA is overex-
pressed. Such morphological alterations were also observed with the promoter-
based FurA-overexpressing approach, as seen by shorter filament thylakoid 
distribution, although the pigment content did not decrease in this context 
(González et al. 2010). Among genes that could be involved in these morphologi-
cal changes, the bacterial actins MreB and MreC were found upregulated in the 
FurA-overexpressing background. This was confirmed biochemically with FurA 
binding the upstream region of mreBCD in vitro (González et al. 2010). In addi-
tion, pleiotropic effects appeared to result from FurA binding to the promoters of 
genes involved in DNA replication, TCA cycle, signal transduction, and thiamine 
biosynthesis (González et al. 2011). In Microcystis aeruginosa PCC 7806, sev-
eral genes involved in the synthesis of microcystins showed the presence of “iron 
boxes.” The production of these toxins was found triggered by low iron level, and 
FurA was found to bind the promoter of these genes (Martin-Luna et al. 2006; 
Alexova et al. 2011).

FurA and Iron Homeostasis

While complete segregation of furA-deleted chromosome could not be achieved, 
heteroallelic mutants in Synechococcus sp. PCC 7942 were shown to exhibit iron 
deficiency signature symptoms such as the constitutive production of hydroxamate 
siderophores and flavodoxin (Ghassemian and Straus 1996). Similar approach in 
Synechococcus sp. PCC 7002 also established Fur as a repressor of iron uptake, 
involved in the iron-sparing response (Ludwig et  al. 2015). This highlights the 
involvement of FurA in iron homeostasis. Moreover, in Anabaena sp. PCC 7120 
overexpression of FurA triggered by alr1690-α-furA deletion was showed to lower 
the cellular iron content (Hernández et  al. 2010). The schizokinen siderophore 
transporter SchT was found upregulated in the FurA-overexpressing background. 
Direct control is strongly suggested by FurA binding to the upstream region of schT 
(González et  al. 2010). Putative transporters of siderophore, heme or Fe3+ ABC 
type, were observed to be under the direct regulation of FurA. The synthesis of 
siderophore is also part of the FurA regulon, as seen by a siderophore synthesis gene 
cluster that fails to be activated under iron limitation in the FurA overexpression 
strain. Moreover, four “iron boxes” were found in that cluster, and FurA binds to all 
of them in vitro with variable affinity (González et al. 2012). In addition, a gene 
coding for a ferritin family protein DpsA was identified in Anabaena sp. PCC 7120, 
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and its promoter displays an “iron box.” FurA was shown to bind to that sequence, 
and the level of DpsA was reduced in the alr1690-α-furA mutant at both transcrip-
tional and translational levels (Hernández et al. 2007). Still, regarding iron storage, 
another DPS, homologous to Synechocystis MrgA, was found under the direct con-
trol of FurA (González et al. 2014). Finally, FurA involvement in iron homeostasis 
can be further illustrated by the regulation of iron-containing enzyme and/or iron-
containing cofactor synthesis (Fe-S, heme). For example, direct binding of FurA 
was established with the promoters of genes encoding NADH dehydrogenases 
(all1127 and alr0869-ndhF), cytochrome c oxidase subunit II (alr0950-coxB), and 
flavodiiron protein Flv3 (all3895-flv3) (González et  al. 2014). In addition, iron-
containing enzymes can consist of Fe-S cluster-harboring enzymes. In Microcystis 
aeruginosa PCC 7806, an α-fur and a fur-α-sufE antisense RNA were identified. As 
SufE is involved in Fe-S cluster assembly, these data suggest a co-regulation of iron 
homeostasis and Fe-S cluster synthesis by antisense RNAs (Sevilla et  al. 2011). 
Finally, a direct binding of FurA to the promoter of Alr2679 and Alr2680 was 
observed. These genes encode polyketide synthases potentially involved in sidero-
phore or cyanotoxin synthesis (González et al. 2016).

FurA and Nitrogen Fixation

One fascinating property of FurA is the connection that it enables between iron 
homeostasis and nitrogen fixation. Nitrogen fixation is a very iron intensive process 
and is very sensitive to O2. Anabaena sp. PCC 7120 copes with nitrogenase iron 
oxidation by spatial separation of oxygenic photosynthesis in vegetative cells from 
nitrogen fixation in heterocysts. Overexpression of FurA leads to partial arrested 
morphogenesis with cell differentiation blocked at the rather early stage of prohet-
erocysts with more space between proheterocysts and phycobilisome degradation in 
proheterocysts. Heterocyst differentiation is also regulated by NtcA and HetR with 
FurA and NtcA found to regulate each other at the transcription level. These two 
regulators thus work in concert as a cellular development switch. Nitrogen was found 
to upregulate furA expression, while furB and furC were stable. In addition, NtcA 
was shown to activate FurA in proheterocysts and in heterocysts while repressing it 
in vegetative cells. Biochemically, NtcA was found to bind to the furA promoter and 
vice versa, and FurA showed DNA-binding activity with the hetR promoter. 
Moreover, integration of nitrogen into carbon metabolism is realized by the gluta-
mine synthase gene glnA that is downregulated by decreasing either nitrogen or iron 
availability. NtcA and FurA can also both bind to the glnA promoter. Other actors of 
heterocyst differentiation proved to be controlled by FurA such as the DNA-binding 
protein Abp1, HetC, PatA, and Alr1728 with expression of Abp1 decreased in a 
FurA-overexpressing strain (López-Gomollón et al. 2007a, b; González et al. 2011, 
2013, 2014). Recently, direct bindings of FurA were observed on the promoters of 
ccbP and nblA, encoding a Ca2+-binding protein involved in heterocyst development 
and a phycobilisome degrading protein, respectively (González et al. 2016). The lat-
ter is known to be upregulated under nitrogen starvation.
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FurA, Photosynthesis, and Respiration

FurA appeared in several studies as a regulator of both photosynthesis and respira-
tion in cyanobacteria. In an alr1690-α-furA mutant, respiration and photosynthesis 
were both altered. On the one hand, respiration was found more efficient under lower 
than normal iron levels in the alr1690-α-furA strain, which is the opposite of WT 
cells. In that regard, the alr1690-α-furA strain copes better with low iron conditions 
than did WT cells. On the other hand, the alr1690-α-furA mutant also exhibited par-
tial inhibition of the photosynthetic electron transport chain on the acceptor side of 
PSI and a decreased cyclic electron transport. It appeared that adaptation processes 
to perform photosynthesis under iron-limiting conditions are regulated more effi-
ciently in WT cells than in the alr1690-α-furA mutant (Hernández et  al. 2010). 
Influence of iron deficiency on photosynthetic electron chain and respiration was 
also observed in Synechococcus sp. PCC 7942 (Michel et al. 2003). In a FurA over-
expression background, major changes in gene expression affected proteins of PSI 
(PsaA, PsaB) and PSII (PsbA, PsbB, PsbZ) reaction centers. Such changes are likely 
to impair the equilibrium between the photosystem components that is required for 
efficient photosynthesis. These consist in the increase of psaA, psaB, psbA, and psbB 
expression, while psbZ expression decreased. In addition, FurA was shown to bind 
the promoters of genes coding for NADH dehydrogenases, NAD(P) transhydroge-
nase, RuBisCo, IsiA, flavodoxin IsiB, the PSI PsaK subunit, the PSII reaction center 
protein D1 CP43 protein PsbC homologue, and the ß-carboxysome shell protein 
CccM (López-Gomollón et al. 2007a; González et al. 2010, 2011, 2014).

Interestingly, FurA and NtcA may connect “photosynthesis and respiration” to 
“iron homeostasis and nitrogen fixation.” Indeed, multiple “iron boxes” were identi-
fied upstream NtcA-regulated genes and were confirmed to interact with FurA 
in vitro. Such genes include PSI subunit XI (psaL), PSII 11 kDa protein (psbZ), PSII 
chlorophyll-binding protein (isiA), cytochrome oxidase (coxB2, coxA2), and ferre-
doxin NADP+ reductase (petH) (López-Gomollón et  al. 2007a). In Microcystis 
aeruginosa PCC 7806, the expression of FurA appeared to require an intact photo-
synthetic electron chain (Martin-Luna et al. 2011). FurA was also identified as a 
regulator of tetrapyrrole synthesis and degradation. Overall, iron limitation altered 
the transcription of both heme synthesis and heme degradation genes. While FurA 
represses heme synthesis genes hemB and hemC and heme oxygenase gene ho1, it 
activates heme synthesis genes hemK and hemH. Direct DNA binding was observed 
with each of these promoters (González et al. 2012).

FurA, Oxidative Stress, and Redox Regulation

Cyanobacterial FurA was also showed to interact directly with the promoters of 
genes responding to redox stress, such as dpsA and furB (Hernández et al. 2007; 
López-Gomollón et  al. 2009). Transcription of two peroxiredoxins and a thiore-
doxin reductase was also modified in FurA-overexpressing background with direct 
control by FurA interacting with the respective promoter regions (González et al. 
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2011). Moreover, FurA was showed to be a direct repressor of the flavodiiron Flv3 
protein, the sulfiredoxin SrxA, and the Mn catalase, involved in oxidative stress 
defense (González et al. 2014, 2016). In addition, overexpression of FurA leads to 
a decrease in catalase and SOD activities, while cellular ROS levels were stable. At 
the transcription level, mRNA levels of two thiol peroxidases and the Fe-SOD were 
reduced, while transcripts of glutathione reductase and Mn-SOD increased. None of 
these genes showed direct control by FurA (González et  al. 2010, 2014). In 
Microcystis aeruginosa PCC 7806, the expression of fur itself was found to be 
redox controlled. On the one hand, oxidative stress generated by blocking the pho-
tosynthetic electron chain at PSII (QB) decreased fur mRNA levels, while α-fur 
could not be detected. The same pattern was observed in darkness. On the other 
hand, photooxidative stress generated by excess of light (with intact electron flow) 
triggered an increase of fur mRNA. Exposure to H2O2 induced a decrease of fur 
mRNA along with an increase of α-fur. And the presence of superoxides using 
methyl viologen was found to increase fur, α-fur, and the Fur protein level (Martin-
Luna et al. 2011).

What About FurB and FurC?

In Anabaena sp. PCC 7120, FurA, FurB, and FurC show overall poor sequence 
identity with each other besides exhibiting characteristic Fur signature sequences. 
Their respective antibodies also do not cross-react (Hernández et al. 2004a). FurB 
and FurC were subsequently identified as Zur and PerR homologues, respectively 
(Napolitano et al. 2012; Yingping et al. 2014). The former is zinc uptake regulator 
while the latter is an oxidative stress regulator. Interestingly, FurC seems to diverge 
from other phylogenetic Fur clusters in cyanobacteria (Ludwig et al. 2015). Detailed 
description of these regulators would be out of the scope of this review, but a few 
properties linking them to FurA activity are worth being mentioned. While FurA 
and FurB bind each of the three fur promoters, FurC does not bind to any. The 
DNA-binding activity of FurA is enhanced by Mn2+ and DTT and impaired by 
H2O2. On the other hand, FurB DNA-binding activity was improved in the absence 
of metal and the presence of DTT, while H2O2 had no influence. Finally, combina-
tory effects of the three Fur paralogues with each other were observed. For example, 
although not binding to any fur promoter, the presence of FurC seems to reduce 
DNA-binding activity of FurB while enhancing DNA-binding activity of FurA 
(Hernández et  al. 2004a, 2005). Potential cross talk between Fur representatives 
within the same organism, by hetero-oligomerization, for example, has not been 
further studied. In Anabaena sp. PCC 7120, FurB and FurC were found downregu-
lated in the FurA overexpression strain (González et al. 2010). In addition, furA is 
upregulated in the absence of FurB/Zur and consistently downregulated in a FurB/
Zur-overexpressing environment (Sein-Echaluce et al. 2015). The reciprocal regula-
tion of FurA and FurB/Zur and the occurrence of common target genes involved in 
the oxidative stress response raise the question of potentially compensatory roles 
(Sein-Echaluce et al. 2015).
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Conclusions About FurA: Always More Complex

While Fur in Synechococcus sp. PCC 7002 seems to be confined to the iron 
homeostasis response, FurA in Anabaena sp. PCC 7120 is involved in a broad 
spectrum of cellular processes that go beyond typical iron homeostasis, encom-
passing photosynthesis, respiration, and nitrogen fixation (Ludwig et al. 2015; 
González et al. 2016). Following technological improvements, the characteriza-
tion of FurA has been continuously expanding, and its regulon has been conse-
quently growing. Lately, it has been showed to control transposon activity, Fe-S 
cluster (sufS), exopolysaccharide (exoV), and sesquiterpene (alr4686) biosyn-
thesis (González et al. 2016). In addition, it is involved in light sensing process 
by regulating rhodopsin- and phytochrome-like proteins (Asr, AphC, Alr356) 
(González et al. 2014, 2016). Also, direct control on a lethal leaf spot-1 homo-
logue questions the involvement of FurA in chlorophyll catabolism and pro-
grammed cell death (González et al. 2016). Besides an expanding regulon, the 
mechanism of action of FurA proved to be more complex. Indeed, recent studies 
showed that, while being primarily a repressor, it can also act as an activator. 
Two genes, a cysteine desulfurase-encoding sufS and a CYP450 sesquiterpene 
synthesis-encoding gene, were found to be upregulated in the presence of 
FurA. The dual role of direct repressor/activator has seldom been observed in 
Fur proteins (Fillat 2014; González et al. 2016). Indirect activation by Fur can 
occur through sRNA, while direct activation was shown only in a handful of 
organisms (Fillat 2014). Lastly, posttranslational regulation of Fur was demon-
strated in Synechocystis sp. PCC 6803, where a heterocomplex of membrane 
proteases FtsH1/3 degrades apo-Fur in iron-deplete conditions. Doing so, it pre-
vents apo-Fur to bind DNA with its residual DNA-binding efficiency. But apo-
Fur degradation can also prevent it to scavenge traces of iron, reconstituting 
holo-Fur, and bind to DNA. Either way, it suppresses Fur repression under iron 
limitation and enables full expression of target genes (Krynická et al. 2014).

�The Iron Response Regulator (IRR)

In Rhizobiales and Rhodobacterales, the function of Fur diverged from an iron to a 
manganese regulator. The master regulator of iron homeostasis in this group of 
organisms is iron response regulator (Irr), which senses the iron level as a function 
of intracellular heme status. Extensively studied in Bradyrhizobium japonicum, and 
to a lesser extent in other Rhizobiales, only a few data are available regarding pho-
tosynthetic bacteria (Rudolph et  al. 2006; Small et  al. 2009; Zappa and Bauer 
2013b; O’Brian 2015).

The Rhodobacter genus shows a conserved Irr-encoding gene in the three model 
species R. capsulatus, R. sphaeroides, and R. ferrooxidans (Zappa and Bauer 
2013b). In R. sphaeroides, deletion of irr induces a very moderate growth defect 
under iron-limiting conditions, although it appeared to control iron uptake, utiliza-
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tion, and storage at the transcriptional level. In addition, Irr seems to increase the 
sensitivity to oxidative stress by repressing the catalase KatE. Irr was showed to be 
involved in the expression of the bacterioferritin Bfr1 (orf1546) and membrane-
bound ferritin Mbfa. As mentioned earlier, the latter may actually be an iron efflux 
pump. Moreover, it was proven to be under the direct control of Irr, confirming in 
silico modeling. Also, a weak downregulation of a cytochrome c peroxidase was 
observed under iron limitation, and Irr does bind the upstream region of the corre-
sponding gene ccpA. This direct regulation of a cytochrome is relevant given the 
heme-binding properties of Irr that were confirmed in this species (Rodionov et al. 
2006; Peuser et al. 2012). In R. capsulatus, where in the absence of Fur/Mur, Irr 
could be expected to play a major role, deletion of irr did not change the phenotype 
with regard to iron availability, but no thorough characterization was undertaken 
(Zappa and Bauer 2013a).

�PfsR: Enter a New Player

First discover in a high light-sensitive mutant of Synechocystis sp. PCC 6803, PfsR, 
is a transcription factor of the TetR family that is involved in the global response to 
both light and iron stresses, hence its name photosynthesis, Fe homeostasis, and 
stress response regulator (Jantaro et  al. 2006; Cheng and He 2014). The ∆pfsR 
mutant is more tolerant to iron limitation than the wild-type strain where it accumu-
lates more photosynthetic pigments (chlorophyll a, carotenoids, phycocyanins) and 
shows an attenuated decrease of the photosystems (Cheng and He 2014). While 
accumulating a mere 15% more iron than wild-type cells in iron-replete conditions, 
∆pfsR retains 240% more iron when iron is depleted. Regarding protein content, 
∆pfsR displays more PSI (PsaC, PsaD) and PSII (PsbA, PsbB) components but also 
more IsiA and cytochrome c550 than wild-type cells under iron-limiting conditions. 
Overall, this mutant has a higher photosynthetic rate and efficiency. Interestingly, 
under iron depletion, the transcription of pfrR increases but in a transient manner 
(Cheng and He 2014). Differential transcription patterns were observed between 
WT and ∆pfsR, especially concerning ferric (futA1, futB, futC) and ferrous (feoB) 
iron transport, iron storage (bfrA, bfrB), heme oxygenase (ho-1, ho-2), iron regula-
tion (furA), and iron stress response (isiA). Overall, PfsR acts as a repressor of these 
genes, but no direct binding on the promoters of these target genes was reported. 
However, PfsR does bind to its own promoter, so one might expect direct self-regu-
lation and indirect regulation of the iron homeostasis genes (Cheng and He 2014). 
Interestingly, the high derepression of isiA (approximately 30-fold) in ∆pfsR is 
counterintuitive as high level of IsiA is a hallmark of iron starvation, but ∆pfsR 
seems to both ramp up isiA expression and thrive in iron-limiting conditions. In fact, 
the derepression of isiA may actually explain the better tolerance for iron scarcity 
(Cheng and He 2014). In summary, with PfsR controlling the expression of furA, the 
recent discovery of this new iron homeostasis regulator may put the FurA master 
regulation into new perspectives.
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�Copper and Iron Homeostasis

Excess copper can be toxic by displacing native metal ions from active sites, such 
as Fe-S clusters. Moreover, like iron, copper can generate dangerous reactive oxy-
gen species in oxic conditions through Fenton chemistry (Osman and Cavet 2008; 
Macomber and Imlay 2009). Copper was also shown to inhibit heme synthesis at the 
Fe-S-containing coproporphyrin oxidase step resulting in decreased defense against 
oxidative stress (Djoko and McEwan 2013). In addition, copper is toxic to the pho-
tosynthetic machinery by inhibiting PSII, altering the thylakoid membrane, and 
substituting Mg in Chl (Bhargava et al. 2008). In this section, highlights will be 
given on how excess copper can interfere with key components of photosynthesis: 
iron homeostasis, tetrapyrrole, and cytochrome synthesis.

�Copper and the Repression of Siderophore Uptake

Most of the experimental characterization of cross talk between iron and copper 
homeostasis has been studied in Anabaena sp. PCC 7120. The siderophore schizo-
kinen is produced when iron is limiting but it was shown to also bind copper. While 
Fe3+-schizokinen is imported to the cytoplasm, Cu2+-schizokinen is maintained in 
the growth medium, thereby alleviating potential copper toxicity if imported in the 
cell (Clarke et al. 1987; Ferreira and Straus 1994). The production of siderophores 
usually massively exceeds the amount of bondable extracellular iron, which may 
reflect a distress strategy to maximize iron mobilization and avoid the deleterious 
effect of copper (Clarke et al. 1987). Indeed, it seems that copper homeostasis can 
be easily disturbed, as Anabaena sp. PCC 7120 cells grown under iron-deficient 
copper-sufficient conditions were showed to have reduced cellular iron content, 
while the copper content was almost fourfold higher (Nicolaisen et al. 2008). Also, 
hydroxamate siderophore synthesis was found triggered by either low iron or high 
copper levels. The transport of iron-schizokinen and the overall iron demand were 
found to be reduced in iron-deplete/copper-replete conditions compared to both 
metal deplete conditions (Nicolaisen et al. 2008, 2010). In addition, deletion of the 
schizokinen exporter SchE increases copper toxicity (Nicolaisen et  al. 2010). 
While SchT was proven to be dedicated to schizokinen uptake, a second TonB-
dependent transporter IacT appeared to be involved in citrate-based iron and cop-
per transport with a less obvious mechanism. It is hypothesized that under 
iron-deplete/copper-deplete conditions, Fe3+-schizokinen is imported by the SchT-
Fhu system, while under iron-deplete/copper-replete conditions, then schizokinen 
binds to copper. This “neutralizes” copper from potential harmful effect, and, in 
order to fulfill the cellular requirements, the iron and copper transporter IacT takes 
over the SchT-Fhu system (Nicolaisen et al. 2010; Stevanovic et al. 2012). In addi-
tion, Anabaena sp. PCC 7120 has two copper transport systems of the CusBA type, 
one being induced at high copper levels and the other one repressed at high iron 
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levels. Interestingly, both are repressed when iacT is overexpressed (Nicolaisen 
et al. 2010). Overall, this model elegantly describes the dialogue between SchT 
and IatC, involved in Fe3+-schizokinen and Fe3+-citrate/Cu2+ import, respectively, 
as a function of extracellular Fe3+/Cu2+ concentrations and equilibrium in Anabaena 
sp. PCC 7120. Although the switch is known to be iron/copper dependent, regula-
tory mechanisms have not been investigated.

But the iron/copper homeostasis interdependence is likely to involve more actors, 
even in the same organism. Indeed, other putative siderophore and heme uptake 
systems in the same organism were found expressed only under copper limitation, 
not iron limitation, in Anabaena sp. PCC 7120 (Mirus et al. 2009). Likewise, in the 
same organism a large gene cluster involved in siderophore synthesis was found to 
be responsive to copper (Jeanjean et al. 2008). Finally, in the process of identifying 
the Fe3+-schizokinen import system (aforementioned SchT-Fhu-TonB3-ExbB3D3), 
TonB-ExbBD-encoding genes were experimentally found to respond to copper lev-
els (exbB1D1, tonB4, tonB1), as were ferric iron transporters (futB, fecD1, fecC1, 
fecD2) (Stevanovic et al. 2012). A set of TBDT was found responsive to high iron/
high copper levels with a high basal expression under iron limitation. These trans-
porters may be essential for the copper detoxification response (viuA, iutA, btuB2, 
alr2185, all2148, schE) (Stevanovic et al. 2013).

�Copper Toxicity Issues

A recent example of copper toxicity was shown in anoxic conditions. While iron 
and copper are well known to be toxic in oxic conditions, where they can produce 
Fenton chemistry-induced reactive oxygen species, these two metals have been 
shown to exert synergic bacteriostatic effect in anaerobic condition, as shown on the 
purple bacteria Rh. palustris and R. capsulatus. While the mechanism is not clear, it 
seems that the presence of iron impairs some copper detoxification components 
(Bird et al. 2013). Moreover, copper has been shown to impair the synthesis of heme 
in Neisseria gonorrhoeae (Djoko and McEwan 2013). The same mechanism is 
likely to occur in phototrophic organisms in tetrapyrrole synthesis at steps per-
formed by Fe-S-containing enzymes such as HemN and BchE (Bhargava et  al. 
2008; Hassani et al. 2010; Azzouzi et al. 2013). This highlights the importance of 
copper detoxification mechanisms to protect iron-based reactions.

�Copper-Dependent Iron Transport

The aforementioned iron transporter EfeUOB system involves a cupredoxin-
containing protein, EfeO.  As such, with this transport system, fully functional 
import of iron actually relies on the presence of copper. Interestingly, EfeO shares 
similarities with the FET3/FTR1 transporter in yeast which is homologous to the 
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copper-dependent iron transporters in the eukaryotic phototroph Chlamydomonas 
reinhardtii (La Fontaine et al. 2002; Herbik et al. 2002; Terzulli and Kosman 2010). 
Being out of the scope of this review, no further details will be given, but it is worth 
mentioning that EfeUOB system was also identified in the purple non-sulfur bacte-
rium R. capsulatus (Zappa and Bauer 2013b).

�Copper and the Iron-Sparing Response

In cyanobacteria, two well-studied key copper-containing enzymes are plastocyanin 
and the caa3-type cytochrome c oxidase. During photosynthesis, plastocyanin trans-
fers electrons from the cytochrome b6f complex to the PSI  and copper limitation 
induces the use of cytochrome c6 instead of plastocyanin. Iron limitation can lead to 
an unintuitive phenomenon from the release of siderophores that bind both iron and 
copper (Zhang et al. 1992; Ferreira and Straus 1994). Indeed, as copper-siderophores 
are not imported into the cell, copper availability is severely reduced. This generates 
copper limitation that represses plastocyanin in favor of cytochrome c6. In summary, 
iron depletion induces the use of an iron-containing cytochrome instead of the iron-
sparing plastocyanin. Despite looking inconsistent, this mechanism seems to perform 
well due to the fact that the cytochrome c6 pool is restricted. Actually, some cyanobac-
terial species exhibit the cytochrome c6 alone, having lost the plastocyanin gene. The 
cost of this imperfection does not outbalance the benefits of siderophores (Ferreira 
and Straus 1994). Moreover, deletion of cytochrome c6 in Synechocystis sp. PCC 6803 
does not result in much phenotypic change, even in copper-deficient conditions where 
cytochrome c6 is supposedly required for effective photosynthesis. But interestingly, 
this mutant exhibited an elevated expression of isiAB, which is a hallmark of iron 
stress in cyanobacteria (Ardelean et al. 2002).

The cytochrome c6-plastocyanin switch involves two copper transporters, a cop-
per chaperone and also the periplasmic Fe3+-binding protein FutA2 (Tottey et  al. 
2001, 2002; Waldron et al. 2007). The ∆futA2 mutant is impaired in cytochrome c6. 
As FutA2 binds Fe3+ preferentially to Cu2+ and the ∆futA2 mutant shows abnormal 
distribution of metals in the cell, it was suggested that FutA2 is involved in metal 
partitioning in the cell and failure to achieve the right cellular distribution of metals 
impairs biochemical switches (Waldron et al. 2007). Also illustrating this copper-
iron dialogue is the sensitivity to iron starvation of the copper chaperone deleted 
strain (Tottey et al. 2002). In Anabaena sp. PCC 7120, isiA transcription was showed 
to be activated under copper limitation (Jeanjean et al. 2008).

�Conclusion: Intertwined Metal Homeostasis

The occurrence of multiple iron transporters with overlapping functions exem-
plifies the competition for iron in the environment between bacterial popula-
tions. While siderophore-based iron uptake has been a long-lasting paradigm, 

﻿The Maintenance of Iron Homeostasis Among Prokaryotic Phototrophs



152

recent research established that the reduction of inorganic Fe3+ is likely to be the 
main route of iron intake in cyanobacteria. This feature is consistent with the 
occurrence of numerous cyanobacteria that have no identified siderophore syn-
thesis systems, such as Synechocystis, Prochlorococcus, and Synechococcus, 
even though they require a lot of iron. Prevalence of this pathway tends to indi-
cate a common origin, and its stable and high efficiency between species sug-
gests that this pathway may have reached its maximum potential (Lis et  al. 
2015). Thus, competition between cell populations is dependent on other iron 
homeostasis features such as assuming the energetic costs of synthesizing and 
importing siderophores. Another strategy for dealing with iron competition is to 
reduce iron needs which has been achieved in eukaryotic phototrophs (Sunda 
and Huntsman 2015).

The mechanism of siderophore-based uptake is well detailed at least for schizo-
kinen. A mechanism with regard to the reductive pathway has also emerged involv-
ing both FutA1A2BC and Feo system, along with ARTO.  Nevertheless, the 
ExbB-ExbD systems seem to be as important and spread across species as the 
reductive pathway. However, it is not known yet if these systems that are described 
as Fe3+ importers are actually importing Fe3+ or if the latter is reduced beforehand 
(Jiang et al. 2015).

The relatively restricted Fur regulon in Synechococcus sp. PCC 7002 as com-
pared to the large and still expanding FurA regulon in Anabaena sp. PCC 7120 
illustrates the diversity of cyanobacterial strategy to regulate fluctuation of environ-
mental iron availability.

Iron is a source of oxidative stress, but its limitation also results in an unbalanced 
oxygenic photosystem that cannot deal with variation of light intensity. Moreover, 
due to heavy use of iron in photosystems, light-induced damages could trigger the 
release of iron in the cell, increasing oxidative stress. The recently characterized 
regulator PfsR seems to act at the crossroad of iron and light availability (Jantaro 
et al. 2006; Cheng and He 2014).

We also discussed the interconnection between the Fe and Cu networks in pho-
totrophs. Strong evidences link Fe and Mn homeostasis in non-phototrophic bacte-
ria (O’Brian 2015; Guan et al. 2015). A similar Fe/Mn dialogue seems to occur in 
photosynthetic bacteria, especially since Mn was reported to be involved in oxida-
tive stress response under iron limitation (Kaushik et  al. 2015). Both PSI and 
Mn4CaO5 cluster containing PSII are impaired under Mn limitation in Synechocystis 
sp. PCC 6803 (Salomon and Keren 2011). Importantly, Synechocystis sp. PCC 6803 
cells acclimated to low Mn do not display the typical iron stress response (Salomon 
and Keren 2015). Since the used low Mn concentration is actually environmentally 
relevant, it put the several decade-old research on iron response into new perspec-
tives. Likewise, the occurrence of three Fur representatives in cyanobacteria high-
lights the cross talk between iron and zinc homeostasis along with the oxidative 
stress response. The recent discovery of posttranslational regulation of Fur in 
Synechocystis sp. PCC 6803 by Zn2+-containing protease (FtsH1/3) underlines the 
iron and zinc homeostasis interdependency (Krynická et al. 2014).
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Cyanobacterial Photosynthesis: The Light 
Reactions

Sascha Rexroth, Marc M. Nowaczyk, and Matthias Rögner

Abstract  Cyanobacterial photosynthesis can be regarded as the blueprint for the 
photosynthesis of green algae and higher plants: While most of the principal reac-
tions on the molecular level are preserved, their structural arrangement is compact 
and intimately connected with the respiratory chain. This allows conclusions on the 
evolution of special functional membrane domains which finally lead to separate 
membranes in specialized organelles. The robustness of some cyanobacterial—
especially thermophilic—strains also allowed their isolation and structural and 
functional characterization up to the molecular level while keeping their full activ-
ity. This is especially true for the X-ray structures with highest available resolution 
of photosystems 1 and 2 and the cyt b6f complex. Due to the ease of transformation, 
generated cyanobacterial mutants can be used for elucidating photosynthesis-related 
cellular processes which—if combined with synthetic biology approaches—can be 
harnessed for light-triggered biotechnological processes such as biofuel or fine 
chemical production.

Keywords  Cyanobacteria • Photosynthesis • Electron transport • Photosystem 2 • 
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cyt c	 Cytochrome c
Fd	 Ferredoxin
Flv	 Flavodiiron protein
FNR	 Ferredoxin NADP(+) reductase
H2ase	 Hydrogenase
NDH	 NAD(P)H dehydrogenase
PBS	 Phycobilisome
Pc	 Plastocyanin
PDM	 PratA-defined membrane
PQ	 Plastoquinone
PS1	 Photosystem 1 complex
PS2	 Photosystem 2 complex
RC	 Reaction center
SHE	 Standard hydrogen electrode
Synechocystis	 Synechocystis sp. PCC 6803
TC	 Thylakoid centers
TM	 Thylakoid membrane
WOC	 Water-oxidizing complex

�Introduction: Importance of Cyanobacterial Photosynthesis 
for Life on Earth and World Climate

The light reactions of cyanobacterial photosynthesis are essentially performed by 
three transmembrane protein complexes—photosystem 2 (PS2), the cytochrome b6f 
complex (cyt b6f), and photosystem 1 (PS1)—which are located in the thylakoid 
membrane. Triggered by light, they perform photosynthetic electron transport with 
the three complexes as shown in Fig. 1 to provide reduction equivalents for the 

Fig. 1  Electron micrograph of Synechocystis PCC 6803 cell (A) and model of electron- and 
proton-transport routes in the thylakoid membrane (TM), starting with the water oxidation reaction 
up to NADPH and ATP generation. While cyanobacterial PS2 and cyt b6f appear as dimeric com-
plexes in the thylakoid membrane, the large majority of PS1 complexes exists as trimer (in con-
trast, for instance, to higher plants)

S. Rexroth et al.



165

metabolism. They also generate a proton gradient across the thylakoid membrane 
for the subsequent formation of ATP by the ATP synthase (ATPase). The electron is 
processed through these routes by a combination of light-powered redox potential 
changes and the spatial arrangement of protein-bound redox components with 
increasing redox potential. Light harvesting within the photosystems is achieved by 
protein-based chlorophyll, which is supported by a peripheral cyanobacterial-
specific antennae—the phycobilisomes (see also Chap. 9).

The environmentally and energetically most important reaction is the light-
powered water-splitting reaction at the donor side of PS2, which generates oxygen: 
This reaction was the prerequisite for the development of all higher organized life 
on earth as shown in Fig. 2. Due to its fundamental importance, key elements of the 
structure-function relationship of PS2 have been preserved also in higher plants 
which evolved more than 2 billion years later. The abundance of cyanobacteria in 
both marine and fresh water is the reason that more than 25% of all oxygen that we 
breathe is still produced by their photosynthetic activity; also, they contribute con-
siderably to the worldwide generation of light-powered energy as they are among 
the first components of the food chain in all water habitats. In addition, they are 
extremely important for the maintenance of the delicate equilibrium between oxy-
gen production and CO2 consumption which has a severe impact on the world cli-
mate and the CO2 content of the oceans and—combined with it—their pH value 
which influences the abundance of other organisms. Although most cyanobacteria 
are single-celled organism with a diameter of 1–5 μm, their abundance in the oceans 
becomes obvious if they form algal blooms in case of special weather and nutrient 
conditions. Such algal blooms can seal the surface of lakes and even oceans and 
outgrow other organisms by preventing their light and nutrient access. The following 

Fig. 2  Decisive energy-transforming enzymes related to evolution of photosynthesis and transfor-
mation of the atmosphere: While hydrogenases enabled life under anaerobic conditions, the emer-
gence of water-splitting PS2 was the prerequisite for the development of an oxygen-enriched 
atmosphere (Holland 2006) and finally eukaryotic organisms
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chapters should elucidate the molecular organization and adaptation of cyanobacte-
rial life, which makes them survive under extreme environmental conditions, rang-
ing from snow to hot desert (Thajuddin and Subramanian 2005).

�Evolution of Photosynthetic Membranes Starting 
with Cyanobacteria

�Photosynthetic Membranes from Gloeobacter to Higher Plants

It is evident that evolutionary progress is linked to a rising complexity of cellular 
architecture, when comparing the cellular structure of organisms performing oxy-
genic photosynthesis (Fig. 3): Gloeobacter violaceus—the most primitive organism 
known to perform oxygenic photosynthesis—is devoid of an intracellular TM and 
merely forms distinct cytoplasmic membrane domains specialized for photosyn-
thetic and respiratory electron transport (Fig. 3a). In contrast, “typical” cyanobacte-
ria contain internal thylakoids, which, however, lack an obvious lateral segregation 
(Fig. 3b). Unicellular green algae contain loosely associated TM layers (Fig. 3c) 
without significant segregation in grana and stroma thylakoids, while vascular 
plants show thylakoids which are fully differentiated into grana and stroma thyla-
koids (Fig. 3d).

In detail, Fig. 3b shows that cyanobacterial thylakoids form a series of parallel 
double membrane layers enclosing the thylakoid lumen—a continuous hydrophilic 
cell compartment separated from the cytosol (see also Fig. 13). Within the cyano-
bacterial cell, the localization and topology of TM are species dependent: While the 
TMs of some species are organized as concentric cylinders surrounding the central 
cytoplasm, the structures of other species, for instance, Synechocystis sp. PCC 6803 
(Synechocystis), are less regular and form a series of roughly parallel sheets 
converging at structures referred to as thylakoid centers (see Figs. 1 and 3b) (van de 
Meene et al. 2006; Liberton et al. 2011; Rast et al. 2015).

Fig. 3  Evolution of photoautotrophic cell architecture (Nickelsen et al. 2013) as EM (upper part) 
and model (lower part). (a) G. violaceus (with photosynthetically active patches colored green in the 
model cell) (Rippka et  al. 1974); (b) Synechocystis PCC 6803 (van de Meene et  al. 2006); (c) 
Chlamydomonas reinhardtii (Ohad et al. 1967); (d) spinach chloroplast (Mustardy and Garab 2003)
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�Membrane Microdomains (in Gloeobacter violaceus) 
as Precursors of Intracellular Membrane Compartments

In contrast to the well-known principle mechanisms of photosynthesis, only little 
is known about the biogenesis and evolutionary origin of the membrane hosting 
the components of photosynthetic electron transport. The primordial cyanobacte-
rium G. violaceus (Fig. 4a), which harbors all photosynthetic protein complexes 
in its cytoplasmic membrane (CM), yields important hints about the origin and 
evolution of thylakoids. Similarly, in Synechocystis, a more developed cyanobac-
terial system with internal thylakoid membrane (see Fig. 3b), a state devoid of 
structured TMs, can be induced under certain conditions like heterotrophic growth 
(Fig. 4b).

Both cellular structures provide new concepts for the emergence of specialized 
membrane compartments and show an interesting topological similarity to proplas-
tids. Similar to the segregation of eukaryotic membranes resulting in specific 
domains termed “rafts,” such structures—although simpler and less organized—are 
also implied for prokaryotic organisms: Gloeobacter cytoplasmic membranes could 
be separated into two distinct domains with characteristic protein composition, pig-
ment content, and buoyant density. They are consistent with the characteristics of 
cyanobacterial CM or TM and indicate their common origin from the CM of 
Gloeobacter. Protein composition clearly defines the “green domain” (with typical 
proteins PS2, cyt b6f, PS1, and NDH-1) as bioenergetic, performing both photosyn-
thetic and respiratory electron transport. In contrast, the “orange domain” (with 
typical proteins such as squalene-hopene cyclase, phytoene dehydrogenase, and 
other enzymes involved in isoprenoid and carotenoid synthesis) suggests a role in 
the segregation of distinct membrane domains—although its molecular mechanism 
is still unknown.

Fig. 4  (a) Cellular structure from G. violaceus (coop. with Stefan Geimer, Bayreuth University). 
(b) Cellular structure from Synechocystis under LAHG conditions
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The domain structure of Gloeobacter membranes was confirmed by confocal 
fluorescence microscopy of living cells (Fig. 5), which show the inhomogeneous 
distribution of the three photosynthetic pigments chlorophyll, phycocyanin, and 
phycoerythrin within the cells due to their strong autofluorescence.

Based on size and center-to-center distances of the fluorescent patches, only 
about 6% of the total membrane surface is covered with photosynthetic patches 
(Fig. 6). In contrast, EM of common cyanobacteria like Synechococcus sp. PCC 
7942 (Mullineaux and Sarcina 2002) suggest that thylakoids constitute about 
80–90% of the total cellular membrane. In Gloeobacter, this low content of 
photosynthetic membrane domains may be responsible for its slow growth, which 
in turn might be a selective advantage in nutrient-poor habitats.

Fig. 5  Confocal fluorescence micrographs of G. violaceus cultures, showing optical sections with 
the CM as ring around the cell periphery. Heterogeneous fluorescence distribution for (a) chloro-
phyll, (b) phycocyanin, and (c) phycoerythrin is evident, with the fluorescence being concentrated 
in distinct spots (Rexroth et al. 2011)

Fig. 6  Membrane domain 
distribution in the CM of 
G. violaceus 
(~1.7 x 2.5 μm) (Rexroth 
et al. 2011) as inferred 
from confocal microscopy. 
The green domains 
displaying intense 
fluorescence emission have 
a mean diameter of 140 nm 
with a mean center-to-
center distance of 570 nm 
(dotted line) (Rexroth et al. 
2011)
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Evolutionarily, the segregation of functionally distinct membrane domains with 
well-defined protein content has to precede the formation of specialized vesicles. 
Consequently, the initial preformation of membrane patches with photosynthetic 
and respiratory functions within the CM of a primitive cyanobacterium is a prereq-
uisite for the emergence of a specialized thylakoid compartment.

�Compartmentalized Cyanobacterial Photosynthesis

For cyanobacteria, Synechocystis can be regarded as model organism as it was the 
first species with fully determined genomic sequence. Due to its easy transforma-
tion, it is among the species with the most known and characterized mutants. This 
resulted in a detailed functional analysis of its metabolism, especially if related to 
photosynthesis. Figure 7 shows the major components of photosynthetic and respi-
ratory electron transport and their distribution among the membrane systems. While 
the cytoplasmic membrane (CM) contains an incomplete respiratory electron trans-
port system and incomplete photosystems in the process of maturation, the thyla-
koid membrane (TM) harbors both chains in a composition characteristic for 

Fig. 7  Organization of photosynthetic and respiratory electron transport chains in cyanobacteria: 
TM with components of both respiratory and photosynthetic metabolism and CM with incomplete 
respiratory electron transport chain. H2ase and Flv as protectors from redox poisoning/over-
reduction. ARTO alternative respiratory terminal oxidase, CM cytoplasmic membrane, COX cyto-
chrome c oxidase, Cyt b6f cytochrome b6f complex, Cyt bd cytochrome bd oxidase, Cyt c6 cytochrome 
c6, Fd ferredoxin, Flv flavodiiron protein, FNR ferredoxin-NADPH oxidoreductase, H2ase hydrog-
enase, NDH NADH dehydrogenase, Pc plastocyanin, PQ plastoquinone, PP periplasm, PS1 photo-
system 1, PS2 photosystem 2, SDH succinate dehydrogenase, TM thylakoid membrane
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cyanobacteria: They both share the cyt b6f and the mobile carriers plastoquinone 
(PQ, membrane bound) and cytochrome c (cyt c) or plastocyanin (Pc, both water 
soluble), respectively, as all cyanobacteria are missing a cyt bc1 complex. Also, vari-
ous routes for cyclic (via Fd or FNR) or energy-dissipating electron transport (via 
hydrogenase, (H2ase) or flavodiiron (Flv1/3)) are indicated, which both function as 
emergency valves to prevent over-reduction of the cytosol. While more details will 
be outlined below, the central role of Fd for energy distribution and of the CM for 
maturation of central energy transformation complexes should be stressed: In con-
trast to previous reports, there is increasing evidence that CM contains neither a 
functional photosynthetic nor a complete respiratory electron transport chain, espe-
cially as central parts such as NDH-1, cyt b6f, and cytochrome oxidase (COX) are 
missing (Lea-Smith et al. 2013). Apparently, only a minimal respiratory electron 
transport chain consisting of PQ-reducing type 2 NADH dehydrogenases (NDH-2), 
cyt bd oxidase, and/or the alternative terminal oxidase ARTO are capable to build up 
a proton gradient which can be used for ATP production via ATP synthase.

The two central elements of the oxygenic photoautotrophic metabolism in cya-
nobacteria are the two photosystems—PS2 and PS1. In the linear photosynthetic 
electron transport mode, they are connected in series by cyt b6f, which transfers 
electrons from PS2 via the PQ pool to the mobile electron carrier plastocyanin. This 
transport is coupled to the translocation of two H+ per electron across the TM, i.e., 
two-thirds of the ATP production of the linear electron transport chain is attributed 
to the activity of cyt b6f. In the subsequent light-driven reaction, PS1 transfers the 
electrons from plastocyanin via ferredoxin to the FNR which generates 
NADPH. Based on the structure of the cyanobacterial ATP synthase with the FO part 
consisting of 15 proton transferring c-subunits on the one hand and an active Q 
cycle in the cyt b6f on the other, an ATP/NADPH ratio of 1.2 due to linear photosyn-
thetic electron transport can be determined.

The cyclic mode of photosynthetic electron transport provides additional ATP 
equivalents for the cyanobacterial metabolism and allows the adjustment of the sup-
plied ATP/NADPH ratio to the demands of the photosynthetic C-fixation reaction. 
For the cyclic photosynthetic electron transport, two thylakoid localized routes have 
been established, of which the direct one involves a light-powered circulation of an 
electron between PS1 and cyt b6f. The second, more indirect route involves the trans-
fer of electrons from ferredoxin back into the PQ pool which probably involves the 
NDH-1 complex.

Cyanobacterial respiratory electron transport is an additional alternative to fuel 
the PQ pool and to generate ATP derived from stored metabolites. Its two central 
functions are (1) providing metabolic energy in the dark or under other ATP supply 
limiting conditions and (2) improving robustness of the electron transport system 
and preventing redox poisoning by over-reduction of the photosynthetic electron 
transport chain—particularly the PQ pool (Peltier et al. 2010). All three decisive 
complexes, NDH-1, SDH (Liu et al. 2012; Pisareva et al. 2011), and COX (Lea-
Smith et al. 2013; Howitt and Vermaas 1998), are exclusively located within the 
TM (Lea-Smith et al. 2013; Mullineaux 2014). Besides, the cyt bd oxidase, a ter-
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minal oxidase transferring electrons from the PQ pool, is of major importance, 
when electron transport via cyt b6f is limiting (Berry et al. 2002; Tsunoyama et al. 
2009) and the PQ pool is over-reduced.

The activity of the different electron transport routes also affects the redox status 
of the cells: Photoautotrophic conditions favor the linear photosynthetic electron 
transport and lead to a net reduction of the cytoplasmic NADP+/NADPH pool. 
While terminal oxidases in combination with additional systems dissipate surplus 
electrons, cyclic pathways only contribute to the proton gradient and are neutral 
concerning the cellular redox status, which is essential for biological fitness. For 
this reason, the systems for adjusting and protecting redox homeostasis are crucial 
to understand the cyanobacterial metabolism.

While the co-localization of both electron transport pathways in cyanobacteria 
leads to a higher flexibility, it also sets higher demands for their control and 
adjustment according to the physiological requirements of the cell. Maintaining 
redox homeostasis is of major importance in all photoautotrophic organisms 
(Wilhelm and Jakob 2011). Over-reduction of redox mediator pools within elec-
tron transport chains limits electron flux via these components. It eventually leads 
to a lack of electron acceptors for the photosynthetic light reactions which induces 
the formation of reactive oxygen species and accumulation of photodamage. 
Important systems, which are mainly involved in the removal of surplus reduction 
equivalents under aerobic conditions, are the cyt bd complex as well as heterodi-
meric flavodiiron proteins Flv1/3 (Allahverdiyeva et al. 2013) functioning as elec-
tron sinks for the PQ and NADPH pool, respectively. Other examples for this will 
be shown in Chap. 4.

�Molecular Structure of Selected PS-Membrane Proteins 
as Basis for Functional Correlation

�Cyanobacterial PS2 Complex

The photosynthetic electron transfer is initiated at PS2, which catalyzes the unique 
light-driven oxidation of water. A high-resolution crystal structure of cyanobacterial 
PS2 provides a detailed picture of protein–cofactor interactions in the complex at 
the atomic level (Umena et al. 2011)—in particular into the water-oxidizing com-
plex (WOC) with its unique Mn4O5Ca cluster, which forms the catalytic center of 
PS2. Currently, time-resolved structural analysis based on XFEL (femtosecond 
X-ray free electron laser) is intensively explored for PS2 analysis (Kern et al. 2014; 
Kupitz et al. 2014; Suga et al. 2015) and may provide novel information about struc-
tural changes of the WOC during the catalytic cycle.

In summary, each monomer of the dimeric PS2 protein complex consists of up to 
20 protein subunits, 35 chlorophyll a molecules, 20–25 lipids, 12 β-carotenes, 2–3 
plastoquinone, 2 pheophytins, 2 hemes, the WOC (Mn4O5Ca), 4 Ca2+ ions, 3 Cl− 
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ions, and a non-heme iron (Fig. 8). Most redox centers are coordinated by the cen-
tral transmembrane subunits D1 and D2 (PsbA, PsbD), whereas light harvesting is 
mainly mediated by chlorophyll molecules that are bound to the intrinsic antenna 
proteins CP43 and CP47 (PsbB, PsbC).

Water oxidation is catalyzed by an inorganic Mn4O5Ca cluster, which is coordi-
nated by amino acid residues in D1, D2, and CP43 and shielded from the thylakoid 
lumen by the extrinsic subunits PsbO, PsbV, and PsbU. The large number (~13) of 
small (<10 kDa) and hydrophobic (1–2 transmembrane helices) subunits in PS2 is 
quite remarkable, with some of them playing a protective role (e.g., Cyt b559, PsbE, 
PsbF) and others being located at the monomer–monomer interface (PsbL, PsbM, 
PsbT). However, the exact function of many small subunits (e.g., PsbH, PsbI, PsbJ, 
PsbK, PsbX, PsbY, PsbZ, Psb30) remains elusive. Also, the role of CyanoQ and 
CyanoP, the cyanobacterial homologs of PsbQ and PsbP in higher plants, is still 
unclear, especially as they are lacking in PS2 crystal structures and in biochemical 
or mass spectrometric analyses of PS2 preparations from Thermosynechococcus sp. 
(Umena et  al. 2011; Guskov et  al. 2009; Ferreira et  al. 2004; Kuhl et  al. 2000; 
Nowaczyk et al. 2006). While CyanoP might play a role in PS2 assembly (Cormann 
et  al. 2014), CyanoQ seems to be part of the active PS2 complex at least in 
Synechocystis (Roose et al. 2007).

These structural data are complemented by kinetic data obtained with time-
resolved spectroscopic methods. They provide information on the function of these 
complexes starting with light absorption by the antennae proteins (phycobilisomes, 
intrinsic antennae): Within femtoseconds, excitation is channeled via Förster reso-
nance energy transfer to the reaction centers (RCs), where primary charge separa-
tion is induced (Holzwarth et  al. 2006; Groot et  al. 2005). The first metastable 
radical pair P680+/Phe− is formed within ~3  ps. With a midpoint potential of 
+1210 mV (vs. SHE), the resulting cation P680+ is the strongest oxidant known for 

Fig. 8  3D-crystal structure and derived model of monomeric PS2 complex, the minimal functional 
complex; note that the model shows only the major subunits required for electron transfer. PS2 
contains altogether 20 subunits—most with structural or unknown function (Umena et al. 2011)
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a biological system (Fig. 11) which enables the oxidation of water (H2O/O2: 
+820 mV) at the PS2 donor side. At the acceptor side, the electron is transferred 
from Phe to QA within ~200 ps due to a downhill potential from −500 mV (Phe−/
Phe) to −140 mV (QA

−/QA) and a distance between the charges of approx. 5 nm. 
P680+ oxidizes a nearby tyrosine residue (TyrZ) within ~100 ns. The fact that the 
resulting radical pair TyrZ

+/QA
− is stable for milliseconds (Dau and Zaharieva 2009; 

Vinyard et al. 2013) is important, as both the subsequent water-splitting reaction 
(~2 ms) and the reduction of QB (~0.2–10 ms) are rather slow. TyrZ+ is reduced by 
the Mn4O5Ca cluster which stores four electrons from the oxidation of two water 
molecules. This generates a cycle of five oxidation states (S0–S4, with the index 
number indicating the stored oxidizing equivalents). The accumulated oxidizing 
equivalents finally allow a four electron reaction in S4 leading to O–O double bond 
formation (Cox and Messinger 2013) and the release of O2. This and the formation 
of PQH2 makes this process irreversible.

Interestingly, cyanobacteria can adapt these electron transfer processes to spe-
cific environmental conditions by using different copies of the D1 protein 
(Nowaczyk et al. 2010; Sugiura and Boussac 2014). In case of T. elongatus, copy 
D1:1 is expressed under low-light conditions, whereas copy D1:2 is induced under 
high-light or other stress conditions. These copies show amino acid exchanges at 
specific positions (e.g., Q130-E130) which shift the redox potential of Phe/Phe− 
(~+17 mV) and QA/QA

− (~+41 mV) to more positive values. This decreases the 
probability for the triplet route via 3[P680*Phe−] and favors instead direct S2QA

− or 
S2QB

− recombination (Sander et al. 2010; Sugiura et al. 2014). As the triplet chlo-
rophyll is stable for milliseconds, singlet oxygen may form which leads to severe 
protein damage (Vass 2012). The formation of reactive oxygen species (ROS) is 
especially enhanced under light stress conditions which over-reduce the PQ pool 
and quickly inactivate PS2. While damaged PS2 can be reactivated in a sophisti-
cated repair cycle by replacing D1 (see 4.1), the high-light copy D1:2 is more 
robust but at the expense of a less stable charge separation (i.e., lower efficiency). 
The role of a third D1 copy (D1’), which seems to be expressed under low-oxygen 
conditions, is less clear.

�Cyanobacterial Cytochrome b6f Complex

The cytochrome b6f complex (cyt b6f) is exclusively localized in the thylakoid mem-
brane and holds a key position in the cyanobacterial electron transport chain: It 
mediates the electron transfer from the electron donor plastoquinol (PQH2) to the 
acceptor plastocyanin (Pc) in both the respiratory and the photosynthetic electron 
transport chain.

The crystal structure of the cyanobacterial b6f (Kurisu et  al. 2003) shows a 
homodimeric complex consisting of four large protein subunits, which carry the 
prosthetic cofactors and are functionally involved in the electron transfer, and four 
small membrane-integral subunits which are involved in the structural stabilization 
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of the dimeric complex. The peripheral subunit PetP is specific for cyanobacteria 
and red algae and is missing in the crystal structure of cyt b6f due to its transient 
binding to cyt b6f. Deletion mutants indicate that it has a regulatory function 
(Rexroth et al. 2014).

In contrast to other photosynthetic electron transport complexes, the minimal 
functional unit of cyt b6f is the dimeric complex, in which the Rieske subunit (PetC) 
has an important structural function (Fig. 9): It cross-links both monomers by inter-
acting with one monomer in the membrane-integral domain and with the other in 
the thylakoid lumen exposed, soluble domain of the complex.

The electron transport reactions of cyt b6f are coupled to the transfer of protons 
from the cytoplasm to the thylakoid lumen via the Q cycle. This cycle involves 
two quinol binding sites, the Qp-site located close to the “positive” thylakoid 
lumen (i.e., the site of PQH2 oxidation) and the Qn-site next to the “negative” 
cytoplasm, which facilitates recycling of the electrons for the PQ reduction via the 
low potential chain.

The latter is formed by heme bp—located close to Qp—and the two hemes bn and 
cn. While these hemes are also found in the functionally and structurally homolo-
gous mitochondrial cytochrome bc1 complex, heme cn is unique and conserved in all 
known cyt b6f complexes. This heme cn has been suggested as entry point for elec-
trons from the cytosolic ferredoxin (Fd) or FNR during the photosynthetic cyclic 
electron transport; it might as well stabilize the two-electron reduction of PQ at the 
Qn-site by avoiding the release of reactive radical species.

The high potential chain responsible for the transfer of electrons to plastocyanin 
and cyt c6 is functionally conserved in both cyt bc1 and b6f complexes, although cyt 
c1 and cyt f share no structural homology. In contrast to eukaryotic organisms, cya-
nobacterial cyt b6f in general contains alternative isoforms of the Rieske iron–sulfur 
protein—three have been reported in Synechocystis sp. PCC 6803: While isoform 

Fig. 9  3D-crystal structure and derived model of dimeric cyt b6f complex (pdb: 4H44), the mini-
mal functional complex; the crystal structure misses the PetP subunits which have a regulatory 
function for cyclic vs. linear electron transport; the latter receives its electrons from PS2 via the PQ 
pool. Hemes bn and cn are located in the Cyt. b subunit close to the cytoplasmic surface, heme bp in 
the center and heme f in the lumenal part of the cyt. f subunit
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PetC2 appears to substitute the dominant PetC1 under high-light and low-oxygen 
conditions, isoform PetC3 has been shown to have no cyt b6f subunit and rather 
appears to regulate electron transfer reactions in the periplasm, with no cyt b6f com-
plex being present in the cytoplasmic membrane (Aldridge et  al. 2008; Schultze 
et  al. 2009). In nitrogen-fixing cyanobacteria, an additional isoform, PetC4 with 
high sequence homology to PetC2, has been reported which is required for the het-
erocyst formation (Schneider and Schmidt 2005).

�Cyanobacterial PS1 Complex

Photosystem 1 (PS1) is the largest known membrane protein complex that is 
involved in solar energy conversion. In cyanobacteria, each monomer of the 
trimeric structure consists of 12 protein subunits and 127 cofactors (96 chloro-
phyll a molecules, 22 β-carotenes, two phylloquinones, three iron–sulfur clus-
ters, and four lipids) (Jordan et al. 2001). Each of the two large subunits PsaA 
and PsaB consists of 11 transmembrane helices coordinating most of the cofac-
tors and in particular most of the redox active centers. Exceptionally, the termi-
nal iron–sulfur clusters FA/FB are coordinated outside of the membrane by the 
PsaC subunit, next to the PsaD and PsaE protein on the cytoplasmic side of the 
complex. PsaI and PsaL are involved in trimer formation, whereas the other 
small subunits PsaJ, PsaK, PsaM, and PsaX seem to play rather a structural role. 
In contrast to eukaryotes, PsaF is neither involved in binding of plastocyanin 
nor cytochrome c (cyt c) (Fig. 10).

Functionally, charge separation at the central chlorophyll pair P700 generates the 
first radical pair P700+/P700*, with P700* being the strongest reductant known for 
biological systems (−1300 mV vs. SHE). Electron transfer to the primary acceptor 
chlorophyll A0 occurs within ~1 ps and thereafter to phylloquinone A1 within ~30 ps. 

Fig. 10  3D-crystal structure and derived model of monomeric PS1 complex (Jordan et al. 2001), 
the minimal functional complex; the crystal structure does not include plastocyanin (Pc), the elec-
tron donor for PS1 (alternatively cyt c is also a physiological e-donor)
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Reduction of the first iron–sulfur cluster (FX), followed by FeS cluster (FA/FB) 
within ~200 ns and ~500 ns, respectively, is considerably slower. Stabilization of 
the radical pair P700+/FB

− for ~60 ms allows docking and electron transfer to the 
diffusible electron carrier ferredoxin (Fd) and re-reduction of P700+ by electron 
donation from cyt c (Brettel and Leibl 2001).

Figure 11 shows the kinetics of the combined photosynthetic electron trans-
port chain. As the primary processes are very fast (fs-ps), electrons are processed 
very fast after charge separation, which enables a very high trapping efficiency 
of approximately 100%, i.e., almost each photon hitting the antenna induces 
charge separation at the reaction center. Thereafter, electron transfer slows down 
to nanoseconds (PS1) and microseconds (PS2) due to the involvement of diffus-
ible mediators. Additionally, PQ reduction at the PS2 acceptor side is a two-
electron process requiring stabilization of the semiquinone radical till arrival of 
the second electron from the reaction center. PQ reduction at PS2 (200 μs–10 ms) 
is usually the rate-limiting step of the whole electron transfer chain which limits 
the turnover frequency (TOF) of PS2 to about 85 e− s−1 in the native cell (Lubner 
et al. 2011). In contrast, the optimized electron outlet of PS2 in an artificial redox 
environment can increase the TOF by a factor of five (Kothe et al. 2013)—in this 
case, water oxidation itself (2 ms) is the rate-limiting step. While PS1 in native 
systems is limited by electron supply from cyt c (500 μs), a nondiffusible, artifi-
cial electron donor can increase the TOF by a factor of about seven (Kothe et al. 
2014). These examples convincingly illustrate that redox engineering of natural 
photosystems can overcome natural limitations considerably and have a high 
potential for future research.

While supercomplexes of these three photosynthetic membrane proteins—in 
combination with other proteins—have been reported for eukaryotic systems (Iwai 
et al. 2010), similar principles are just starting to be observed also in prokaryotes 
(Lopez and Kolter 2010).

Fig. 11  Kinetics of photosynthetic electron flow in the thylakoid membrane with all three com-
plexes—PS2, cyt b6f, and PS1—arranged in sequence, allowing linear electron transport from 
water splitting up to ferredoxin (Fd) reduction. For details, see text
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�Dynamics and Adaptations of Cyanobacterial Photosynthesis

�Maturation of PS2 in Various Membrane Systems: Biogenesis 
and Degradation of PS2 as Example for Membrane Dynamics

Maturation of PS2 is an excellent example for the cooperation of cytoplasmic and 
thylakoid membrane in a dynamic process. Major problem is, however, the separa-
tion of both membranes as prerequisite for a detailed analysis and the elucidation of 
their structural and functional interaction. The complete physical separation of TM 
and CM in cyanobacteria is still a matter of debate (Pisareva et al. 2011; Vothknecht 
and Westhoff 2001), which may be due to special contact regions between both 
membranes (Fig. 12). On the other hand, several studies using cryo-electron tomog-
raphy did not reveal any obvious direct connection (van de Meene et  al. 2006; 
Liberton et  al. 2011; Nevo et  al. 2007)—in agreement with biochemical experi-
ments using hydrophobic fluorescent dyes which showed CM and TM as discon-
tinuous entities (Schneider et al. 2007). However, the exclusive synthesis of lipids 
and pigments as TM compounds (Benning 2008; Joyard et al. 2009) in the cyano-
bacterial CM indicate transport processes between CM and TM—either via indirect 
vesicular processes or via direct connections. Electron microscopy of Synechocystis 
showed such direct connections under certain stress conditions (van de Meene et al. 
2012), while membrane fusion activity could be assigned to the Vipp1 protein 
(Hennig et  al. 2015) which is essential for TM formation (Westphal et  al. 2001; 

Fig. 12  Transient connections between CM and TM as proposed for thylakoid biogenesis and 
maturation of photosynthetic proteins between CM and TM as model (a) and as EM of whole 
Synechocystis cell (b). Thylakoid centers (TC), tubular CM invaginations (Kunkel 1982), have 
been proposed as contact sites for TM and CM (Nickelsen et al. 2013)

﻿Cyanobacterial Photosynthesis: The Light Reactions



178

Kroll et al. 2001). Direct, indirect, or transient contact is also a prerequisite for the 
current models of TM biogenesis (Pisareva et al. 2011; Rengstl et al. 2011).

The low number of observed connection sites (Fig. 12) is in clear contrast to the 
expected flux of material necessary for biogenesis and maintenance of the TM and 
therefore an active research field. In case of PS2, Fig. 13 illustrates the synthesis of 
non-active pre-complexes in the CM and their (potential) flow to the TM through 
thylakoid centers. Thylakoid centers are circular structures at the interface between 
thylakoid and cytoplasmic membrane, which seem to play a role in thylakoid mem-
brane biogenesis, but also in the assembly process of PS2  in cyanobacteria 
(Nickelsen et al. 2013). PS2 biogenesis is a highly ordered process that is orches-
trated by numerous additional proteins, the so-called PS2 assembly factors (Nixon 
et al. 2010). They guide the formation of preassembled PS2 modules that are formed 
by a subset of PS2 subunits at specific locations within the cellular membrane sys-
tem, and they are also involved in merging these modules to distinct intermediates 
in the PS2 assembly process (Heinz et al. 2016). Briefly, the preassembled pD1-
PsbI and D2-Cyt. b559 modules assemble in the thylakoid centers (TCs) to the first 
reaction center (RC) complex, which is already capable of charge separation (Fig. 
13). Here the D1 C-terminus is processed to the intermediate form by the D1 
C-terminal processing peptidase (CtpA) which is an important control of the assem-
bly process, as only after full processing of D1 the functional WOC can be formed. 
Another assembly factor, PratA (Klinkert et  al. 2004), which is also involved in 
manganese delivery to PS2 (Stengel et al. 2012) is assisting this process. The com-
plexes are then moved from the so-called pratA-defined membranes (PDMs), which 
are at least part of the TCs, to the thylakoid membrane. Here, CP47 assembles with 
the RC after full D1 processing, and the RC47 intermediate complex is formed 
(Boehm et  al. 2012a). After subsequent attachment of the CP43-Psb27 module 
(Komenda et  al. 2012a), the membrane intrinsic part of PS2 is fully assembled 
although still inactive in water oxidation. While WOC formation is facilitated by 

Fig. 13  Spatial distribution of PS2 assembly. PS2 complexes are assembled via distinct intermedi-
ates with involvement of specialized membranes (PDMs) that are located at the interface between 
thylakoid membrane (TM) and cytoplasmic membrane (CM). For details, see text. PP periplasm, 
C cytoplasm, L lumen, RC reaction center complex
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Psb27 (Nowaczyk et al. 2006; Roose and Pakrasi 2008; Cormann et al. 2016), the 
complex gains water-splitting activity after attachment of the extrinsic proteins 
PsbO, PsbU, and PsbV. Finally, two PS2 monomers assemble to one PS2 dimer and, 
dependent on the light conditions, PS2-dimer-phycobilisome supercomplexes are 
formed (Mullineaux 2008).

Due to the extreme redox chemistry, PS2 is easily damaged during catalysis (see 
section “Cyanobacterial PS2 Complex”) by ROS formation at the PS2 acceptor side 
(Vass 2012) or by direct light induced damage of the WOC (Murata et al. 2007). 
Normally, the cells are able to replace damaged PS2 via a sophisticated repair cycle, 
which exchanges only damaged parts of the complex (mainly the D1 Protein); how-
ever, under stress conditions (e.g., light stress), the rate of damage could exceed the 
rate of repair leading to photoinhibition of the cells. PS2 repair starts by removal of 
the extrinsic proteins, followed by monomerization and detachment of CP43 (Nixon 
et al. 2010; Komenda et al. 2012b). Subsequently, damaged D1 is degraded by a 
heterooligomeric complex of FtsH2/FtsH3 and replaced by a new copy (Boehm 
et al. 2012b). After reattachment of the CP43-Psb27 module, the WOC is assembled 
similar to PS2 biogenesis. Obviously, this part of the intricate PS2 life cycle could 
also be assisted by additional proteins, but at least in cyanobacteria, a clear indica-
tion for a specific repair factor is missing so far.

�Membrane Dynamics as Example for Stress Adaptation: State 
Transitions with Phycobilisomes Correlated with Reversible 
Monomerization of Photosystems

Cyanobacteria have developed a special light-harvesting system, the phycobili-
somes (PBS), which is structurally and evolutionary completely independent from 
the membrane-integral light-harvesting complex of green algae and higher plants 
(Fig. 14). Besides their light absorption capability, PBS with their enormous 
dimensions of 5–10 MDa (de Marsac and Cohen-Bazire 1977) are also responsi-
ble for the minimal distance between cyanobacterial thylakoid membranes as is 
obvious from Fig. 14a. In addition, due to their abundance in the cells which 
accounts for up to 60% of the cellular protein content (Moal and Lagoutte 2012), 
they also function as N-resource of the cell under N-limiting conditions (for more 
details, see Chapter 12).

Functionally, PBS also fulfill an important role in balancing excitation energy 
between the photosystems which ensures maintaining redox homeostasis within the 
photosynthetic electron transport chain under fluctuating light intensities and 
qualities (van Thor et al. 1998). In a process called “state transitions,” the distribu-
tion of absorbed light energy between PS1 and PS2 is adjusted by the reversible 
attachment of PBS to the photosystems (Joshua and Mullineaux 2004). Illumination 
leading to excess excitation of PS2 induces a transition to “state 2” in which more 
absorbed PBS-excitation energy is diverted to PS1 to avoid an over-reduction of the 
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PQ pool and vice versa in “state 1,” respectively (Mullineaux and Emlyn-Jones 
2005). Most probably, this rearrangement of PBS is connected with a reversible 
monomerization/oligomerization of PS2 and PS1, respectively, as indicated in Fig. 
15: While the binding of PBS to dimeric PS2 and the routine monomerization of 
PS2 for repair (exchange of the damaged D1-subunit) is established, the binding of 
PBS to trimeric PS1 still has to be shown.

�Outlook: Application of Cyanobacterial Photosynthesis 
for Biotechnology: Design of Cells, Photobioreactors, 
and Biophotovoltaic Devices

�Design of Cyanobacterial Mass Cultivation

Among the many parameters which have an impact on cyanobacterial cell growth 
and productivity, light and carbon supply are especially important. However, due to 
their dependence on a steadily changing culture density which is also combined 
with drastically changing light penetration depth, they are quite difficult to control 
in standard setups for cultivation. In order to control, reproduce, and optimize all 
parameters, the establishment of continuous cultivation conditions is of predomi-
nant importance. The major parameters and strategies for their control and dynamic 
regulation are shown in Table 1 below.

Central part of a continuous cultivation as shown in Fig. 16 is the turbidostatic 
process control, i.e., the controlled dilution of the culture medium by addition of 
fresh and the simultaneous removal of used medium. This system achieves constant 
cell densities, well-defined steady-state culture conditions, and well-defined stress 
conditions.

Fig. 14  Structure of a hemidiscoidal PBS and its attachment on the membrane surface. (a) Binding 
of PBS to the TM in Pseudanabaena PCC 7409 (van Thor et al. 1998). PBS structures (black arrows) 
define the minimal distance between adjacent TM layers. (b) Side view of a PS2-PBS complex of 
Synechocystis characterized by a dimeric PS2, tri-cylindrical APC core and six rods composed of 
three PC hexamers. Their arrangement enables an efficient funneling of the harvested excitation 
energy via the PBS core to the photosystems (Glazer 1985; Biggins and Bruce 1989; Liu et al. 2013)
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Fig. 15  Model of state transitions in the thylakoid membrane, realized by reversible functional 
PBS binding to PS2 (“state 1,” left) or PS1 (“state 2,” right, PBS in gray) (Kruip et  al. 1994; 
Meunier et al. 1997; Schluchter et al. 1996)

Table 1:  Central parameters in continuous cultivation mode and their possible regulation

Controlled parameter Online detection Regulation

Culture media

pH pH electrode Acid/base titration
Temperature Thermo element Thermostat
CO2 (aq.) conc. Ion selective electrode Mass flow controller
Cell density Optical density, turbidity Media pump
Gas phase

O2 (g) conc. ZrO2 sensor –
CO2 (g) conc. IR detector –
Gas flow Mass flow analyzer Mass flow controller

Fig. 16  Cyanobacterial culture in continuous cultivation mode (Kwon et al. 2012). (a) Principle 
of cont. cultivation in 5 L flatbed photobioreactor: (1) computer with LabVIEW program, (2) tur-
bidity sensor, (3) media tank, (4) peristaltic pump (for media and pH control), (5) inlet for medium, 
(6) outlet for biomass, (7) gas separator, (8) harvest tank, (9) CO2 and O2 sensors, (10) mass flow 
controller, (11) LED panel, (12) pH sensor, (13) HCl and NaOH, (14) aeration, (15) thermostat, 
and (16) air filter. (b) Front view (left, LED panel omitted) and side view (right, with LED panels 
on both sides) of 5 L photobioreactor developed in coop. with KSD company (Hattingen); center 
part in front view = thermostat
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Usually, CO2 is supplied by aeration under photoautotrophic conditions, but its 
transfer efficiency into the liquid media depends on parameters like bubble size, mix-
ing intensity, and the distribution of bubbles in the liquid medium. The dissolved CO2 
forms a pH-dependent equilibrium with HCO3

− and CO3
2−, i.e., the availability of 

CO2 or HCO3
− for cyanobacteria depends strongly on the pH and physical parame-

ters of the cultivation like temperature, but also on biological parameters such as 
culture density and growth phase which define the uptake of CO2 by the cells.

Besides controlling all these parameters, this setup also allows to simulate out-
door conditions such as light gradients, light stress, etc. which is important to eval-
uate the impact of these parameters on photosynthetic efficiency. It is also extremely 
helpful for the evaluation of the benefit of (directed or random) mutants for a pos-
sible improvement, for instance, in the production of biofuels or fine chemicals 
(see below).

Figure 17 illustrates the impact of cell density on the amount of released oxy-
gen, which allows the determination of the optimal cell density in order to 
achieve maximum photosynthetic activity. Such an optimization has to be per-
formed specifically for each engineered mutant; the determined optimal cell den-
sity is then kept constant under conditions of continuous cultivation (compare 
Fig. 16).

Depending on the intended product, upscaling to mass production in larger 
closed flatbed systems with much better efficiency and future extension toward 
sunlight irradiation is conceivable and already started to be realized (Rexroth 
et al. 2015).

Fig. 17  Photosynthetic electron transport (as determined by oxygen evolution measurements in 
5 L flatbed photobioreactor) in dependence on increasing culture density. Light intensity was kept 
constant at approximately 200 μE
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�Synthetic Biology Approaches to Design Cyanobacterial Cells 
for Biofuel and Fine Chemical Production

In contrast to the light reactions of photosynthesis with a quantum efficiency of 
close to 100% for both PS1 and PS2, efficiency of the combined electron transport 
reactions and especially the following C-fixation is much lower, resulting typically 
in an efficiency <1% for the final product, for instance, sugar. In order to achieve a 
much higher efficiency for product generation, photosynthetic reducing equiva-
lents (“electrons”) have to be harvested immediately after the light reactions, i.e., 
close to the acceptor side of PS1 which is the most negative redox potential in 
nature. At this spot, electrons are distributed by ferredoxin (Fd), and any direct 
contact to this component enables a much higher efficiency than storing energy in 
sugar. One possible strategy is to store photosynthetic energy in hydrogen, as the 
Fe-Fe type of hydrogenase accepts electrons directly from Fd, resulting in minimal 
energy loss. Due to the ease of transformation and the simple cell organization as 
bacterium, Synechocystis is an ideal candidate to combine photosynthesis with 
hydrogen production. Unfortunately, Synechocystis does not contain an Fe-Fe-
hydrogenase which is among the most active hydrogenases known. Figure 18 illus-
trates the strategy of this project: Electrons originating from water-splitting PS2 
have to be transported via Fd primarily to such an “imported” hydrogenase at the 
expense of C-fixation. Besides increasing linear electron transport by PBS-antenna 
size reduction (Kwon et  al. 2013) and partial uncoupling via manipulation of 
ATPase (for details, see (Imashimizu et al. 2011)), the decisive step is the rerouting 
of electrons from FNR to hydrogenase, although the affinity of Fd to FNR is about 
5–10 times higher than to the (imported) hydrogenase.

While details of this synthetic biology approach are shown elsewhere (Rexroth 
et al. 2015), this strategy can also be used for any other reaction requiring reduc-
tion equivalents, for instance, the light-driven reduction of alkenes by enoate 
reductase as shown in Fig. 19 (Köninger et al. 2016). This proof-of-concept study 
shows the feasibility of light-driven whole-cell biotransformations with engineered 
cyanobacteria by expressing recombinant oxidoreductases. The direct utilization 

Fig. 18  Design of a Synechocystis WT cell for photosynthesis-based biohydrogen production 
(Rögner 2013)
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of NADPH generated by photosynthetic electron transfer achieved product titers of 
up to 2 g L−1, which may be increased in the future to economically feasible pro-
ductivities with optimized systems. Such a concept may be also used for large-
scale biotransformations of bulk and platform chemicals, especially as it prevents 
energy losses via the indirect carbon route and avoids stoichiometric formation of 
by-products: In case of the alkene reduction above, such a by-product is glucono-
lactone, which originates from the co-substrate glucose as typically used for bio-
transformations with oxidoreductases expressed in heterotrophic organisms.

�Cyanobacterial Photosystems as Part of Biophotovoltaic 
Devices: Model Systems for Optimization and Utilization 
of Photosynthesis

Efficiency of photosynthesis in the cell is mainly limited by the coupled electron 
flow reactions through membrane-bound and water-soluble components. As in any 
chemical reaction, the rate-limiting step is the slowest one, which in case of the 
light-triggered electron transport reactions is the reduction and oxidation of the 
quinone pool (see Fig. 11). If this step could be omitted or bypassed, the real 
capacity of photosynthesis may be evaluated: Such a setup is realized in so-called 
semiartificial devices. As shown in Fig. 20, such a device consists of the main com-
ponents required for light-driven electron transfer, i.e., PS1 and PS2, and the 
enzyme transforming reduction equivalents into the storable energy hydrogen, i.e., 
the hydrogenase (H2ase).

Due to the oxygen sensitivity of most available hydrogenases, this device is 
separated into two compartments—one with oxygen evolution (due to water-split-
ting PS2) and one with hydrogenase activity (Fig. 20). Before the two half cells 

Fig. 19  Coupling of photosynthetic electron generation with the reduction of external compo-
nents like alkenes, which are taken up by the cells and released to the medium after reduction 
(Köninger et al. 2016)
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can be combined in order to evaluate the capacity of this system to generate 
hydrogen from water, both half cells have to be optimized: In general, redox poly-
mers turned out to be much superior to diffusible electron carriers (such as cyt. c 
and others) due to their tunable redox potential and their rapid electron transfer 
(Hartmann et al. 2014; Kothe et al. 2013). Figure 21 illustrates this potential: In 
combination with artificial electron donors and acceptors, PS1 achieves a seven-
fold higher activity than in the natural membrane (Kothe et al. 2014): This shows 
that without the natural restrictions, the natural photosystems are much more effi-
cient and can be used as highly optimized components in tailor-made biophoto-
voltaic devices for future energy supply.

Fig. 20  Principle of a “biophotovoltaic cell” as model system for photosynthesis-dependent hydrogen 
production in comparison with the flow of electrons in the natural cell (upper part): The key compo-
nents for light-driven electron transfer—PS2 and PS1—are immobilized within conducting Os poly-
mer gels on gold electrode surfaces which are located in two different reservoirs, the anodic PS2 part 
(which is aerobic due to oxygen evolution at PS2) and the cathodic PS1 part. The latter has to be 
anaerobic due to the oxygen sensitivity of the hydrogenase which is coupled to the PS1-light reaction 
via the electron carrier Methyl viologen. The Os polymers on the anodic and the cathodic part are dif-
ferent and adjusted in their redox potential to the acceptor side of PS2 and the donor side of PS1, 
respectively, in order to achieve the highest possible electrical driving force (Esper et al. 2006)
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Photosynthesis in the Purple Bacteria

Robert A. Niederman

Abstract  Anoxygenic chlorophototrophic purple bacteria have long provided a 
useful model system for functional and structural studies of the light reactions of 
photosynthesis, since they possess only a single Type II photochemical reaction 
center (RC), while in the more complex oxygenic phototrophs, two types of RCs, 
designated as photosystems I and II, are formed. The first of the major recent research 
breakthrough described here is the elucidation of the X-ray structure of the RC-light 
harvesting 1 (LH1) core complex of purple bacteria at near-atomic (3.0 Å) resolu-
tion. This structure represents an important landmark in structural biology, since 
along with the available structures of the peripheral LH2 antenna and RC proteins, a 
complete structural basis for both primary excitation and electron transfer reactions 
has now emerged. Importantly, in the closed, elliptical ring-like LH1 structure, chan-
nels exist that are compatible with the passage of quinol molecules for exchange with 
the quinone/quinol pool. Another significant advance in understanding the structural 
basis for the photosynthetic primary reactions is represented by the elegant views of 
the supramolecular surface organization of native intracytoplasmic membranes 
(ICMs) obtained by atomic force microscopy (AFM). These topographs uncovered a 
wide diversity of species-dependent arrangements of closely packed LH2 and 
RC-LH1 complexes, which in Rhodobacter sphaeroides, consisted of a well-orga-
nized architecture, made up of ordered, interconnected RC-LH1 networks interca-
lated by rows of LH2, coexisting with LH2-only domains. A less regular organization, 
with mixed regions of LH2 and RC-LH1 cores, intermingled with large, paracrystal-
line domains, was observed in other peripheral antenna-containing species, notably 
Rhodospirillum photometricum and Rhodopseudomonas palustris. These several 
types of supramolecular organizations are all capable of fulfilling the basic require-
ments for efficient collection, transmission, and trapping of radiant energy. Recently, 
the cytochrome bc1 complex was also localized by AFM, using gold labelling in Rba. 
sphaeroides and found to be mainly confined to disordered areas adjacent to RC–
LH1 core structures. Also described here are alterations in membrane dynamics and 
in excitation energy transfer capabilities that occur during adaptation of Rba. sphaer-
oides from high to low intensity illumination. These changes apparently arise from 
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constraints on the flow of redox species on both the RC donor and acceptor sides, 
imposed by accumulation of large LH2 domains in the bilayer in which only a frac-
tion of the LH2 rings are well connected to the RC. Advances in the proteomics of 
ICM development have also been made in which ICM growth initiation sites were 
found to be enriched in cytoplasmic membrane (CM) markers, including electron 
transfer proteins and permeases as well as general membrane protein assembly fac-
tors, confirming the origins of this membrane fraction from both peripheral respira-
tory membrane and sites of active CM invagination. Lastly, a computational and 
systems biology approach is discussed for determining the ATP production rate and 
energy conversion efficiency of a single chromatophore vesicle, based upon consid-
erations from a quantitative supramolecular structural model.

Keywords  Light harvesting complexes • Light regulation • Membrane dynamics • 
Oxygen regulation • Proteomics • Reaction centers • Rhodobacter sphaeroides

Abbreviations

AFM	 Atomic force microscopy
BChl	 Bacteriochlorophyll a
CM	 Cytoplasmic membrane
ICM	 Intracytoplasmic membrane
LH	 Light harvesting
LH1	 Core light-harvesting complex
LH2	 Peripheral light-harvesting complex
MTF	 Multiple turnover flash
PSI	 Photosystem I
PSII	 Photosystem II
QA	 Primary reaction center ubiquinone
QB	 Secondary reaction center ubiquinone
RC	 Photochemical reaction center
STF	 Single turnover flash
UQ	 Ubiquinone

�Introduction

Virtually all of the energy used in the biosphere arises from photosynthesis, the pro-
cess that is responsible for the oxygen that powers respiration, the food that nour-
ishes us, as well as the ancient vegetation from which fossil fuels are produced. The 
purple chlorophototrophic bacteria have long served as model organisms for under-
standing the basic fundamental biological processes involved in the light reactions of 
photosynthesis. These metabolically versatile organisms contain a bacteriochloro-
phyll (BChl) special pair-based Type II (pheophytin-quinone) reaction center (RC) 
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(Fig. 1), which initiates the light-driven reactions by catalyzing a transmembrane 
charge separation (Fig. 2a). The resulting electron flow leads to conversion of radiant 
energy into an electrochemical proton gradient that drives the energy conservation 
process through the synthesis of ATP by an F1FO-ATP synthase (Fig. 2b) (Feniouk 
and Junge 2008). This phototrophic mechanism is distinct from that of Archaea such 
as Halobacterium halobium, in which retinal-containing proteorhodopsins catalyze a 
photocycle that results in a light-activated proton gating process (Gordeliy 2017). 
While the purple chlorophototrophic bacteria contain a Type II RC, they lack the 
oxygen evolving complex (OEC) of the oxygenic phototrophs (Fig. 1). In addition to 
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Fig. 1  Electron transport schemes in the RCs of the purple chlorophototrophic bacteria and of 
oxygenic phototrophs (cynobacteria, algae, and higher plants, distinguished by their ability to oxi-
dize water to oxygen by means a Mn cluster-containing OEC (adapted from Blankenship 2014). 
RCs form the core structure of both the PS I and PS II complexes, consisting of Type II (Pheo-Q 
type) RCs in PSII and Type I (Fe-S type) in PSI. In the anoxygenic phototrophs, which oxidize 
reduced substrates instead of water, the RCs of purple bacteria are of Type II (albeit lacking an 
OEC) and those of the green sulfur bacteria are of type I (not shown). The cytochrome bc1 and b6f 
complexes contain the Reiske Fe-S protein (FeSR) and high and low potential cytochromes b (cyt bH 
and bL, respectively). The b6f complex connects PS II to PSI (AO and A1 are a Chl a and phylloqui-
none molecule, respectively), which follows a pathway of electron transfer that, subsequent to the 
oxidation of H2O by the OEC, traverses a series of electron carriers ranging in oxidation-reduction 
potential from ~1.2 V for the PSII-RC chlorophyll (Chl) a dimer (P680) to a value of -0.432 V for 
ferredoxin (Fd), the immediate reductant of NADP+ to form NADPH + H+, as catalyzed by Fd-NADP 
reductase (FNR) with NADPH serving as the final reductant for CO2 fixation. The redox compo-
nents are plotted on the basis of oxidation-reduction potentials, and linear electron flow in a form 
designated as a Z scheme for oxygenic phototrophs. The dashed line indicates that under conditions 
when ATP formation is outpaced by NADP reduction, cyclic electron transport around PSI occurs. 
Other features of the cyclic electron transport schemes of the purple bacteria are discussed in the 
text. Adapted with permission from Blankenship (2014) Copyright 2014 Wiley Blackwell
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the BChl special pair, the RCs contain the other bound cofactors involved in charge separa-
tion, which include two monomeric BChls and bacteriopheophytins (BPheo) molecules, 
and two quinone (QA and QB) molecules (see Fig. 4b below) (Allen et al. 1987).

The RC of purple bacteria is surrounded and interconnected by light-harvesting 
(LH) antenna proteins (Fig. 3); the functional absorption cross-section of the photo-
synthetic apparatus is made up of their BChl cofactors. The LH proteins of purple 
bacteria are mainly of the LH1 and LH2 type; LH1 absorbs maximally at ~875 nm 
and occurs in association with RCs, which together form the RC-LH1 core com-
plex. It exists in either monomeric or dimeric form, depending upon the presence of 
the dimer-facilitating PufX protein (Francia et al. 1999) (see below). While LH1 
serves as the sole antenna complex in some well-studied purple bacteria, such as 
Blastochloris viridis, Rhodospirillum rubrum and Rsp., centenum, the LH2 complex 
which has absorption maxima at 800 and 850 nm functions as a light-responsive, 
peripheral antenna complex in many other extensively studied species, such as 
Rhodobacter sphaeroides, Rba. capsulatus, Rhodoblastus acidophilus, Rubrivivax 
gelatinosus, Rhodopseudomas palustris, and Rsp. photometricum.1 The LH2 com-

1 Some purple bacteria, such as Rbl. acidophilus and Phaeospirillum molischianum, in addition to 
LH2, form an LH3 complex when grown at low light intensity, which serves to increase the absorp-
tion cross-section, as well as the spectral range of solar energy capture through near-IR absorption 
at 800 and 825 nm. Likewise, at low illumination levels, Rps. palustris forms an LH4 antenna 
complex which absorbs solely at 800 nm.

Fig. 2  Structural and functional aspects of cyclic electron flow and energy conservation in the 
ICM of Rba. sphaeroides. (a) The transmembrane charge separation together with intra- and extra-
membrane electron transport via the quinone/quinol pool, bc1 complex and cytochrome c2, respec-
tively, resulting in reduction of P870

+, the photooxidized RC-BChl2 special pair (Axelrod and 
Okamura 2005). Functional orientations of the ICM components relative to the periplasmic and 
cytoplasmic compartments and transmembrane proton movement are also shown. Ribbon struc-
tures based upon X-ray structures are drawn perpendicular to membrane plane for the RC, bc1 and 
cytochrome c2 proteins. (b) Functional orientation of participating proteins in isolated chromato-
phore vesicles arising from the ICM, drawn as space filled spheres on the basis of X-ray structures. 
The direction of light-driven proton movement coupled to electron transfer is toward the chromato-
phore lumen provided by the periplasm trapped within chromatophores. Proton movements result 
in an electrochemical proton gradient that drives protons through the F0 sector of the ATP synthase, 
which powers ATP synthesis via the F1 catalytic components. Panels a adapted with permission 
from Axelrod and Okamura (2005) Copyright 2005 Springer. Panel b reproduced from Feniouk 
and Junge (2008) Copyright 2008 Springer
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plex harvests radiant energy and transfers the resulting excitons to the LH1 core 
antenna, that in turn funnels excitation energy, within 20–40 ps, to the RC-BChl 
special pair (Fig. 3) (Blankenship 2014). The resulting charge separation leads to 
the reduction of QA, on the opposite side of the ICM (Fig. 2a). Electrons are gated 
from QA to QB, the latter exchanging with the quinone/quinol pool from which elec-
trons are transferred from quinol to the UQ:cytochrome c2 oxidoreductase (bc1) 
complex (Fig. 1b). The bc1 complex ultimately reduces the mobile electron carrier 
cytochrome c2, together with generating an electrochemical proton gradient via a 
Q-cycle mechanism. Ferrocytochome c2 completes the cycle of electron flow by 

Fig. 3  Surface views of Rba. sphaeroides ICM obtained by AFM. (a) Modeled ICM surface 
derived from AFM topograph of ICM patch at submolecular resolution (Bahatyrova et al. 2004a) 
based upon the X-ray crystallography structures of the RC (Allen et al. 1986), LH2 (Papiz et al. 
2003), and RC-LH1 core complexes (Roszak et al. 2003) as confirmed by RC-LH1 projection 
structure (Qian et al. 2005). A highly ordered linear arrays of dimeric RC-LH1 core complexes is 
shown together with interspersed rows of LH2. The central protruding white feature seen within 
the cores represents the cytoplasmic surface of the RC-H subunit. RC-LH1 dimer is delineated by 
red outline; representative LH2 complex is enclosed within green circle. Red arrows represent a 
possible pathway of excitations through LH2 rings to RC-LH1 core complexes. The arrangement 
of dimeric RC-LH1 cores in rows of up to six dimers assures that any LH1 excitation is able to 
migrate along a series of dimers until a RC in the oxidized “open state” is encountered. (b) High-
resolution AFM topograph, showing 3-D representation of small ICM region and revealing cluster 
of RC-LH1 core complexes with associated LH2. Green arrows, contact points for energy transfer 
between LH2 and LH1-RC complexes; asterisks, nine-unit structure of αβ-heterodimers visible in 
these LH2 rings; green circle, LH2 complex sandwiched between two RC-LH1 complexes
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reducing the photooxidized BChl special pair. During intraprotein electron transfer 
within the RC, the dimeric Rba. sphaeroides RC-LH1 core structure provides a favor-
able environment for localized UQ molecules, and moreover, the LH1 complex has 
been shown to play a role in optimizing the yield of secondary charge separation, by 
energetically stabilizing the P+QB

− charge separated state (Francia et al. 2004).
This chapter will present recently determined structural aspects of the photosyn-

thetic apparatus of purple bacteria, which include the crystal structure of the RC-LH1 
complex at near atomic resolution and the supramolecular surface structure of intra-
cytoplasmic photosynthetic membranes (ICM) examined at submolecular resolution 
by AFM. Functional aspects covered here include how fluorescence induction/relax-
ation kinetics and time-resolved fluorescence have been used to assess the altera-
tions in membrane dynamics and excitation energy transfer pathways that arise 
during alterations in the relative levels of LH complexes in the ICM. The contribu-
tion of proteomics to the structure, function, and assembly of the ICM will also be 
discussed. Lastly, a computational systems biology approach is detailed, in which 
the ATP production rate and energy conversion efficiency of Rba. sphaeroides is 
determined, on the basis of considerations obtained from a quantitative supramo-
lecular structural model for a single ICM vesicle (chromatophore).

�The Structure of the Reaction Center-Light Harvesting 1 Core 
Complex of Purple Bacteria Determined at 3.0 Å Resolution 
by X-Ray Crystallography

It is important to note that the crystal structures of the RC and LH2 proteins obtained 
at a near-atomic resolution of 3.0 Å in 1985 (Deisenhofer et al. 1985) and 1995 
(McDermott et  al. 1995), represented important landmarks in structural biology. 
The RC structure, as determined in Bch. viridis, represented the first of any integral 
membrane protein and led to the awarding of the 1988 Nobel Prize in Chemistry 
(Deisenhofer and Michel 1989). Likewise, the structure of the LH2 complex of Rbl. 
acidophilus was the first to be obtained for any LH protein. In contrast, it was not 
until 2014 that the structure of the RC-LH1 core complex was finally determined at 
3.0 Å resolution (Fig. 4) (Niwa et al. 2014).

This structure determined was for the Ca2+-associated RC-LH1 complex from 
Thermochromatium tepidum, a purple thermophilic sulfur bacterium isolated from 
a Ca2+ rich hot spring. As noted by Cogdell and Roszak (2014), the detailed arrange-
ment of the protein subunits and their interactions with the cofactors significantly 
advance our understanding of the mechanisms driving excitation energy transfer 
and the primary light reactions of photosynthesis that provide the structural basis for 
ubiqinone-ubiqinol exchange.

X-ray crystallographic structures determined previously for the RC-LH1 com-
plex at lower resolution demonstrated that in Rba. sphaeroides, the complex exists 
in the form of a dimeric ring (Fig. 5a) (Qian et al. 2013), while a monomeric ring 
structure is found in Rsp. palustris (Fig. 5b) (Roszak et al. 2003). These elliptical 
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assemblies are discontinuous, such that the dimer rings form a gapped S-shape, and 
the monomer possesses a single gap; it is believed that these gaps facilitate Q/QH2 
exchange between the RC and the quinone/quinol pool within the lipid bilayer. Such 
discontinuities are created by the presence of the PufX and the W proteins in the 
dimeric and monomeric structures, respectively. For the Tch. tepidum RC-LH, no 
extra protein component is observed and the ring is continuous, and more circular 
(Fig. 5c); however, channels are found in the ring structure at the interface between 
the LH1 αβ-heterodimers in the cytoplasmic portion of the transmembrane region. 
This is reminiscent of the monomeric B800 BChl binding site of the LH2 protein 
(Papiz et al. 2003). These channels are of sufficient size and hydrophobicity to per-
mit the passage of QB molecules (Niwa et al. 2014). The RC-QB binding pocket is 
approximately at the same level as the LH1channels, although a single channel may 
form the QB diffusion route; the inner gate of one such channel is located with a 
closest distance to the QB site of ~30 Å. However, variations were found in the size 

Fig. 4  Structure of RC-LH1 complex of Tch. tepidum determined at 3 Å resolution by X-ray 
crystallography (Niwa et al. 2014). (a) Final overall model: α- and β-apoproteins, light blue and 
green ribbon structures, respectively; RC cytochrome, H, L and M subunits, grey surface struc-
ture; Ca2+ions, pink balls; B915 BChls, purple; spirilloxanthin, orange. An elliptical ring of 16 
αβ-subunits completely surrounds the RC with the α- and β-apoproteins forming inner and outer 
rings, respectively. The C- and N-termini of the α- and β-subunits are at the respective periplasmic 
and cytoplasmic membrane surfaces. The length of the major axis of the outer ring is 105 and 82 Å 
for the inner ring. (b) Cutaway view showing RC interior (helical and non-helical coil regions in 
grey) with cytochrome at top and α4-β4 and α12-β12 heterodimers at respective left and right 
edges adjacent to lipid bilayer (beige rectangles) with Ca2+ ions at periplasmic surfaces of the 
apoproteins. The α-His36 and β-His36 residues are coordinated to the central magnesium atoms of 
the respective α-B915 and β-B915 BChls. The B915-Bchl molecules within the LH1 ring consist 
of tightly stacked, partially overlapping dimeric chlorins with a Mg-Mg distance of 9.04 ± 0.02 Å, 
the shortest among any bacterial LH complex. The B915 molecules are located in the middle of the 
ring structures aligned at the same level as the BChl special pair within the RC in order to facilitate 
energy transfer from LH1. See Niwa et al. (2014) for a detailed description of interactions between 
LH1 and RC proteins. Heme, brown; LH1 and RC BChls, purple; BPheo, yellow green; quinone, 
red; non-heme iron, black. Note Ca2+ at interface of cytochrome and RC-M protein subunits and 
non-heme iron between QA and QB. (c) Enlarged view of Ca2+ binding site. Coordination of Ca2+ 
with five oxygen atoms is shown to arise from the α-Asp49 and α-Asn50 side chains, the α-Trp46 
carbonyl and the C-terminal carbonyl of β-Leu 46. See text for explanation of how these associa-
tions are thought to confer thermostability on the complex. Reproduced with permission from 
Niwa et al. (2014) Copyright 2014 Nature Publishing Group
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and shape of channel openings, which may reflect the “breathing motion” of the 
LH1 complex. (Walz and Ghosh 1997). This has been shown by AFM and cryo-EM 
to result in flexible structures for isolated LH1-only and RC-LH1 assemblies, which 
ranged from circles to ellipses (Bahatyrova et al. 2004b). Thus, for UQ shuttling 
through the closed ring, multiple channels could support a diffusion pathway.

A further unique aspect of the Tch. tepidum RC-LH1 complex is the presence of 
Ca2+ ions. In the structure, this cation is seen bound at the C-termini of the α- and 
β-subunits located on the periplasmic side of the complex (Fig. 4c), and has been 
shown to contribute to the thermostability of the protein as well as the highly red-
shifted QY-absorption maximum at 915 nm. Upon removal of Ca2+by chelation with 
EDTA, the maximum is shifted to 880 nm, close to that of most LH1 complexes. It 
is suggested that this 35-nm redshift is promoted by the effects of the bound Ca2+ 
upon the environment of B915 BChl molecules (Niwa et  al. 2014). As neither 
α-Asp49 or α-Asn50 is conserved in other purple bacterial species, it is suggested 
that they are specific for Ca2+ binding and are responsible for the Ca2+-induced asso-
ciations between the C-terminal regions of the α- and β apoproteins that confer 
thermostability on the oligomeric structure. Moreover, the existence of Tch. tepi-
dum in high Ca2+ environments may have contributed to the evolutionary selection 
pressure that leads to this thermostabilization mechanism.

Fig. 5  Comparison of the crystal structures determined for RC-LH1 complexes. (a) Rba. sphaer-
oides RC-LH1-PufX dimeric complex based on model derived from X-ray structure at 8 Å resolu-
tion together with the results of electron microscopic, NMR, mass spectroscopy and resonance 
Raman analyses coupled to site-directed mutagenesis studies (Qian et al. 2013). The PufX protein 
(purple surface structure) creates a structural gap in the LH1 rings. Yellow and green cylinders, 
respective α- and β-apoproteins; blue cylinders, RC helices; B875 Bchl pigments, red. The 
RC-LH1-PufX core conplex is comprised of (αβ apoprotein)28.(B875-BChl)56.(spheroidene)28.(RC 
apoproteins H, M, L)2.(PufX)2. Note that the carotenoid (spheroidene) and RC cofactors have been 
omitted. (b) Rps. palustris RC-LH1-W protein model derived from X-ray structure at 4.8 Å resolu-
tion (Roszak et al. 2003). A structural gap is created in the LH1 ring by the W protein (purple 
surface structure). The monomeric RC-LH1-W protein complex is comprised of (αβ apoprotein)15.
(B885-BChl)30.(carotenoid)15.(RC apoproteins H, M, L)1.(W protein)1. (c) Tch. tepidum mono-
meric RCLH1 core complex model derived from X-ray structure at 3.0 Å resolution (Niwa et al. 
2014). Because no LH1 gap forming protein such as PufX or the W protein is present, a continu-
ous, elliptical structure is formed. No gene comparable to pufX has been found in the Tch. tepidum 
genome. As in other LH complexes of purple bacteria, the β-apoprotein forms the outer ring, while 
the inner ring is formed by the α-apoprotein. The major axes of the inner and outer elliptical rings 
are 82 and 105 Å long, respectively. The Tch. tepidum RC-LH1 complex is comprised of (αβ apo-
protein)16.(B915-BChl)32.(spirilloxanthin)16.(Ca2+)16.(RC cytochrome and apoproteins H, M, L)1. 
Panel a Reproduced with permission from Cogdell and Roszak (2014) Copyright 2014 Nature 
Publishing Group
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The basic building block for the LH1 structure (a single αβ-heterodimer associ-
ated with two B880 BChl molecules and one carotenoid molecule) is known to be 
stabilized by an internal hydrogen bond network that was first detailed by resonance 
Raman studies of Rba. sphaeroides site-directed LH1 mutants (Sturgis et al. 1997). 
This network involves two Trp residues (α-Trp+11 and β-Trp+9), located 
C-terminally to the BChl coordinated to the α- and β-His residues (the Trp positions 
in the polypeptide chains denoted by + signs). The hydrogen bonds formed between 
these Trp residues and the C2-acetyl groups of the respective α- and β-BChl mole-
cules both contribute to the redshift of the BChl-QY absorption band and provide a 
significant driving force for stabilizing the overall LH1 complex structure.2 Such a 
hydrogen bond network has also been determined for the Tch. tepidum LH1 com-
plex, in which the α-Trp45 (α-Trp+10) and β-Trp45 (β-Trp+9) are located at hydro-
gen bonding distance from the B915-BChl acetyl groups. It is also noteworthy that 
the carbonyl oxygen of the phytyl chain ester group from the β-B915 BChl interacts 
through direct hydrogen bonding with α-Gln28 and β-Trp28. This may further con-
tribute to the unusual stability of the Tch. tepidum LH1 protein. It is considered that 
the contribution that Ca2+-binding makes to the large B915 redshift is related to the 
proximity of the Ca2+-binding network to the B915 BChl molecules (Fig 5c), which 
modifies the chlorin configuration, through the closely positioned α-Trp45 and 
β-Trp45 side chains, hydrogen bonded to acetyl oxygen atoms of B915.

Further contributions to the B915 redshift arise from the location of spirilloxan-
thin within the LH1 ring structure. Indeed, Niwa et  al. (2014) provide the first 
description of the orientation and position of carotenoid molecules in an LH1 struc-
ture. A spirilloxanthin methoxy end group is found in close vicinity to an α-His resi-
dues coordinated to the central Mg atoms of a B915 BChl molecule. Since the 
π-electron chain of spirilloxanthin contains 13 conjugated double bonds, a com-
paratively strong effect on the configuration of the chlorin rings is expected 
(Georgakopoulou et al. 2006). The geometry of spirilloxanthin with respect to the 
LH1 ring structure shows that it is inclined toward the B915 QX transition moment. 
Such interactions may provide an explanation for why in strains of Rsp. rubrum 
lacking the spirilloxanthin carotenoid, a 7–10 nm blueshift in the B880 BChl QY 
absorption band is observed (Miller et al. 1987).

�Supramolecular Surface Structure of Intracytoplasmic 
Membranes of Purple Bacteria as Examined by AFM

In addition to providing the first surface views of the multicomponent photosyn-
thetic membranes of chlorophotrophs at submolecular resolution, AFM topographs 
of the ICM of purple bacteria have revealed a multiplicity of species-dependent 

2 Aa a consequence of the stability of the LH1 α1β1BChl2 building block, it can be serially removed 
from LH1 oligomers in low-temperature lithium dodecyl sulfate/polyacrylamide gel electrophore-
sis, leaving a ladder of LH1 complexes, each differing from one another by one α1β1BChl2 unit 
(Westerhuis et al. 2002).
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compact arrangements of the peripheral LH complexes and LH1-RC core struc-
tures, which fulfill the basic requirements for efficient harvesting, transmission, and 
trapping of radiant energy (for reviews see: Scheuring et al. 2005; Scheuring 2006, 
2008; Sturgis and Niederman 2008a, b; Sturgis et al. 2009; Scheuring and Sturgis 
2009; Liu and Scheuring 2013).

A highly organized architecture was first observed in fused preparations of the 
pseudo-crystalline ICM of Bch. viridis, that consisted of highly packed, hexago-
nally dispersed monomeric RC-LH1 core complexes (Scheuring et al. 2003) (Fig. 
6a). After removing the tetraheme cytochrome and RC-H subuints by nanodissec-
tion using increased loading forces on the AFM stylus, the RC-L and M-subunits are 
seen to assume a preferred asymmetric topography with a fixed distance distribution 
from the short axis of the elliptical LH1 complex. These distance constraints reflect 
strong and specific associations within the RC-LH1 core structure that are of impor-
tance for energy transfer. When the RC is disrutped by nanodissection, some of the 
exposed LH1 complexes are seen to have rearranged into a circular structure. It is 
possible that such flexible behavior promotes breathing motions that serve to facili-
tate menaquinone/menaquinol passage through the normally closed LH1 structure 
essentially as proposed above for the Tch. tepidum LH1 structure.

Among species which form a peripheral LH2 antenna, AFM images of ICM 
patches from Rba. sphaeroides showed well-ordered, interconnected networks of 
dimeric RC-LH1 core complexes intercalated by rows of LH2 (Bahatyrova et al. 
2004a) (Fig. 3). These coexist with ordered LH2-only domains in the ICMs from 
low-light cells (Fig. 6b). In contrast, Fig. 6c shows that in an ICM patch from cells 
grown at higher light intensity, dimeric RC-LH1 complexes predominate over both 
the monomeric complex and LH2 (Adams and Hunter 2012). A predominance of 
RC-LH1 dimers was also observed in non-detergent treated membranes arising 
from nascent ICM growth initiation sites (Tucker et al. 2010).

Recently, the localization of the bc1 complex, which had eluded investigators for 
nearly a decade since the initial AFM reports on ICM surface structure, was deter-
mined by gold labeling in Rba. sphaeroides (Cartron et al. 2014). Using ICM patches 
from a strain in which the C-terminus of cytochrome c1 contained a His10-tag, label-
ling was performed with gold nanobeads. The complex was found to be confined to 
disordered areas adjacent to RC-LH1 core structures. A quantitative MS analysis of 
the overall chromatophore protein composition showed that dimeric RC-LH1 com-
plexes outnumbered bc1 complexes by a ratio of nearly 3:1, placing much of the bc1 
out of direct contact with the core particles. The results of this quantitative MS study 
will be discussed below in conjunction with a proposed atomic resolution model of a 
chromatophore vesicle and the related simulation of the energy, electron and proton 
transfer processes, and the calculated ATP turnover rate.

In the ICM of other peripheral antenna containing species, notably Rsp. photometri-
cum, Phs. molischianum, and Rps. palustris, AFM has revealed a less regular organiza-
tion of BChl-protein complexes, with mixed arrangements of LH2 and RC-LH1 cores; 
these regions are intermingled with large, paracrystalline membrane domains. Such 
dense, partially ordered membrane protein packing was first observed in flat membrane 
sheets of Rsp. photometricum (Scheuring and Sturgis 2005), arising from the disruption 
of stacked membranes consisting of regular bundles of flattened thylakoid-like discs.  
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In the membranes from cells grown at high light intensity, regions were observed that 
contained mixtures of randomly organized, LH2 rings, existing mainly in nonameric 
form, along with monomeric RC-LH1 elliptical structures, containing 16 LH1 
αβ-heterodimers (Fig. 7a). In the ICM of low-light adapted cells, considerable inter-
complex clustering was also observed and the mixed regions were seen to co-exist with 
paracrystalline LH2 domains. These regions are formed by the addition of peripheral 
LH2 antennae that are packed into the membrane during acclimation to lowered light 
intensity. The tight packing of photosynthetic complexes during growth under both 
high and low intensities assures that individual antenna proteins do not segregate at too 
great a distance from the bulk of the light-harvesting system to function in the transfer 
of excitation energy to neighboring complexes. Some core complexes are seen in con-
tact, which increases the probability that excitons will find an open RC as seen in the 
organized arrangement of core complexes found in Rba. sphaeroides (Fig. 3). It can 
also be seen when comparing the monomeric Rsp. photometricum RC-LH1 core 
assemblies, that the L and M subunits are randomly oriented within the closed LH1 
ellipses. This is in contrast to the uniformly oriented long-range order observed by 

Fig. 6  High resolution AFM topographs of ICM preparations from purple bacteria with organized 
arrangements of photosynthetic complexes. (a) AFM topograph of Bch. viridis paracrystalline 
membrane obtained by a freeze-thaw induced fusion procedure (Scheuring et al. 2003). Hexagonally 
packed protein complexes are distributed into three classes after nanodissection by applying 
increased loading forces to the AFM tip. Stoichiometries for Cyt-RC-LH1 core complex are: (tetra-
heme cytochrome c-552/c-558)1; (RC L, M, H)1; LH1(αβ)16. Dashed blue lines indicate area of 
hexagonal packing of RC-LH1 complexes. Scale bar: 20 nm. (b) AFM topograph of Rba. sphaeroi-
des LH2-only membrane patch from cells grown at low light intensity (4 W/m2) (Adams and Hunter 
2012). Patches were prepared with 0.03 % β-dodecyl maltoside, which represents a sub-critical 
micelle concentration. These low detergent concentrations are sufficient to open up the ICM vesi-
cles and allow the resulting ICM patches to assume a lower degree of curvature. This facilitates 
absorption onto the mica surface, thereby maximizing the area available to the AFM tip during 
tapping mode acquisition of topographs. Color coded schematic representation has been overlaid 
onto a greyscale AFM topograph (lower LH2 complexes: white rings; higher LH2 complexes: cyan 
rings). In the lower patch, the core complexes exposed in monomeric form on the cytoplasmic 
surface are demarcated by red dots. LH2 complexes are seen as separate nonameric ring structures 
(∼6–7 nm in diameter), assuming a zigzag appearance, as a result of vertical displacement upon 
absorption of natively curved membranes onto the planar mica surface, leading to separate lines of 
raised LH2 complexes. (c) AFM topograph of Rba. sphaeroides ICM patch from cells grown at high 
light intensity (220 W/m2) (Adams and Hunter 2012), showing a predominance of RC-LH1 com-
plexes with the majority in the dimeric form. Panel a reproduced with permission from Scheuring 
et al. (2003) Copyright 2003 National Academy of Sciences of the United States of America. Panels 
b and c reproduced with permission from Adams and Hunter (2012) Copyright 2012 Elsevier
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Fig. 7  High resolution AFM topographs of ICM preparations from purple bacteria with less regu-
lar arrangements of photosynthetic complexes. All topographs were obtained by contact mode 
AFM and unless indicated otherwise, in which the cytoplasm exposed portion of the RC-H subunit 
was removed by nanodissection with the cantilever tip, leaving subunits L and M exposed. (a) 
AFM topograph of membranes from Rps. photometricum grown at high light intensity (100 W/m2) 
(Sturgis and Scheuring 2005). M monomeric RC-LH1 complex; LH2 nonameric LH2 complex. 
The arrow delineates free lipid bilayer space between LH2 complexes, of possible functionally 
importance in facilitating quinone-quinol exchange. The core complexes and LH2 rings are 
arranged randomly in an ∼1:3.5 ratio. (b) AFM topograph of membranes from low-light-adapted 
(10–20 W/m2) cells. An area of mixed core complexes and LH2 rings is shown (overall core com-
plex/LH2 ratio ≈1:7); areas of paracrystalline hexagonal arrays of LH2 devoid of core complexes 
are also seen. (c) AFM topograph of flat membrane sheet from low-light adapted Phs. molischia-
num, showing region containing a mixture of LH2 and monomeric RC-LH1 core complexes 
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linear dichroism measurement for the dimeric RC-LH1 cores in wild-type Rba. sphaer-
oides (Frese et al. 2004). A heterogeneous distribution of LH2 ring sizes is also seen in 
Rsp. photometricum (Fig. 7d) (Scheuring et al. 2004), with the most abundant sizes 
ranged from octamers to decamers, while nonamers made up 70% of the total. This 
heterogeneity is believed to be a native feature of the LH2 assembly process and is 
accompanied by spectral heterogeneity, as absorption spectra of smaller complexes is 
gradually blue shifted relative to larger complexes. A correlation between decreasing 
aggregation state and blue shifts in Qy absorption and emission bands was observed 
previously (Westerhuis et  al. 2002) in Rba. sphaeroides LH1 complexes of various 
sizes, arising from the dissociation of LH1 rings during a lithium dodecyl sulfate/poly-
acrylamide gel electrophoresis (see footnote 2). The natural variability in ring sizes 
observed for the Rsp. photometricum LH2 complex may represent a strategy for gener-
ating broader absorption spectra that maximize the collection of near-IR radiation, as 
well the optimization of photosynthetic complex packing in a heterogeneous 
membrane.

The ICM of Phs. molischianum also consists of thylakoid-like structures that give 
rise to flat membrane sheets suitable for contact mode AFM. The resulting topo-
graphs have revealed a supramolecular structure similar to that of Rsp. photometri-
cum, in which LH complexes from cells grown at low light intensity are segregated 
into two structurally different types of domains. One domain consists of a mixture of 
core and octameric LH2 complexes, also in an approximate ratio of 1:3.5 (Fig. 7c), 
while the other forms a paracrystalline, hexagonally packed distribution of octameric 
LH2 rings (Fig. 7d) (Gonçalves et al. 2005). Since the structure of the Phs. molis-
chianum LH2 ring has been solved to atomic resolution by X-ray crystallography 
(Koepke et  al. 1996), the atomic coordinates were used in an extensive effort to 
model adjacent in situ LH2 complexes within LH2-only domains. It this manner, it 
was possible to deduce the exact pigment distances between neighboring LH2 com-
plexes within a native membrane environment. Accordingly, intercomplex distances 
between central Mg2+ atoms ranged from 16.3–28.3 Å, which are within the distance 
of ≤30 Å (Hu et al. 2002) necessary for efficient B800 BChl → B800 BChl and B850 
BChl → B850 BChl energy transfer between adjacent complexes.

Fig. 7  (continued) (Gonçalves et al. 2005). Approximately 70 % core complexes were connected 
to another core structure; separate core complexes were frequently surrounded by 6–7 LH2 com-
plexes. (d) Antenna domain consisting of hexagonal paracrystalline arrays of LH2, devoid of core 
complexes (color scale in panels d and e = 5 nm). (e) AFM topograph of membranes from Rps. 
palustris grown at low light intensity (Scheuring et al. 2006) showing an area of mixed RC-LH1 
and LH2 complexes randomly arranged in a ratio of ~1:3. M monomeric RC-LH1 core complex. 
(f) Coexisting, hexagonally packed LH2 lattices. (g) AFM topographs of membranes from high-
light cells. Region of hexagonally packed, monomeric RC-LH1 core complexes; protruding RC-H 
subunit is seen at the core complex surface. (h) Chain of connected, monomeric RC-LH1 core 
complexes in membranes from high-light cells; H subunit has been removed by nanodissection, 
revealing underlying, randomly oriented L and M subunits. Panels a and b reproduced with per-
mission from Scheuring and Sturgis (2005) Copyright 2005 American Association for the 
Advancement of Science. Panels c and d reproduced with permission from Gonçalves et al. (2005) 
Copyright 2005 Elsevier. Panels e–h reproduced with permission from Scheuring et al. (2006) 
Copyright 2006 Elsevier
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The membranes of the metabolically versatile purple bacterium Rps. palustris 
are made up of a complex ICM structure consisting of infoldings of the CM that 
take the form of regular bundles of stacked, flattened thylakoid-like membrane sacs. 
Upon disruption, they also give rise to membrane sheets amenable to contact mode, 
high resolution AFM (Scheuring et al. 2006). The considerable variety of LH2 and 
RC-LH1 core complex organization and domain arrangement revealed by AFM 
(Fig. 7e–h) are a reflection of the complexity of CM/ICM organization into stacked 
and unstacked lamellar regions. In membranes from cells grown at low intensity 
illumination, randomly arranged, mixed domains of LH2 and RC-LH1 complexes 
(Fig. 7e) coexist with hexagonally packed LH2 areas (Fig. 7f), as seen for other 
purple bacteria containing lamellar ICM structures. It is likely that the mixed 
domains arise largely from proximal layers within the flat lamellar ICM folds, clos-
est to cell periphery, while the LH2-only regions originate from the distal layers that 
are formed subsequently, as suggested by the size and density distribution of intra-
membrane particles observed in whole cells by freeze-fracture TEM (Varga and 
Staehelin 1983). This possibility is further supported by the sequence in which the 
complexes are assembled in the developing ICM (Koblízek et al. 2005).

Surprisingly, areas of smooth protein-free lipid bilayer were also observed in 
AFM topographs of membranes of cells grown both under high and low light inten-
sity (not shown), while in those from high-light adapted cells, paracrystalline 
domains consisting entirely of hexagonally packed RC-LH1 core complexes were 
also found (Scheuring et al. 2006) (Fig. 7g), reminiscent of the organization existing 
in the ICM of Bch. viridis (Fig. 3a). Although the origin of the apparently pure lipid 
bilayer is unclear, the core-only membrane domains are likely to arise from the 
invaginating, stacked CM layer seen by freeze fracture to contain large, tightly 
packed particles (Varga and Staehelin 1983) which may reflect preferential core 
assembly (Koblízek et al. 2005) in these regions.

Other membrane domains in the preparations from the high light intensity grown 
cells were seen to contain core complexes arranged in chains along with a few LH2 
complexes (Fig. 7h). Such an arrangement of randomly ordered RCs, seen within 
the core structures, would be expected to facilitate efficient energy trapping under 
conditions of high photon flux. AFM images also established an in situ structure for 
the core complex, confirming the model derived from X-ray crystallography data 
(Roszak et  al. 2003) consisting of an elliptical LH1 15-mer of αβ-heterodimers 
interrupted by a gap near the location presumed for W, a putative PufX homolog. 
The circular shape assumed by RC-LH1 complexes after RC nanodissection dem-
onstrates that the inner RC assembly of L and M subunits induces the observed 
ellipticity upon the core complex (Scheuring et al. 2006).

Switching Rps. palustris from high to low light intensity resulted in modifica-
tions both in near-IR antennae absorption and in the size of peripheral antenna rings. 
Accordingly, LH4, a unique octameric peripheral antenna complex, with a single 
near-IR absorption band at 800-nm (Hartigan et al. 2002), regulated by a specific 
phytochrome (Evans et al. 2005; Giraud et al. 2005) is present under high intensity 
illumination in approximately the same amount as the nonameric B800-850 LH2 
complex. On the other hand, a tenfold increase in the level of LH4 relative to that of 
the LH2 is found under low light.
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�Adaptation to Alterations in Ambient Light Intensity

�Two-Component Regulatory Circuits Control the Acclimation 
to Changes in Light Intensity

Purple anoxygenic phototrophs overcome the physiological challenge of adapt-
ing to extremes of light intensity by adjusting their total functional absorption 
cross-section and charge separation capabilities. This requires major alterations 
in both proliferation of the ICM and the composition and total amount of the 
photosynthetic complexes ultimately residing there. Upon encountering 
extremely low light intensity, cells are confronted with the need to capture the 
few available photons. Consequently, regulatory mechanisms are brought into 
play that trigger a copious biosynthesis of the necessary photosynthetic pig-
ments and apoproteins. The necessary control elements consist of interrelated 
two-component regulatory circuits that function at the transcriptional level to 
regulate the formation of both the pigment and polypeptide components of the 
LH and RC complexes in response to oxygen and light stimuli [see reviews by 
Bauer et  al. (2008) and Klug and Masuda (2008) for detailed descriptions of 
these systems]. While the photosynthetic apparatus can only be formed at a suf-
ficiently low oxygen tension (Cohen-Bazire et al. 1957), during photoheterotro-
phic growth, light serves to control the levels of pigment-protein components 
within the ICM, as required for the adaptation to changes in illumination 
intensity.

Among the regulatory protein components involved in light regulation of photo-
system formation is PspR (designated as CrtJ in Rba. capsulatus, Ponnampalam and 
Bauer 1997), a redox-responsive transcription factor that acts as an aerobic gene 
repressor, controlling loci that encode the LH2 apoproteins, photosynthetic pig-
ments and cytochromes (Gomelsky and Kaplan 1995a). PpsR forms part of the 
AppA/PspR antirepressor-repressor system where AppA integrates both redox and 
light signals through sensing the redox state of the quinone/quinol pool (Gomelsky 
and Kaplan 1995b). Moreover, AppA also serves as a blue-light photoreceptor 
(Masuda and Bauer 2002; Braatsch et al. 2002). PpsR coordinates aerobic repres-
sion of photosystem genes in conjunction with RegA, an anaerobic activator. In 
Rba. capsulatus, the CrtJ homolog3 of PpsR possesses an overlapping upstream 
binding site with RegA (Bowman et al. 1999), at which CrtJ outcompetes RegA~P 
in coordinating regulation of the pucBA structural genes that encode the LH2-β and 
-α polypeptides, respectively.

3 The tetrapyrrole regulator CrtJ has recently been shown to interact with AerR, which serves as an 
antirepressor of CrtJ (Cheng et al. 2014). In this process, AerR binds to vitamin B12 through a 
conserved His residue, demonstrating that B12 serves both as a photoreceptor and a AerR cofactor 
in a light-dependent process that ultimately controls BChl biosynthesis (Cheng et al. 2016). In 
Rba. sphaeroides, PpaA serves as an AerA homolog in binding B12 also in a light-dependent man-
ner, and forms part of a AppA/AerA/PpaA antirepressor family. Among other purple bacteria, 
AerA is also found in Rvx. gelatinosus and Rsp. centenum (Vermeulen and Bauer 2015).
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The redox regulation of the AppA/PspR system in Rba. sphaeroides has been 
shown to involve intramolecular disulfide bond formation in essential Cys resi-
dues of PpsR, maintained in a reduced state under anoxic conditions (Kim et al. 
2006). The role of AppA as a blue light photoreceptor is mediated by a flavin 
within the BLUF (sensor of blue light using FAD) domain (Gomelsky and Klug 
2002; Masuda and Bauer 2002). Blue light induces a flavin photocycle in which 
AppA undergoes a conformational change which disrupts AppA/PspR interac-
tions, while under dark conditions, AppA converts active PspR tetramers to an 
inactive AppA(PspR)2 form. It is also noteworthy that PspR is released by AppA 
under high intensity blue light, resulting in the repression of photosystem forma-
tion (Masuda and Bauer 2002). This may account for the relatively low cellular 
levels of the LH and RC complexes formed under high intensity white light 
(Woronowicz and Niederman 2010).

As a result of the action of these numerous regulatory systems, an extensive ICM 
network is formed under low light intensity, serving to increase the surface area 
available to the cell for collection of radiant energy and carrying out the charge sepa-
ration and subsequent electron transfer reactions. Conversely, at high light intensi-
ties, considerably less ICM is formed (Adams and Hunter 2012) and the functional 
absorption cross-section is decreased by nearly two fold (Woronowicz et al. 2011). 
The available ICM surface area per cell, as estimated by Adams and Hunter (2012) 
from electron micrographs of thin cell sections, showed a 5.3-fold higher level in 
low-light grown cells in comparison to their high-light grown counterparts.

It is important to note that at high light intensity, it is necessary for the cell to 
avoid damage from excessive excitations and the consequent formation of the 
potentially harmful BChl triplet state, which initiates generation of singlet oxygen 
species capable of harming the photosynthetic apparatus. To counteract this, purple 
bacteria have evolved a mechanism for photoprotection in which carotenoid triplets 
quench both reactive BChl triplets and singlet oxygen through thermal dissipation 
(Monger et al. 1976; Cogdell et al. 2000). This requires an appropriate supramolecular 
organization of photosynthetic complexes in order to maximize the efficiency of 
photoprotection, and is reflected in the more efficient light-harvesting connectivity 
between the Rba. sphaeroides antenna complexes in high light cells as compared to 
that of low light cells, which collect far fewer excitations (Adams and Hunter 2012).

�Alterations in Membrane Dynamics Accompanying Transition 
from High to Low Light Intensity as Analyzed by Fluorescence 
Induction/Relaxation and Time-Resolved Fluorescence 
Measurements

Fluorescence induction/relaxation analysis provides a method for the prompt assess-
ment of several key parameters monitoring the photosynthetic competence of purple 
bacteria by means of the fluorescence emitted by the LH complexes upon undergoing 
excitation. These parameters include the quantum yield of the primary charge 
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separation, the rate of RC electron transfer turnover, and the functional absorption 
cross-section and connectivity of the photosynthetic apparatus (Fig. 8) (Koblízek 
et al. 2005; Woronowicz et al. 2011a, b, 2015; Niederman 2016). Closing of the RC 
by a strong 144 μs pulse (single turnover flash, STF) results in a rise in fluorescence 

Fig. 8  Fluorescence kinetic transients from fluorescence induction/relaxation analysis of wild-
type Rba. sphaeroides grown photoheterotrophically under high (1100 W/m2) and low (100 W/m2) 
light intensities in comparison to the LH2− strain M21 grown semiaerobically (Woronowicz et al. 
2011a). Samples were excited in the carotenoid region at 450 nm and fluorescence emission was 
detected at 880-nm by means of interference filters. Measurements made on whole cells were 
diluted typically in growth medium to ~30 nM BChl to produce transients in the linear range. Four 
phases can be distinguished: phase I, induction phase (strong pulse of 144 μs duration), resulting in 
a single-turnover flash (STF), cumulatively saturating the photosystem to permit measurement of 
fluorescence induction from F0 to FM and estimation of the functional absorption cross-section (σ) 
and connectivity (p); phase II, relaxation phase, indirect modulated light applied to assess relax-
ation kinetics of the fluorescence yield on a 500 ms time scale, reflecting reopening of the RC; 
phase III, 20 ms flash inducing multiple turnovers to saturate the photosystem and quinone/quinol 
pool (MTF multiple turnover flash); and phase IV, indirect modulated light is applied to assess the 
kinetics of Q pool reoxidation on a 1 s time scale. Transients represent signal-averaged sets of 20 
traces per sample, which minimizes the noise levels of the individual traces. Note disparity in rate 
of fluorescence induction between the wild-type cells grown at low and high light intensities. This 
reflects differences in functional absorption cross-section of LH complexes calculated from the 
slope of single turnover light saturation curve (σ = 75 Å2 in low-light cells while value was 27 Å2 in 
the high-light cells, comparable to that of σ = 35 Å2 in LH2-deficient mutant). Because the initial 
fluorescence increase is nearly exponential, the connectivity between the photosynthetic units, 
derived from the sigmoidicity of the initial rise, resulted in low values, ranging from 0.055 at time 
zero to 0.103 after 11 days at low light intensity in the experiment illustrated in Fig. 9
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intensity from an initial level (F0) to the maximal level (FM) (phase I). The FV/FM 
ratio provides an estimate of the quantum yield of the primary photochemistry, where 
the variable fluorescence, FV = FM–F0. The fluorescence rise provides information on 
the efficiency of light harvesting by the photosystem, where a rapid rise indicates a 
large and efficient light-harvesting antenna (designated by functional absorption 
cross-section (σ) in units of Å2) and a slow rise signifies a small or inefficient antenna 
with a low σ value. From the sigmoidicity of the fluorescence rise, the extent of exci-
tation energy transfer among photosynthetic units (p, connectivity) is determined. 
Computer-assisted curve fitting is used for analysis of the fluorescence induction, as 
well as the subsequent phases of the analysis. Phase II follows reopening of the RCs; 
here, a weak modulated light elicits the relaxation phase of the fluorescence yield to 
provide an assessment of the rate of RC electron transfer turnover. For analysis, the 
relaxation phase is deconvoluted into three exponential decay kinetic components 
from which the electron transfer turnover rate (τET) is calculated. In phase III, a strong 
20 ms light pulse (multiple Turnover Flash, MTF) is applied for saturation of the 
photosystem and the quinone/quinol pool. Phase IV probes quinol pool reoxidation 
by applying a weak modulated light of 1 s duration.

In the Type II RC of oxygenic phototrophs (PSII), variable fluorescence is 
thought to mainly reflect the redox status of the primary stable electron acceptor QA 
(RC acceptor side) (Kolber et al. 1998). Recent studies on the nature of the fluores-
cence relaxation phase in Rba. sphaeroides (Kis et al. 2014; Asztalos et al. 2015), 
however, suggest a major role for the primary RC (P870) electron donor (c-type 
cytochrome), depending upon the nature of the RC association with the donor 
cytochrome. By using 808 nm laser-diode excitation of intact cells of Rba. sphaer-
oides, Rsp. rubrum and Rvx. gelatinosus, Asztalos et al. (2015) demonstrated com-
plex, multi-expontential fluorescence decay kinetics. Longer excitations were 
correlated with the slowing of the relaxation phase, which was determined by the 
redox status, size, and accessibility of the reduced cytochrome c2 and quinone/
quinol pools for bacterial strains limited on either the donor or acceptor side of the 
RC, respectively. In Rba. sphaeroides and Rsp. rubrum, in which mobile cyto-
chrome c2 serves as the immediate P870 electron donor, relaxation is preferentially 
controlled by the re-reduction rate of the oxidized RC by the reduced cytochrome 
c2, and the acceptor side plays only a minor role. The similarities between the equi-
librium redox titration on the RC donor side and that of fluorescence relaxation 
further suggested that P+ reduction acts as the rate-limiting step the Rba. sphaeroi-
des RC re-opening process. In contrast, for Rvx. gelatinosus where the cytochrome 
c subunit is physically attached to the RC, the fluorescence relaxation kinetics are 
determined on the acceptor side with the rate constant of 350 μs–1 for QA

− interqui-
none electron transfer as the determining factor.

Near-IR fluorescence induction/relaxation measurements as a means of assessing 
membrane dynamics have recently been applied to Rba. sphaeroides cells undergo-
ing different developmental regimens (Woronowicz et al. 2011a, b; Kis et al. 2014). 
In studies by Woronowicz et al. (2011a, b) cells acclimating over an extended period 
to a shift from high to diffuse low intensity illumination were shown to undergo 
major alterations in membrane dynamics (Fig. 9). The quantum yield of the primary 
charge separation in the adapting cells gradually rose to values in excess of 0.8 by 
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4 h, essentially leveling off over the subsequent extended time course (Fig. 9a). The 
σ450 nm values gradually rose during the initial 4 h, ultimately leveling off at ~130 Å2 
by the fourth day (Fig. 9b), which represents a near doubling in the functional absorp-
tion cross-section relative to the value reported in the legend of Fig. 8 for cells adapt-
ing to direct low light intensity. A gradual fourfold slowing of τET was observed (Fig. 9c), 
largely mirroring the rise in σ, and confirming the previous observations seen in 
steady-state cells during adaptation to reduced oxygen tension (Koblízek et al. 2005). 

Fig. 9  Results of fluorescence induction/relaxation analyses of whole cells undergoing long-term 
adaptation to a shift from high light to weak diffuse illumination (Woronowicz et al. 2011a). Values 
were calculated from kinetic transients obtained at 880 nm after excitation at 450 nm; analyzed 
transients represent signal-averaged sets of 20 traces per sample, resulting in minimized noise levels 
in individual traces. (a) Quantum yield of primary charge separation (FV/FM) vs. adaptation time 
course. Values over the first 2 h in this panel and in panels b and c are averaged with an initial 2-h 
experiment, which monitored early trends that were subsequently assessed over the extended time 
course. (b) Functional absorption cross-sections (σ450 nm). (c) Reaction center electron transfer turn-
over rates (τET). (d) Rates of quinone/quinol pool reoxidation (τQpool). (e) Functional absorption 
cross-sections (σ450 nm) vs. molar LH2/LH1 ratios. (f) Reaction center electron transfer turnover rates 
(τET) vs. functional absorption cross-sections (σ450 nm). In panel e and f, closed circles denote values 
from initial 2-h experiment; closed triangles, values from experiment with extended time course. 
Lines through points in panels e and f and over first 4 h in panels a–c represent polynomial fits. Error 
bars in panels a–c indicate standard deviation of measurements from the two different experiments
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Figure 9d shows a gradual slowing of nearly threefold in the rate of reoxidation of the 
quinol pool, while in Fig. 9e, a near linear relation between the size of the functional 
absorption cross-section and the LH2/LH1 molar ratios was observed. This relation-
ship is expected since both parameters reflect relative increases in the size of the LH2 
antenna per RC, as the size of LH1 per RC remains constant, making up the core of 
the photosynthetic unit. In Fig. 9f, a plot of the slowing of τQA vs. the rising σ450 nm 
also shows a near linear relation. This has been interpreted to reflect an imposition of 
constraints on electron transfer between the RC and cytochrome bc1 complexes as 
the membrane bilayer becomes densely packed with accumulating LH2 rings, that 
are seen to ultimately form LH2 only domains in AFM (Bahatyrova et al. 2004a; 
Adams and Hunter 2012). Bilayer crowding by LH2 also offers an explanation for 
the ~threefold slowing of quinol pool reoxidation by the bc1 complex over the first 4 
days of the acclimation process (Fig. 1d). These studies have demonstrated that fluo-
rescence induction/relaxation measurements, when taken together with AFM surface 
views of alterations in membrane structure, are valuable probes of the membrane 
dynamics that accompany the membrane remodeling processes.

While the slowing of the τET as a function of increasing σ value was attributed ini-
tially to the imposition of constraints upon the free diffusion of ubiquinone redox spe-
cies between the RC and bc1 complex (RC acceptor side kinetics) (Woronowicz et al. 
2011a, b) as noted above, a somewhat more complex picture has been suggested from 
the recent ICM development studies on Rba. sphaeroides by Kis et al. (2014). In cells 
adapting from chemoheterotrophic to photoheterotrophic growth conditions under 
constant illumination, donor side electron transfer reactions dominated the relaxation 
kinetics after a single-turnover flash, while contributions on the acceptor side were 
enhanced only after multiple turnover flashes. It was concluded that the slowing of 
electron transfer turnover during development of the ICM results from changes on the 
RC donor side in which an increased distance for electron flow occurs in the cyto-
chrome c2 periplasmic diffusion pathway between the RC and bc1 complexes. This 
accounts for the initial relaxation kinetics when the developed (mature) membrane 
becomes more densely packed with LH2 rings. On the other hand, slow reoxidation of 
the quinol pool reflected contributions on the acceptor side that are enhanced after long 
excitation (multiple turnovers). This is also compatible with our results (Woronowicz 
et al. 2011a, b), which showed a slowing of quinol pool oxidation with increasing LH2 
levels after multiple turnover flashes. However, AFM images of chromatophore patches 
from an Rba. sphaeroides LH2-only strain have formed the basis for a functional model 
of the ICM (chromatophore) vesicles that are formed in this mutant (Olsen et al. 2008). 
In this model, it is proposed that the space between LH2 complexes in these LH2-only 
membranes is sufficient to permit the free diffusion of quinone/quinol species, while 
still maintaining efficient excitation energy transfer. Clearly, more experimental effort 
needs to be devoted to the question of whether quinone redox species flow is impeded 
by the presence of hexagonally packed LH2-only domains.

Chromatophore fractions isolated from Rba. sphaeroides at various intervals dur-
ing the transition to low ambient light intensity were recently subjected to time-
resolved fluorescence spectroscopy to assess alterations in the pathway and kinetics 
and energy transfer (Driscoll et al. 2014). This study was prompted by the finding 
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that the total functional absorption cross-section of the antenna is markedly expanded 
by the increasing levels of LH2 (Fig. 9e), which would, in principle, be consistent 
with the idea that the proliferation in σ would assure that extra energy is transferred 
to the RC in order to compensate for the low illumination level. Since the LH2 accu-
mulating during low-light adaptation is responsible for the increases in σ, one could 
envision that the new complexes would simply add to the existing LH2 pool, account-
ing for the elevated σ values. On the other hand, as seen in Figs. 3a and 6b, AFM 
topographs of chromatophores show a heterogeneity in LH2 distribution, with two 
kinds of organization, consisting of areas in which LH2 is largely intercalated 
between interconnected networks of dimeric RC-LH1 cores (Fig. 3a), coexisting 
with large ordered LH2-only domains when cells are grown at lowlight intensity 
(Fig. 6b) (Adams and Hunter 2012). Only a minor portion of the new LH2 complexes 
appear in conjunction with RC-LH1 networks during the acclimation process, while 
the majority of de novo formed LH2 appears in LH2-only domains. It is thought that 
these more distal LH2 domains form the light-responsive complement of LH2 
antenna (Bahatyrova et al. 2004a). As detailed above, recent studies have suggested 
that this LH2 arrangement is apparently responsible for slowing the turnover rate of 
RC electron transfer, while the work of Magis et al. (2010) indicates the extra pig-
ments provided by LH2 are principally involved in photoprotection under exces-
sively high light excitation. Since the functionality of the distal LH2-only pools was 
thus poorly understood, a picosecond time-resolved fluorescence spectroscopy study 
was embarked upon to assess the adjustments in both the kinetics and the pathway of 
excitation energy transfer that occurs during the low light acclimation process.

Although from an evolutionary standpoint, it seemed likely that the increased 
levels of LH2 formed during the transition to low light intensity served to increase 
overall energy transmission to the RC, the picosecond time-resolved fluores-
cence results did not support this possibility (Driscoll et al. 2014). Instead, fluo-
rescence lifetime measurements and an analysis in terms of energy transfer 
within LH2 as well as between LH2 and LH1 (Fig. 10) showed that during the 
measured adaptation time period, only a portion of the newly formed LH2 are 
well connected to LH1 and the RC. Ultimately, the majority of the additional 
LH2 fluorescence decays with a lifetime of 1 ns, comparable to that of the iso-
lated LH2 complex. This is attributed to the presence of large LH2-only domains 
as discussed above, that have been observed by AFM in Rba. sphaeroides chro-
matophores. These AFM topographs provide structural support for the existence 
of pools of partially connected LH2 complexes. LH2-only domains represent the 
light-responsive antenna complement formed after a switch in growth conditions 
from high to low illumination, while the remaining LH2 complexes occupy 
membrane regions containing mixtures of LH2 and LH1-RC core complexes. A 
schematic representation of the functional arrangement of the photosynthetic 
complexes during acclimation from high to low intensity illumination is shown 
in Fig. 11. This scheme is based on simulations in which time constants were 
obtained that were consistent with the experimental results. These simulated 
time constants gave the following values: (1) a fast component of ~30 ps, repre-
senting a decay in the LH2 fluorescence and a rise in LH1; (2) a component of 
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100–150 ps, dominated by LH1 fluorescence; and (3) a long-lived component 
dominated by LH2 which ranged from 170–200 ps prior to inclusion of LH2-
only pools and 200–1000 ps thereafter. Overall, these time-resolved fluorescence 
spectroscopy measurements provide a powerful tool for exploring interactions 
between LH complex in the membranes developing during acclimitation to 
reduced levels of illumination and contribute to the understanding of the higher 
order structure and function of this model energy transducing membrane system. 
In addition, this study also provided functional insights into strategies evolved by 
purple bacteria for adjusting their photosynthetic apparatus for the harvesting of 
light energy.

Fig. 10  Time constants as a function of membrane remodeling time (Driscoll et al. 2014). (a) 
Decay-associated spectrum (DAS) 1, (b) DAS2 and (c) DAS3 corresponding to the short (20–
30 ps), middle (70–150 ps) and long (170 ps–1 ns) decay components, respectively. The time-
resolved fluorescence emission spectra were recorded as a function of delay time using a streak 
camera system as described by Driscoll et al. (2014). Time-resolved spectra were recorded over a 
wavelength range of 830–940 nm, and an 800 ps time window. The full-width-at-half-maximum of 
the instrument response function was ~10 ps. The spectra were expressed as a function of decay 
time by globally fitting to the sum of exponential decays using the least number of exponential 
decay components statistically required to yield the resulting DAS
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�Structural and Functional Proteomics of Intracytoplasmic 
Membrane Assembly

Rba. sphaeroides also provides a unique paradigm for structural and functional pro-
teomics studies of the ICM assembly process, insofar as the key components of the 
proteome can be temporally expressed and spatially localized within the internal 
membrane structure of the cell. Temporal expression of the key protein complexes, 
as well as factors essential for their assembly within the developing membrane sys-
tem, can be readily controlled in cells undergoing both adaptation to reduced light 
intensity (Woronowicz and Niederman 2010; Woronowicz et al. 2011a, b) and the 
gratuitous induction of ICM formation in chemoheterotrophically grown cells when 
transferred to semiaerobic conditions (Koblízek et  al. 2005; Woronowicz et  al. 
2011b). The membrane development process can also be spatially localized to both 
the growth initiation sites of the invaginating CM and fully developed ICM vesicles, 
isolated as respective upper pigmented and chromatophore bands during by rate-
zone sedimentation on sucrose density gradients (Niederman et  al. 1979). 
Accordingly, this permits the assessment of the proteomes arising from distinct 
membrane domains at various ICM developmental stages. These studies were facili-
tated further by non-denaturing clear native gel electrophoresis in which the mem-
brane fractions gave rise to four pigmented bands (Fig. 12). The top band contained 
the RC-LH1 core complex while the LH2 antenna was found in the bottom band as 

Fig. 11  Schematic view of the physical relationship between the photosynthetic complexes show-
ing their accumulation as a function of increasing time of adaptation to low light intensity (Driscoll 
et al. 2014). The ratio of LH2:RC-LH1, as well as the ratio of the two different pools of LH2 
complexes were used in the simulating of this process. The system was simulated using of a ran-
dom walk energy transfer network in which all RCs were assumed to be closed. For the 4-, 6-, and 
24-h simulations, a portion of the LH2 complexes were assumed to reside in the distal LH2-only 
pools, not as well connected to LH1 as the proximal LH2. The ratios of LH2/LH1 used in the simu-
lations were those from absorption spectra of the samples, using known extinction coefficients in 
the calculation of the relative concentrations of LH2 and LH1
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Fig. 12  Separation of intact pigment-protein complexes by clear native electrophoresis of digito-
nin-solubilized membrane fractions (Woronowicz et al. 2015). Cells were subjected to a 24-h 
adaptation from high (1100 W/m2) to low intensity illumination (100 W/m2). Upper pigmented and 
chromatophore fractions were isolated by rate-zone sedimentation and upper band was further 
purified by a two-phase partitioning procedure (Woronowicz and Niederman 2010). The purified 
membrane preparations were solubilized with digitonin (2 g/g protein), applied to gel slabs formed 
with a 5–10 % polyacrylamide gradient and subjected to clear native electrophoresis. (a) Left, scan 
of unstained gel obtained with a visible light scanner; (b) Image obtained with Typhoon fluores-
cence scanner in which pigmented proteins gave rise to the white bands arising from profile of 
unstained gel observed against plastic film providing uniform background emission at 670-nm; 
pigments absorbing at the excitation wavelength (488 nm) are responsible for the white images. (c) 
Absorption spectra obtained directly on indicated gel slices. The high level of spectral purity of the 
top (RC-LH1-PufX) band is indicated by the presence of the LH1 Qy absorption band at 875 nm 
and the RC monomeric BChl band at 802 nm, and for the bottom (LH2) band by the maxima at 
800  and 850, arising from the Qy bands of the respective LH2 monomeric and dimeric BChl 
components. An LH1 enrichment is also seen in the lower intermediate (LH1-LH2) band. 
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established by the absorption spectra shown in panel C. Two bands of intermediate 
migration are also observed which exhibited distinct associations of the LH2 and 
the core complexes, such that the upper bands was enriched in LH2 relative to LH1, 
while the reverse was found for the lower band. Proteomic analyses of the gel bands 
arising from chromatophores revealed developmental changes including increasing 
levels of LH2 polypeptides relative to those of core RC-LH1 complex as ICM 
development proceeded, as well as a large array of other associated proteins includ-
ing high spectral counts for the F1FO-ATP synthase subunits and the cytochrome bc1 
complex (Woronowicz et al. 2011a, 2012, 2013, 2015).

These procedures have been applied to the characterization of the chromatophore 
proteome from cells during adaptation to low light intensity (Woronowicz and 
Niederman 2010) and for comparisons of the chromatophore and upper pigmented 
band proteomes from both low light adapting cells (Woronowicz et al. 2011a, 2012) 
and those undergoing semiaerobic ICM induction (Woronowicz et  al. 2015). A 
detailed review of these structural and functional proteomics studies of ICM assem-
bly can be found in Woronowicz et al. (2013) and major findings were as follows: 
(1) In comparison to chromatophores, the RC-LH1-containing CNE gel bands from 
upper pigmented band were enriched in CM markers, including electron transfer 
and membrane transport proteins, thereby confirming the origin of the upper pig-
mented band in part from peripheral respiratory membranes; (2) These gel bands 
were also enriched in general membrane assembly factors (viz., preprotein translo-
cases YidC, YajC and SecY, bacterial type 1 signal peptidase and the twin arg trans-
location subunit TatA, confirming that upper pigmented band membranes also serve 
as sites of active CM invagination in which preferential assembly of the RC-LH1 
complex occurs; (3) In the chromatophore fractions from low-light adapting cells, 
high spectral counts were observed for an apparent soluble protein of unknown 
function designated as RSP6142, that were correlated with increasing levels of 
LH2, suggesting that this putative protein plays a transient role in the assembly and/
or function of the LH2 antenna; (4) The universal stress protein UspA, together with 
high levels of the heat-shock chaperonin GroEL was shown to accumulate in cells 
undergoing low-aeration ICM induction (Woronowicz et al. 2015) and adaptation 
from high light intensity to low intensity diffuse light (Woronowicz et al. 2011a); 
(5) These cells were nevertheless still capable of forming a robust functional photo-
synthetic apparatus, even though these membrane development regimens represent 
conditions of challenged cell viability; (6) As noted above, functional changes asso-
ciated with these proteomic changes during membrane development as assessed in 
fluorescence induction/relaxation measurements demonstrated a direct relationship 
between the slowing of the rate of RC electron transfer turnover and the growth of 

Fig. 12  (continued) The differences in carotenoid content between the RC-LH1 core complex and 
LH2 reflects the respective BChl/carotenoid molar ratios near 1.0 for LH1 and ~2.0 for LH2 
(Hunter et al. 1988). Note also the expected blueshift in the position of the red-most carotenoid 
absorption (0–0 vibrational) band in LH1 relative to LH2 (respective absorption maxima at 505 
and 508 nm). The relatively low levels of UV absorbance indicate extensive purification of these 
complexes on a protein basis. UPB upper pigmented band
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the functional absorption cross-section due to increased LH2 levels that were cor-
related to differences in the AFM profiles between high and low light chromato-
phores (Adams and Hunter 2012); (7) Native AFM topographs taken together with 
these proteomic changes during membrane development showed that in low light 
ICM, much of the LH2 was present in densely packed LH2-only domains; (8) These 
structural changes in supramolecular organization could account for the blocking of 
both the flow of UQ redox species and the soluble cytochrome c2 periplasmic diffu-
sion pathway, thereby slowing the RC electron transfer turnover rate.

�Systems Biology Approach for Determining ATP Production 
Rate and Energy Conversion Efficiency in Purple Bacteria

Systems biology represents an all-inclusive paradigm for examining dynamics and 
structure as related to the functioning of both cells and whole organisms, together 
with their robustness, rather than merely characterizing their isolated cellular com-
ponents (Kitona 2002). Basically, this approach stipulates that the networks making 
up a living organism are more than the sum of its individual parts. Biological 
approaches are integrated with other scientific disciplines such as computer science, 
engineering, bioinformatics, and physics. As a result, major breakthroughs using in 
silico approaches have contributed to the further understanding of how distinct sys-
tems within an organisms dynamically interact.

Such a high-level in silico systems approach has recently been applied to the 
characterization of the chromatophore vesicles of purple bacteria, involved in the 
efficient conversion of solar energy into ATP synthesis, and typically operating in 
low-light environments. By first constructing an atomic-level structural model of a 
complete chromatophore vesicle from Rba. sphaeroides adapted to low light-
intensity (Fig. 13), Sener et al. (2016) succeeded in modeling the position of every 
atom of all the proteins components of known structure identified by mass spectros-
copy, as well as the mutual functioning among these >100 protein complexes 
contained within the vesicle. This information was used to examine the manner in 
which energy transfer and conversion occur. The sequence of steps involved in 

Fig. 13  (continued) three  stages of energy conversion by the chromatophore after the initial 
absorption of photons: (1) reduction of the Q pool through the light harvesting and electron trans-
fer reactions. The production quinol by the RC stemming from excitation transfer; (2) diffusion of 
quinone/quinol to bc1 conplex where quinols are exchanged for quinones (thereby generating a 
transmembrane electrochemical proton gradient) as well as generating the diffusive motion of 
cytochrome c2 inside the chromatophore shuttling single electrons from the bc1 to the RC complex; 
(3) utilization of electrochemical proton gradient for the synthesis of ATP. The stoichiometry of the 
components is also shown. (d) The chromatophore components where stages (1–3) occur. They 
include the LH2 (green), LH1 (red), RC (blue), bc1 (purple) and ATPase (brown) complexes shown 
embedded in the lipid phase. Reproduced from Sener et al. (2016) Copyright 2016 (http://creative-
commons.org/licenses/)
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Fig. 13  Structural model of a chromatophore vesicle from Rba. sphaeroides at atomic resolution. 
(a) A chromatophore vesicle is depicted from cells grown at low light intensity and is based upon 
data obtained from AFM, transmission electron microscopy, X-ray crystallography, mass spectros-
copy, proteomics and optical spectroscopy methods (Cartron et al. 2014). The inner diameter of the 
vesicle is 50 nm. The constructed model is a modification of that reported by Cartron et al. (2014), 
consisting of 63 LH2 complexes (green), 11 dimeric and 2 monomeric RC-LH1-PufX complexes 
(LH1, red; RC, blue; PufX, lime), 4 cytochrome bc1 complexes (magenta), and 2 ATP synthase 
molecules (orange), as well as 2469 BChls and 1542 carotenoids; a surface representation of pro-
teins is shown. LH and RC proteins in right half of vesicle are represented in a transparent form to 
reveal BChls which are shown by porphyrin rings. Their visualization requires magnification of the 
Figure. For the LH2 complex, both the B800 (outer monomeric ring) and B850 (inner dimeric ring) 
BChls are depicted. Note that the within the dimeric LH1-RC-PufX complexes, the RC chlorin 
molecules assume a non-random orientation with their porphyrin rings all aligned in the same man-
ner. This was discovered by linear dichroism measurements of oriented chromatophore membranes 
(Frese et al. 2004), in which PufX serves as an RC-LH1 dimerizing protein (Francia et al. 1999) 
that induces order upon the core complexes. This PufX-induced native long-range organization of 
core arrays is shown to coexists with large domains of LH2 complexes with an alignment of much 
of the LH2 into rows located proximal to the dimeric LH1-RC-PufX cores. (b) Magnified view of 
chromatophore membrane, showing surface views of protein complexes together with transparent 
head groups of the phospholipid molecules making up the membrane bilayer. The membrane con-
sists of 16,000 lipids and contains the mobile, lipid soluble quinone/quinol pool of ~900 molecules. 
Note the PufX protein interspersed near openings in the LH1 rings where it is thought to facilitate 
ubiquinone/ubiquinol exchange (Barz et al. 1995). (c) Depiction of processes comprising the 
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energy conversion was utilized in the calculation of the overall energy conversion 
efficiency, i.e., the amount of light energy impinging on the cell which is ultimately 
stored as ATP. Accordingly, the steady-state rate of ATP production as a function of 
the incident light intensity was calculated after determining that the turnover of 
quinol molecules by the bc1 complex was rate limiting, under the assumption that a 
quasi-stationary state depends upon a quinone/quinol pool size ~900 molecules. It 
was found that under an illumination level equivalent to 1% of available full sun-
light, the vesicle has an ATP production rate of 82 ATP molecules/s. The energy 
conversion efficiency for ATP synthesis at an illumination level equivalent to 1–5% 
full sunlight was ascertained to be 0.12–0.04, respectively. This vesicle stoichiom-
etry which is evolutionarily adapted to the low intensity illumination found in the 
natural purple bacterial habitat is clearly suboptimal for the steady-state turnover of 
ATP production, but is instead adapted for the photoprotective mechanisms that 
safeguard against excess illuminations. In future, such a systems biology approaches 
will be applicable to a description of the overall energy conversion efficiency in the 
more complex photosynthetic apparatus of the oxygenic phototrophs.
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Proteome Analysis of Phototrophic Adaptation
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Abstract  For decades, cyanobacteria have been of great interest in research 
because their metabolic versatility and their capacity to adapt to a variety of envi-
ronmental conditions have enabled cyanobacteria to colonize various habitats. 
Furthermore, the metabolic abilities of cyanobacteria also make them useful for 
human applications, and therefore, they have been extensively characterized. To 
understand more deeply the molecular basis for the underlying metabolic versatility, 
cyanobacteria have been subjected to various culture conditions (e.g., nutrient limi-
tations, salt and high-light exposure), followed by characterization by molecular 
“omic” approaches. Here, we reviewed the proteomic approach and focused on its 
application in the characterization of the molecular ability through the phylum 
Cyanobacteria.

Keywords  Cyanobacteria • Cell adaptation • Proteomic • Mass spectrometry

For decades, photosynthetic organisms, such as cyanobacteria, have been of great 
interest in research because they are widely distributed across the planet. Indeed, 
their metabolic versatility and their capacity to adapt to a variety of environmental 
conditions have enabled cyanobacteria to colonize various habitats, such as marine, 
limnic and soil environments, over a wide range of temperatures, from arctic regions 
to hot springs. The metabolic abilities of cyanobacteria also make them useful for 
human applications, and therefore, they have been extensively characterized 
(Garcia-Pichel 2009; Schirrmeister et al. 2015); cyanobacteria likely constitute the 
most important microorganisms for the coming decades.

To understand more deeply the molecular basis for the underlying adaptive 
mechanisms, cyanobacteria have been subjected to various culture conditions (e.g., 
nutrient limitations, salt and high-light exposure), followed by characterization 
Through molecular “omic” approaches (i.e., genomics, metabolomics and proteomics). 
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Today, the ability of mass spectrometry to identify and quantify thousands of 
proteins from complex samples establishes mass spectrometry-based proteomics as 
an indispensable tool for cellular biology, particularly for microbiology.

�Mass Spectrometry-Based Proteomic, Statement

Briefly, modern proteomics relies on the detection, identification and quantification 
of proteins by mass spectrometry. Protein identification is based on the analysis of 
peptides generated by digestion with a specific protease (usually trypsine1), and 
these tryptic peptides are subjected to mass spectrometry analysis (Hustoft et al. 
2012; Tsiatsiani and Heck 2015). Protein sequence coverage can be improved by 
performing a second digestion with another protease with a different specificity 
(e.g., endoproteinase GluC) and then, combining the two digests for a common 
analysis (Swaney et al. 2010).

A mass spectrometer measures mass-to-charge ratios (m/z) and the abundances 
of gas-phase ions. A mass spectrometer (MS) can be viewed as the combination of 
three basic components: (i) a source that converts molecules into gas-phase ions, 
(ii) an analyser that separates ions according to their m/z ratio and (iii) a detector 
that records the number of ions at each m/z (Aebersold and Mann 2003; Glish and 
Vachet 2003).

�Sources of Ions

First, the analytes (i.e., peptides) are ionized by the ionization source. For protein 
analysis, there are two main types of ion source: the matrix-assisted laser desorp-
tion/ionization (MALDI, introduced in 1988 by Tanaka et al. (1988)) and the elec-
trospray ionization (ESI, introduced by Fenn in 1989 (Fenn et al. 1989)). To improve 
the coverage of the proteome, both interfaces are often combined with a pre-
separation of the analytes, including liquid chromatography (high pressure liquid 
chromatography, HPLC, or ultra-performance liquid chromatography, UPLC) or 
electrophoresis (one or two dimensional electrophoresis).

MALDI ionization is the most appropriate for use with a two-dimensional gel 
electrophoresis approach, in which spots of interest are excised, processed and spot-
ted onto MALDI plates for analysis (Lohnes et al. 2016; Susnea et al. 2012). In this 
approach, peptides are co-crystallized with an acidic organic matrix (e.g., α-cyano-
hydroxycinnamic acid mixed with trifluoroacetic acid and acetonitrile), which 

1 Trypsine: proteolytic enzyme that cleaves proteins at the C-terminal side of lysine or arginine 
(unless the adjacent amino acid is a proline) (Baldwin 2003; Hustoft et al. 2012; Tsiatsiani and 
Heck 2015).
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absorbs the energy of the laser during the irradiation step, simultaneously volatilizing 
and ionizing the sample under high-vacuum pressure.

In contrast to MALDI, the ESI is an atmospheric source based on a liquid method 
and, thus, is compatible with the liquid chromatography (LC) methods used in 
protein analyses (from ultrafast UPLC to low-flow nanoLC). In ESI-MS, the 
samples are suspended in a polar volatile solvent, and pumped at a low flow rate 
through a needle subjected to (i) a high-voltage electric field and (ii) a heating sys-
tem. This treatment assists the transfer of ions from solution into the gaseous phase 
prior to mass spectrometric analysis. The transfer of ionic species from solution into 
the gas phase by ESI involves the dispersion of a fine spray of charged droplets fol-
lowed by solvent evaporation and ion ejection from the highly charged droplets 
(Aebersold and Mann 2003; Baldwin 2003; Fukuyama 2015; Glish and Vachet 
2003; Mann et al. 2001; Moruz and Käll 2016). Coupled “in-line ” with a HPLC or 
UPLC for molecular pre-fractionation prior to mass spectrometric analysis, HPLC/
UPLC-ESI-MS has become a powerful technique capable of analysing both small 
and large molecules in complex biological samples.

�Mass Analysers

The mass analyser is the second component of a mass spectrometer, in which the 
ions are separated based on their m/z ratio. Different mass analysers exist, each 
exhibiting its own strengths and weaknesses. When ions travel through a magnetic 
or electrical field, their movement is affected by their m/z ratio; this property is the 
main principle involved in separating ions in MS analysers (hereafter).

A quadrupole mass analyser (Q) consists of four parallel metal rods where an 
oscillating electric field is applied. The characteristic of this electric field, specifi-
cally the oscillation amplitude, defines which ions (i.e., which m/z ratios) will have 
a “stable” trajectory (i.e., without hitting the Q rods) and reach the detector 
(Aebersold and Mann 2003; Glish and Vachet 2003; Mann et al. 2001). In association 
with other mass analysers, quadrupole mass analysers are often used as ion filters.

A quadrupole ion trap (IT) mass spectrometer is an analyser that uses dynamic 
electric fields where molecules are physically trapped. This type of analyser has 
two main configurations: (i) a 3D trap with a set of three hyperbolic electrodes and 
(ii) a linear form defined by four parallel electrodes. In both configurations, 
the electrodes form a cavity where ions can be trapped (i.e., where they can be 
stored). Then, this system performs mass-selective ejection in which it selectively 
ejects the trapped ions in order of increasing mass by gradually increasing the 
applied radio frequency voltage (Aebersold and Mann 2003; Glish and Vachet 
2003; Mann et al. 2001).

The Fourier transform ion cyclotron (FT-ICR) mass spectrometer is the highest-
resolution MS that also traps ions in the presence of a high magnetic field. Ions 
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will begin to oscillate around the magnetic field with a frequency specific to their 
m/z ratio. The oscillating ions will trigger an induced current, which is eventually 
recorded. Using the Fourier transformation, the oscillation in the induced current 
is converted to frequencies of oscillation from which m/z are deduced. In contrast 
to FT-ICR MS, an orbitrap is the most popular high-resolution ion trap, and only 
uses electrostatic fields to confine and analyse the injected ion populations 
(Aebersold and Mann 2003; Glish and Vachet 2003; Mann et al. 2001; Scigelova 
et al. 2011).

A time of flight analyser (TOF) separates ions in the gaseous phase by time with-
out the use of an electric or magnetic field. In a TOF, separation is based on the 
kinetic energy and velocity of the ions in a high-vacuum drift tube. An electric field 
accelerates ions released from the ion source, and then, m/z-dependent separation 
occurs as the ions transit through a field-free tube to reach the detector (Aebersold 
and Mann 2003; Glish and Vachet 2003; Mann et al. 2001).

�Tandem Mass Spectrometry

Despite the accuracy of measurement, exact peptide masses alone cannot be used 
to identify peptides because different isobaric species of peptides co-exist in each 
proteome. Therefore, the identification of peptides relies on an additional level of 
information obtained through the fragmentation of a peptide (i.e., in this case, 
termed the precursor ion) in the mass spectrometer, generating MS/MS spectra. 
MS/MS spectra contain sequential information that allows de novo sequencing of 
peptides. Peptides are then identified using MS data and the comparison of experi-
mental MS/MS spectra with theoretical MS/MS spectra deduced from the protein 
sequence databases. To perform MS/MS analysis, a mass spectrometer must isolate 
the precursor ion to perform its individual fragmentation. With the exception of ion 
trap-like mass spectrometers, two or more mass analysers must be coupled to 
achieve this. One of the most common “hybrid mass spectrometers” is the Q-TOF. 
In this configuration, a quadrupole (MS1) is used to filter successive precursor 
ions, which are fragmented by collision-induced dissociation (CID), and these ion 
fragments are then analysed in a TOF analyser (MS2) (Glish and Vachet 2003; 
Mann et al. 2001).

Other hybrid instruments exist, such as triple quadrupole or ion-trap/orbitrap. 
During LC-MS/MS analysis, the instrument continuously alternates between (i) MS 
analysis to detect peptides separated through a chromatography column reaching 
the mass spectrometer and (ii) MS/MS mode, during which precursor ions are fil-
tered and fragmented followed by the detection of fragment ions. This acquisition 
mode is the so-called data-dependent acquisition (hereafter DDA) because MS/MS 
spectra are acquired according to the detection/selection of the precursor in the MS 
spectrum.
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�Data Independent Acquisition

The main limitation in DDA processing is that only the strongest signal ions are 
selected, whereas peptides from low-abundance proteins may be not identified. In 
the data-independent acquisition (hereafter DIA), fragmentation is performed on a 
set of ions rather than on specific precursor ions. Consequently, fragmentation data 
are recorded for all detectable ions, in other words, for high- and low-abundance 
peptides. Several methods based on DIA processing have been developed (e.g., 
SWATH and MSE, briefly discussed below) (Baldwin 2003; Bauer et  al. 2014; 
Chapman et al. 2013; Doerr 2014; Lesur and Domon 2015; Ross 2004).

The MSE methods were developed for the Q-TOF mass spectrometer, and consti-
tuted an enhanced CID-based approach (Silva et al. 2005). During the MSE proce-
dure, the collision energy voltage is cycled between low- and high-energy values to 
register the MS and fragment spectra of all incoming ions, respectively. Then, a 
complex data processing strategy is applied to reconstruct individual fragment spec-
tra based on several characteristics, such as chromatographic retention time. 
Peptides and proteins are finally identified based on sequential database searches 
(Chapman et al. 2013; Distler et al. 2016; Levin et al. 2011). The SWATH MS meth-
odology was also recently developed for Q-TOF instruments several years ago 
(Gillet et al. 2012). MS/MS spectra are collected via a wide m/z isolation window 
(commonly 25 m/z) repeatedly up to a full scan (400–1200 m/z). Therefore, MS/MS 
spectra contain mass information from multiple precursors. In contrast to MSE, pep-
tides are identified by comparison with a previously constructed library of MS/MS 
spectra acquired in DDA mode, and the quantification is performed onto MS2 data. 
It should be noted that today, orbitrap MS is also amenable to similar DIA strategies 
(Chapman et al. 2013; Huang et al. 2015; Röst et al. 2016).

�Experimental Features

The success of proteomic analysis depends on the capacity of the mass spectrometer 
to identify as many proteins as possible, irrespective of sample complexity. 
Moreover, it is essential to recover and prepare proteins under conditions that are 
compatible with such MS analyses. In this context, two workflows are often 
described in the literature: the so-called gel-based and gel-free workflows (Fig. 1 a).

Due to the complexity of the sample or whether particular extraction conditions 
are not compatible with MS analysis (e.g., the use of detergents for membrane pro-
tein extraction), pre-fractionation/clean-up on gels is commonly performed prior to 
protein digestion and LC/MS-MS analysis of the samples. In this case, the strategy 
is called “gel-based” by comparison with “gel-free” approaches in which gel sepa-
ration is not performed before chromatographic separation (eventually, with multi-
dimensional separations) and mass spectrometry analysis.
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�Gel-Based Workflow

Investigation of large-scale proteomes is always difficult due to the significant com-
plexity of biological samples. After cell disruption, samples are often subjected to 
electrophoretic separation to reduce this complexity. Indeed, one-dimensional 
(1-DE) and two-dimensional (2-DE) electrophoresis runs on polyacrylamide gels 

Fig. 1  Proteomic workflow. (a) (1-DE) one dimensional electrophoresis, (2-DE) two dimensional 
electrophoresis, (SCX) strong cation exchange chromatography, (iMAC) immobilized metal ion 
affinity chromatography, (RP-LC) reverse-phase chromatography, (MS) mass spectrometry, (MS/
MS) tandem mass spectrometry, (m/z) mass-to-charge ratio, (DDA) data dependent acquisition, 
(DIA) data independent acquisition, (b) (ICPL) isotope coded protein label, (SILAC) stable iso-
tope labeling by amino acids, (TMT) tandem mass tag, (iTRAQ) isobaric tags for relative and 
absolute quantitation, (Cond. A) condition A, (Cond. B) condition B, (Cond. C) condition C
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(PAGEs) with sodium dodecyl sulphate2 (SDS) are often described in the literature 
(Julka and Regnier 2004). Furthermore, the gel-based method is of a particular 
interest for the characterization of complex membrane functions (Chevalier 2010; 
Ladig et al. 2011). In this case, protein extraction often requires the use of deter-
gents that are not compatible with the subsequent MS analysis. The SDS-PAGE 
approach then allows for a reduction in the complexity of samples and simultane-
ously removes the detergent (Poetsch and Wolters 2008).

In the 1D SDS-PAGE strategy, proteins are separated according to their molecu-
lar weights. After migration, the proteins are stained with specific dyes (e.g., 
Coomassie Brilliant Blue). If MS analysis is applied to specific proteins, the respec-
tive band(s) will be excised; if the whole proteome is examined, the entire gel lane 
is cut into equal bands, irrespective of the presence of proteins. Thereafter, specific 
bands are excised and undergo in-gel enzymatic digestion prior to MS analysis 
(Abdallah et al. 2012; Ladig et al. 2011; Shevchenko et al. 2007).

The other approach that is widely used to reduce sample complexity entails the 
separation of proteins by 2D–isoelectric focusing (IEF-SDS-PAGE). This technique 
relies on two successive separations. During the first dimensional separation, pro-
teins are aligned by their isoelectric point (pI)3 and then proteins undergo the clas-
sical SDS-PAGE and staining steps. After staining (e.g., Coomassie Brilliant Blue 
or SYPRO) or radioactively labeling, pictures of the gels are analysed and com-
pared using specific software (e.g., Image Master and Progenesis). Finally, each 
spot of interest is excised and processed for mass spectrometry analysis.

Among the 2D–IEF-SDS-PAGE methods, 2D difference gel electrophoresis 
(DIGE) offers the best resolution and is commonly used to observe changes in 
protein abundance (e.g., control versus treated samples). This approach is also use-
ful for analysing post-translational modifications, truncations and any modification 
that could change the size or isoelectric point of proteins. During 2D–DIGE experi-
ments, up to three protein samples are labeled with a fluorescent dye (e.g., Cy3, 
Cy5 and Cy2) prior to a single electrophoretic separation. This experimental proce-
dure eliminates gel-to-gel variation because the different samples are run on the 
same gel.

The main limiting factor of PAGE techniques is the poor sensitivity and repro-
ducibility. Furthermore, low-abundance proteins may be not stained, and alkaline 
and high-molecular-weight proteins may be not well separated (Abdallah et  al. 
2012; Baldwin 2003; Chevalier 2010; Fournier et al. 2007).

2 Sodium dodecyl sulphate (SDS): anionic detergent that denatures, and coats proteins with a 
negative charge (Chevalier 2010).
3 Isoelectric point (pI): specific pH at which proteins exhibit a net charge of zero (Chevalier 
2010).
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�Gel-Free Approach

Multidimensional protein identification technology (hereafter MudPIT) provides a 
solution for overcoming the limitations of 2-DE, such as reproducibility. The 
MudPIT approach combines (i) the resolution performance of high/ultra-pressure 
liquid chromatography, (ii) the peptide analysis accuracy of MS/MS, and (iii) the 
analytical power of database search software. In this configuration, a complex pro-
tein sample is first treated with proteases, and the peptide mixture is then subjected 
to two successive high-resolution chromatographic separations. Whereas the second 
dimensional separation is a reverse-phase (RP) chromatography, the first dimension 
can be strong cation exchange (SCX) chromatography or an RP at a basic pH 
(Fournier et al. 2007; Siu et al. 2011; Spicer et al. 2016).

Additionally, protein pre-fractionation using chromatography followed by enzy-
matic digestion of the proteins and separation by 1- or 2-D chromatography is also 
a common strategy (Fournier et al. 2007; Spicer et al. 2016).

�Differential Quantitative Proteomic Analysis

Historically, 2D electrophoresis was the first quantitative proteomic solution. 
Samples in which protein abundance needed to be compared were separated on 2D 
gels, and the relative abundances of proteins were evaluated based on protein stain-
ing intensity (see above).

Both the MS analysis and quantitative workflows were improved at the same 
time. The first strategy for the relative quantification of proteins in MS was based on 
labeling strategies (Fig. 1 b).

�Isotope Labeling Approaches

The high-throughput assessment of changes in protein expression is often achieved 
by isotopic labeling of proteins or peptides, either metabolically in vivo, or enzy-
matically in vitro or chemically using specific reagents. Isotopic labeling approaches 
consist of introducing a differential mass tag into peptides or proteins by chemical 
or enzymatic derivatization in which chemical features of the peptides are con-
served during LC and MS runs. The mass tag introduces a mass shift, which is used 
to discriminate different samples. This mass shift makes it possible to attribute the 
signal of an ion to a particular sample and to derive relative quantitative data from 
this signal (coming references).

The major advantage of quantitative isotopic labeling quantitative strategies is 
the limited sample manipulation given that all samples are pooled and simultane-
ously subjected to the same experimental procedure. Consequently, these strategies 
considerably reduce the variability in signals observed in downstream analyses 
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(mainly due to matrix effects, chromatography and ionization instability) (Bantscheff 
et al. 2007; Julka and Regnier 2004).

Among isotopic labelling approaches, chemical tags can be isobaric or non-
isobaric. In non-isobaric tags, derived quantitative data are retrieved from the com-
parison of intensities of isotopic pairs of ions. The peptide signal of the heavy form 
(from sample A) is compared with the signal of its respective light form (from 
sample B). Non-isobaric tags exist as duplex, triplex or quadruplex allowing for the 
simultaneous comparison of two, three or four samples.

In the second method, non-isobaric tags can be introduced by chemical derivatiza-
tion into proteins or peptide amino groups (i.e., commercialized as isotope-coded 
protein labeling (or ICPL) (Gevaert et al. 2008; Schmidt et al. 2005), and first intro-
duced by Münchbach et  al. (2000) as the N-terminal nicotinylation labeling), or 
through the metabolic incorporation of isotopically labeled amino acid (i.e., SILAC 
introduced by Mathias Mann’s laboratory (Mann 2006; Ong 2002)) (Bantscheff 
et al. 2007; Gevaert et al. 2008; Julka and Regnier 2004).

The latter strategy offers the major advantage of allowing sample mixing very 
early in the sample preparation workflow (even before protein extraction), thereby 
reducing the bias introduced during parallel processing of samples to be compared. 
Unfortunately, SILAC is only feasible with organisms that are fully auxotrophic for 
the labeled amino acid (e.g., 13C6-arginine and 13C6-lysine) (Bantscheff et al. 2007; 
Gevaert et al. 2008; Julka and Regnier 2004). Finally, the isotopic mass shift can 
also be introduced enzymatically using 18O-containing water during enzymatic 
digestion of one of the two samples to be compared (Baldwin 2003; Gevaert et al. 
2008; Ye et al. 2009).

In isobaric strategies (e.g., TMT (Thompson et al. 2003); iTRAQ (Choe et al. 
2007; Ross 2004)), the peptides from different samples are labeled with tags that 
show the same total mass, but release reporter ions of different masses upon frag-
mentation during MS/MS spectra acquisition. Here, the quantitative information 
comes from integrating the signals from reporter ions in the MS/MS spectra. With 
isobaric labeling, up to eight samples can be analysed simultaneously (Aggarwal 
et al. 2006; Baldwin 2003; Bantscheff et al. 2007; Evans et al. 2012; Gevaert et al. 
2008; Thompson et al. 2003; Wasinger et al. 2013).

�Label-Free Approaches

Although providing the highest accuracy of measurement, isotopic labeling can be 
difficult to manage, particularly when large groups of samples must be analysed. 
The large cohort size can represent a significant cost if isotopic labeling must be 
used. Additionally, this method also requires inference of quantitative data from dif-
ferent batches of pooled samples because multiplexing capacity is limited. Label-
free quantitative analysis is far simpler and more cost effective than isotopic labeling 
strategies. Label-free quantification relies upon two fundamentally different strate-
gies: (i) spectral counts and (ii) peak intensity measurements.
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Spectral counting is based on the empirical hypothesis that the higher protein 
abundance, the higher the frequency at which more MS/MS spectra are collected for 
the peptides generated from that protein. Then, relative quantitation by spectral 
count is achieved by comparing the numbers of fragment spectra that identify pep-
tides from a given protein in each sample analysed (Bantscheff et al. 2007; Choi 
et al. 2008). This inherent analysis was optimized using the so-called protein abun-
dance index (PAI), which was further modified to the exponentially modified protein 
abundance index (emPAI) (Ishihama 2005). Because label-free techniques emerged 
as important tools and were widely used, this quantification method regularly under-
goes to optimizations (Webb-Robertson et al. 2015; Zhang et al. 2015).

For the peak intensity processing, the ion chromatogram of each peptide is 
extracted (XIC) from an LC-MS/MS run and then, their respective peak areas are 
integrated over the chromatographic time scale (i.e., retention time [RT]). The val-
ues obtained for each peptide ion are compared between samples. Although this 
may appear to be the easiest and simplest method, it relies on two technical proper-
ties of the equipment: (i) highly stable chromatographic separation and (ii) a high-
resolution MS data (Bantscheff et  al. 2007; Wasinger et  al. 2013). The recent 
development of data-independent acquisition strategies has also prompted the evo-
lution of quantification strategies. For example, in SWATH mode, quantification is 
performed using the signal intensity of the peptide fragments instead of the precur-
sor itself. Indeed, these data are available for all peptides detected in all samples and 
across the full range of the chromatographic separation. The main advantage of this 
strategy is the significant gain in the robustness of the quantitative data because in 
this case, multiple data points are available for each peptide, and the co-elution of 
fragments can be used to ensure the highest specificity in the data obtained (Chapman 
et al. 2013; Gillet et al. 2012).

�Proteomics Analysis of Phototrophic Microbial Acclimation

In this chapter, we review the literature for proteomic analyses of cyanobacteria, 
with particular focus on phototrophic adaptation. Photosynthetic organisms have 
attracted significant interest because they can produce a wide range of useful com-
pounds (e.g., bioethanol and hydrogen), serving as bio-economic tools for the com-
ing decades. Among the photosynthetic prokaryotes, cyanobacteria are regarded as 
promising producers of renewable compounds, such as biofuels (Abed et al. 2009; 
Garcia-Pichel 2009; Herrero et al. 2001; Nogales et al. 2012; Schirrmeister et al. 
2015; Thajuddin and Subramanian 2005). In this context, cyanobacteria have been 
cultivated and studied under a broad range of culture conditions (e.g., nutrient star-
vation and high light exposure) to decipher their metabolic abilities.

Although common adaptation strategies are described among members of the 
phylum Cyanobacteria, species-to-species differences have been observed to some 
extent in several cases. Hereafter, we confine the discussion of adaptive mecha-
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nisms to a limited number of environmental stresses (namely, nitrogen and phos-
phorus starvation, salt stress, heat shock and light stress) obtained from proteomic 
analyses.

�Nitrogen Starvation

Nitrogen starvation is widely studied among cyanobacteria (Depraetere et al. 2015; 
Deschoenmaeker et  al. 2014; Garcia-Pichel 2009; Hasunuma et  al. 2013; Huang 
et al. 2013; Pereira et al. 2011; Sandh et al. 2011; Spat et al. 2015; Wegener et al. 
2010; Yue et al. 2015). Acclimation to nitrogen starvation is probably the best exam-
ple of complexity in molecular responses. The biological response varies from 
slight metabolic redrafting to cellular differentiation (Castenholz et al. 2001; Garcia-
Pichel 2009; Komárek et al. 2003). During nitrogen starvation, central metabolism 
is often reprogrammed, including energy production and conversion, amino acid 
metabolism, and carbohydrate transport and metabolism. Two simultaneous phe-
nomena have been described (Fig. 2): (i) optimization and use of intracellular 
nitrogenous components and (ii) redraft of metabolism to direct excess carbon into 
C sinks (Depraetere et al. 2015; Deschoenmaeker et al. 2014; Garcia-Pichel 2009; 
Hasunuma et al. 2013; Huang et al. 2013; Pereira et al. 2011; Sandh et al. 2011; Spat 
et al. 2015; Wegener et al. 2010; Yue et al. 2015).

�Impaired Photosynthesis

Many cyanobacteria possess supramolecular complexes of phycobiliproteins, 
termed phycobilisomes (PBSs), which constitute large light-harvesting antennae 
(Akimoto et  al. 2012; Chen et  al. 2011; Garcia-Pichel 2009; Guan et  al. 2007; 
Kumar and Murthy 2007; Singh et al. 2015; Tamary et al. 2012; Theiss et al. 2011; 
Watanabe et al. 2012). The first common phenomenon concerns the bleaching of 
cells that results from active degradation of the nitrogen-rich phycobiliproteins4 
(PBPs) and polypeptide linkers,5 components of the PBSs. This active degradation 
releases large amounts of nitrogen because PBSs serve as an internal N source. The 
relative abundance of the PBPs is known to decrease under N-starvation (e.g., ApcE, 
CpcB and CpcA in Gloeothece sp. PCC 6909 (Pereira et  al. 2011), and ApcB, 
CpcC1 and CpcC2  in Arthrospira sp. PCC 8005 (Depraetere et  al. 2015; 
Deschoenmaeker et al. 2014)).

4 Phycobiliproteins: water-soluble proteinaceous pigments containing covalently bound open-
chain tetrapyrroles (Kumar and Murthy 2007; Singh et al. 2015; Tamary et al. 2012).
5 Linker polypeptides: key peptides in face-to-face aggregation of PBPs and stability of the PBS 
suprastructure (Guan et  al. 2007; Kumar and Murthy 2007; Singh et  al. 2015; Watanabe et  al. 
2012).
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Fig. 2  Schematic diagram for the N-limitation acclimation strategy taken from experimental data 
of several studies carried out onto whole organisms like Gloeothece PCC 6909, Arhtrospira PCC 
8005, Synechocystis sp., Microcystis aeruginosa, Trichodesmium erythraeum IMS10 & Nostoc 
PCC 7120. (AapJ) general l-amino acid-binding periplasmic protein AapJ, (AcnB) Aconitate 
hydratase 2, (Amt1) ammonium transporter 1, (ApcB) allophycocyanin subunit B, (ApcE) phyco-
bilisome core-membrane linker polypeptide ApcE, (ArgD) bifunctional acetylornithine amino-
transferase, (ArgG) Argininosuccinate synthase, (ArgJ) Glutamate N-acetyltransferase, (ClpP) 
ATP-dependent caseinolytic protease P, (CmpC) Bicarbonate transport ATP-binding subunit, 
(CO2) carbon dioxide, (CP) cyanophycin, (Cpc1) phycobilisome rod linker polypeptide Cpc1, 
(Cpc2) phycobilisome rod linker polypeptide Cpc2, (CpcA) phycobilisome subunit A, (CpcB) 
phycobilisome subunit B, (CphB) cyanophycinase, (CynS) cyanase, (Cyto. Oxidase II) cyto-
chrome oxidase II, (DPSTery) DNA binding proteinTrichodesmium erythraeum), (Eno) enolase, (FbaA) 
fructose-bisphosphate aldolase, (FdxH) heterocyst ferredoxin, (FmdA) formamidase A, (FNR) 
ferredoxin-NADP+ reductase, (FTR) ferredoxin-thioredoxin reductase, (Gap2) Glyceraldehyde-3-
phosphate dehydrogenase 2, (GlgA) glycogen synthase A, (GlgB) glycogen synthase B, (GlgC) 
glycogen synthase C, (GlgP) glycogen phosphorylase, (GlnA) glutamine synthetase, (GmpB[-
like]) phosphoglycerate mutase B[-like], (GltA) citrate synthase, (GpmI) 2,3-bisphosphoglycerate
-independent phosphoglycerate mutase I, (GS/GOGAT) glutamine synthetase/glutamine oxogluta-
rate aminotransferase, (HCO3

–) bicarbonate ion, (Icd) iso-citrate dehydrogenase, (LivJ) putative 
ABC-type branched-chain amino acid transport systems, periplasmic component LivJ, (MaeB) 
Malate dehydrogenase (oxaloacetate-decarboxylating) (NADP(+)), (Mo-nif-like) molybdenum-
nitrogenase-like protein, (N2) dinitrogen, (NADH Ub. Oxidoreductase) Nicotinamide adenine 
dinucleotide ubiquinone oxidoreductase, (NADPH) nicotinamide adenine dinucleotide phosphate, 
(NDHI) NAD(P)H-quinone oxidoreductase subunit I, (NH4

+) ammonium ion, (NHC) Nitrilase/
cyanide hydratase and apolipoprotein N-acyltransferase, (NifH) nitrogenase iron protein, (NifK) 
nitrogenase molybdenum-iron protein subunit B, (NO3

–) nitrate ion, (NrtA/C[-like]/D) nitrate 
transporter subunit A/C[-like]/D, (NthA1) nitrile hydratase subunit A, (NthB2) nitrile hydratase 
subunit B, (O2) dioxygen, (OCP) orange carotenoid protein, (OpcA) glucose 6-phosphate dehydro-
genase assembly protein, (PETC) photosynthetic electron transfer chain, (Pps) phosphoenolpyru-
vate synthase, (RbcL) ribulose-1,5-diphosphate carboxylase/oxygenase large subunit, (Rpe) 
ribulose 5-phosphate epimerase, (RuBisCO) ribulose-1,5-diphosphate carboxylase/oxygenase, 
(TktA) transketolase, (TpiA) Triosephosphate isomerase 2, (TCA) tricarboxylic acid, (UrtA/D/E) 
urea transport subunit A/D/E
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Furthermore, label-free proteomics has revealed that enzymes with critical func-
tions in chlorophyll and cytochrome synthesis were down-regulated (e.g., heme 
oxygenase in Synechocystis sp. (quantification by spectral count) (Wegener et al. 
2010), coproporphyrinogen III oxidase and uroporphyrinogen decarboxylase in 
Arthrospira sp. PCC 8005 (quantification by peak intensity) (Depraetere et al. 2015; 
Deschoenmaeker et al. 2014)). The PETC may also be altered, since a complemen-
tary iTRAQ proteomic analysis reported a decrease in electron carriers (e.g., 
cytochrome c oxidase) in Synechocystis sp. after 48 h of N deficient culture (Huang 
et al. 2013).

Because photosynthesis activity is reduced under N stress conditions, the photo-
protection mechanism is induced, which is indicated by a greater abundance of the 
orange carotenoid-binding protein (OCP) (e.g., Microcystis aeruginosa (Yue et al. 
2015)). This photoactive protein reduces the energy transferred to the reaction cen-
tres of photosystems; therefore, the cells are less susceptible to photo-damage 
(Harris et  al. 2016; Kirilovsky and Kerfeld 2012). In contrast, OCP showed a 
decrease in abundance in Arthrospira sp. PCC 8005 (Deschoenmaeker et al. 2014).

Despite the global decrease in photosynthetic activities, cyanobacteria such as 
Synechocystis sp. (Huang et al. 2013) maintain the PSI intact, which may produce 
energy by cyclic electron transfer (CET). This CET has been suggested to be 
involved in rapid recovery when the nitrogen source(s) again become(s) re-available 
(Huang et al. 2013).

In contrast, Microcystis aeruginosa and Trichodesmium erythraeum IMS10 
showed respective increases in the large chain of RuBisCO RbcL (Yue et al. 2015) 
and enzymes of the oxidative pentose phosphate pathway (OPP), including 
6-phospho-gluconolactonase, 6-phosphogluconate dehydrogenase (G6PDH), 
G6PDH assembly protein OpcA, transaldolase and transketolase (Sandh et  al. 
2011). In contrast, the non-heterocystous cyanobacterium Arthrospira sp. PCC 
8005 showed a decrease in the relative abundance of RbcL and enzymes involved in 
the OPP (e.g., ribulose-phosphate 3-epimerase Rpe) (Depraetere et  al. 2015; 
Deschoenmaeker et al. 2014).

�Optimization of Intracellular N Content

The degradation of PBPs releases large amounts of nitrogen, but cyanobacteria also 
optimize the intracellular N content via specific nitrogenous compound transporter 
systems, the mobilization of endogenous N components and the degradation of stor-
age polymers.

To compensate for deficient N entry into cells, proteins involved in the transport 
of N sources are often up-regulated during the first hours of N stress. For example, 
components of urea transporter (UrtE and UrtD) were more abundant in 
Synechocystis sp. (Wegener et al. 2010) as was the ammonium transporter Amt1 and 
several amino acid transporters (e.g., AapJ and LivJ) in Arthrospira sp. PCC 8005 
(Depraetere et al. 2015; Deschoenmaeker et al. 2014). In addition, urease subunits 
have been observed to be up-regulated in N-starved Synechocystis sp. (Huang et al. 
2013; Wegener et al. 2010) and in Arthrospira PCC 8005 (Depraetere et al. 2015). 
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Lysis of urea generates ammonium, which could partially balance the intracellular 
N deficiency. Furthermore, an increase in urease activity has been observed in 
Arthrospira sp. PCC 8005, cultivated in the absence of utilizable nitrogen sources 
(Deschoenmaeker et al. 2014).

Surprisingly, N deficiency induced a decrease in the abundance of the nitrate 
transporter components in Synechocystis sp., such as NrtC, NrtD and NrtC-like 
(Huang et  al. 2013; Wegener et  al. 2010). In contrast, an increase of NrtA was 
observed after 48 h of exhaustion of N-combined sources (Depraetere et al. 2015). 
Similarly, Huang et al. (2013) observed a decrease in another protein annotated as 
NrtC-like.

Cyanobacteria are also known to accumulate cyanophycin granules, a reservoir 
of N in the form of arginyl and aspartyl (Castenholz et  al. 2001; Garcia-Pichel 
2009). Proteomic data have shown that the abundance of cyanophycinase is higher 
under N-stress conditions, thereby providing a large quantities of arginyl and aspar-
tyl for metabolic demands (Wegener et al. 2010).

It has been also reported that Arthrospira sp. PCC 8005 may catabolize putative 
internal nitrogenous compounds, such as nitrile, cyanate and formamide (Depraetere 
et al. 2015; Deschoenmaeker et al. 2014).

In the reprogramming of N metabolism, the enzyme arginine decarboxylase (i.e., 
degradation of arginine into agmatine) has been reported to increase up to three-fold 
in N-starved Synechocystis sp. (Wegener et al. 2010). The subsequent step of degra-
dation, agmatine into putrescine, is also suggested to be enhanced given that a puta-
tive agmatinase increased in Synechocystis sp. (Wegener et al. 2010) and Arthrospira 
sp. PCC 8005 (Deschoenmaeker et al. 2014), as well. This last step may release 
urea, which could be degraded into ammonium by the urease.

Furthermore, enzymes involved in amino acid anabolism (i.e., aspartate, histi-
dine, pyruvate and glutamate) were observed in lower abundance in Synechocystis 
sp. (Huang et al. 2013), suggesting that amino acid anabolism slowed. This decrease 
could save substantial amounts of N, which could be used for other vital processes. 
The heterocystous cyanobacterium T. erythraeum IMS101 and the non-heterocystous 
Arthrospira sp. PCC 8005 showed higher levels of several enzymes involved in 
protein turn-over (e.g., peptidase S9, peptidase S8, putative extracellular peptidase 
and ATP-dependent Clp protease ClpP) (Depraetere et al. 2015; Deschoenmaeker 
et al. 2014; Sandh et al. 2011). This observation implies that cells save N by degrad-
ing proteins. Proteases, including ATP-dependent caseinolytic proteases (or Clp 
proteases), are housekeeping enzymes that remove denatured polypeptides (via deg-
radation or disaggregation) and, therefore, are critical for cell homeostasis under 
both optimal and stress conditions (Clarke 1999). Clp proteases also act with Hsp 
chaperones like Hsp100 and DnaK (Doyle et al. 2015; Lee et al. 2004).

Among the metabolic activities of nitrogenous compounds that are affected by N 
limitation, chorismate synthesis appeared to be positively affected. Chorismate is a 
crucial secondary metabolite in the anabolism of phenylalanine, tyrosine and tryp-
tophan. Chorismate synthase has been reported to increase under several stress con-
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ditions, including N depletion in Synechocystis sp. The leucine, isoleucine and 
valine pathways have also been suggested to be up-regulated, because the 
diaminopimelate decarboxylase increased in abundance in the same cyanobacte-
rium (Wegener et al. 2010).

These observations clearly indicate the capacity of cyanobacteria to maintain 
metabolic activities despite the lack of N entry into the cell, by seeking alternative 
nitrogenous compounds, either exogenously or endogenously (Depraetere et  al. 
2015; Deschoenmaeker et al. 2014; Wegener et al. 2010).

�Excess of Carbon

2-Oxoglutarate (i.e., intermediate of the tricarboxylic acid (TCA) cycle) bridged N 
and C metabolisms. Both 2-OG and NH4

+ serve as inputs into the glutamine synthe-
tase/glutamate (GS/GOGAT) cycle. Cyanobacterial responses are controlled by the 
carbon-to-nitrogen ratio (Herrero et al. 2001; Muro-Pastor et al. 2001, 2005), and 
nitrogen starvation results in an imbalance in the C/N ratio with an excess of 
carbon.

The protein pyruvate dehydrogenase EI (subunit α), and the bicarbonate trans-
port ATP-binding protein CmpC were more abundant in N-starved Microcystis 
aeruginosa (Yue et  al. 2015). Pyruvate dehydrogenase EI is a component of the 
pyruvate dehydrogenase complex, which constitutes the site of C entry into the 
TCA cycle. It was then suggested the enhanced turn-over in C use and mobilization 
towards cellular C sinks (e.g., glycogen) in Microcystis aeruginosa (Yue et  al. 
2015). Furthermore, glycolysis in N-stress Synechocystis sp. (Huang et al. 2013) 
and Arthrospira sp. (Depraetere et al. 2015; Deschoenmaeker et al. 2014) has been 
reported to decrease, whereas N-starved cells accumulated glycogen granules 
(Depraetere et al. 2015; Deschoenmaeker et al. 2014; Hasunuma et al. 2013). The C 
skeleton of amino acids released by protein degradation (including PBPs) has been 
suggested to balance weak CO2 fixation and serve to synthesize glycogen 
(Deschoenmaeker et al. 2014; Hasunuma et al. 2013). Glycogen may then serve as 
an endogenous carbon and energy reservoir to rapidly reinitiate growth after of N is 
resupplied to the N-starved cells (Gründel et al. 2012).

The exopolysaccharides (hereafter, EPSs) are also impacted by the N starvation, 
and may also play the role of a C sink affecting cell adhesion (Pereira et al. 2011).

�Nitrogen Fixation

When combined nitrogen sources are withdrawn, diazotrophic strains can use dini-
trogen (N2 fixation is reviewed in (Bothe et al. 2010)). Not surprisingly, diazotro-
phic cyanobacteria (unicellular or filamentous form) showed enhanced synthesis 
and accumulation of the nitrogenase. For example, differentially expressed protein 
spots in 2-DE gels analysed by MALDI-TOF-MS revealed that nitrogenase was 
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up-regulated more than 20-fold in Trichodesmium erythraeum IMS101. Furthermore, 
ferritin and Dpstery (a DNA binding protein from starved T. erythraeum) were 
strongly induced (50-fold) during diazotrophic growth; these proteins could provide 
the iron required during N2 fixation (Sandh et al. 2011).

MS analysis by comparing the proteome changes occurred in heterocyst versus 
vegetative cells in Nostoc sp. PCC 7120 clearly indicated a greater abundance of 
NifD and NifK (i.e., components of the dinitrogenase complex) as well as Fe-S 
reductase component NifH in matured heterocysts. In addition, heterocyst ferre-
doxin FdxH was preferentially expressed in heterocysts under N2 fixing conditions. 
As N2 represents an input of N, this nitrogen is then actively incorporated into C 
skeleton inside the heterocysts suggested by the increase of the glutamine synthetase 
(GS/GOGAT cycle and glutamate), iso-citrate aconitase (TCA cycle and 2-OG). 
The nitrogen fixation requires a huge amount of NADPH provided through the OPP 
activity. An increase in OPP was suggested, since 6-phosphogluconolactonase, 
fructose-1,6-bisphosphate, G6PD, Fbp, putative OpcA showed an increase in their 
relative abundance inside the matured heterocysts. In contrast, the CO2 fixation was 
suggested to decrease in those differentiated cells (Ow et al. 2008).

In contrast to the previously described accumulation of glycogen, exposure to N 
stress conditions revealed an induction of sugar catabolism in N2−fixing cells. 
Glycogen phosphorylase (GlgP) was noted to increase under N starvation in 
Synechocystis sp. (Huang et al. 2013; Wegener et al. 2010). This enzyme catalyses 
the release of glucose units from glycogen, which catabolized during glycolysis. 
The enzyme fructose-bisphosphate aldolase (i.e., fructose 1,6-bisphosphate catabo-
lized into glyceraldehyde 3-phosphate and dihydroxyacetone phosphate) and pyru-
vate dehydrogenase (i.e., pyruvate catabolized into acetyl-CoA) were shown to be 
up-regulated in Synechocystis sp. (Wegener et al. 2010). Moreover, the active deg-
radation of glycogen through the OPP has been reported (via glucose-6P-
dehydrogenase) in heterocystous T. erythraeum IMS101. In the case of heterocystous 
cyanobacteria, the degradation of glycogen and glucose may serve two goals: (i) to 
provide the C skeleton required during N assimilation and (ii) and to provide the C 
molecules required for the respiration-promoted reduction in free oxygen level, 
which is deleterious to nitrogenase activity. Indeed, the respiratory process also 
seems to be a part of the acclimation process in Trichodesmium sp. because pro-
teins, such as NADH ubiquinone oxidoreductase and cytochrome c oxidase subunit 
II, were more abundant during diazotrophic growth (Sandh et al. 2011).

�Proteins of Unknown Function

Whereas the common basis of adaptive mechanisms seems to be well understood, 
numerous proteins with unknown functions (i.e., hypothetical proteins, unknown 
proteins and proteins with unknown functions) are involved in these processes of 
acclimation (Depraetere et  al. 2015; Deschoenmaeker et  al. 2014; Huang et  al. 
2013; Yue et al. 2015). Future work should focus on these proteins to better eluci-
date the entire mechanistic network of nitrogen stress adaptation.

F. Deschoenmaeker et al.



241

�Phosphorus Starvation

Phosphorus appears to be essential for living organisms given that it is a central 
atom in nucleic acids (i.e., RNA and DNA), phospholipids (i.e., key components of 
cell membranes) and chemical energy (e.g., ATP and NADPH) (Lin et al. 2016). 
Among the nutrient starvation conditions studied, phosphorus (P) starvation has 
been investigated using proteomic approaches in several strains of cyanobacteria 
(Fig. 3).

�Alteration in Photosynthesis

Like N starvation, a prolonged deficit in P results in altered photosynthesis. Indeed, 
PSI (e.g., PsaA), PSII (e.g., PsbB, PsbV, PsbO and CP47), PBSs (e.g., CpcA, CpcB, 
Cpc1, Cpc2, CpcG, ApcA and ApcB) and enzymes involved in chlorophyll and 
cytochrome synthesis (e.g., HemB and HemE) decreased in abundance in 
Synechocystis sp. PCC 6803 (Fuszard et al. 2013), Anabaena circinalis (D’Agostino 
et al. 2015), in Synechococcus WH8102 (Cox and Saito 2013), and Anabaena sp. 
strain 90 (Teikari et al. 2015).

The iTRAQ labeling strategy was performed in P-starved Synechocystis sp. PCC 
6803 and showed that proteins from the PSII (i.e., PsbU, PsbV and PsbW) and the 
photosynthetic electron transfer chain (i.e., PetH) were less abundant under P stress 
conditions. PsbU is known to promote the stability of the PSII structure, whereas 
PsbW is involved in the biogenesis of the chlorophyll-binding CP47 protein. These 
decreases may be involved in the disassembly of PBSs and the degradation of their 
components as well as in the simultaneous down-regulation of PETC to produce a 
decrease in PSII activity (Fuszard et al. 2013). Downstream of PETC, ferredoxin-
thioredoxin reductase and ferredoxin-NADP reductase showed a lower relative 
abundance, suggesting a decrease in the generation of NADP and reduced ferre-
doxin (Yue et al. 2015).

The photoprotection-related protein OCP and the enzyme geranylgeranyl 
diphosphate reductase were more abundant in M. aeruginosa. It has been sug-
gested that this increase could enhance the tolerance of cells to photo-damages 
(Yue et al. 2015).

The stress response proteins rehydrin and superoxide dismutase SodB were also 
reported to be up-regulated in Synechocystis sp. PCC 6803 subjected to P-stress. 
SodB is known to be involved in the response to oxidative stress (i.e., response to 
ROS generation), whereas the role of rehydrin in cyanobacteria is unclear (Fuszard 
et al. 2013). Other proteins involved in ROS stress, such as peroxiredoxin AhpC2 
and thioredoxin TrxA, were also observed to increase in Anabaena sp. (D’Agostino 
et al. 2015). Peroxiredoxin detoxifies a wide range of peroxides (Rhee 2016), and 
thioredoxins (hereafter Trx) are small ubiquitous redox proteins that act as reducing-
equivalent transducers. Trx also regulate the enzymatic activity by oxidizing or 
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Fig. 3  Schematic diagram for the P-limitation acclimation strategy taken from experimental data 
of several studies carried out onto Anabaena circinalis (131C and 310F), Anabaena sp. strain 90, 
Microcystis aeruginosa, Synechococcus WH8102, Synechocystis PCC 6803. (ApcA) allophyco-
cyanin subunit A, (ApcB) allophycocyanin subunit B, (ApcD) allophycocyanin subunit alpha-B, 
(ApcE) phycobilisome core-membrane linker phycobiliprotein ApcE, (AphC2) peroxiredoxin 
AhpC2, (C) carbon. (Clp[1,2]) ATP-dependent caseinolytic protease proteolytic subunit 1, (ClpB) 
ATP-dependent caseinolytic protease ATP-binding subunit B, (ClpC) ATP-dependent caseinolytic 
protease ATP-binding subunit C, (CO2) carbon dioxide, (Cpc1/2) phycobilisome rod linker poly-
peptide Cpc1/2, (CpcA/B) phycobilisome subunit A/B, (CpcG) phycobilisome rod-core linker 
polypeptide CpcG, (DNA) deoxyribonucleic acid, (EF-TU) elongation factor TU, (Efp) elongation 
factor P, (FabG2) 3-oxoacyl-[acyl-carrier-protein] reductase 2, (FusA) elongation factor G, 
(GlgP(2)) glycogen phosphorylase 2, (Gnd) 6-phosphogluconate dehydrogenase decarboxylating, 
(HemB) delta-aminolevulinic acid dehydratase, (HemE) Uroporphyrinogen decarboxylase, (HU) 
DNA-binding protein HU, (mRNA) messenger ribonucleic acid, (NADPH) nicotinamide adenine 
dinucleotide phosphate, (OCP) orange carotenoid protein, (PETC) photosynthetic electron transfer 
chain, (PetH) ferredoxin–NADP reductase, (PgK) phosphoglycerate kinase, (PhoA) phosphatase 
alkaline, (Pi) inorganic phosphate, (PsaA) photosystem I P700 chlorophyll a apoprotein A1, (PsbB) 
photosystem II CP47 reaction centre protein, (PsbO) photosystem II manganese-stabilizing poly-
peptide, (PsbQ) photosystem II protein PsbQ, (PsbU) photosystem II 12 kDa extrinsic protein, 
(PsbV) cytochrome c-550, (PstS[-2]) phosphate-binding protein [-2], (red-FNR) reduced- 
ferredoxin-NADP+ reductase, (red-FTR) reduced-ferredoxin-thioredoxin reductase, (red-Trx) 
reduced-thioredoxin, (RuBisCO) ribulose-1,5-diphosphate carboxylase/oxygenase, (SodB) super-
oxide dismutase [Fe], (Tal) transaldolase, (TsF) elongation factor Ts, (TrxA) thioredoxin A, (Zwf) 
glucose-6-phosphate 1-dehydrogenase
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reducing disulphide bond(s) on target proteins. These redox proteins also provide 
reducing equivalents to antioxidative stress proteins like peroxiredoxin (Florencio 
et  al. 2006; Pérez-Pérez et  al. 2009). In contrast, it has been reported a down-
regulation of the ferredoxin-thioredoxin reductase catalytic chain, and ferredoxin-
NADP reductase (Yue et al. 2015).

�Optimization of Intracellular P Content

Cyanobacteria can accumulate inorganic phosphate and store it as polyphosphate 
granules. These granules can then act as a phosphate reservoir that is frequently 
degraded to balance the cellular P deficit (Gomez-Garcia et  al. 2003; Lin et  al. 
2016; Orchard et al. 2010). To compensate for the P deficiency in the environment, 
the phosphate transporter and alkaline phosphatase showed an increase in their rela-
tive abundance during P depletion (Anabaena Circinalis (D’Agostino et al. 2015), 
Synechocystis sp. PCC 6803 (Fuszard et al. 2013) and Synechocystis sp. WH8102 
(Cox and Saito 2013)).

�Transcription and Translation

Phosphate starvation induces proteins involved in transcription and translation. The 
transcription may be down-regulated, since HU proteins were less abundant in 
Synechocystis sp. PCC 6803. The mRNA translation is affected by the P deficiency 
because the elongation factor EF-Tu was less abundant in Synechocystis sp. PCC 
6803 (Fuszard et al. 2013) and Anabaena sp. strain 90 (Teikari et al. 2015) as were 
the 50S ribosomal protein L9 in Microcystis aeruginosa (Yue et al. 2015), L4, L1 
and methionyl-tRNA formyltransferase in A. circinalis (D’Agostino et al. 2015), 
50S ribosomal protein L23, L4, L5 and L18 in Synechococcus sp. WH8102 (Cox 
and Saito 2013). EF-Tu facilitates the entry of aminoacyl tRNA at the free site of 
the ribosome; thus, it appears to be critical for the translation process (Fuszard et al. 
2013). Ribosomes represent a large amount of P, so cells should economize on 
biosynthesis to preserve P for other processes that are critical for viability (Yue 
et al. 2015). In addition, a recent study reported a decrease in the biosynthesis of 
amino acids (Teikari et al. 2015).

In contrast, a higher expression of EF-Tu has been observed in M. aeruginosa 
cultivated under P starvation (Yue et al. 2015), whereas Synechococcus sp. WH8102 
showed an increase in other elongation factors (e.g., TsF, Efp and FusA) (Cox and 
Saito 2013).

�Carbon Metabolism

The RuBisCO (large subunit RbcL and/or small subunit RbcS) was shown to be 
down-regulated in Synechocystis sp. PCC 6803 (Fuszard et al. 2013), M. aeruginosa 
(Yue et al. 2015), and Anabaena sp. strain 90 (Teikari et al. 2015). In addition, the 
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phosphoglycerate kinase (Pgk) also showed a lower relative abundance in 
Synechocystis sp. PCC 6803. RuBisCO and Pgk represent the entry of CO2 during 
the Calvin-Benson-Bassham cycle; therefore, a decrease in these enzymes limits the 
growth (Fuszard et  al. 2013). The P deficiency also induced transaldolase (Tal), 
6-phosphogluconate dehydrogenase (decarboxylating) (Gnd) and glucose-6-
phosphate 1 dehydrogenase (Zwf) in Synechocystis sp. PCC 6803 (Fuszard et al. 
2013). They are involved in the pentose phosphate pathway (PPP), which appears to 
be enhanced with respect to the increase in these proteins.

Downstream, the relative abundance of glycogen phosphorylase GlgP(2) 
increased in P-starved Synechocystis sp. PCC 6803. This enzyme catalyses the deg-
radation of glycogen, releasing glucose-1-phosphate, which may undergo glycoly-
sis. Both the enhancement of PPP activity and the increase in the relative abundance 
of GlgP(2) may support the production of both NADPH and pentose sugars (Fuszard 
et al. 2013). This increase could compensate for the decrease in the Calvin cycle 
(see above).

Moreover, an approach combining 2D-DIGE and LC-MS/MS pointed out the 
up-regulation of the polysaccharide capsule biosynthesis protein CapD and 
carbohydrate-selective porins in Anabaena sp. strain 90, suggesting the accumula-
tion of exopolysaccharides to ensure the proper functioning of the photosynthetic 
apparatus (Teikari et al. 2015).

�Fatty Acid Metabolism

In addition to the EPS layers, the membrane may be modified in response to nutrient 
stresses.

Fatty acid and lipid synthesis are also affected by P deficiency given that the 
enzymes involved in their respective metabolic pathways showed differential abun-
dance. Fatty acids have two functions: (i) they serve as precursors for lipid biosyn-
thesis, and (ii) they represent a form of energy storage.

The enzyme FabG2 (i.e., 3-oxoacyl-[acyl-carrier protein] reductase 2) has been 
reported to increase in abundance in Synechocystis sp. PCC 6803 (Fuszard et al. 
2013) and Synechococcus sp. WH8102 (Cox and Saito 2013). This might indicated 
that cells accumulate lipids in response to P limitation that may replace ROS-
damaged lipids and/or stabilize membranes (Fuszard et al. 2013). In addition, one 
study reported an arrest in phospholipid synthesis and their replacement by sulpho-
nated lipids in response to P limitation (Lin et al. 2016).

�Side Changes in N Metabolism

The subunit UrtA of the urea transporter also showed a greater relative abundance 
in A. circinalis (D’Agostino et al. 2015) and Synechococcus sp. WH8102 (Cox and 
Saito 2013) cultivated under P-limiting conditions. It seems that under P-limiting 
conditions, A. circinalis attempts to take up extracellular nitrogen in the form of 
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urea or free amino acids (e.g., N-I amino acid substrate-binding NatB) (D’Agostino 
et al. 2015).

A decrease in the abundance of AbrB proteins has been reported in M. aerugi-
nosa; the role of cyanobacterial AbrB proteins in the P stress response is not under-
stood. The AbrB was shown to be involved in C and N uptake in Synechocystic sp. 
PCC 6803. This observation may indicate a decrease in C and N assimilation by M. 
aeruginosa cultivated under P depletion (Yue et al. 2015) in contrast to the mecha-
nism of A. circinalis (D’Agostino et al. 2015). The reduction in C and N assimila-
tion may preserve a substantial amount of both energy and reducing power, thereby 
sustaining a minimal growth (Yue et al. 2015).

�Homeostasis

Interestingly, the ATP-dependent Clp proteases ClpC, Clp1, Clp2 and ClpB were 
observed to be up-regulated in Synechocystis sp. PCC 6803 under P-limiting condi-
tions (Fuszard et  al. 2013). These proteins degrade denatured polypeptides and 
maintain cellular homeostasis; therefore, they are clearly involved in growth sus-
tainability and stress acclimation (see section “Optimization of Intracellular N 
Content”) (Clarke 1999).

An increase in abundance of outer membrane efflux protein and acetylornithine 
aminotransferase has been reported in Anabaena sp. strain 90 (Teikari et al. 2015).

P depletion also induces a decrease in the relative abundance of metallothio-
neins, which are small cysteine-rich proteins that bind metal ions, such as zinc, 
cadmium or copper (Yue et  al. 2015). A study based on label-free LC-MS/MS 
approach reported an elevated abundance of metallothionein in Synechococcus sp. 
WH8102 during combined Zn and low-Pi treatment. These authors argued that 
metallothionein may act as a metal reservoir for alkaline phosphatases (Cox and 
Saito 2013).

�Proteins of Unknown Function

Similarly to N starvation, numerous unknown proteins demonstrated alterations in 
abundance (Cox and Saito 2013; Fuszard et al. 2013; Teikari et al. 2015; Yue et al. 
2015), suggesting additional analyses to further elucidate adaptation mechanisms.

�Salt Stress

The acclimation process to a high concentration of salt has been widely investigated 
because microorganisms often encounter this abiotic stress on Earth. The basic 
mechanism of NaCl adaptation involves the active efflux of toxic inorganic ions, the 
accumulation of compatibles solutes (e.g., trehalose and glucosylglycerol), or the 
active uptake of ions to balance the potential water (Hagemann 2011) (Fig. 4).
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Fig. 4  Schematic diagram sketch for the salt-stress acclimation strategy taken from experimental 
data of several studies carried out onto Anabaena circinalis (131C and 310F), Anabaena sp. PCC 
7120, Euhalothece sp. BAA001, Synechocystis sp. (PCC 6803 and PCC 6311). (ADP-glc phos-
phorylase) ADP-glucose phosphorylase, (AhpC) peroxiredoxin AhpC, (ApcA/B) allophycocyanin 
subunit A/B, (ApcC) phycobilisome 7.8 kDa linker polypeptide, (ApcD) allophycocyanin subunit 
alpha-B, (ApcE) phycobilisome core-membrane linker phycobiliprotein ApcE, (ApcF) allophyco-
cyanin subunit beta-18, (AtpA/B/C/D/F) ATP synthase subunit A/B/C/D/F, (CcmM/A) carbon 
dioxide concentrating mechanism protein M/A, (ChpY) CO2 hydration protein, (Clp) ATP-
dependent caseinolytic protease, (Cnp/TCP-1) chaperone protein, (CpcA) C-phycocyanin-1 alpha 
chain, (CpcD) phycobilisome 8.9 kDa linker polypeptide, (CpcG) phycobilisome rod-core linker 
polypeptide CpcG, (DNA) deoxyribonucleic acid, (DnaK2) chaperone protein, (EF-P) elongation 
factor P, (EF-Tu) elongation factor Tu, (FκBP-type PP isomerase B) FκBP-type peptidyl-prolyl 
cis-trans isomerase B, (GG-P phosphatase) glucosylglycerol-phosphate phosphatase, (GG-P syn-
thase) glucosylglycerol-phosphate synthase, (GgtB) glucosylglycerol-binding protein GgtB, 
(GroEL/L2) chaperone protein, (GroES) chaperone protein, (HhoA) putative serine protease, 
(HlyD) HlyD family of secretion proteins, (mRNA) messenger ribonucleic acid, (OCP) orange 
carotenoid protein, (OprB) carbohydrate-selective porin OprB, (PacL) Calcium-transporting 
ATPase, (PetB) cytochrome b6, (PetC) cytochrome b6f complex iron-sulfur subunit, (PETC) photo-
synthetic electron transfer chain, (PgK) phosphoglycerate kinase, (PPI) peptidyl-prolyl cis-trans 
isomerase (PsaA) photosystem I P700 chlorophyll a apoprotein A1, (PsaB) photosystem I P700 
chlorophyll a apoprotein A2, (PsaC) photosystem I iron-sulfur centre, (PsaE) photosystem I reac-
tion centre subunit IV, (PsaL) photosystem I reaction centre subunit XI, (Psb27) photosystem II 
lipoprotein Psb27, (PsbB) photosystem II CP47 reaction centre protein, (PsbB) photosystem II 
CP47 reaction centre protein, (PsbC) photosystem II CP43 reaction centre protein, (PsbH) photo-
system II reaction centre protein H, (PsbO) photosystem II manganese-stabilizing polypeptide 
cytochrome b6f, (PsbO) photosystem II manganese-stabilizing protein, (PsbU) photosystem II 
12  kDa extrinsic protein, (PsbV) Cytochrome c-550, (putative Ycf29) putative two-component 
response regulator Ycf29, (RNA pol. β′) RNA polymerase, (ROS) reactive oxygen species, 
(RuBisCO) ribulose-1,5-diphosphate carboxylase/oxygenase, (SigB) RNA polymerase sigma-B 
factor, (SigD) RNA polymerase sigma-D factor, (SOD) superoxide dismutase, (TCA) tricarboxylic 
acid, (TrxA) thioredoxin A, (UspA) universal stress protein A, (σ-factor) transcription factor sigma
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�Alteration of Photosynthesis

As described for other cellular stresses above, the exposure to high NaCl exposure 
leads to a perturbation of photosynthesis. In Synechocystis sp. PCC 6803, a rapid 
decrease in photosynthesis (∼60%) has been observed 2  h after the addition of 
NaCl, whereas photosynthesis returns to the initial state after 4 h of incubation with 
a high concentration of salt. This recovery might be allowed by the synthesis of 
compatible solutes (Fulda et al. 2006; Pandhal et al. 2008).

Furthermore, increased expression of PSI (e.g., PsaA, PsaB and PsaC) and PSII 
proteins (e.g., PsbB, PsbC and PsbH), antennae-stabilizing proteins (e.g., PsbO and 
ApcC), photosynthesis repair proteins, and enzymes involved in chlorophyll bio-
synthesis (e.g., ChlP) have been reported in A. circinalis (D’Agostino et al. 2015) 
and Anabaena sp. PCC 7120 (Rai et al. 2013). Additionally, a higher abundance in 
response to salt stress has been reported for PBPs (CpcA and CpcB) in Synechocystis 
sp. (Fulda et al. 2006), PBS rode-core linker proteins in Anabaena sp. PCC 7120 
(Rai et al. 2013), and components of the photosynthetic electron transfer chain in 
Synechocystis sp. PCC 6311 (Pandhal et al. 2009). Moreover, iTRAQ–based quan-
titative proteomics of salt-shocked A. circinalis showed a greater relative abundance 
of F1 and F0-FATPase subunits, cytochrome b6f proteins and proteins consisting of 
all four NDH-1 complexes, suggesting an increase in photosynthetic electron trans-
fer activities. Similarly, iTRAQ labeling coupled to LC-MS/MS revealed higher 
levels of an ATP synthase subunit in Synechocystis sp. PCC 6803 (Huang et  al. 
2006; Pandhal et  al. 2009; Qiao et  al. 2013) as did 2-DE coupled to MALDI-
TOF-MS/MS onto Anabaena sp. PCC 7120 (Rai et al. 2013). Taken together, these 
increases in abundance may indicate an enhancement in ATP production, which 
could be required for metabolic processes (e.g., synthesis of compatible solutes) 
during salt stress (Hagemann 2011). The ChpY protein (i.e., component of the 
NDH-1MS complex), which is involved in CO2 uptake, showed an increase in abun-
dance after exposure to 100 mM NaCl. In addition, the RuBisCO enzyme (both 
RbcL and RbcL) was also up-regulated in A. circinalis (D’Agostino et al. 2015) and 
Anabaena sp. PCC 7120 (Rai et al. 2013) as were the carboxysome6 shell protein 
CcmM in A. circinalis (D’Agostino et al. 2015) and CcmA protein, putative Ycf29 
and RuBisCO transcriptional regulators in Synechocystis sp. PCC 6803 (Fulda et al. 
2006; Qiao et al. 2013). Furthermore, an increase has been observed in the relative 
abundance of enzymes involved in the Calvin cycle (e.g., phosphoglycerate kinase 
in Synechocystis PCC 6803 (Fulda et  al. 2006)) and pentose phosphate pathway 
(e.g., ribulose-phosphate-3-epimerase, transaldolase, phosphoribulokinase in 
Synechocystis sp. PCC 6803 (Fulda et al. 2006) and PCC 6311 (Pandhal et al. 2009) 
and Euhalothece sp. BAA001 (Pandhal et al. 2008)). Taken together, these observa-
tions strongly indicate the enhanced assimilation of CO2.

6 Carboxysomes: organelles accumulating large quantities of the enzyme ribulose 1,5-bisphos-
phate carboxylase/oxygenase in association with the carbon-concentrating mechanism proteins 
(Bazylinski et al. 2014; Castenholz et al. 2001; Garcia-Pichel 2009).
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�Central Carbon Metabolism

Despite the increased activity in CO2 fixation, sugar metabolism was down-regulated 
in A. circinalis during salt-stress (D’Agostino et al. 2015).

An increase in the abundance of enzymes involved in carbon utilization and cen-
tral intermediaries has also been reported in salt-stressed Synechocystis sp. PCC 
6803 (Fulda et al. 2006; Pandhal et al. 2009), Euhalothece sp. BAA001 (Pandhal 
et al. 2008) and Anabaena sp. PCC 7120 (Rai et al. 2013) (e.g., glycogen phos-
phorylase, phosphoglucomutase, fructose-1,6-biphosphatase, fructose bisphosphate 
aldolase and glyceraldehyde-3-P-dehydrogenase). These observations imply the 
additional requirement of C for the synthesis of compatible solutes such as gluco-
sylglycerol (e.g., the degradation of glycogen may participate in the de novo synthe-
sis of glucosylglycerol (Hagemann 2011)). Furthermore, the enhanced production 
of pyruvate via the malic enzyme in salt-shocked Euhalothece sp. BAA001 has 
been reported (Pandhal et  al. 2008). In contrast, a decrease in the fructose-1,6-
bisphophate aldolase and glucose-6-P isomerase has been reported (Rai et al. 2013).

Synechocystis sp. PCC 6803 also showed higher amounts in GDP-d-mannose 
dehydratase. This latter enzyme is involved in the modification of exopolysaccha-
rides for which a modified structure could prevent water loss during osmotic stress 
(Pandhal et al. 2009).

�Synthesis of Compatible Solutes

Compatible solutes are highly soluble organic compounds that are accumulated in 
cells at high concentrations without interfering with cellular processes. These com-
pounds help the cell maintain turgor pressure (Hagemann 2011). Recovery could be 
permitted by the synthesis of compatible solutes, such those produced by the 
glucosylglycerol-phosphate synthase, glucosylglycerol-phosphate phosphatase and 
ADP-glucose phosphorylase (Fulda et al. 2006; Pandhal et al. 2008). These enzymes 
are involved in the biosynthesis of compounds like glucosylglycerol, which is a 
typical compatible solute found in cyanobacteria (Hagemann 2011).

It was also reported the enhanced abundance in ABC-type transporters (e.g., glu-
cosylglycerol-binding protein GgtB and outer membrane protein OprB) in salt-
stressed Synechocystis sp. PCC 6803 (Huang et  al. 2006), and A. circinalis 
(D’Agostino et  al. 2015), which could ultimately participate to the acclimation 
(Hagemann 2011).

�Lipid Metabolism

Lipid metabolism is often involved in stress response; a higher amount of an acyl 
carrier protein and a squalene-open cyclase has been reported (Qiao et al. 2013).
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�Nitrogen Metabolism

Like carbohydrate metabolism, nitrogen metabolism is also affected by the salt 
stress (D’Agostino et al. 2015; Fulda et al. 2006; Huang et al. 2006; Pandhal et al. 
2008; Rai et al. 2013). For example, molecular actors, such as AbrB2, DevH and the 
heterocyst glycolipid-forming protein HgdD, were increased in their relative abun-
dance in A. circinalis sp. strain 131C as was the heterocyst glycolipid-directing 
protein HglK in Synechocystis sp. PCC 6803 (Qiao et al. 2013). The regulator DevH 
plays a role in nitrogen metabolism by activating expression of genes specific to 
heterocyst cells (D’Agostino et al. 2015). Furthermore, the ferredoxin-nitrite reduc-
tase was more abundant when Synechocystis was exposed to 684 mM NaCl (Fulda 
et  al. 2006). It has been reported that salt-shocked Synechocystis sp. PCC 6803 
(Huang et al. 2006) and PCC 6311 (Pandhal et al. 2009) showed a higher levels of 
the proteins PII and glutamine synthetase in Anabaena sp. PCC 7120 (Rai et  al. 
2013), a strong indication of altered N metabolism.

The enhanced abundance of the periplasmic binding proteins of ABC transport-
ers like NrtA (i.e., component of nitrate transporter) has been reported to increase as 
well as other proteases involved in the turn-over of proteins (e.g., regulatory subunit 
of ATP-dependent Clp protease and HhoA protease) (Huang et al. 2006; Rai et al. 
2013). In an opposite way, decrease in NrtD- and NrtC-like (i.e., components of 
nitrate transporter) has been reported when Synechocystis sp. PCC 6803 was 
exposed to 48 h of NaCl treatment (Qiao et al. 2013).

�Transcription and Translation

Transcription and translation are also affected in response to NaCl exposure given 
that RNA polymerase subunit β′ and the transcriptional factors SigB and SigD were 
shown to be up-regulated in salt-stressed A. circinalis (D’Agostino et al. 2015). An 
increase in abundance of a putative elongation factor and sigma regulatory factors 
has also been reported (Qiao et al. 2013). Similarly, an increase of the elongation 
factor EF-Tu in NaCl-acclimated Synechocystis sp. PCC 6803 (Fulda et al. 2006) 
and Euhalothece sp. BAA001 (Pandhal et al. 2008) has been observed as was the 
elongation factor P in Synechocystis sp. PCC 6803 (Qiao et al. 2013). Pandhal et al. 
(2009) observed higher amounts of FκBP-type peptidyl-prolyl cis-trans isomerase 
in salt-shocked Synechocystis cells, an enzyme that catalyses cis-trans isomeriza-
tion (Ünal and Steinert 2014). Two studies also observed a higher abundance of the 
peptidyl propyl isomerase B in Synechocystis sp. PCC 6803 (Huang et al. 2006; 
Qiao et al. 2013).

�Stress Related Proteins

NaCl exposure induces stress related proteins, such as the heat-shock proteins 
DnaK2, GroES, GroEL1/L2, chaperonin Cpn/TCP-1 and trigger factor 
(Synechocystis sp. PCC 6803 (Fulda et al. 2006; Pandhal et al. 2009; Qiao et al. 
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2013), Anabaena sp. PCC 7120 (Rai et  al. 2013) and Euhalothece sp. BAA001 
(Pandhal et al. 2008)). Chaperones are known to protect cells from aggregation and 
repair aggregated proteins, thereby maintaining protein functionalities (Kim et al. 
2013). The chaperone protein UspA, anti-ROS proteins (e.g., AhpC and superoxide 
dismutase SOD), TrxA, trigger factor and cyclophilin-type peptidyl-prolyl isomer-
ase were reported to be reduced in A. circinalis (D’Agostino et al. 2015). In con-
trast, a 2-DE-MALDI-TOF-MS investigation showed that the superoxide dismutase 
SOD (Fulda et al. 2006; Rai et al. 2013) and TrX (Slr0623) were induced by NaCl 
shock as well as peroxiredoxin-like protein and a water-soluble carotenoid protein 
OCP. This increase could render cells less susceptible to ROS (Fulda et al. 2006). 
Additionally, an increased amount of the superoxide dismutase has also been 
pointed out (Pandhal et al. 2008, 2009).

The SOS regulatory protein LexA was reported to be highly differentially 
expressed protein, but its role in cyanobacteria is unclear. However, it has been pro-
posed that LexA may act as an activator of the bi-directional hydrogenase (Gutekunst 
et al. 2005) and may be a candidate for regulating the expression of the nif cluster in 
Synechocystis sp. (Mueller et al. 2016).

�Extrusion Mechanism

One strategy for cyanobacteria to cope with a high extracellular salt concentration 
is the active extrusion of the concerned ions (i.e., salt-out strategy) (Hagemann 
2011). An in vivo 15N metabolic labeling study reported a higher level of the twitch-
ing mobility protein (i.e., protein that catalyses the transport of substances in and 
out of cells), suggesting a putative role in the transfer of salt ions or even macromol-
ecules to balance the ionic strength. In addition, this group also observed an increase 
in the relative abundance of the transport protein cation-transporting ATPase PacL 
and Na+-Ca2+ exchanger/integrin-β4 (Pandhal et al. 2008). An LC-MS/MS run onto 
iTRAQ labeled tryptic peptides highlighted the increased abundance of HlyD pro-
tein, which is a putative integral membrane subunit of the TolC efflux system that 
exports small as well as large proteins directly from the cytoplasm to the extracel-
lular space (Huang et al. 2006).

�Proteins of Unknown Function

Numerous proteins showing a differential abundance have remained uncharacter-
ized. Some bear similarity to orange carotenoid protein and may be involved in light 
harvesting adaptation during salt stress. Other proteins are similar to the peptidyl-
prolyl cis-trans isomerase (PPase) activity (Fulda et al. 2006; Huang et al. 2006; 
Pandhal et al. 2007, 2008; Qiao et al. 2013).
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�Heat Shock Stress

The heat shock stress was also described to induce a molecular response affecting 
several biological functions, as it occurred for the aforementioned abiotic stress 
(Fig. 5).

�Alteration in Photosynthetic Activity

Photosynthesis has been described to be sensitive to heat inactivation, particularly 
the oxygen-evolving complex in Synechocystis sp. PCC 6803. The 2-DE-MALDI-
TOF-MS strategy was applied to this cyanobacterium, which showed an increase in 
the manganese stabilizing PsbO protein; this latter protein is involved in the stabili-
zation of Mn atoms of the water-splitting enzyme. Similarly, an increase in the PSII 
reaction centre protein PsbW and the PSI subunit VII PsaC were observed. An 
increase of the latter protein may lead to the stabilization of the PsaC-D-E complex 
at the cytosolic side of the thylakoid. In contrast, the PBS core linker CpcG1 
decreased in abundance, whereas the response regulator for energy transfer from 
PBS to photosystems, Rre26, increased. The authors then suggested that this implies 
that the increase could counteract the loss of PBS stability by increasing the effi-
ciency of energy transfer from PBS to photosystems (Slabas et al. 2006). Moreover, 
PetA, PetB and PetC (i.e., components of the cytochrome b6f complex) were identi-
fied as being up-regulated in thermo-acclimated Synechocystis sp. PCC 6803. The 
cytochrome b6f complex plays a role in the transfer of electrons from PSII to PSI, 
indicating that this complex may protect the cell from the rise in temperature by 
mediating a faster transfer of electrons to PSI. In the same study, the NADH dehy-
drogenase 1 complex proteins NdhA, NdhJ, NdhM, NdhI and NdhH were all up-
regulated. This observation implies that faster cyclic electron transfer occurred, 
decreasing the ROS generation with a concomitant enhancement of PSII thermotol-
erance (Rowland et al. 2010). In addition, ATP synthase chains of CF1 (α and β 
subunits) increase in heat-shocked Synechocystis sp. PCC 6803 (Slabas et al. 2006).

Simultaneously, the PBS rode-core linker CpcG2 was observed to decrease, 
which may affect the stability of PSII, thereby limiting light harvesting and the 
energy that must be channelled across the PETC (Rowland et al. 2010).

A strategy based on LC-MS/MS coupled to iTRAQ labeling revealed a slightly 
lower abundance of AcsF (ChlAI) and ChlH, both of which are involved in chloro-
phyll synthesis (Rowland et al. 2010). This decrease probably diminishes the light 
harvesting, protecting the cell from an excess of light energy. Furthermore, the 
water-soluble carotenoid protein was shown to be elevated by heat treatment in 
Synechocystis sp. PCC 6803 (Slabas et al. 2006), which may also prevent photo-
damages of cells by absorbing excess of energy.

RuBisCO (i.e., RbcS and RbcL) was reportedly down-regulated when 
Synechocystis sp. PCC 6803 was acclimated to 38°C (Rowland et al. 2010). The 
authors claimed that because RuBisCO is one of the most abundant proteins in pho-
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Fig. 5  Schematic diagram sketch for the heat-stress acclimation strategy taken from experimental 
data of several studies carried out onto Synechocystis sp. PCC 6803 and Spirulina platensis. 
(ArgG) Argininosuccinate synthase, (Baf) putative transcriptional activator Baf, (CF1) ATP syn-
thase subunit alpha, (ChlAI), (ChlH) magnesium-chelatase subunit ChlH, (ClpB) ATP-dependent 
caseinolytic protease ATP-binding subunit B, (ClpC) ATP-dependent caseinolytic protease ATP-
binding subunit C, (CpcG1/2) phycobilisome rod-core linker polypeptide CpcG1/2, (DesC) delta-9 
desaturase, (DNA) deoxyribonucleic acid, (Dnak2) heat shock 70 kDa protein, (EF-TS/G1/G2/Tu) 
elongation factor TS/G1/G2/Tu, (FbaA) fructose-bisphosphate aldolase, (FdA) fructose-1,6-
bisphosphate aldolase, (GlpX) d-fructose 1,6-bisphosphatase class 2/sedoheptulose 
1,7-bisphosphatase, (GroEL1), GroEL2, (GroES) heat shock 10  kDa protein, (HhoA) putative 
serine protease, (Hik15) sensory transduction histidine kinase hik15, (Hik26) sensory transduction 
histidine kinase hik26, (Hik3) sensory transduction histidine kinase hik3, (HspA) heat shock pro-
tein A, (HtpG) chaperone protein HtpG, (IlvC) ketol-acid reductoisomerase, (IlvD) dihydroxy-acid 
dehydratase, (LysC) aspartokinase, (mRNA) messenger ribonucleic acid, (NdhA) NAD(P)
H-quinone oxidoreductase subunit 1, (NdhH/I/J/M) NAD(P)H-quinone oxidoreductase subunit 
H/I/J/M, (OCP) orange carotenoid protein, (PetA) cytochrome f, (PetB) cytochrome b6, (PetC) 
cytochrome b6f complex iron-sulfur subunit, (PgK) phosphoglycerate kinase, (PleD) two compo-
nent response regulator PleD, (PPIase) peptidyl-prolyl cis-trans isomerase, (PsaC) photosystem I 
iron-sulfur centre, (PsbO) photosystem II manganese-stabilizing polypeptide, (PsbW) photosys-
tem II reaction centre Psb28 protein, (RbcL) ribulose-1,5-diphosphate carboxylase/oxygenase 
large subunit, (RbcS) ribulose-1,5-diphosphate carboxylase/oxygenase small subunit, (Rnb) ribo-
nuclease II, (Rre) heat stress-responsive two component signal transduction system response regu-
lator, (Rre26) response regulator for energy transfer from PBS to photosystems, (RuBisCO) 
ribulose-1,5-diphosphate carboxylase/oxygenase, (SqdX) sulfolipid sulfoquinovosyldiacylglyc-
erol biosynthesis protein, (TCA) tricarboxylic acid, (YcF30) transcriptional regulator
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tosynthetic cells, a high level of synthesis of this protein might result in a critical 
decrease in the intracellular N pool. Ultimately, this N pool may be required for 
other cellular purposes, such as synthesis of key proteins, including chaperones (see 
below). In this context, cells may try to conserve N (Rowland et al. 2010). In con-
trast, heat treatment induced a decrease in the abundance of the RbcL, whereas 
RbcS showed an increased expression in thermo-acclimated Synechocystis sp. PCC 
6803; the authors therefore suggested a preferential breakdown of RbcL that may be 
not compensated by de novo synthesis of the protein (Slabas et al. 2006).

Proteins involved in the Calvin-cycle increased during the heat treatment, includ-
ing the NAD(P)-dependent glyceraldehyde-3-phosphate dehydrogenase Gap2, the 
fructose-bisphosphate aldolase FbaA, the fructose-1,6−/sedoheptulose-1,7-
bisphosphatase GlpX, the phosphoglycerate kinase Pgk and the transketolase were 
up-regulated in Synechocystis sp. PCC 6803 (Slabas et al. 2006).

�Stress Related Proteins

Chaperone proteins are induced by several stresses, including the heat shock (com-
ing references). Heat treatment was demonstrated to induce numerous chaperones 
(e.g., GroES, GroEL1, GroEL2, HspA, HtpG, Dnak2, ClpB, ClpC and HhoA) in 
Synechocystis sp. PCC 6803 by 2-DE-MALDI-TOF-MS (Slabas et al. 2006; Suzuki 
et al. 2006), and in Spirulina platensis by 2D–DIGE-MALDI-TOF-MS (Hongsthong 
et al. 2009) and iTRAQ LC-MS/MS (Kurdrid et al. 2011), respectively. Chaperones 
are known to be involved in the folding of newly synthesized proteins as well as 
solubilizing aggregated proteins under high temperature stress conditions (Rajaram 
et al. 2014). As previously described (see section “Optimization of Intracellular N 
Content”), the ATP-dependent Clp proteases are critical for cell homeostasis (Clarke 
1999). For example, the HtpG chaperone has been demonstrated to be essential for 
thermoresistance by playing a role in the PBP synthesis and/or degradation (Tanaka 
and Nakamoto 1999).

ClpB and DnaK are suggested to be associated in vivo, and this complex targets 
the un(folding)/disaggregation of protein aggregates. The ATP-dependent Clp pro-
teases (e.g., ClpB, ClpC and HhoA) play a role in the degradation or disaggregation 
of aggregated proteins and potentially in transport of protein (Doyle et al. 2015; Lee 
et al. 2004).

The peptidyl-prolyl cis-trans isomerase PPIase similarly showed higher levels in 
heat-shocked Synechocystis sp. PCC 6803 (Slabas et al. 2006). PPIase proteins are 
chaperones that modify peptide linking between a given amino acid and a prolyl 
residue, thereby altering the cis to trans or trans to cis conformation. Consequently, 
PPIases may modify the folding of proteins and have also been proposed to be 
involved in different cellular process (e.g., gene expression and signal transduction) 
(Ünal and Steinert 2014).
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�Transcription and Translation

Whereas the chaperones may counteract the loss of proteins through unfolding/
aggregation, the modification of the de novo synthesis of proteins may balance this 
protein loss. Indeed, an increase in the relative abundance of proteins involved in 
transcription (e.g., the putative transcriptional activator Baf, ribonuclease II Rnb 
and YcF30 (Kurdrid et al. 2011; Slabas et al. 2006)) and translation (e.g., the 
elongation factors EF-Ts, EF-G1, EF-G2, EF-Tu; the ribosomal subunits 30S S1 
and S2, 50S L4 and L6, glycyl-tRNA synthase β chain and aspartyl-tRNA synthase 
(Slabas et al. 2006; Suzuki et al. 2006)) could be evidence that cells try to balance 
the potential loss of proteins by aggregation and/or degradation associated with the 
increase in heat-induced chaperone proteins.

In addition, enzymes involved in amino acid biosynthesis increase in heat-
shocked Synechocystis sp. PCC 6803, including d-3-phosphoglycerate dehydroge-
nase (i.e., glycine, serine and threonine metabolism), the argininosuccinate synthase 
ArgG (i.e., alanine, aspartate, arginine and proline metabolism), the aspartate kinase 
Lysc (i.e., glycine, serine, threonine and lysine), the keto-acid-reductoisomerase 
IlvC and the dihydroxyacid dehydratase IlvD (i.e., both involved in valine, leucine 
and isoleucine metabolism) (Slabas et al. 2006).

�Signal Transduction

Several proteins involved in signal transduction were observed to increase (e.g., 
two-component hybrid sensor histidine kinase, sensory box/GGDEF family protein, 
multi-sensor signal transduction histidine kinase, the putative two-component sen-
sor histidine kinase Hik26, two component hybrid sensor and regulator Hik15 two-
component sensor histidine kinase) in thermally shocked S. platensis (Hongsthong 
et al. 2009; Kurdrid et al. 2011). In contrast, a decrease in the relative abundance in 
component of signal transduction pathways has been reported, including the two-
component hybrid sensor and regulator Hik3, and the two component response 
regulator PleD in S. platensis (Kurdrid et  al. 2011). Histidine kinases (Hik) are 
known to perceive environmental changes (e.g., osmotic stress and low tempera-
ture) and transduce them to Rre protein, which affect the transcription of genes, 
such as hliA, hliB, sigD in salt-stressed Synechocystis sp. (Novikova et al. 2007).

The LexA protein (which may regulate the expression of the nif cluster (Mueller 
et al. 2016)) was elevated by heat treatment in Synechocystis sp. PCC 6803 (Slabas 
et al. 2006).

�DNA Damage and Repair

The protein DEAD/DEAH box helicase was observed to be up-regulated in 
heat-shocked S. platensis (Hongsthong et al. 2009); this protein is involved in RNA 
maturation and proof-reading as well as the enhancement of DNA-unwinding 
(Linder and Jankowsky 2011). Several proteins involved in DNA damage, repair 
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and modification (e.g., ribonuclease II, type II site-specific deoxyribonuclease, 
RNA-directed DNA polymerase and DNA gyrase subunit A) were strongly up-reg-
ulated in S. platensis. The fact that heat shock induces DNA gyrase proteins could 
indicate an increase in DNA repair activity during thermal shock via a repair system 
other than the ROS system (Hongsthong et al. 2009). This is in agreement with the 
previously described enhanced mechanism of energy transfer across the PETC, 
which equally avoids ROS generation (see above).

�Sugar Metabolism

Several enzymes of the glycolytic/pentose phosphate pathway (e.g., enolase, pyru-
vate kinase 2,6-phosphogluconate dehydrogenase-decarboxylating) were shown to 
be increased in Synechocystis sp. PCC 6803. In addition, dihydrolipoamide acetyl 
transferase component E2 (i.e., component of pyruvate transferase) was up-regulated 
in heat-shocked Synechocystis sp. PCC 6803 (Slabas et al. 2006).

Enzymes involved in energy metabolism (the fructose bisphosphate aldolase 
Fda, the glycerol-3-phosphate dehydrogenase GlpD, the 1-deoxyxylulose-5-
phosphate synthase Dxs and glyceraldehyde-3-phosphate dehydrogenase) were less 
abundant, which may indicate a mitigated flux of secondary metabolites in 
Synechocystis sp. PCC 6803 (Rowland et al. 2010).

Energy metabolism is also affected in Spirulina platensis, which up-regulated 
proteins such as Fe-S oxidoreductase and putative aldehyde dehydrogenase (Kurdrid 
et al. 2011).

�Lipid Metabolism and Membrane Modifications

Enzymes involved in lipid metabolism (e.g., long-chain-fatty-acid CoA and sulpho-
quinovosyldiacylglycerol SqdX in Synechocystis sp. PCC 6803 (Rowland et  al. 
2010) and the delta-9-desaturase DesC in S. platensis (Kurdrid et al. 2011)) were 
less abundant, which also highlighted a mitigated flux of secondary metabolites in 
lipid biosynthesis. Additionally, membrane modifications could occur because gly-
cosyl transferases were up-regulated as were outer membrane efflux protein, puta-
tive glycosyl transferase and putative membrane carboxylase in S. platensis 
(Hongsthong et al. 2009; Kurdrid et al. 2011). The latter protein has been reported 
to play a role in thermal acclimation (Borges et al. 2004; Hongsthong et al. 2009).

�Proteins of Unknown Function

Hypothetical and unknown proteins are a part of the heat shock response in 
Synechocystis sp. PCC 6803 (Rowland et al. 2010; Slabas et al. 2006; Suzuki et al. 
2006) and S. platensis (Hongsthong et al. 2009). Sequence analysis of the hypo-
thetical protein Slr0244 revealed that this protein could be a member of the univer-
sal stress protein family (Rowland et al. 2010).
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�Light Stress

�Alterations in Photosynthesis

As photosynthesis implies the ability to harvest light energy, changes in illumi-
nation irrevocably induce alterations in the photosynthetic apparatus. By ESI 
qQ-TOF-MS/MS analysis of iTRAQ labeled peptides, a decrease has been 
reported in protein abundance of photosystems I (e.g., PsaA, PsaE and PsaB) 
and II (e.g., PsbO, PsbB, PsbD, PsbD and Pcb) in Prochlorococcus marinus 
MED4 following the high light exposure. The authors concluded that the down-
regulation of PSI and PSII proteins reduces the cell’s sensitivity to photo-dam-
age. However, an increase in the abundance of the PSII reaction core protein D1 
was reported in P. marinus MED4 in the short term, whereas this protein returned 
to initial levels after acclimation (Pandhal et al. 2007). The protein D1 plays a 
critical role in the degradation of PBSs via the NblA mechanism (Baier et al. 
2004; Sendersky et al. 2015).

A modification in carotenoids is also involved in the acclimation process, since 
phytoene desaturase (i.e., conversion of phytoene into ζ-carotene) was observed to 
increase slightly in P. marinus MED4 (Pandhal et al. 2007). As previously described, 
carotenoids scavenge free radicals as well as channel and dissipate excess of light, 
thereby protecting the cell from radiation damages (Harris et al. 2016; Kirilovsky 
and Kerfeld 2012; Wilson et al. 2006).

No significant changes occurred for the RuBisCO enzymes in P. marinus MED4 
under the differential light irradiation (Pandhal et al. 2007).

�Stress Related Proteins

Several stress-related proteins were shown to be significantly up-regulated in P. 
marinus MED4, including GroEL, HtpG and GroES (Pandhal et al. 2007). HtpG 
plays a crucial role in thermal survival by participating in PBP synthesis and/or 
degradation (Tanaka and Nakamoto 1999).

�Impact on Growth Yield

An increase in the relative abundance of both FtsZ (which initiates cell division) and 
the putative septum site-determining protein MinD has been reported and correlates 
with the increase in the growth rate of high-light-exposed P. marinus MED4 
(Pandhal et al. 2007).
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�Diurnal Rhythm

The diurnal cycle (commonly implemented as 12 h light to 12 h dark phase) induces 
intricate cyclic physiological activities (Fig. 6) with a high rate of light harvesting 
during the light phase, and a high rate of N2 fixation during the dark phase. The 
circadian clock (i.e., intrinsic mechanisms of physiological regulations) coordinates 
the appropriated physiological activities between gene expression and protein syn-
thesis by anticipating the cyclic external changes (Cohen and Golden 2015).

The diurnal rhythm (or circadian cycle) represents changes in two critical param-
eters in the environment with an increase in (i) light irradiances (see light stress), 
and (ii) temperature (see heat shock stress).

�Circadian Clock

The key drivers in the circadian clock are Kai-A, Kai-B and Kai–C (Cohen and 
Golden 2015). None of these three actors showed any changes in their abundance 
during cyclic light irradiation of Synechococcus elongatus PCC 7942. Similarly, 
circadian input kinase and adaptive sensor A did not exhibit a cyclic abundance 
(Guerreiro et al. 2014).

Exhibiting the highest abundance during the light phase in Synechococcus elon-
gatus PCC 7942, LabA (i.e., low-amplitude and bright protein A) is known to nega-
tively regulate the key circadian regulator KaiC (Taniguchi et al. 2007, 2012).

Because the circadian clock anticipates diurnal changes, several proteins with a 
crucial role in the dark phase are induced at the end of the light phase. For example, 
a label-free approach relying on LC-MS/MS investigation of the proteome and 
spectral count quantification highlighted that the transcription factor RpaA (i.e., 
regulator of PBS association A) was strongly induced at the end of the light period 
and beginning of the dark phase, whereas RpaB (i.e., regulator of PBS association 
B) was more abundant during the light phase in Cyanothece sp. PCC 51142 (Stöckel 
et al. 2011). It has been reported that RpaA is a part of a two-component system 
interacting with the histidine kinase SasA, which coordinates the expression of 
genome-wide circadian genes as well as cell division. RpaB is reportedly crucial for 
acclimation to stresses, such as oxidative stress (Cohen and Golden 2015; Takai 
et al. 2006).

�Alterations in Photosynthesis

Because light constitutes the primary entry of energy, photosynthesis components 
are actively regulated throughout light/dark cycle. For example, HliB was reported 
to increase at the beginning of the light phase in Cyanothece sp. ATCC 51142 
(Stöckel et al. 2011). The high-light-inducible proteins (i.e., HLIPs including HliB) 
accumulate in excess of light and further dissipate the excess light energy (Havaux 
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Fig. 6  Schematic diagram sketch depicting the proteome modification induced by a diurnal cycle 
drawn from experimental data of several studies carried out onto Arthrospira platensis PCC 8005, 
Cyanothece sp. (PCC 51142 and PCC 7822), Nostoc flagelliforme, Synechococcus elongatus PCC 
7942. ((☼)) light-phase: (CcmM/A) carbon dioxide concentrating mechanism protein M/A, (cyto. 
c-550) cytochrome c-550, (EF-Tu/P) elongation factor Tu/P, ([ferritin-]SOD) [ferritin-]dismutase, 
(FNR) ferredoxin-NADP+ reductase, (FtsZ) cell division protein FtsZ, (Glg synthase) glycogen 
synthase, (GlgB2) 1,4-alpha-glucan branching enzyme GlgB2, (GlgC1/2) Glucose-1-phosphate 
adenylyltransferase GlgC1/2, (HisH) Imidazole glycerol phosphate synthase subunit HisH, 
(HliB/C) high light-inducible protein B/C, (Mn-CAT) manganese catalase, (PBS) phycobilisome, 
(PetH) Ferredoxin-NADP reductase, (PgK) phosphoglycerate kinase, (PsbV) Cytochrome c-550, 
(PSI) photosystem I, (PSII) photosystem II, (putative Ycf29) putative two-component response 
regulator Ycf29, (RNA pol. β′) DNA-directed RNA polymerase subunit β′, (RpaA/B) two-
component response regulator RpaA/B, (Rpe) pentose-5-phosphate-3-epimerase, (Rpi) ribose-5-
phosphate isomerase, (RuBisCO) ribulose-1,5-diphosphate carboxylase/oxygenase, (SigB/D) 
RNA polymerase sigma-B/D factor, (σ-factor) RNA polymerase sigma factor, (( )) dark phase: 
(ChlP) geranylgeranyl diphosphate reductase, (CO2) carbon dioxide, (CP-12) regulator of Calvin-
cycle CP-12, (CphA) cyanophycin synthase, (Cyto. Oxidase operon) cytochrome oxidase operon, 
(DNA) deoxyribonucleic acid, (EF-G) elongation factor G, (eno1) enolase 1, (Fba1) Class II 
fructose-1,6-bisphosphate aldolase FbaA, (GlgA1) glycogen synthase, (GlgB2) 1,4-alpha-glucan 
branching enzyme, (GlgC2) glucose-1-phosphate adenylyltransferase, (GlgP1/2) glycogen phos-
phorylase, (Glk) glucokinase, (GpmI) 2,3-bisphosphoglycerate-independent phosphoglycerate 
mutase I, (HemE) uroporphyrinogen decarboxylase, (Hsp20) heat shock protein 20, (LI PRB) 
light-independent protochlorophyllide reductase subunit B, (Mg-proto. IX MEC) magnesium-
protoporphyrinogen IX monomethyl ester oxidative cyclase, (mRNA) messenger ribonucleic acid, 
(N2) dinitrogen, (NDHI) NAD(P)H-quinone oxidoreductase subunit I, (NifB) FeMo cofactor bio-
synthesis protein, (NifD) nitrogenase molybdenum-iron protein alpha chain, (NifH) Nitrogenase 
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et al. 2003). These proteins are also suggested to protect and ensure the stability of 
the PSII (He et al. 2001). In addition, a higher amount in flavoproteins have been 
observed and are suggested to participate in the photoprotection of PSII (Zhang 
et al. 2009). The cells encountered the dark condition (i.e., low limited harvesting of 
light), and underwent a progressive increase in light irradiance, ultimately needing 
to channel more energy across the photosynthetic apparatus.

After a rise in light, proteins from PBS, PSI and PSII were at their highest level 
during light phase in several cyanobacteria, such as S. elongatus PCC 7942 
(Guerreiro et  al. 2014), Cyanothece sp. PCC 7822 (Welkie et  al. 2014) and 
Arthrospira platensis PCC 8005 (Matallana-Surget et  al. 2014). This global up-
regulation indicates an acclimation of photosynthetic cells to higher light radiation, 
thereby optimizing the efficiency of light harvesting for the photosynthetic electron 
transfer chain.

Downstream of the light harvesting, the PETC also showed differentially 
expressed proteins, increasing during the light phase (e.g., plastocyanin, ferredoxin-
NADPH oxidoreductase PetH, extrinsic cytochrome c-550 and PsbV). For example, 
PsbV is also known to participate in the stability of the manganese cluster of the 
OEC in Cyanothece sp. PCC 51142. The electron carrier proteins from the donor as 
well as the acceptor side of PSI were found to be simultaneously up-regulated, 
whereas PsaB, PsaJ, PsaM, PsbH and Psb28 increased during the dark phase in 
Cyanothece sp. PCC 51142. The authors hypothesized that light triggers faster deg-
radation of some subunits during the day (Stöckel et  al. 2011). This observation 
contrasts with the up-regulation of the PBS linker proteins PsbA (D1), PsaA and 
PsaB proteins during the dark phase in another strain, Cyanothece sp. PCC 7822. 
Then, the authors postulated that the expression of D1 protein could balance the 
disorganization of the PSII that cannot evolve O2 under N2-fixing conditions within 
Cyanothece sp. PCC 7822 incubated in the dark (see below) (Welkie et al. 2014). 
Elevated PsaB content during the dark phase may coincide with the simultaneous 
increase in enzymes involved in chlorophyll synthesis (e.g., uroporphyrinogen 
decarboxylase HemE, Mg-protoporphyrinogen IX monomethyl ester oxidative 
cyclase, protochlorophyllide reductase POR and geranylgeranyl hydrogenase ChlP 
in Cyanothece sp. PCC 51142 (Stöckel et al. 2011), light-independent protochloro-
phyllide reductase subunit B in S. elongatus PCC 7942 (Guerreiro et al. 2014)).

Fig 6  (continued) iron protein, (NifK) nitrogenase molybdenum-iron protein beta chain, (NifN) 
nitrogenase molybdenum-iron cofactor biosynthesis protein, (NifS) cysteine desulfurase, (NifU) 
scaffold activity protein NifU, (NifW) nitrogenase-stabilizing/protective protein, (PETC) photo-
synthetic electron transfer chain, (POR) light-dependent protochlorophyllide reductase, (PsaA/B) 
photosystem I P700 chlorophyll a apoprotein A1/A2, (PsaJ) photosystem I reaction centre subunit 
IX, (PsaM) photosystem I reaction centre subunit XII, (PsbH) photosystem II reaction centre pro-
tein H, Psb28, (RadC) DNA repair protein RadC, (Rbp-like), (RNA σ-factor) RNA polymerase 
sigma factor, (ROS) reactive oxygen species, (Rpe) pentose-5-phosphate-3-epimerase, (Rpi) 
ribose-5-phosphate isomerase, (RpoD2) Group2 RNA polymerase sigma factor, (TalA) transaldol-
ase, (Trx) thioredoxin, (ZWF) glucose-6-phosphate 1-dehydrogenase
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In contrast, an ICPL labeling strategy coupled with an LC-MS/MS approach 
revealed that the D1 protein from PSII was down-regulated during the dark/light 
cycle in Arthrospira platensis sp. PCC 8005 in addition to nearly all identified pro-
teins associated with PSII and PSI (e.g., CP47, D1, D2, CP43, PsaB, PsaA, PsaF 
and ATP synthase). The down-regulation of PSII was proposed to result from excess 
protein turnover occurring at the end of the day. It has been argued that Arthrospira 
sp. PCC 8005 may anticipate the coming light transition by synthesizing 
photosynthesis-related proteins at the switch of the light/dark phase (Matallana-
Surget et al. 2014).

The regulator of phycobilisome-associated A and B did not display a cyclic 
abundance in S. elongatus PCC 7942 (Guerreiro et al. 2014), nor did the cytochrome 
b6f complex and the ATPase synthase in Cyanothece sp. PCC 7822 (Welkie et al. 
2014). Furthermore, the highest levels of the cytochrome oxidase operon proteins 
were observed during the dark phase, which suggests a respiration activity that may 
be related to N2 fixation. NADH dehydrogenase subunit I was also proposed to be 
dark inducible in Cyanothece sp. PCC 7822 (Welkie et al. 2014).

Several light-sensing proteins exhibit differential changes in their abundance 
over the diurnal cycle (e.g., the phytochrome A protein AphA) in Cyanothece sp. 
PCC 51142 (Stöckel et  al. 2011) as well as the high-light inducible polypeptide 
HliC in S. elongatus PCC 7942 (Guerreiro et al. 2014).

�Stress Related Proteins

One group of stress-related proteins was shown to be most abundant during the light 
phase, including proteins involved in protein turn-over and folding (e.g., 60 kDa 
chaperone) in S. elongatus PCC 7942. Another group of proteins preferentially 
showed the highest abundance during the dark phase, including proteins involved in 
chaperoning (e.g., heat shock protein Hsp20), defence mechanisms (e.g., ATPase), 
and DNA repair (e.g., DNA repair protein RadC) in the same cyanobacterium 
(Guerreiro et al. 2014).

The abundances of Mn-CAT, ferritin, Fe-SOD, SOD were down-regulated in 
Nostoc flagelliforme during a modification in light irradiation and temperature that 
mimicked a full day (i.e., low to high light/temperature and back to low) (Liang 
et al. 2013). In contrast, perroxiredoxin was up-regulated; this protein constitutes an 
antioxidant among the antioxidation protein superfamily and plays a role in ROS 
scavenging (Rhee 2016). Ferritin showed the highest level at the beginning of light 
phase (i.e., morning) and was lowest at “midday” (i.e., peak in light intensity), indi-
cating that it may act as an antioxidant to remove excess of H2O2 generated through-
out the diurnal cycle (naturally observed with the intrinsic activity of the PSII) 
(Liang et al. 2013). Similarly, label-free analysis (LC-MS/MS, spectral count) of 
Cyanothece sp. ATCC51142 showed that peroxiredoxin peaked at night, probably 
to degrade the ROS, when the nitrogenase exhibits the highest activity (Aryal et al. 
2013). In contrast, the closest relative strain, Cyanothece sp. ATCC 7822, showed a 
minimal level of periredoxin, whereas thioredoxin was at its highest level during the 
dark phase, which may compensate for the lower level of peroxiredoxin (Aryal et al. 
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2013). These observations imply that antioxidation (via ferritin, peroxiredoxin and 
thioredoxin) contributes to cell acclimation to changes in light exposure, and in 
energy transfer across the PETC.

�Transcription and Translation

De novo synthesis of proteins has been shown to be affected during both light and 
dark phases. One group of proteins showed the highest abundance during the light 
phase in transcription, translation (e.g., methionine aminopeptidase in S. elongatus 
sp. PCC 7942 (Guerreiro et al. 2014) and the protein chain elongation factor EF-G 
in A. platensis sp. PCC 8005 (Matallana-Surget et al. 2014)), and amino acid metab-
olism (e.g., imidazole glycerol phosphate synthase subunit HisH in S. elongatus sp.  
PCC 7942 (Guerreiro et al. 2014)).

However, other proteins involved in the same physiological event peak during 
the dark phase: transcription and translation (e.g., RNA polymerase sigma factor, 
RNA polymerase sigma factor RpoD2 and the elongation factor EF-G in S. elonga-
tus sp. PCC 7942 (Guerreiro et al. 2014)), and amino acid metabolism (e.g., imid-
azole glycerol phosphate synthase subunit HisH and the anthranilate 
phosphoribosyltransferase in S. elongatus sp. PCC 7942 (Guerreiro et al. 2014)).

Additionally, glycine-rich RNA-binding protein Rbp-like was reported to 
increase throughout the circadian cycle in A. platensis sp. PCC 8005 (Matallana-
Surget et al. 2014), and it was previously reported that this kind of protein plays a 
regulator role in post-transcriptional regulation of circadian clock (Wang et  al. 
2013).

�Growth and Cell Wall/Membrane Biogenesis

One group of proteins involved in cell wall/membrane biogenesis was shown to be 
most abundant during the light phase (e.g., serine peptidase MEROPS family S41A 
in S. elongatus sp. PCC 7942 (Guerreiro et al. 2014)). Furthermore, the identifica-
tion of the protein FtsZ during the light phase (and not during the dark phase) indi-
cated that cell division occurs during the light phase in A. platensis sp. PCC 8005, 
and cell division implies de novo synthesis of lipids during the light phase. The 
abundance of d-Ala-d-Ala ligase oscillates diurnally, peaking at highest light levels; 
this enzyme is an ATP-grasp enzyme superfamily member involved in bacterial cell 
wall (peptidoglycans and fatty acids) and glutathione synthesis (Matallana-Surget 
et al. 2014). Taken together, these observations suggested that cell wall biogenesis 
is diurnally coordinated.

In contrast, proteins involved in both cell wall/membrane biogenesis (e.g., UDP-
N-acetylglucosamine--N-acetylmuramyl-(pentapeptide) pyrophosphoryl-
undecaprenol N-acetylglucosamine transferase) and lipid metabolism (e.g., 
phospholipase D/transphosphatidylase) showed the highest abundance during the 
dark phase in S. elongatus sp. PCC 7942 (Guerreiro et al. 2014).
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�Signal Transduction

Several proteins involved in signal transduction showed the highest levels during 
the light phase, whereas other proteins related to this function were higher abundant 
during the dark phase in S. elongatus sp. PCC 7942 (Guerreiro et al. 2014).

�N Metabolism

Nitrogen fixation preferentially occurs during the dark phase of the diurnal cycle as 
demonstrated by the differential expression of Nif-related proteins throughout the 
diurnal cycle (Liang et  al. 2013; Stöckel et  al. 2011). In the Cyanothece strains 
ATCC 51142 and PCC 7822, the nitrogenase operon (i.e., NifS, NifU, NifH, NifD, 
NifK, NifX, NifW, NifN and NifB) was shown to be up-regulated during the dark 
phase, consistent with nitrogen fixation (Aryal et  al. 2013; Stöckel et  al. 2011; 
Welkie et al. 2014).

Cyanophycin synthase CphA was shown to increase during the late light and 
decrease during the dark phase until early light in Cyanothece sp. PCC 7822. The 
authors suggested that CphA is required during and after N2 fixation, which explains 
the abundance profile in Cyanothece sp. PCC 7822 (Welkie et al. 2014).

�C Metabolism

Differences in the expression pattern of central metabolism proteins, including 
those involved in the TCA cycle, glycolysis and pentose phosphate pathway (here-
after PPP), are also revealed, when cyanobacteria were subjected to diurnal changes.

Proteins involved in the PPP (e.g., Rpi and Rpe) were shown to be up-regulated 
during the light in parallel with the induction of RuBisCO (both subunits) during the 
late-dark and early-light periods in Cyanothece sp. PCC 7822 (Welkie et al. 2014). 
Several enzymes involved in the Calvin-Benson-Bassham cycle (e.g., Prk, Rpe and 
GlpX) also showed greater abundance during the light phase in Cyanothece PCC 
51142 (Stöckel et  al. 2011). The PPP-related proteins (e.g., Zwf and Rpe) were 
slightly up-regulated during the early dark period and down-regulated during the 
late dark period, suggesting a primary function in providing reducing equivalents 
for N2 fixation in the early dark stage in Cyanothece sp. PCC 7822 (Welkie et al. 
2014). A higher amount of the carbon dioxide concentration mechanism/carboxy-
some shell protein has been reported at the early stage of light phase in Nostoc fla-
gelliforme investigated using a 2D–MALDI-TOF-MS/MS approach (Liang et  al. 
2013). Moreover, glycogen synthase was shown to be light inducible, coupling the 
CO2 fixation and glycogen production (i.e., storage of fixed C) in Cyanothece sp. 
PCC 7822 (Welkie et al. 2014) as were the 1,4-α-glucan branching enzyme GlgB2, 
glucose-1-phosphate adenyltransferases GlgC1 and GlgC2 in Cyanothece sp. PCC 
51142 (Stöckel et al. 2011).
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It has been reported that glycogen phosphorylases GlgP1 and GlgP2 were 
differentially expressed, with the highest abundance during the early light phase 
and the late dark phase in Cyanothece sp. PCC 7822, respectively. GlgA1 was 
higher during the late-dark/early light, whereas GlgA2 level seemed to be constant 
throughout the diurnal cycle (Welkie et al. 2014).

Whereas glycogen is synthesized when cells are exposed to light, the rate-
limiting enzymes involved in glycogen degradation (e.g., GlgP1, GlgC2, GlgA1, 
GlgB2 and GlgP2), oxidative pentose phosphate (e.g., glucose-6-phosphate 
dehydrogenase Zwf and the transaldolase AB family TalA) and glycolysis (e.g., 
glucokinase Glk, 2,3-bisphosphoglycerate-independent phosphoglycerate mutase 
GpmI, enolase eno1 and fructose-1,6-bisphosphatase I) were highly up-regulated 
during the dark phase in Cyanothece sp. ATCC 51142. The authors emphasized that 
Zwf plays a critical role in carbon metabolism by redirecting C into the OPP and 
initiating the oxidation of glucose in parallel with the production of NADPH (i.e., 
reductants for both nitrogen fixation and respiratory processes). It was suggested 
that the cellular energy requirements during the dark are overwhelmingly supplied 
by the oxidative phosphorylation, and the metabolic reactions leading to malate and 
oxaloacetate are both favoured over glycolytic reactions in concert with substrate-
level phosphorylation. Moreover, fructose-1,6-bisphosphate I (i.e., gluconeogene-
sis) showed a greater abundance, implying that the cellular dark metabolism is not 
limited by ATP supply in Cyanothece sp. PCC 51142 (Stöckel et al. 2011).

Despite these differences in their expression pattern in central metabolism in 
Cyanothece sp. PCC 7822, it was emphasized that the proteins did not vary drasti-
cally throughout the dark/light cycle (Welkie et al. 2014). For example, most abun-
dances of proteins involved in the glycolysis proteins were similar during both the 
light and dark phases in Cyanothece sp. PCC 7822. Intriguingly, the two gene cop-
ies of phosphofructokinase were differentially regulated, one peaking during the 
light phase and the other during the dark phase. Similarly, Fba1 peaked during the 
late dark/early light period, whereas Fba2 was strongly induced during the late 
light/early dark period (Welkie et al. 2014).

In contrast, A. platensis sp. PCC 8005 could preferentially fix CO2 during the 
dark phase as the authors suggested because proteins, such as the putative Calvin-
cycle regulator CP12-like protein and phosphoenol pyruvate synthase, were shown 
to be more abundant during the dark phase (Matallana-Surget et al. 2014). In addi-
tion, glycolysis activity may be decreased during the day, since the abundance of the 
enzyme fructose/tagatose bisphosphate (i.e., fructose-1,6-bisphosphate cleavage 
into P-glyceraldehyde and dihydroxyacetone-P) displayed a decreased value in 
N. flagelliforme (Liang et al. 2013).

The TCA cycle proteins identified were slightly induced during the light cycle, 
and the authors suggested that the TCA cycle is mostly used for the generation of 
metabolites in Cyanothece sp. PCC 7822 (Welkie et al. 2014).

During the dark phase, a group of proteins involved in different metabolic activi-
ties such as co-enzymes (e.g., aminotransferase), vitamin synthesis (e.g., NAD(P) 
transhydrogenase subunit β) and carbohydrate synthesis (e.g., phosphoenol pyru-
vate synthase) showed the highest abundance in S. elongatus sp. PCC 7942 
(Guerreiro et al. 2014).
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�Unknown Function Proteins

As described for other acclimation responses, numerous hypothetical proteins have 
been reported to be differentially expressed (e.g., A. platensis sp. PCC 8005 
(Matallana-Surget et al. 2014) and N. flagelliforme (Liang et al. 2013)). In this con-
text, further studies and characterization of these proteins are required to achieve 
a more complete understanding of the regulatory networks in cyanobacteria.
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Abstract  Photosynthetic fixation of CO2 by cyanobacteria proceeds via the Calvin–
Benson cycle. Its high efficiency is supported by the operation of the CO2-
concentrating mechanism (CCM). The main constituents of CCM are the active 
transport and accumulation of the inorganic carbon (Сi) in the cytosol mainly in the 
form of HCO3

–, with its following transformation to CO2 in high concentration in a 
special microcompartment (carboxysome), containing ribulose-1,5-bisphosphate 
carboxylase/oxygenase (Rubisco). The presence of the CCM that functions before 
the Calvin–Benson cycle provides high CO2/O2 ratio in the vicinity of the primary 
CO2-fixing enzyme, Rubisco, to promote the carboxylation reaction and suppress 
the oxygenase reaction. To date, CCM is found in the cyanobacteria inhabiting 
different ecological niches. The structural composition of the CCM is different in 
α- and β-cyanobacteria, which main representatives belong correspondingly to sea-
water and freshwater habitats. Recently, the modulating CCM components have 
been detected in relict cyanobacteria, including that inhabiting saturated carbonate 
brine of soda lakes. This review focuses on various aspects of the carbon metabo-
lism in cyanobacteria and interconversion of its organic and inorganic forms in the 
photosynthetic reactions of living cells. The comparison of ССМ physiology and 
biochemistry in the model and relict species of cyanobacteria is also highlighted. 
The evolutionary origin of CCM and the roles of CCM in the atmosphere formation 
and preservation of the ecology of Earth’s biosphere via the establishment of effi-
cient mechanisms of CO2 acquisition are discussed.
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Abbreviations

CA	 Carbonic anhydrase
CCM	 CO2-concentrating mechanism (carbon-concentrating mechanism)
Ci	 Inorganic carbon compounds (CO2 + HCO3

−)
GAP	 Glyceraldehyde 3-phosphate
High-CO2 cells	 Cells grown at 2–5% СО2

Low-CO2 cells	 Cells grown under ambient atmospheric CO2 concentration 
(0.03–0.04%)

PG	 2-Phosphoglycolate
PGA	 3-Phosphoglyceric acid
PSI	 Photosystem I
PSII	 Photosystem II
RPP	 Reductive pentose phosphate (cycle/pathway)
Rubisco	 Ribulose-1,5-bisphosphate carboxylase/oxygenase
RuBP	 Ribulose-1,5-bisphosphate
αKG	 α-Ketoglutarate
Кm	 Michaelis constant
САМ	 Crassulacean acid metabolism

�Introduction

Photosynthetic carbon metabolism is the general biochemical process providing the 
fixation and reduction of the atmospheric carbon in the primary carbon-containing 
metabolites which further conversions build all variety of organic compounds. 
Carbon metabolism is represented by three types of photosynthetic metabolism, С3, 
С4, and САМ. In all three types of carbon fixation, the main and common (and the 
sole pathway in С3 plants) is the reductive pentose phosphate (RPP) pathway or 
Calvin–Benson cycle (Benson et  al. 1950), fixing CO2 via ribulose-1,5-bisphos-
phate carboxylase/oxygenase (Rubisco  – ЕС 4.1.1.39). Rubisco belongs to the 
ancient enzymes which could, at first glance, optimize their enzymatic characteris-
tics during the long period of CO2 decrease in the Earth’s atmosphere. However, 
recent investigations revealed low variability of this enzyme in the course of evolu-
tion. This especially refers to its low turnover number, low affinity to CO2, and the 
evolutionary preserved capacity of Rubisco to interact with O2 in the oxygenase 
reaction which results in the energy-consuming photorespiration process (Bell 
1985; Kroth 2015).

Higher plants developed C4 and CAM photosynthesis exploiting the addi-
tional reactions to make the process of CO2 fixation more efficient. In both cases 
CO2 is first prefixed resulting in the formation of four-carbon molecules, and 
then these molecules are decarboxylated in the proximity of Rubisco, thus acti-
vating and saturating the enzyme (Brautigam et al. 2014). The C4 plants exploit 
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the spatial separation of the reaction of the C4 and of the RPP cycles, which may 
involve (in most cases) the cooperation of different types of cells in different tis-
sues, but could also take place in a single cell in some higher plant species 
(Voznesenskaya et  al. 2001) or in unicellular diatomic algae (Reinfelder et  al. 
2000), although in some diatom species previously considered as having C4 pho-
tosynthesis, the efficiency of carbon fixation is explained by the special type of 
CCM (Clement et  al. 2016). The CAM plants exploit the temporal separation  
of the C4 and C3 pathways, when the C4 acids are formed during night and  
their decarboxylation with CO2 delivery to Rubisco takes place during the day 
(Osmond 1978; Fomina and Biel 2016).

Therefore, the RPP cycle plays a key role in photosynthetic carbon metabolism; 
it is only complemented by the additional steps of CO2 fixation in C4 and CAM 
plants. However, another complementing structure to the Calvin–Benson cycle was 
discovered in microalgae and cyanobacteria metabolizing carbon via the С3 path-
way that allows them to concentrate CO2 in the cell. This mechanism was defined as 
ССМ (carbon-concentrating mechanism or CO2-concentrating mechanism), whose 
abbreviation bears a dual meaning. First, this mechanism facilitates accumulation of 
the inorganic carbon (Ci) in a way that its concentration in the cells grown at the 
atmospheric CO2 can by 1000 times exceed its concentration in the extracellular 
environment (Kaplan et al. 1980; Badger et al. 1980; Aizawa and Miyachi 1986). 
Second, the buildup of the concentrated Ci pool provides so high CO2 concentration 
in the carboxylation compartment (carboxysomes) that the saturation of the carbox-
ylation reaction occurs even at a low external CO2 concentration (~10–12 μΜ) and 
low affinity of the cyanobacterial Rubisco to CO2 (Km ~ 300 μM).

This mechanism of CO2 concentration is realized in a single cell, it is inducible 
by low CO2 concentrations, and it is based on active uptake of Ci and the reversible 
transformation of the Ci species (CO2 and HCO3

−) before incorporation into organic 
products. Due to CCM, cyanobacteria and microalgae perform photosynthesis more 
efficiently than C3 and even C4 plants and essentially contribute to the formation of 
biomass and oxygen on the Earth. The contribution of C4 and CAM plants, which 
comprise only 3–4% of all plant species, in the total photosynthesis is relatively 
small (Raven 1997), while cyanobacteria and microalgae form at least a half of total 
primary biospheric production (Behrenfeld et al. 2001). Clearly, focusing research 
on the role of the cyanobacterial CCM contributing a significant portion of this 
productivity is of considerable importance.

All known CO2-concentrating mechanisms, the C4/CAM types of photosynthesis 
and the CCM, evolved as a result of adaptation to the decrease in CO2 and increase 
in O2 in the atmosphere caused by the spreading of the oxygenic photosynthesis. 
Cyanobacteria (initially defined as blue-green algae) are the most ancient organisms 
on the planet that contributed most significantly to the formation of modern atmo-
sphere and to its current preservation (Zavarzin 2008). Due to a very high plasticity 
of their metabolism, these photosynthetic organisms occupied very wide areas of 
habitat including freshwater and saltwater, alkaline and acidic, hot and polar, soil, 
and symbiotic conditions (Badger et al. 2006).
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However, the organization of CCM in cyanobacteria is studied mainly in model 
laboratory strains such as Synechocystis sp. PCC 6803, Synechococcus elongatus 
PCC 7942, Prochlorococcus marinus MIT 9313, and Synechococcus sp. PCC 7002 
(Price et al. 2008; Price 2011). These studies made possible to establish the differ-
ences in CCM organization in seawater and freshwater cyanobacteria. This refers 
mainly to the set of active transporters of Ci and carbonic anhydrases (CA), to the 
type of Rubisco, and to the protein content of the carboxysomes shells. The ques-
tions remain on the origin and evolution of CCM and carboxysomes. In this connec-
tion, the expansion of the range of the studied species, especially of the relict 
organisms, is important for clarification of these issues. Recently the aspects of 
organization of CCM in the relict cyanobacteria of soda lakes have been studied 
(Dudoladova et al. 2007; Mikhodyuk et al. 2008; Kupriyanova et al. 2013, 2016). It 
becomes evident that the expanding databases of whole-genome sequences number-
ing today more than 100 genomes of cyanobacteria (http://www.ncbi.nlm.nih.gov/
genome) make it possible to easily identify the potential CCM components and 
generate a new impetus in the research of the origin and evolution of this mecha-
nism. The purpose of the current review is to cover carbon pathways of the cyano-
bacterial photosynthesis including the Calvin–Benson cycle and photorespiration as 
well as a recent advancement in the understanding of the cyanobacterial CCM oper-
ation as a superstructure to the cycle.

�Photosynthetic Carbon Metabolism in Cyanobacterial Cells

�С3 or Calvin–Benson Cycle

From many studies on primary photosynthetic carbon metabolism, it is established 
that the operation of the Calvin–Benson cycle (C3 photosynthesis) is predominant in 
cyanobacteria although archaea and eubacteria developed a number of different 
ways to fix CO2 biochemically. The sequence of reactions in Calvin–Benson cycle 
was established first for the unicellular green algae and later for higher plants and 
several phototrophic and chemotropic bacteria. The first stable product of this cycle 
is 3-phosphoglyceric acid (PGA), two molecules of which are formed through car-
boxylation of ribulose-1,5-bisphosphate (RuBP) and then reduced to glyceralde-
hyde 3-phosphate (GAP) and its isomer dihydroxyacetone phosphate (DHAP). 
These triose phosphates are used for the synthesis of hexose phosphates and then of 
sucrose and starch. The different types of carbohydrates can be used for synthesis of 
other substances that are essential for the cell, like lipids or amino acids, compo-
nents of cell walls, and many other compounds (Badger and Spalding 2000). The 
closing of the cycle and regeneration of RuBP are achieved through transketolase 
and transaldolase reactions (Fig. 1).
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�Rubisco: Key Enzyme for CO2 Fixation

CO2 fixation in the Calvin–Benson cycle occurs via Rubisco. In the course of the 
strategy of adaptation to low atmospheric CO2, several types of Rubisco were 
formed. They are classified into four groups essentially differing by the structure 
and kinetic parameters despite of catalyzing the same reaction (except of Rubisco 
IV) (Tabita et  al. 2008). Cyanobacteria, similarly to eukaryotic algae and higher 
plants, have Rubisco of the type I which contains large (L) subunits (50–55 kDa) 
and small (S) subunits (12–18 kDa) forming the structure L8S8. In cyanobacteria 
Rubisco I is characterized by a high rate of carboxylation (kcat ~ 12–13 s−1), which 
is 3–5 times higher than in higher plants, low affinity to the substrate CO2 (Km(CO2) 
~250–340 μM), and low CO2/O2 specificity (Sc/o ~ 43–53), showing a low degree of 
preference of CO2 as a substrate for Rubisco over the alternative substrate—O2 
(Tcherkez et al. 2006; Scott et al. 2007; Rae et al. 2013). Only Rubisco I possesses 
small subunits. Rubisco II contains L dimers arranged in two to eight subunits in 
different organisms. Rubisco III is present only in some Archaea and contains 
dimers L2 and (L2)5. Rubisco IV (Rubisco-like proteins lacking carboxylation activ-
ity) has the structure L2.

Rubisco I is classified into four groups (1A–D). The two groups (1A and 1B), 
differing in subunit structure, are present in cyanobacteria (Tabita et  al. 2008). 
Carboxysomes containing 1A and 1B Rubisco proteins were called correspondingly 
α- and β-carboxysomes. Cyanobacteria with the α-type carboxysomes were  
called α-cyanobacteria, while cyanobacteria with the β-type carboxysomes—β--
cyanobacteria (Badger and Price 2003; Yeates et  al. 2008). α-Cyanobacteria are 
represented mainly by marine species, while most of β-cyanobacteria are freshwater 
organisms, and also those found in the cyanobacterial mats in alkaline lakes and 
other extreme environments (Tabita et al. 2008; Badger et al. 2006).

Fig. 1  Simplified scheme of the Calvin–Benson cycle. Abbreviations: RuBP ribulose-1,5-
bisphosphate, PGA 3-phosphoglyceric acid, P2GA 1,3-bisphosphoglyceric acid, GAP glyceralde-
hyde 3-phosphate, sugar-P2 and sugar-P bisphosphoric and monophosphoric ethers of sugars
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Induction of CCM under Ci limitation is accompanied by increase in Rubisco 
activity (Price et  al. 1992; Wang et  al. 2004). In the conditions of Ci stress, the 
increase in number of carboxysomes, in which Rubisco is localized, takes place 
(Badger and Spalding 2000).

The process of CO2 fixation in the Calvin–Benson cycle with the participation of 
Rubisco exerted the strongest influence on the development of life on this planet 
especially in conjunction with the oxygenic electron transport, as we observe in 
cyanobacteria as well as in plastids of eukaryotic algae and plants.

�Photorespiration

In cyanobacteria, besides the Calvin–Benson cycle, an important role in carbon 
metabolism belongs to photorespiration, which is closely connected to photosynthe-
sis. Its origin is connected with the oxygenase reaction of Rubisco when O2 com-
petes with CO2, and in the reaction of RuBP with oxygen, one molecule of PGA and 
one molecule of 2-phosphoglycolate (PG) are formed (Fig. 2). The existence of 
oxygen as a prevalent competitive substrate of CO2 can cause the loss of at least 
30% of carbon fixed by Rubisco (Raines 2011).

In addition to the loss of carbon, the product of the oxygenase reaction, PG, acts 
as an intracellular toxin inhibiting the enzymes of the Calvin–Benson cycle, phos-
phofructokinase, and triosephosphate isomerase (Husic et  al. 1987). During a 
prolonged time, researchers could not unambiguously prove the existence of photo-
respiration in microalgae and cyanobacteria (Bell 1985) until they realized that it is 
important to pay attention on how the cells were prepared prior the measurement.  
It is established that photorespiration in the cyanobacterial and microalgal cells 
reaches maximum values when the high-CO2-grown cells are transferred to low CO2 

Fig. 2  Simplified scheme of the photorespiratory pathway. Abbreviations: RuBP ribulose-1,5-
bisphosphate, P-glycolate 2-phosphoglycolate, PGA 3-phosphoglyceric acid, OH-pyruvate 
hydroxypyruvate. Glycolate can be either excreted from the cell or metabolized
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concentration (0.04%). Simultaneously photorespiration is absent or exhibits 
extremely low level in the low-CO2 cells if the fully functional CCM operates.

The origin of photorespiratory metabolism (C2 cycle) in cyanobacteria was stud-
ied in several works. Eisenhut et al. (2006) studied the genome of the cyanobacte-
rium Synechocystis sp. strain PCC 6803 and identified open reading frames encoding 
enzymes forming the C2 cycle. Synechocystis expresses glycolate dehydrogenase 
instead of an oxidase to convert glycolate to glyoxylate. The mutation of this enzyme 
led to accumulation of glycolate. The limitation of glycolate dehydrogenase by 
redox level may result in glycolate excretion in the surrounding medium instead of 
its further metabolism. This phenomenon was observed in cyanobacteria and 
eukaryotic algae many years ago (Cheng et al. 1972; Ingle and Colman 1976). The 
excretion of glycolate occurs immediately after the transfer of cells to low CO2 and 
usually lasts for 15–20 min and can be stimulated by the inhibitor of glycine decar-
boxylase. After a short period, the CCM develops and glycolate excretion stops 
(Ingle and Colman 1976).

In addition to the photorespiratory C2 cycle common to higher plants (although 
exploiting glycolate dehydrogenase instead of glycolate oxidase), the representa-
tives of cyanobacteria can possess the bacterial glycerate pathway (including con-
densation of two glyoxylate molecules with decarboxylation and following 
reduction of tartronic semialdehyde to glycerate) and the complete decarboxylation 
of glyoxylate via oxalate (Eisenhut et al. 2008). This flexibility of glycolate metabo-
lism may provide rapid conversion of toxic photorespiratory products before CCM 
is induced. Glycolate oxidase is present in cyanobacteria as a broad specificity lac-
tate oxidase, and later in evolution this enzyme becomes important in rapid conver-
sion of photorespiratory glycolate in the eukaryotic algae lacking CCM (Hagemann 
et al. 2016).

Cyanobacteria adapt to the decrease in CO2 and increase in O2 in the Earth’s 
atmosphere by the decrease in PG production by employing CCM which increases 
the local CO2 concentration at the proximity of Rubisco (Kaplan and Reinhold 
1999; Giordano et al. 2005) and also via degrading of PG in the course of photores-
piratory metabolism (Eisenhut et al. 2008). Photorespiratory PG metabolism in cya-
nobacteria is represented by the photorespiratory cycle which is similar to that in 
plants (Bauwe et al. 2010) and regenerates one molecule of PGA from two mole-
cules of PG.

Therefore, photorespiration is directly linked to the action and activity of 
CCM. In turn, the induction of CCM by the certain ratio of [CO2]/[O2] in low-CO2 
cells will result in the increase of the carboxylase reaction and suppression of the 
oxygenase reaction of Rubisco. The regulatory mechanisms controlling the changes 
in the state of low-CO2 cells are not yet fully understood (see section “Regulation of 
the CCM in Relation to Carbon Metabolism of Cyanobacteria”).

The existence of CCMs also had marked influence on the structure and function 
of photorespiration (Hagemann et al. 2016). In the course of evolution of eukaryotic 
algae, the genes of photorespiratory enzymes were acquired from the cyanobacterial 
symbiont. However, as shown by Kern et al. (2013), who studied Cyanophora para-
doxa, a Glaucophyta alga representing the first branching group of primary 
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endosymbionts, some photorespiratory enzymes originally acquired from cyanobacteria 
were lost, e.g., glycerate 3-kinase, while others were replaced by the corresponding 
enzymes from the α-proteobacterial endosymbiont, e.g., serine–glyoxylate amino-
transferase. It is now evident that many C2 cycle enzymes in eukaryotic phototrophs 
were acquired from the cyanobacterial endosymbiont, but during the subsequent 
evolution of algae and land plants, multiple losses and replacements occurred 
resulting in different origins of photorespiratory enzymes in different cellular com-
partments (Hagemann et al. 2013). Phosphoglycolate phosphatase is the only pho-
torespiratory enzyme acquired from Archaea (Hagemann et al. 2016). Cyanobacteria 
should be considered not only as the “inventors” of the oxygenic photosynthesis but 
also of the photorespiratory metabolism (Eisenhut et al. 2008).

The increased efficiency of photosynthesis can be likely achieved not through 
modulation of the Rubisco enzyme itself but rather via engineering of bicarbonate 
pumps and increasing their efficient coupling with the Rubisco reaction, e.g., by 
using transgenic plants expressing the genes associated with cyanobacterial CCM 
(Price et al. 2008). Engineering of plants with a high capacity of bicarbonate pump 
can also result in more efficient refixation of photorespiratory CO2. Not only car-
boxysomes should be incorporated in higher plants to increase photosynthesis but 
also other cyanobacterial CCM components such as bicarbonate transporters, and 
this would allow using the faster Rubisco enzyme of cyanobacteria which is less 
specific for CO2 (Hanson et al. 2016). Results from field studies suggest that the 
incorporation of cyanobacterial CCM would result in a 36–60% increase in yield 
(McGrath and Long 2014).

�CO2-Concentrating Mechanism (CCM) of Cyanobacteria

�Photosynthetic Characteristics of Cyanobacterial Cells 
Under CCM Induction

It is now evident that CCM is an inducible mechanism appearing in photosynthetic 
cells upon the decrease of Ci in the external environment. The first experimental 
proofs of CCM in cyanobacteria and microalgae were obtained more than 30 years 
ago during the comparative study of photosynthetic and biochemical characteristics 
of the cells grown at high (2–5%, high-CO2 cells) and low (0.04%, low-CO2 cells) 
CO2 concentrations. These first pieces of evidence of CCM were collected and sys-
tematized in the review of Aizawa and Miyachi (1986). Using 14С-labeled bicarbon-
ate, it was shown that in many microalgae and cyanobacteria, the intracellular Сi 
(CO2  +  HCO3

−) concentration significantly increased upon CO2 decrease in the 
cultivation medium.

A high efficiency of CCM in the unicellular photosynthetic organisms is well 
estimated by the comparison of photosynthetic oxygen evolution in the low- and 
high-CO2 cells depending on the external CO2 concentration. The Km (CO2) value in 
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high-CO2 cells is 200 μΜ, while in low-CO2 cells, it constitutes only 1–10 μM 
(Kaplan et al. 1980; Aizawa and Miyachi 1986). This value of a high photosynthetic 
affinity to CO2 in the low-CO2 cells can be the evidence for coordinated action of 
the systems of uptake and intracellular delivery of Ci to the carboxylation sites, e.g., 
of the CCM operation.

The cells of cyanobacteria and microalgae, adapted or grown at the ambient 
atmospheric CO2 concentration, are characterized by a set of photosynthetic param-
eters inherent in general to the C4 plants capable to CO2 concentration. In these 
cells, the suppression of inhibition of photosynthesis by oxygen (Warburg effect), 
the suppression of photorespiration, and the decrease of the CO2 compensation 
point are observed (Badger and Spalding 2000). The cells grown at high CO2 con-
centrations and that do not have CCM demonstrate the photosynthetic parameters 
that are similar to those in C3 plants.

�General Principles of the CCM Operation

Cyanobacteria are characterized by very high productivity which is achieved due to 
CCM operation (Price et  al. 2008). This particularly attracts researchers to study 
CCM structure and its mechanism of action. The core of CCM is the carboxysome 
(Rae et al. 2013), in which Rubisco and carbonic anhydrase (CA) are co-localized. In 
the classic CCM model (Reinhold et al. 1989), there is no need for CO2 to overcome 
the diffusion barrier on the way from the external environment to the carboxylation 
enzyme. The CO2 molecules for the Rubisco are scooped from the bicarbonate pool 
inside the cell by the carboxysomal CA which transforms HCO3

− into CO2 with 
rather high rate. The buildup of the high concentration pool of bicarbonate is realized 
via the active uptake of CO2 and HCO3

− from the external environment (Fig. 3). The 
detailed description of cyanobacterial CCMs can be found in several comprehensive 
reviews (Giordano et al. 2005; Price et al. 2008; Burnap et al. 2015), including those 
devoted to the functions and composition of carboxysomes (Espie and Kimber 2011; 
Rae et al. 2013).

The main stages of CCM operation in cyanobacteria are shown in Fig. 3. They 
include (Price 2011; Gaudana et al. 2015):

	1.	 Active HCO3
− influx through the plasmalemma and unidirectional conversion of 

CO2 to HCO3
− energized by NDH-13/4 complexes of the cyclic electron flow 

around photosystem I (PSI) at the outer surface of the thylakoid membrane 
(section “Ci Acquisition: The First Element of the CCM”)

	2.	 Conversions of HCO3
− to CO2 in the vicinity of Rubisco catalyzed by the car-

boxysomal CA (section “Carbonic Anhydrases: The Second CCM Element”)
	3.	 The carboxysomes (containing Rubisco and CAs), whose proteinaceous enve-

lope restricts CO2 leakage out and О2 entry to the lumen (section “Cooperation 
of CA and Rubisco in Cyanobacterial Carboxysomes: Fundamental Principle of 
the ССМ Functioning”)
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�Ci Acquisition: The First Element of the CCM

As an external source of carbon, cyanobacteria can use CO2 or HCO3
− or both these 

forms, which have to penetrate the plasmalemma and thylakoid membrane. The 
CO2 molecules can enter the cell via the direct diffusion mainly due to its high solu-
bility in the lipid fraction of membranes. However, due to these properties, CO2 can 
easily leave the cell (Raven and Beardall 2016). The model of CO2 direct diffusion 
is widely accepted but it has been called into question. Protein channels such as the 
aquaporin were reported to provide a pathway for CO2 transport (Uehlein et  al. 
2003). At the same time, the negatively charged HCO3

− can penetrate the cell mem-
brane only by active transport. It is well retained in the cell even in the presence of 
the concentration gradient.

Fig. 3  Photosynthetic metabolic pathways for carbon fixation and CO2 concentration in cyano-
bacterial cells. Active HCO3

− influx by transporters takes place at the plasmalemma; hypothetical 
unidirectional conversion of CO2 to HCO3

− performed by NDH-13/4 complexes at the thylakoid 
membrane. Inorganic carbon is assimilated by Rubisco in carboxysomes and in the subsequent 
reactions of the Calvin–Benson cycle using energy and redox equivalents harvested by the photo-
synthetic light reactions. The carboxysome contains CA catalyzing interconversions of HCO3

− to 
CO2 in the vicinity of Rubisco. The proteinaceous envelope of carboxysomes restricts CO2 leakage 
out and О2 entry to the lumen. This results in the increase of the carboxylase function and in the 
suppression of the oxygenase function of Rubisco. Abbreviations: CM cytoplasmic membrane 
(plasmalemma), b6f cytochrome b6f complex, FNR ferredoxin–NADP+ reductase, PC plastocyanin, 
PQ plastoquinone, Ru5P ribulose-5-phosphate, TM thylakoid membrane. For other abbreviations, 
see the abbreviation list at the top of the chapter
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The following three HCO3
− transporters can operate in cyanobacterial cells (Fig. 4):

	1.	 The inducible high-affinity bicarbonate transporter BCT1 (Omata et  al. 1999). 
This transporter is encoded by the operon cmpABCD and belongs to the family of 
ABC transporters containing the ATP-binding cassette. The genes cmpABCD 
encode four membrane proteins forming the structure of the BCT1 complex: 
CmpA, bounded to the periplasmic face of the plasma membrane and acting as a 
binding protein for HCO3

−; CmpB, the integral dimer forming the transmembrane 
transport path inside the membrane; and two extrinsic cytoplasmic proteins, 
CmpC and CmpD, bounded to CmpB, both possessing the binding sites for ATP.

Fig. 4  Inorganic carbon uptake systems in cyanobacteria. Bicarbonate and CO2 enter to a cell 
presumably through the porine channels situated in the outer membrane (OM). The cyanobacterial 
transport complex includes three transporters of HCO3

− (BCT1, SbtA, and BicA), which are 
located in the cytoplasmic membrane (CM), and two CO2 uptake systems based on modified 
NADPH dehydrogenase (NDH-1) complexes are located in thylakoid membranes (TM). NDH-13/4 
complexes can also intercept CO2 leakage from the carboxysomes by its hydration to HCO3

−. The 
similar role is attributed to active extracellular carbonic anhydrases, which could also participate 
in НСО3

– delivery to transporters
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	2.	 A low-CO2-inducible high-affinity Na+-dependent HCO3
– transporter SbtA 

(Shibata et al. 2002) which is probably a Na+/HCO3
– symporter, energized by an 

ATP-powered Na+/H+ antiport.
	3.	 BicA is a low-affinity, high-flux, Na+-dependent HCO3

– transporter belonging to 
the SulP family (Price et al. 2004).

The uptake of Ci also takes place via the facilitated diffusion of CO2 (referred as 
the “CO2 uptake systems”), in which the NADPH dehydrogenase (also known as 
plastoquinone oxidoreductase or NDH-1 complex) participates (Fig. 4). Two CO2 
uptake systems located on the thylakoid membrane have been described (Folea 
et al. 2008; Xu et al. 2008b). NDH-14 complex is constitutive, and NDH-13 is induc-
ible under Ci limitation and capable of higher uptake rate and affinity. Both com-
plexes appear to involve a CA-like unique subunits known as CO2 hydration proteins 
ChpX and ChpY (Maeda et al. 2002) referred also as CupB and CupA, respectively 
(Shibata et al. 2001). However, to date the CA activity has not been reported for 
these complexes (Badger et al. 2006; Price 2011).

It is important to mention that the structure of the Ci transport complex is signifi-
cantly influenced by the life conditions of each particular species of cyanobacteria. 
The absolute majority of the studied freshwater cyanobacteria (α-cyanobacteria) 
contain the genes of all above-mentioned Ci transport systems, while in the oceanic 
strains (β-cyanobacteria), the set of genes encoding the transport systems is usually 
smaller (Price et  al. 2008). The energy equivalents for the active transfer of Ci 
through membranes are represented by ATP (for the bicarbonate transporter BCT1) 
and NADPH (for CO2 uptake) or by the electrochemical gradient of Na+ (for the 
bicarbonate transporters SbtA and BicA). The mechanisms of Ci input are described 
in detail in the reviews of Price (2011) and Price et al. (2008).

�Carbonic Anhydrases: The Second CCM Element

Carbonic anhydrase (CA, EC 4.2.1.1) is a metalloenzyme catalyzing the reversible 
hydration of carbon dioxide to bicarbonate: CO2 + H2O   HCO3

− + H+. Six indepen-
dently evolved CA classes have been described (McKenna and Frost 2014; Del 
Prete et al. 2014). The CAs belonging to the α-, β-, δ-, and η-classes contain in their 
active site the ion of zinc (Zn2+) which participates in the catalytic action (Supuran 
2008; Del Prete et al. 2014), and the γ-class CAs contain Fe2+, although it can keep 
the activity with the ions Zn2+ and Со2+ (Zimmerman et al. 2010), while the ζ-CA 
can use both Zn2+ and Сd2+ (Xu et al. 2008a).

Interconversion between CO2 and HCO3
− may also occur nonenzymatically. The 

value of rate constant for the non-catalyzed CO2 hydration is ~0.037 s−1 (Khalifah 
1971). A relatively low rate of the non-catalytic interconversion of these Ci forms 
would result in the strict limitation of photosynthetic assimilation of CO2. The pres-
ence of CA accelerates this reaction by many times. CA is one of the fastest enzymes 
which turnover number (kcat) reaches the value of 106 s−1 (Lindskog 1997).
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The ratio of CO2 and bicarbonate concentrations depends on pH in the medium 
and can be described by the Henderson–Hasselbalch equation:

	
pH HCO CO= +   [ ]( )−6 3 3 2. log / .

	

The equilibrium of both Ci forms in this reaction is reached at pH 6.3. In more 
acidic conditions, it is displaced to the formation of CO2, while in more alkaline 
conditions, it is shifted to the formation of HCO3

–. The difference in the total Ci 
level in freshwater basins (~10 μM) and in the open sea (~2 mM) is determined by 
this pattern. The seawater having the alkaline pH value (~8) contains the high pool 
of bicarbonate in the equilibrium with the dissolved CO2, while in the freshwater 
medium, the concentration of bicarbonate is low, and the Ci is present mainly as 
CO2. The acceleration of CO2/HCO3

− turnover by the external CAs keeps the con-
centration of the available for cyanobacteria form of Ci in the proximal extracellular 
space at the constant level. The internal CAs or CA-like proteins (such as ChpX and 
ChpY) will displace the direction of the reaction toward bicarbonate formation 
resulting in its intracellular accumulation and in facilitation of CO2 entry and uptake 
(Fig. 4).

To date no organism is known which would exist without CA. The enzyme is 
found in the representatives of all kingdoms of life: Bacteria, Planta, and Animalia, 
including humans. CA can be detected in many (in some organisms—in all) organs, 
tissues, and cellular compartments. The wide distribution of this enzyme among all 
groups of living organisms is caused by the diversity of enzymatic reactions in 
which CO2 and bicarbonate are involved as reaction substrates or products (Smith 
and Ferry 2000). The inorganic carbon is one of the central cell metabolites, and the 
acceleration of interconversion of its forms is important for various processes 
including respiration of animal cells and photosynthesis in plant cells.

Six CA classes do not contain any significant homology in amino acid sequences 
(Supuran 2008). This strongly indicates that they developed independently and rep-
resent the convergence in the evolution of the catalytic function (Liljas and Laurber 
2000). This means that the enzyme was invented by the nature several times in the 
form of different proteins fulfilling the same function of the catalysis of CO2/HCO3

− 
interconversion. Despite the differences in their structure, almost all CAs possess 
the similar catalytic mechanism, which is caused by similar structure of the active 
sites of CAs from different classes.

The α-class is considered as the youngest phylogenetic group of CAs. This class 
contains all CAs of animals including 16 isoforms in mammals (Hewett-Emmett 
and Tashian 1996). The enzymes of β- and γ-classes are considered as the most 
ancient (Smith and Ferry 2000).

Cyanobacteria possess α-, β-, and γ-classes of CАs. Among them there are the 
external enzymes, which include the α-CA EcaA (Soltes-Rak et al. 1997) and the 
two β-CAs, EcaB (So et al. 1998) and CahB1 (Kupriyanova et al. 2007). The function 
of extracellular CAs having access to the external substrate needs further clarifica-
tion. The participation of these forms in CCM has been questioned (So et al. 1998). 
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These external enzymes likely participate in the maintenance of the equilibrium 
between CO2 and НСО3

- in the periplasm and in delivery of НСО3
− to its transport-

ers (Fig. 4). They can participate also in the prevention of CO2 leakage from the cell. 
It was also suggested that the extracellular CAs could be sensors of CO2 levels in the 
environment (So et al. 1998; Sültemeyer et al. 1998).

Besides the external CAs, cyanobacteria contain the intracellular carboxysomal 
enzymes СcaA and CsoSCA (both of β-class) and CcmM (γ-CA) (Cannon et al. 
2010). Their functions are now successfully elaborated and will be discussed in 
detail in the next section (section “Cooperation of CA and Rubisco in Cyanobacterial 
Carboxysomes: Fundamental Principle of the ССМ Functioning”).

�Cooperation of CA and Rubisco in Cyanobacterial 
Carboxysomes: Fundamental Principle of the ССМ Functioning

All the described above stages of CCM are preparatory for the final stage of conver-
sion of the accumulated bicarbonate pool into CO2 molecules which serve as a sub-
strate for Rubisco in the reaction of RuBP carboxylation. This final stage takes place 
in carboxysomes, which are the sites of Rubisco localization.

The latest achievements clarifying the operation of carboxysomes are described 
in several reviews (Long et al. 2007; Cot et al. 2008; Yeates et al. 2008; Cannon 
et al. 2010; Espie and Kimber 2011; Rae et al. 2013). Carboxysomes are present  
in all cyanobacterial cells (Yeates et al. 2008) and represent the multigranal protein 
microbodies of 100–400 nm in diameter (Rae et al. 2013; Cai et al. 2015) located in 
the cytoplasm and surrounded by thin proteinaceous shell (Fig. 5). The proteinaceous 

Fig. 5  Transmission electron microscopy images of cyanobacterial cells with carboxysomes: (a) 
Microcoleus sp. IPPAS B-353 and (b) Arthrospira platensis IPPAS B-256. Bars, 0.5  μM. 
Carboxysomes are indicated by asterisks. Images were kindly provided by Dr. M.A.  Sinetova 
(Timiryazev Institute of Plant Physiology, RAS, Moscow)
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shell consists of the ordered set of small globular proteins (10–12 kDа), also called 
bacterial microcompartment (BMC) proteins.

The sequencing of genomes of α- and β-cyanobacteria revealed that the carboxy-
somes differ significantly between the representatives of these taxonomic groups 
(Fig. 6) both in the composition of the internal phase of the carboxysomal micro-
compartment and in the composition of polypeptides of the external protein shell 
(Espie and Kimber 2011; Rae et al. 2013). These two types of carboxysomes having 
the same function and same pattern but differing in protein composition appeared as 
a result of the convergent evolution (Rae et al. 2013).

The proteins of β-carboxysomes are subdivided into two groups: the first group 
is forming the shell which is, according to the recent findings, presumably consists 
of two shell layers, and the second group is forming the lumen. The outer layer of 

Fig. 6  The structure of carboxysomes and their participation in CCM and photosynthetic assimi-
lation of inorganic carbon. Ci is actively accumulated in the cytoplasm in the form of bicarbonate 
anion. Bicarbonate enters carboxysome through small pores in the shell proteins. HCO3

− is con-
verted to СО2 in the lumen of carboxysome with the help of CA. RuBP also enters through the 
pores into the lumen of carboxysome where Rubisco catalyzes the interaction of СО2 and RuBP 
resulting in the formation of PGA. PGA escapes to the cytoplasm where the Calvin–Benson cycle 
regenerates RuBP. The shell fulfills the barrier function for the efflux of СО2 and the influx of О2. 
The TEM image of cyanobacterial cell (Synechocystis sp. PCC 6803) was kindly provided by Dr. 
M.A. Sinetova (Timiryazev Institute of Plant Physiology, RAS, Moscow). Bar, 0.2 μM
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the shell is formed by CcmK2-4, CcmO, CcmL, and, possibly, CcmP. The proteins 
CcmK2-4 possess the hexagonal structure. The pores in the center of each hexamer 
can carry small molecules of metabolites. The protein CcmL can serve for the for-
mation of pyramidal pentameric apexes of the carboxysome. The CcmO proteins 
form the trimers and are similar by the structure and properties to those of CcmK 
hexamers. CcmP was not identified as an essential element of carboxysomes.

The inner layer of the shell (bicarbonate dehydration/Rubisco-organizing or 
Rubisco-attached layer) is formed by CcaA, CcmM-58, and CcmN. The lumen of 
β-carboxysomes appears to have packing paracrystalline 1В Rubisco possibly orga-
nized by the CcmM-35. The protein CcmM is expressed in two isoforms of 58 and 
35 kDa, which appear to be the most important structural proteins of β-carboxysomes. 
The full-length CcmM-58 isoform possesses the N-terminus having similarity to 
γ-CA of archaebacterium Methanosarcina thermophila (Сam protein), while the 
C-terminal domain of CcmM contains three repeats of the small subunit of Rubisco 
(Long et al. 2007; Cot et al. 2008). Therefore, CcmM-58 can function both as a 
γ-CA and as a structural element of the shells of β-carboxysomes forming the com-
plex with СсmN and CcaA (β-CA) proteins and also linking Rubisсо through 
RbcS-like C-terminal subunit (Long et al. 2007; Cot et al. 2008; Espie and Kimber 
2011). It has been established that the β-CA CcaA is connected with the inner layer 
of the shell of the carboxysome and participates in CO2 fixation as a part of the 
multienzyme complex Rubisco–CcaA–CcmM (Cot et al. 2008). The contemporary 
models of interaction between the carboxysomal proteins have been reviewed by 
Rae et al. (2013).

The ccmM gene was found in all representatives of β-cyanobacteria, whereas the 
ссаА gene was lost in many of them. It is shown that the γ-CA CcmM reveals its 
activity only in the species lacking β-CA CcaA (Peña et al. 2010). It has been shown 
that the newly translated CcmM and Rubisco form the aggregations that serve as the 
centers of the formation of new carboxysomes (Cameron et al. 2013).

The shell of α-carboxysomes (Fig. 6) is built of the proteins of the group CsoS1, 
which, similarly to the proteins CcmK of β-carboxysomes, form the pores  
for metabolite transfer. The proteins CsoS4A/B form the pyramidal vertices of 
α-carboxysomes. The internal phase (lumen) is filled mainly by 1A Rubisco, 
encoded by the cso operon. The β-CA CsoSCA is connected with the internal side 
of the shell and participates in СО2 fixation similarly to the β-CA CcaA of 
β-carboxysomes. Therefore, the carboxysomal β-CA СсаА and CsoSCA do not 
appear in the same organism being a part of the different carboxysomal types of 
cyanobacteria (Espie and Kimber 2011). The exact role of CsoS2, which is also 
located in the inner space of carboxysome, is not known yet.

The co-localization of Rubisco and CA may possibly have a dual functional sig-
nificance. Its first role is connected with CO2 formation from HCO3

− for saturation 
of the carboxylation reaction, while the second role is related to the decrease of CO2 
loss during its leakage from carboxysomes (Yeates et al. 2008). It was demonstrated 
experimentally that the proteinaceous carboxysomal shell fulfills the barrier func-
tion for CO2 and O2 (Heinhorst et al. 2006; Dou et al. 2008) and it covers carboxy-
somes only in the conditions of carbon starvation of cells (Cameron et al. 2013). 
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Limitation of the oxygen influx into carboxysome would suppress the oxygenase 
function of Rubisсо and keep the carboxylase function at a high level (Kinney et al. 
2011). The importance of carboxysomes for CCM operation was confirmed in the 
experiments using α- and β-carboxysome mutants, which are incapable of forming 
CO2 in carboxysomes even in those cells that accumulated extremely high bicarbon-
ate pool in cytoplasm (Rae et al. 2013). Using the ccmM mutant of Synechocystis 
PCC 6803, lacking carboxysomes (but containing Rubisco), the direct evidence was 
obtained that the lack of photorespiration in the wild type is directly related to the 
fact that carboxysomes accumulate CO2 and their envelope likely limits the diffu-
sion of O2 (Hackenberg et al. 2012). The comparison of the wild type of Synechocystis 
sp. PCC 6803 and of its mutant lacking four of five Ci transporters (Orf et al. 2015) 
also confirmed the conclusion that carboxysomes defend Rubisco from O2, while 
the conversion of HCO3

− into CO2 inside carboxysome is the main factor that results 
in avoiding photorespiration in Ci limitation conditions.

Thus, bicarbonate penetrates into carboxysomes by diffusion through the pores 
and converts there to CO2 by CA. The CO2 is further used in the carboxylation 
reaction catalyzed by Rubisco. All other enzymes of the Calvin–Benson cycle are 
localized outside of carboxysome. Therefore, in photosynthetic cyanobacteria, the 
influx of RuBP into carboxysome and the outflow of PGA from carboxysome to 
cytoplasm are taking place. It is supposed that this diffusion occurs via the pores 
that were found in the proteins CcmK and CcmO of the carboxysomal shell.

�Regulation of the CCM in Relation to Carbon Metabolism 
of Cyanobacteria

As it was mentioned above, СO2 concentration in cyanobacteria represents an 
inducible mechanism which is activated only in the conditions of Ci limitation. At 
the same time, two states of CCM are distinguished: (1) basal (or low-affinity) state, 
supporting the photosynthetic activity of cells even at elevated levels of Ci in the 
environment, and (2) fully induced (or enhanced, high-affinity) state of the CCM, 
fulfilling similar function at Ci-limiting conditions (Price et al. 2008). Both CCM 
states provide the maximal photosynthetic efficiency in the conditions of different 
levels of supply by the exogenous Ci, which is achieved through the action of the 
different set of CCM components. The additional regulation of the CO2-concentrating 
function and its coordination with other cellular processes are achieved via altera-
tion in activity of these components.

The transition between the low-affinity and high-affinity states of the CCM is 
provided by the regulatory processes taking place at two levels (Fig. 7): (1) the tran-
scriptional level enabling regulation of mRNA level of the CCM components and 
(2) the posttranscriptional level enabling regulation of the efficiency of mRNA 
translation and modification of activity of the existing protein components of the 
CCM. Several aspects of both types of regulation remain not fully studied. However, 
the important discoveries of recent decades, using β-cyanobacteria as an example, 
shed the light on the basic features of the CCM regulation.
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Wang et al. (2004) found that after the transfer of high-CO2 cells of Synechocystis 
sp. PCC 6803 into the Ci-depleted medium, during the first 12 h, a significant change 
(by two or more times) in the expression of 456 open reading frames is observed. 
Other observed changes occurring during the acclimation to low CO2 are rather 
quantitative than qualitative, in particular the increase of the rate of uptake and 
accumulation of Ci (Coleman 1991) and the increase of number of carboxysomes 
(Kaplan and Reinhold 1999; Orf et al. 2015). The most important transformations 
taking place in cells in response to the Ci stress and resulting in their physiological 

Fig. 7  The general scheme of the presently known regulatory levels controlling the CCM state and 
activity
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changes are analyzed in several papers and reviews (Burnap et al. 2015; Klahn et al. 
2015; Orf et al. 2015).

It becomes evident that CCM is induced by limitations in Ci (or of one of its 
forms) not directly but via some regulatory metabolites, whose concentrations 
depend on the ambient Ci availability. These compounds can fulfill the role of the 
sensors of the lowering of CO2 both intra- and extracellularly in order to control the 
expression of corresponding genes during the induction of the CCM. The posttran-
scriptional level makes it possible to perform the regulation via alterations in the 
efficiency of translation from mRNAs, as well as to vary the degree of activity of 
already existing components via their posttranslational modifications including 
their phosphorylation (Sültemeyer et al. 1998).

For the complete understanding of the regulatory mechanisms, the detailed infor-
mation is needed on the structural and biochemical changes in a cell in response to 
the decrease of CO2 concentration. During the transfer of high-CO2 cells to low CO2, 
the carbon starvation decreases leading to the suppression of the Calvin–Benson 
cycle. Simultaneously photorespiration becomes activated as the consequence of 
Rubisco shifts toward the oxygenase function (Hagemann et al. 2016). The decrease 
in CO2 also results in the activation of glycolysis and the Krebs cycle as well as the 
oxidative pentose phosphate pathway (Bauwe et  al. 2010). All these metabolic 
events are necessary for the biosynthesis of carbon compounds, NADPH, and ATP 
(Huege et al. 2011; Schwarz et al. 2013). The intermediates of these pathways can 
fulfill the role in regulation of CCM (Ramazanov et al. 1984; Huege et al. 2011). 
Besides the carbon starvation, the Ci stress leads to photodynamic and oxidative 
damages in cells.

�Transcriptional Regulation of the CCM

The basal CCM state (Price et al. 2008) is provided by operation of its constitutive 
components which include carboxysome components (structural proteins, Rubisco, 
and carboxysomal CAs) as well as low-affinity high flux-rate Ci uptake systems (NDH-
14 and BicA). The inducible components responsible for the enhanced CCM state are 
represented, in general case, by the high-affinity low-to-moderate flux-rate Ci uptake 
systems (NDH-13, SbtA, and BCT1). Their operation is necessary for the accumula-
tion of the additional intracellular pool of HCO3

− in the growth conditions at low CO2.
The expression of low-CO2-induced genes is controlled by two transcription 

regulators, CmpR and CcmR (NdhR), belonging to the LysR family of transcrip-
tional regulators (LTTRs) which operate as transcription activators or repressors 
(Burnap et al. 2015). The action of LTTRs is based on the change of their ability of 
binding to DNA after the interaction with effector molecules (Maddocks and Oyston 
2008), which represent regulatory metabolites. At the same time, several investiga-
tions showed that the changes of concentration of regulatory metabolites directly 
depend on the size of intracellular pool of Ci and on the availability of oxygen in 
cells (Woodger et al. 2005; Marcus et al. 1983).
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It has been established that CmpR acts as the activator of transcription of the 
operon cmpABCD encoding the high-affinity bicarbonate transporter BCT1 of 
freshwater cyanobacteria (Omata et al. 2001). The binding of CmpR with the pro-
moter is increased in the presence of RuBP and PG (Nishimura et al. 2008), which 
serve as regulatory metabolites (effectors) accumulating in the conditions of Сi 
limitation due to the suppression of Calvin–Benson cycle and simultaneous intensi-
fication of photorespiration.

Contrary to CmpR, the regulator CcmR serves as a repressor of transcription of 
several genes under Ci sufficiency in Synechocystis PCC 6803 (Burnap et al. 2015): 
(1) the gene sbtA for high-affinity bicarbonate transporter; (2) the operon ndh-13, 
encoding the proteins forming the corresponding inducible high-affinity CO2 uptake 
system; and (3) the operon mnh, encoding the Mnh complex which forms electro-
chemical Na+ gradient supporting the operation of Na+/HCO3

− symporters (BicA 
and SbtA). The genes bicA are also under the negative regulation by CcmR in 
marine Synechococcus strain PCC 7002.

It is likely that the molecules NADP+ and αKG serve as the effectors for CcmR, 
as shown by the surface plasmon resonance (Daley et al. 2012). Theoretically it can 
be expected that in the conditions of Сi limitation, the decrease in concentration of 
NADP+ and αKG takes place, which weakens the binding of CcmR with the regulon 
and results in attenuation of transcription repression of sbtA, ndh-13, and mnh. The 
decrease of NADP+ in the conditions of insufficient Сi supply can be explained by 
its consumption in light reactions of photosynthesis and simultaneous limitation of 
its supply from the Benson–Calvin cycle.

It can be expected that αKG concentration in low-CO2 cells should also 
decrease. This can take place due to the decrease of the Calvin–Benson cycle 
activity and following limitation of carbon influx in the Krebs cycle. However, the 
data on the change of αKG level in the conditions of Сi limitation are quite ambig-
uous. It has been established that the marked decrease of αKG level occurs only 
in 24 h after the transition of cells in the Сi-depleted medium (Daley et al. 2012). 
According to the other data, the low-CO2 cells accumulate αKG which occurs 
possibly due to carbon influx into the Krebs cycle from glycolysis (Schwarz et al. 
2011). This means that the regulation of transcription by CcmR can occur via 
more complex mechanisms and/or requires other regulatory inputs besides NADP+ 
and αKG (Burnap et al. 2015).

Besides the regulatory metabolites, RuBP, PG, NADP+, and αKG, whose con-
centration changes due to metabolic reconstructions upon the changes in Ci avail-
ability, the role in CCM regulation can be attributed to adenylate cyclases as the 
direct sensors of intracellular Ci level. This assumption is based on the available 
data of the regulation of activity of cyanobacterial adenylate cyclases by HCO3

− 
(Chen et  al. 2000) or by CO2 (Hammer et  al. 2006). However, the role of these 
enzymes in CCM regulation is still unclear despite the fact that such investigations 
started 15 years ago.
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�Posttranscriptional Regulation of the CCM

Besides the transcriptional control of the CCM, its regulation occurs also at the 
posttranscriptional level. This makes possible the additional variation of composi-
tion of the CCM components and the modulation of their activity. The first is 
achieved via regulation of translation from the existing mRNA molecules via their 
binding with small regulatory RNAs (Georg and Hess 2011). These small noncod-
ing RNAs (ncRNA) usually operate as antisense, and their association with target 
mRNA can either amplify or attenuate the synthesis of corresponding proteins on 
the ribosome (Burnap et  al. 2015). This level of regulation possibly provides  
the increase of number of carboxysomes at Сi limitation, since it was shown that the 
increase of expression of the genes of the operon ccmKLMN as well as of the gene 
ccmO does not occur in these conditions (Burnap et al. 2015).

Alternatively, the change in the activity of CCM components can take place at 
the posttranslational (allosteric) level and be provided by changes in the redox state 
of the cell (Kaplan et al. 1987) or by protein phosphorylation (Sültemeyer et  al. 
1998). This type of regulation possibly controls the operation of Ci uptake systems, 
being quickly activated upon illumination and becoming inactive upon the darkness 
(Price et al. 2008).

�Unique Features in CCM Components  
of Relict Cyanobacteria

Cyanobacteria appeared on Earth about 3.8–3.5 billion ago (Sergeev et al. 2002; 
Zavarzin 2008). According to the recent data, already 3.5 billion years ago, the 
oxygenic photosynthesis was performed by cyanobacteria (Konhauser 2009). The 
Archean atmosphere was characterized by a high [СО2]/[О2] ratio (Kasting 2004; 
Kanzaki and Murakami 2015). Thus, the ancient photosynthesis scheme was 
adapted to Ci-rich conditions.

Cyanobacterial communities entirely dominated the planet for 2 billion years. 
Recent investigations suggest that cyanobacterial communities of the Archean Eon 
were probably diversified in terrestrial freshwater ecosystems (Blank and Sánchez-
Baracaldo 2010). The opposite theory suggests that early cyanobacteria flourished 
in soda lakes of the Archean (Stüeken et al. 2015). Two billion years ago, the ancient 
cyanobacterial communities transformed the early reducing atmosphere to a mod-
ern oxidative one (Zavarzin 2008; Blank and Sánchez-Baracaldo 2010). This was 
due to saturation of the atmosphere with photosynthetic oxygen, and due to miner-
alization of cyanobacterial cells, large amounts of CO2 had been sequestered as a 
limestone deposit (stromatolites). This event led to the development of all currently 
existing mechanisms for adaptation to low concentrations of CO2 in the atmosphere, 
including the CCM.
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After the appearance of eukaryotic organisms, the cyanobacterial communities 
decreased their population and areas of habitat and moved from the world domi-
nance to the quite existence in extreme environments, where they can be found 
today (Zavarzin 2008). These environments are characterized by the complete 
absence of higher organisms. Thus, they may serve as refugia (centers of preserva-
tion) for relict communities of microorganisms (Zavarzin 2008). It is assumed that 
cyanobacterial communities are still extremely conserved, and they did not change 
significantly in terms of their physiology and morphology up to present day (Sergeev 
et al. 2002).

The studies of relict organisms are very important for our understanding of the 
process of autotrophic carbon assimilation and evolution of the CCM and of CAs. 
As the subject of ССМ studies, relict alkaliphilic cyanobacteria of soda lakes are 
most intriguing objects. They inhibit environment featuring high content of ambient 
Ci; thus, theoretically they do not require the Ci concentration. Moreover, the growth 
and propagation of the alkaliphilic cyanobacteria at extreme pH values (~10), where 
Ci appears only in the forms of carbonate and bicarbonate, implies that these cells 
possess the Ci transport systems with somewhat unique characteristics.

Recently, the presence of some distinct CCM components in relict cyanobacteria 
of soda lakes has been shown experimentally (Dudoladova et al. 2007; Mikhodyuk 
et al. 2008; Kupriyanova et al. 2007, 2011). The only organism, which CCM com-
ponents were systematically investigated using the genomic approach, is Microcoleus 
sp. IPPAS B-353 (Cho et al. 2015; Kupriyanova et al. 2016).

It turned out that the composition of the CCM components of Microcoleus IPPAS 
B-353 is similar to that of model freshwater and marine strains of β-cyanobacteria 
(Kupriyanova et al. 2016). However, there are some unique features. The main and 
more intriguing fact is that CahB1 protein of Microcoleus, which is the homolog of 
carboxysomal β-CA CcaA, is located in cell envelopes of this cyanobacterium  
(Fig. 8). Moreover, it is appeared that CahB1 is the only active CA of Microcoleus.

In cyanobacteria the presence of an active carboxysomal CA is obligatory for 
efficient СО2 fixation by Rubisco (see section “Cooperation of CA and Rubisco in 
Cyanobacterial Carboxysomes: Fundamental Principle of the ССМ Functioning”). 
It is known that some cyanobacterial species lack CcaA. In this case, the function of 
active carboxysomal CA is acquired by CcmM (Peña et al. 2010). Surprisingly, the 
recombinant carboxysomal СcmM of Microcoleus did not reveal any specific activ-
ity (Kupriyanova et  al. 2016). Moreover, primary amino acid sequence of 
Microcoleus СcmM is analogous to that of inactive СcmM proteins, in accordance 
to Peña et al. (2010).

The function of CahB1  in Microcoleus is attributed to the prevention of CO2 
leakage from the cells similarly to СhpX/Y proteins of NDH-13/4 complexes  
(Fig. 8). This external CA possibly played more important role in ancient cyanobac-
teria by limiting CO2 influx to the cells via its conversion to insoluble in membranes 
HCO3

− followed by its further delivery to low-affinity transporters (see below).
Besides CcmM and CahB1, Microcoleus sp. IPPAS B-353 possesses one more 

potential protein for CA, CahG (Kupriyanova et al. 2016), that is homologous to 
active γ-CAs Cam/CamH of Methanosarcina thermophila (Alber and Ferry 1994; 
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Zimmerman et  al. 2010). Cam/CamH-like proteins of cyanobacteria (including 
CahG) are usually characterized by amino acid replacements in the regions which 
are conserved in archaeal γ-CAs, thus demonstrating the absence of specific activ-
ity. Currently, most of cyanobacterial Cam/CamH-like proteins are annotated as 
ferripyochelin-binding proteins.

Unlike freshwater and marine β-cyanobacteria, Microcoleus sp. IPPAS B-353 
possesses only one type of bicarbonate transporter, BicA (presumably low affinity), 
which is represented by two homologous proteins, one of which is constitutive and 
the second is inducible under Ci limitation (Kupriyanova et al. 2016). In addition to 
HCO3

− transporters, Microcoleus sp. IPPAS B-353 possesses two known systems of 
CO2 uptake (NDH-14 and NDH-13), apparently both constitutive in contrast to that 
of model strains, which induce NDH-13 under Ci limitation (Price 2011).

Fig. 8  CCM components of relict cyanobacteria in a cell as learned on the Microcoleus sp. IPPAS 
B-353 and their potential roles in in photosynthetic assimilation of Ci as well as in pre-CCM which 
functioned in cyanobacteria inhabiting soda lakes of Archean. Localization of Ci uptake systems 
and CAs in the cell is shown according to Folea et al. (2008), Xu et al. (2008b), Price (2011), 
Cannon et  al. (2010), and Kupriyanova et  al. (2016). EPS exopolysaccharide layer, OM outer 
membrane, CM cytoplasmic membrane, TM thylakoid membrane
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It is assumed that Ci uptake systems of Microcoleus sp. IPPAS B-353 could 
possess different characteristics (affinity to the substrate and flux rate). Thus, the 
composition of Ci transport complex helps this cyanobacterium adapt to seasonal 
fluctuations in availability of exogenous Ci in the conditions of modern soda lakes. 
The only question is raised about the presence of protein with CA activity in 
Microcoleus carboxysomes.

Simultaneously, it is assumed that cyanobacteria of soda lakes could possess the 
relict forms of pre-CCM components preserved from the Precambrian times when 
the concentration of exogenous Ci was high (see section “The Evolutionary Origin 
of the CCM”). This pre-CCM could carry out the function of the low-affinity state 
of modern CCM supporting photosynthetic reactions in Ci-reach environment. This 
hypothesis is supported by the fact that bicarbonate transporters of modern alkali-
philic cyanobacteria are characterized by three orders lower affinity to the substrate 
than those of freshwater and seawater species (Mikhodyuk et al. 2008). These char-
acteristics of the transport systems enable limitation of Ci influx to the cells in con-
ditions of its abundance in the surrounding environment.

It is possible that the ancient cyanobacteria had to execute the task of Ci con-
sumption in the amount which does not disturb cellular homeostasis and, at the 
same time, which is necessary for provision of the efficient rate of photosynthesis 
(Kupriyanova and Samylina 2015). From this point of view, in the conditions of  
Ci-rich environment, the active presence of the carboxysomal CA in the cell may not 
be necessary due to the constant influx of CO2 to Rubisco from the intracellular 
bicarbonate-rich pool. On the other hand, the presence of unidentified carboxy-
somal CAs belonging to a new currently unknown class in the cells of Microcoleus 
sp. IPPAS B-353 cannot be excluded. This possibility can explain the existence of 
these cyanobacteria in modern time when the atmospheric concentration of CO2 is 
low and cannot be sufficient for substrate saturation of the low-affinity Rubisco.

�The Evolutionary Origin of the CCM

The different forms of CCMs of aqueous photosynthetic organisms have evolved 
with a common aim of elevating CO2 around Rubisco to alter the CO2/O2 ratios at 
the active site in favor of the carboxylase reaction. In this manner, CCMs minimize 
the costly investment of metabolic energy and carbon in the photorespiration (Raven 
et al. 2008). The CCM is considered as an innovative evolutionary mechanism origi-
nated in response to the decrease of CO2 in the atmosphere that helps cyanobacteria 
and algae to survive at CO2 concentrations much below Km(CO2) value for Rubisco.

It is widely accepted that CCM appeared in cyanobacteria between 400 and 250 
million years ago, at the Phanerozoic (Fig. 9), during the period of drastic decrease 
of СО2 level and strong increase of O2 concentration (Berner 2003). Badger and 
Price (2003) consider that the formation of the CCM at that period was an important 
condition for the survival and development of photosynthetic organisms. Since that 
time, CO2 turned into the limiting resource, while the oxygenase reaction of Rubisco 
turned into the inhibitory factor for effective CO2 fixation.
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Other authors do not exclude CCM appearance in the oxygenic cyanobacteria much 
earlier, in the Precambrian time of Early Proterozoic (2.3–2.5 billion years ago) when 
molecular oxygen started to accumulate in the atmosphere and ocean surface. Only at 
this time, the oxygenic photosynthesis performed by cyanobacteria became com-
pletely predominant; before this the anoxygenic photosynthesis was prevailed, delay-
ing the oxygenation of ocean during the Archean Eon (Johnston et al. 2009; Hamilton 
et al. 2016). Besides this, Giordano et al. (2005) and Raven et al. (2008) suggest that, 
despite the high CO2 concentration at this time, the ancient cyanobacteria in the condi-
tions of dense cyanobacterial communities could experience the necessity of CO2 
concentration because of the presence of a thick polysaccharide shell around the mat-
building cyanobacteria, limiting CO2 delivery into the cells.

Also, we may underestimate the levels of oxygen in Early Proterozoic during the 
Great Oxygenation Event that resulted in the Huronian glaciation that lasted more 
than 300 million years (snowball Earth). Recent estimates suggest O2 concentration 
rising to near present-day level at the beginning of Proterozoic (~2450–2100 mil-
lion years ago) (Kump 2008; Lyons et  al. 2014). In these conditions CCM was 
evolutionary important for the growth of biomass and survival of cyanobacteria 
(Hagemann et al. 2016).

Fig. 9  Time course of relative concentrations of atmospheric CO2 and O2 and possible periods of 
the CCM appearance. Image of Microcoleus calcification was obtained by Dr. L.M. Gerasimenko 
and kindly provided by Dr. O.S. Samylina (Institute of Microbiology, RAS, Moscow)
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One more indication of the early stage of evolution of the cyanobacterial CCM 
can be found in the scenario of early evolution of carboxysomes as the central ele-
ment of CCM in cyanobacteria (Rae et al. 2013). According to Hagemann et al. 
(2016), this also indicates the early appearance of photorespiration which possibly 
initiated the evolution of CCM in Proterozoic Eon. Another indirect argument for 
the ancient emergence of CCM is the ability of modern cyanobacteria not only to 
adapt to low CO2 but also to retain the ability to grow at extremely high concentra-
tions of CO2 (Sergeenko et al. 2000). Although CCM is the inducible process acti-
vated by a deficiency of Ci, nearly all elements of the CCM (Ci uptake systems, 
CAs, carboxysomes) are present in cyanobacterial cells at high Ci concentrations.

However, the earliest CCMs (pre-CCM) may have evolved before the atmosphere 
became oxygenated and were connected with calcification of cyanobacteria and 
formation of stromatolites, which accumulated huge amounts of CO2 into carbon-
ates during the Archaean (Zavarzin 2008). The calcium shell formed at the surface 
of the calcifying cyanobacteria such as Microcoleus (Fig. 9) could establish a bar-
rier for the diffusion of CO2 and O2, which also created preconditions for CCM 
appearance in Archaean (Raven et al. 2008; Kupriyanova et al. 2013).

Analyzing the evolutionary origin of CCM, we need also to consider a possibility 
that the components of pre-ССМ could fulfill another function besides of Ci con-
centration. The presence of CCM components in Microcoleus sp. IPPAS B-353 
(Kupriyanova et al. 2016), which may be assigned to a group of “relict” or ancient 
cyanobacteria (Cho et al. 2015), can also give an evidence for the appearance of 
CCM in the Archaean Eon. It is possible that in the conditions of high atmospheric 
CO2 concentration in the Archaean, there was a need for a barrier to prevent the 
unlimited CO2 flux into the cell that could result in the decrease of intracellular pH 
and cell death. This could be achieved in the conditions of ancient water basins hav-
ing high pH values, in which Ci is present in the form of bicarbonate. The flux of 
bicarbonate into the cyanobacterial cell can be controlled by НСО3

- transporter(s) 
(Fig. 8). In the frames of the hypothesis of “soda continent” (Zavarzin 2008),  
the soda basins are considered as possible centers of origin and divergence of 
prokaryotes.

It is believed that, when cyanobacteria emerged on Earth, the level of CO2 was 
about 100 times higher than nowadays (Kasting 2004; Kanzaki and Murakami 
2015). In these conditions, even at the alkaline pH values of water environment, a 
sufficiently high CO2 content is preserved in the equilibrium with bicarbonate  
(Fig. 8). This situation, together with low O2 content, created favorable conditions 
for the effective photosynthesis without any carboxysomal CAs (Badger and Price 
2003). Later, in modern low-CO2 atmosphere, these components of pre-CCM could, 
probably, undergo some evolution of their function giving rise to CCM in a form as 
we know it today.

The numerous hypotheses about the time of CCM origin are unified in the theory 
claiming that the origin of CCM is polyphyletic and took place in evolution several 
times (Raven et  al. 2008). This is confirmed by the fact that CCMs exhibit 
acclimatory responses to variations in the supply of not only CO2 but also photosyn-
thetically active radiation, nitrogen, phosphorus, and iron. Some cyanobacteria 
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(Prochlorococcus marinus species) lack CO2 uptake systems entirely. There are 
multiple CAs in cyanobacteria, but, surprisingly, several cyanobacterial genomes 
appear to lack any identifiable CA genes (Price et al. 2008).

The evolution of land plants resulted in the loss of CCM due to impossibility of 
active Ci pumping from the external environment; however, the role of different CA 
forms (thylakoidal, stromal, mitochondrial) in CO2 delivery to Rubisco remains 
important for CO2 assimilation (Igamberdiev and Roussel 2012; Igamberdiev 2015). 
Land plants also developed alternative mechanisms of CO2 concentration, such as 
C4 (existing already in some diatoms) and CAM photosynthesis that help them to 
survive at low atmospheric CO2 but likely not having such high plasticity and effi-
ciency as the CCM of cyanobacteria and algae.

�Conclusions

Carbon-based life on Earth exists due to the ability of plants, algae, and cyano
bacteria to fix atmospheric CO2 by the process of photosynthesis, which implies 
efficient capture of solar energy and its conversion into chemical energy that sup-
ports the synthesis of organic molecules. Photosynthesis arose about 3.5 billion 
years ago, and it further facilitated an unprecedented explosion in biological life 
that we witness by the diversity of living organisms on our planet today and by  
the fossil records including industrially important oil, gas, and coal. Photosynthe
sis also maintains atmospheric oxygen levels necessary for life on Earth in its 
present form.

Cyanobacteria are the first and sole prokaryotes performing oxygenic photosyn-
thesis which consumes carbon dioxide and water. They play an exceptionally 
important role in the evolution and maintenance of the Earth’s biosphere. Therefore, 
cyanobacterial CCM is an important element in the buildup of the atmosphere and 
preservation of the ecology of the Earth’s biosphere via the establishment of efficient 
mechanisms of CO2 acquisition. The role of CCM is also significant as a complex 
multicomponent system of molecular and biochemical interactions responsible for 
fine-tuning of cellular carbon metabolism.

For better understanding of the CCM organization, it is important to get the 
answers on the following questions:

	1.	 The nature of the primary signal causing the induction of CCM in response to 
low CO2 is still not clear, as well as the mechanism of allosteric and posttransla-
tional regulation of the transporters and their light activation.

	2.	 It is important to determine the value of pH in the carboxysome. If рН in the 
carboxysome is the same as in the cytoplasm (~7.5), then the ratio CO2/HCO3

− in 
this microcompartment will be shifted toward bicarbonate formation, and the 
carboxysomal CA will support the constant CO2 level in the proximity of 
Rubisco, converting HCO3

− that enters from the cytoplasm by the concentration 
gradient at a high rate. In these conditions, the rate of НСО3

- conversion to СО2 
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will be determined by the rate of carboxylation. This means that CA will operate 
in concordance with Rubisco, which would result in suppression of CO2 leakage 
and its apparent loss.

	3.	 The pH value in the periplasm is still unknown, while the understanding of the 
functional role of external CAs depends on this value, which determines the 
direction of the CA-catalyzed reaction either toward the formation of CO2 or 
bicarbonate. In the cyanobacterial cells, three external CAs have been found 
belonging to two different classes (α and β), whose function remains not fully 
clear.

Cyanobacteria are characterized by the exceptional adaptability, in particular to 
extremely unfavorable conditions in which eukaryotes cannot survive. The presence 
of the CCM in cyanobacteria cells ensures assimilation of Ci under various environ-
mental conditions at the cellular, organism, and consortia levels. The enormous eco-
logical importance of the CCM is that almost half of the total inorganic carbon of 
the Earth has been turned, and is still turning, into biomass by microalgae and cya-
nobacteria through their ССМ. Development of cyanobacterial genomics will soon 
provide new data on the components of CCM of the wide range of cyanobacteria, in 
particular of the relict cyanobacteria, which should certainly clarify the evolution-
ary origin of the CCM.
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Abstract  Cyanobacteria are a group of bacteria, which are able to perfom oxygenic 
photosynthesis (rely on oxygenic photosynthesis as a main energy source) to con-
vert sun light into chemical energy. In addition to the photosystems, cyanobacteria 
employ phycobilisomes to enhance their light-harvesting abilities. Phycobilisomes 
consist of phycobiliproteins (mainly phycocyanin and phycoerythrin) with cova-
lently attached open-chain tetrapyrroles (phycobilins) as light-harvesting pigments. 
These phycobilins are derived from heme. The first step of bilin synthesis is the ring 
opening reaction of heme into biliverdin IXα mediated by heme oxygenases. A set 
of different ferredoxin-dependent bilin reductases catalyse the reactions from bili-
verdin IXα to several phycobilins. These pigments are subsequently attached to 
conserved cysteine residues in the phycobiliproteins. In order to ensure the correct 
attachment of the phycobilins and the chromophore composition of the phycobilip-
roteins, the binding is mediated by phycobiliprotein-lyases. Recent studies showed 
that this machinery is not only present in cyanobacteria but also in phages which 
infect cyanobacteria. This chapter describes the biosynthesis and assembly of all 
components of functional phycobilisomes and their role in energy conversion as 
well as adaptations to changing environmental conditions.
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Chl	 Chlorophyll
Fd	 Ferredoxin
FDBR	 Ferredoxin-dependent bilin reductase
HL	 High light
HO	 Heme oxygenase
LL	 Low light
PBP	 Phycobiliprotein
PBS	 Phycobilisome
PC	 Phycocyanin
PCB	 Phycocyanobilin
PE	 Phycoerythrin
PEB	 Phycoerythrobilin
PEC	 Phycoerythrocyanin
PS	 Photosystem
PUB	 Phycourobilin
PVB	 Phycoviolobilin
PΦB	 Phytochromobilin

�Introduction

Photosynthesis is without a doubt one of the most important biological processes on 
earth. In a set of redox reactions, it achieves the conversion of light energy into chemi-
cal energy in the form of carbohydrates. In most photosynthetic organisms, light har-
vesting is performed by chlorophyll (Chl)-containing antenna complexes. As Chls 
absorb mostly blue and red light, they leave a vast amount of light energy unused—the 
“green gap”. In order to overcome the limitation of the chlorophyll-related light har-
vesting, organisms like cyanobacteria, red algae and cryptophytes enhance their light-
harvesting machinery with large complexes called phycobilisomes (PBSs) (Glazer 
1977; Tandeau de Marsac 2003). PBSs are made up out of phycobiliproteins (PBPs) 
which are apoproteins with covalently attached open-chain tetrapyrroles (phycobilins) 
for light harvesting. Depending on the environmental conditions, many cyanobacteria 
can adapt their PBP composition, a process that is called complementary chromatic 
acclimation, giving them an advantage in ecosystems with only poor and changing 
light penetration like the deep sea (Kehoe and Grossman 1994; Gutu and Kehoe 2012).

�Phycobiliproteins

�Structure and Arrangement

The photosynthetic apparatus of cyanobacteria is located on folded internal mem-
branes, the thylakoid membrane. The machinery consists of two photosystems (PSs) 
with Chls as the primary light-harvesting pigments and additional pigments located in 
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specialised light-harvesting complexes—the phycobilisomes (PBSs). The PBSs con-
sist of a species-specific composition of linker proteins and PBPs with light-harvesting 
phycobilins. The PBSs form rod-shaped antennae which are located at the outside of 
the thylakoid membrane and are directly connected to the PS (Glazer 1977).

PBPs in cyanobacteria, red algae and cryptophytes are made up out of heterodi-
mers, which consist of α- and β-subunits. The subunits are homologous to each 
other as they are derived from an ancient gene duplication event. PBPs fold into a 
modified globin-like structure with additional helices (Schirmer et al. 1986). The 
αβ-heterodimers build ring-shaped trimers (heterohexamers) or hexamers (het-
erododecamers) which are the building blocks for the phycobilisome rods (Grossman 
et al. 1993) (Fig. 1).

The rods of the PBS are composed of these trimer or hexamer discs which are 
associated to one another through specific linker proteins (Glazer 1985). The core 
protein of the PBS, allophycocyanin (APC), is assembled out of six (αβ)3-trimers. 
The peripheral PBPs are either composed of (αβ)3-trimers or (αβ)6-hexamers (Glazer 
1977; Grossman et al. 1993).

In cyanobacteria four major types of PBPs can be found: APC, PC, phycoerythro-
cyanin (PEC) and phycoerythrins (PE) (Table 1). APC forms the core of the PBS 
with six to eight rods of PC radiating out of the core. Certain cyanobacteria addition-
ally contain PE or PEC at the distal positions of the rod. PBPs have originally been 
designated with a prefix depending on their origin: C for Cyanophyceae, R for 

Fig. 1  Structure of phycocyanin (PC) in different oligomerisation states. α-Subunits are shown in 
green, β-subunits in salmon and phycocyanobilin (PCB) cofactors in blue. (a) PC (αβ)-monomer 
from Synechocystis sp. PCC 6803 (PDB 4F0T). (b) PC (αβ)3-trimer from Synechocystis sp. PCC 
6803 (PDB 4F0T). (c) PC (αβ)6-hexamer from Thermosynechococcus elongatus (PDB 4ZIZ)

Table 1  Absorbance ranges and colours of the different PBPs in cyanobacteria

Phycobiliprotein Absorbance range (nm) Colour

Phycoerythrin (PE) 540–570 Orange-red
Phycoerythrocyanin (PEC) 570–590 Purple
Phycocyanin (PC) 610–620 Blue
Allophycocyanin (APC) 650–655 Green-blue

Biosynthesis of Cyanobacterial Light-Harvesting Pigments and Their Assembly...
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Rhodophyceae and B for Bangiales (Magne 1989). Additional analyses showed that 
this classification is not completely valid. Therefore, the prefix is now also used to 
describe the absorption characteristics of the PBP (Tandeau de Marsac 2003). A table 
of the absorbance ranges and the colours of the different PBPs is given in Table 1.

PBPs obtain their absorbing characteristics by their covalently bound phycobilin 
chromophores. These linear tetrapyrrole molecules are post-translationally attached 
to the apo-PBP to specific conserved cysteine residues forming thioether bonds. 
One α- or β-subunit is typically able to bind one to three bilins (MacColl 1998) 
(Table 2). Typically, the bilin is attached via its A-ring or in certain cases doubly 
bound via the A- and D-ring (Fig. 2). While the position homologue to Cys84 is 
present in both α- and β-subunits and always occupied with a bilin, the other posi-
tions are more variable depending on the type of PBP (see also Table 2). Position 
β-Cys50/61 is specific to PE as these two conserved Cys residues are involved in the 
double linkage of one bilin.

Four different bilins have been identified in cyanobacterial PBPs: the blue phy-
cocyanobilin (PCB; λmax = 620 nm), the pink phycoerythrobilin (PEB; λmax = 540 nm), 
the purple phycoviolobilin (PVB; λmax  =  590  nm) and the yellow phycourobilin 
(PUB; λmax = 500 nm). Of these bilins only PEB and PUB are suitable for the double 
linkage (Fig. 2).

The binding of the bilin chromophores not only confers the PBPs their absorbing 
characteristics, it furthermore contributes to the stability of the holo-protein and the 
chromophores themselves (Anderson and Toole 1998; Scheer and Zhao 2008; Shen 
et al. 2006). Moreover, the covalent binding to the apoprotein changes the confor-
mation of the bilins. In solution they are arranged in a flexible porphyrin-like helical 
structure, whereas protein-bound bilins adopt a rigid linear conformation, thereby 
leading to a change in their absorption and fluorescence emission properties (Lehner 
et al. 1981; Falk and Höllbacher 1978; Kufer and Scheer 1979). Bilins in solution 
are only poorly suited as light-harvesting pigments. Their excited state is only short-
lived as they convert most of the absorbed light energy into heat leading to a weak 
fluorescence emission (Glazer 1989). In contrast to this, the anchorage of the bilins 
in the holo-proteins prevents the radiation-free energy transfer, leading to a high 

Table 2  Chromophore binding sites of PBPs in cyanobacteria

Protein α-Cys73a/75 α-Cys82b/84c α-Cys143 β-Cys50/61 β-Cys82b/84c β-Cys155/163a

APC PCB PCB
PC PCB/PEB PCB PCB/PEB

(PUB/PVB) (PUB/PVB)
PEC PVB PCB PCB
PE-I PEB/PUB PEB/PUB PEB/PUB PEB PEB
PE-II PEB/PUB PEB/PUB PEB/PUB PEB/PUB PEB PEB
PE-III 3:1 PUB/PEBd

aPE-III
bAPC
cPC, PEC, PE-I, PE-II
dDistribution on subunits not known
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fluorescence (Fischer et  al. 1990). The composition of the chromophores can be 
altered in changing environmental conditions, a process that is called complemen-
tary chromatic acclimation (Kehoe and Grossman 1994). Table 2 gives an overview 
of the chromophore binding sites and the bilin content of these PBPs in 
cyanobacteria.

�Function

The main function of PBPs/PBS is their role in light harvesting. Phycobilisomes in 
most cyanobacteria are located on the outside of the thylakoid membrane where 
they are attached to the reaction centre of PS 2 (Fig. 3). The core of the PBS is typi-
cally formed by two to five APC cylinders and is surrounded with up to eight PC 
rods (Ducret et al. 1996; Sidler and Bryant 1994). PC can be found in all cyanobac-
terial PBS, but PE and PEC do not occur in every species (Kahn and Schaefer 1997). 

Fig. 2  Chemical structure of common phycobilins found in cyanobacteria. (a) The free phycobil-
ins 3Z-phycocyanobilin (PCB) and 3Z-phycoerythrobilin (PEB). When attached to a Cys residue 
of a PBP, the C3 C-atom becomes a new stereocenter which can either have the (S) or (R) configu-
ration (b). (c) Only phycourobilin (PUB) and PEB can be attached by a double linkage in phyco-
erythrins at position β-Cys50/61 (see text for details)
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Synechococcus strains often contain PC as well as PE (Six et al. 2007), and in many 
open-ocean strains, PE-I and PE-II are the most abundant PBPs (Wilbanks and 
Glazer 1993). PE-I and PE-II both contain PEB and a varying amount of PUB as 
light-harvesting chromophores, whereas the PUB/PEB ratio is higher in PE-II com-
pared to PE-I (Ong and Glazer 1991). The high amount of PUB, which absorbs at 
relatively short wavelengths, allows the organism to harvest light in deep waters, 
where mostly blue and green light occurs (Wood 1985).

The subunits of the PBS are held together by linker proteins. They form the 
backbone of the PBS and can alter the absorption characteristics of the PBPs but 
are not directly contributing to the light harvesting (Glazer 1985). Exceptions are 
the core-membrane linker ApcE, a multidomain linker with a chromophore bind-
ing site that binds PCB in an autocatalytic manner (Zhao et  al. 2005) and the 
γ-subunit of PEs found in marine Synechococcus sp. and red algae. These 
γ-subunits are also linker proteins that bind chromophores like the γ-subunit of 
R-PE from the red alga Gastroclonium coulteri that binds a single molecule of 
PUB (Nagy et al. 1985). The molecular weight of a PBS depends on the organism 
and ranges between 7 and 15 × 106 Da, and the number of bound bilin chromo-
phores varies between 300 and 800 molecules (Glazer 1985). The arrangement of 
the PBPs acts like an energy funnel allowing energy transfer from PBPs with 
bilins absorbing at shorter wavelengths (e.g. PEB) to PBPs with bilins that absorb 
at longer wavelengths (e.g. PCB). The terminal energy acceptor is Chl a located 
at the reaction centres of the PS (Fig. 4).

Although the light-harvesting function of the PBS is unquestioned, it may also 
serve the cell as a supply of nitrogen and starvation conditions. Under nitrogen 
depletion, cyanobacteria massively degrade their PBS (Collier et al. 1994).

Fig. 3  Schematic representation of a phycobilisome of Synechococcus sp. The phycobilisome 
(PBS) is located at the outside of the thylakoid membrane attached to a PS 2 dimer embedded in 
the thylakoid membrane. The core of the PBS is formed by allophycocyanin (APC). The rods are 
formed by phycocyanin (PC) and phycoerythrin (PE). Adapted from Wiethaus et al. (2010a)
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The PBSs described here are found in most cyanobacteria with the exception of 
the members of the Prochlorophyta. This group was discovered in the 1970s and 
comprises the genera Prochloron, Prochlorothrix and Prochlorococcus (Chisholm 
et al. 1992; Lewin 1976; Pinevich et al. 1999). The Prochlorophyta are character-
ised by the presence of Chl b and the lack of PBSs. One member of the prochloro-
phytes, Prochlorococcus marinus with a diameter between 0.5 and 0.8 μm, is the 
smallest organism known to perform oxygenic photosynthesis (Chisholm et  al. 
1988). Furthermore, Prochlorococcus sp. possesses highly reduced genomes with 
sizes ranging between 1.6 and 2.4 Mbp (Dufresne et  al. 2003). Prochlorococcus 
uses no PBS for light harvesting but a divinyl-chlorophyll (DV-Chl) a- and b-
containing prochlorophyte Chl-binding (Pcb) antenna.

The special DV-Chl a2 and b2 found in the Pcb antenna carry an additional vinyl 
group at the C8 atom in the tetrapyrrole macrocycle (Goericke and Repeta 1992). 
Prochlorococcus sp. can be basically divided into two different groups: high-light 
(HL)-adapted strains and low-light (LL)-adapted strains. The HL strains are typi-
cally found in shallow waters, whereas the LL strains can be found in deeper 
regions. LL-adapted strains possess a PE-III PBP which is thought to be a relic 
from its ancestor PBS (Hess et al. 1992). The LL PE-III is associated to the thyla-
koid membrane and is made of (αβ)-heterodimers like the PBPs of other cyanobac-
teria. Interestingly, PE-III has a relative high PUB content (PUB/PEB = 3:1; see 
Table 2) compared to other PEs (Hess et al. 1996). This is likely due to their adap-
tation to deeper waters, as PUB absorbs at shorter wavelengths compared to 
PEB. In comparison the PE of HL strains is further reduced. It consists only of a 
single β-subunit with PEB as the only chromophore (Steglich et al. 2005; Wiethaus 

Fig. 4  Scheme of the energy transfer in the PBS. The arrangement of the PBPs allows an energy 
flow from PBPs absorbing at shorter wavelengths to PBPs absorbing at longer wavelengths. The 
final energy acceptor is Chl a in the reaction centres of the PSs
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et  al. 2010a). As these PEs in both ecotypes only contribute to a very limited 
amount to the light harvesting, their function remains unclear (Steglich et al. 2003; 
Steglich et al. 2005).

�The Biosynthesis of Light-Harvesting Pigments 
in Cyanobacteria

The various colours of cyanobacteria and red algae are mainly derived from the 
composition of the attached phycobilins to the PBPs. Phycobilins belong to the 
class of open-chain tetrapyrroles and are furthermore also found in plants where 
they serve as the light-sensing chromophore in the phytochrome class of photore-
ceptors (Lagarias and Rapoport 1980; Lemberg 1928). Open-chain tetrapyrroles are 
synthesised in subsequent reduction steps from the cyclic tetrapyrrole heme as the 
precursor. Heme is first ring opened to build the first linear or open-chain tetrapyr-
rolic product, biliverdin IXα (BV). BV serves as a precursor molecule for phyco-
bilin formation and is used as a substrate for an enzyme family called 
ferredoxin-dependent bilin reductases (FDBR). These enzymes catalyse specific 
reduction steps of BV to produce a various number of colourful pigments, including 
the major phycobilins in cyanobacteria, phycocyanobilin (PCB) and phycoerythro-
bilin (PEB), respectively. Finally, these are then attached to the apo-phycobiliproteins 
by single or double linkages via thioether bonds.

�Heme Oxygenases and Biliverdin Formation

All functional representatives of the open-chain tetrapyrroles in photosynthetic 
organisms are synthesised from the cyclic tetrapyrrole heme (Frankenberg et  al. 
2001). Heme is derived from protoporphyrin IX which also serves as a key interme-
diate of the chlorophyll synthesis pathway (Chew and Bryant 2007).

With its central iron atom, heme is the substrate of a ubiquitous enzyme family 
called heme oxygenases (HOs). These enzymes catalyse the ring opening of heme 
to BV IXα by cleaving the α-meso-carbon bridge (Montellano 2000; Wilks 2002). 
HOs are found in a variety of organisms serving several functions (heme catabo-
lism, iron acquisition, oxidative stress response and chromophore biosynthesis) 
(Abraham et  al. 1996; Cornejo et  al. 1998; Richaud and Zabulon 1997; Schmitt 
1997; Frankenberg-Dinkel 2004). However, in photosynthetic organisms, the major 
function is to synthesise the phycobilin precursor BV.  While the HOs of these 
organisms are targeting the α-meso-carbon bridge, other examples demonstrating 
the cleavage of heme at different positions exist. This includes HOs from the oppor-
tunistic pathogen Pseudomonas aeruginosa and other Pseudomonas species which 
produce BV IXβ and IXδ through cleavage of the respective meso-carbon bridges 
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(Gisk et al. 2012; Ratliff et al. 2001). These HOs are shown to be involved in iron 
acquisition from heme (Ratliff et  al. 2001). BV IXδ on the other hand has been 
found in insects and serves their colouration (Paiva-Silva et al. 2006).

The first evidence of heme being a precursor of phycobilin biosynthesis came 
from experiments employing N-methyl-mesoporphyrin IX which specifically 
blocks iron insertion into protoporphyrin IX (catalysed by ferrochelatase). When 
the red alga Cyanidium caldarium (today Galdieria sulphuraria) was treated with 
this potent inhibitor, the ability to form phycocyanin was lost, whereas the chloro-
phyll levels remained normal (Beale and Chen 1983). A couple of years later, the 
first gene encoding a HO from the cyanobacterium Synechocystis sp. PCC6803 was 
cloned (Cornejo et al. 1998). Interestingly, the authors also cloned a second ho gene 
termed ho2. Back then, the authors were unable to obtain soluble recombinant pro-
tein to show if this gene encodes for a second HO. It took until 2005 to finally prove 
that ho2 is indeed encoding a true HO. With increasing amounts of available genome 
sequences of cyanobacteria, it became clear that Synechocystis sp. PCC6803 is not 
an exception and that many cyanobacterial genomes encode two HOs (Yilmaz et al. 
2010). These HOs share a 51% sequence identity but seem to be expressed under 
different environmental conditions. ho1 is constitutively expressed under normal 
conditions where the expression of ho2 is induced by low oxygen tension and 
therefore required for microaerobic growth. Both enzymes show full functionality 
by producing BV IXα (Zhang et al. 2005; Yilmaz et al. 2010). Interestingly, HO2 is 
monomeric in the apo-form (without bound substrate) but forms dimers upon heme 
binding (Fig. 5). The function of the dimerisation is still unclear, but a role in the 
selection of the reducing partner has been suggested (Migita et al. 2003; Sugishima 
et al. 2005).

Until now, several HO crystal structures from bacteria, plants and mammals have 
been solved, and despite a low sequence identity, their overall fold is similar. They 
consist of eight α-helices with the substrate heme being sandwiched between two 
helices with the propionate side chains facing the solvent (Fig. 5). The heme iron is 
coordinated via a proximal histidine residue, and the distal side usually binds oxy-
gen, but several other diatomic gas ligands including the CO and NO will bind as 
well (Sugishima et al. 2005, 2004). With the exception of Synechocystis sp. HO2, all 
solved structures are monomeric, while HO2 forms dimers (see above).

Fig. 5  Crystal structures of the two heme oxygenases from Synechocystis sp. PCC 6803. (a) HO1 
(green) with bound heme shown as brown sticks (PDB 1WE1). (b) Dimer of HO2 (green/salmon) 
with bound heme shown as brown sticks (PDB 1WOW)
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�Mechanism

The oxygenic cleavage of heme by HOs is quite similar in all organisms, and three 
oxygen molecules and seven electrons are required for the reaction (Montellano 
2000). The reaction mechanism of HOs is well understood which is due to the spe-
cific absorption properties of most reaction intermediates. Therefore, all reduction 
steps can be monitored via UV/Vis-spectroscopy. The reaction begins with the bind-
ing of the substrate heme and the formation of a ferric (FeIII)-heme-HO complex. In 
bacteria and plants, the subsequently transferred electrons are derived from 
[2Fe-2S]-ferredoxins, whereas mammalian HOs seem to prefer NADPH-cytochrome 
P450 reductase as an electron donor (Montellano 2000). However, also ascorbate 
has been shown to support the reaction (Migita et  al. 2003). Interestingly, 
Synechocystis sp. HO1 can also use cytochrome P450 reductase for the HO reac-
tion, but the reaction is arrested at the oxy-complex, indicating that cytochrome 
P450 reductase might not be the right reducing partner for this bacterial HO (Migita 
et al. 2003).

Together with molecular oxygen, the bound heme (oxy-complex) is converted 
to the first intermediate α-meso-hydroxy-heme (Fig. 6). In this activated form, the 
heme is prone to degradation. The concurrent binding of another molecule of 
oxygen along with electrons leads to the formation of verdoheme, the last inter-
mediate of the HO reaction. The final, least understood step of the reaction 
requires again oxygen and electrons and involves the conversion of verdoheme to 
BV. While in many HOs including that from rat, the final product appears to be 
ferric (FeIII)-BV, the ascorbate-supported SynHO1 reaction releases free BV 
(Migita et al. 2003). During this last step, the meso-carbon bridge is released in 
the form of CO (Wilks 2002).

�Ferredoxin-Dependent Bilin Reductases and Phycobilin 
Biosynthesis

The first chemical structure of a phycobilin was described in the 1960s by isolating 
PCB from C-PC of the filamentous cyanobacterium Plectonema boryanum using 
hot methanol treatment (Chapman et al. 1967). The tetrapyrrolic nature of PCB was 
confirmed by 1H-NMR spectroscopy (Cole et al. 1967). Shortly thereafter, extrac-
tion of the pigment of R-PC also revealed the structure of PEB (see also Fig. 2a). 
Together, PCB and PEB are the most abundant phycobilins in nature.

It then took up to the mid-1980s until the group of Samuel Beale discovered the 
first enzymatic activities in cell-free extracts of the red alga Cyanidium caldarium 
that led to the conversion of BV IXα to PCB (Beale and Cornejo 1984b). In addi-
tion, HO activity was observed, and therefore a pathway association of these 
enzyme systems in phycobilin biosynthesis was postulated (Beale and Cornejo 
1984a, b). All activities were shown to rely on ferredoxin-dependent electron 
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transfer (Beale and Cornejo 1991; Cornejo et  al. 1998). Almost another decade 
passed before the genes encoding the involved enzymes were cloned and charac-
terised (Cornejo et  al. 1998; Frankenberg et  al. 2001). The identification of ho 
genes was rather easy after the Synechocystis sp. genome was published as their 
translated products had high homology to mammalian HOs. The search for the 
bilin reductase genes turned out to be more complicated. Although a search 
employing mammalian biliverdin reductase (BVR) identified an enzyme with high 

Fig. 6  The heme oxygenase reaction. The regiospecific opening of the α-meso-carbon bridge of 
heme is catalysed by heme oxygenases. For this reaction, a total of seven electrons and three mol-
ecules of oxygen are required
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homology, investigation of the recombinant protein did not reveal the expected 
activity converting BV to PCB. Interestingly, the identified cyanobacterial protein 
converted BV to bilirubin, an activity not expected to be present in cyanobacteria 
(see section “Biosynthesis of Bilirubin”) (Schluchter and Glazer 1997). The iden-
tification of bilin reductase genes in the genomes of cyanobacteria was only pos-
sible after the cloning of the Arabidopsis thaliana gene encoding phytochromobilin 
synthase (HY2), the enzyme converting BV to the plant phytochrome chromophore 
phytochromobilin (PΦB) (Kohchi et al. 2001). This functional genomic approach 
revealed the sequences of three enzymes involved in the conversion of BV to PCB 
and PEB, respectively (Frankenberg et al. 2001). As all identified bilin reductases 
required ferredoxin as an electron donor, the whole new family of enzymes was 
designated ferredoxin-dependent bilin reductases (FDBR) (Frankenberg et  al. 
2001). Most of the identified FDBRs employ BV IXα as their substrate but display 
specific reduction properties in order to produce a specific phycobilin (Fig. 7). 
After this initial search, additional enzymes with novel activities have also been 
discovered in cyanophages and lower photosynthetic eukaryotes (Chen et al. 2012; 
Dammeyer et al. 2008a). As of 2016, the family comprises seven members (Fig. 7).

�Biosynthesis of Phycocyanobilin

PCB is the most common phycobilin chromophore among cyanobacteria. It serves 
as the major light-harvesting pigment in cyanobacterial PC and in the PBS core 
protein APC (Chapman et al. 1967). The second function of PCB is light sensing for 
which it is incorporated into cyanobacteriochromes, phytochrome-like photorecep-
tors in cyanobacteria involved in light sensing and signal transduction (Ikeuchi and 
Ishizuka 2008).

In cyanobacteria, the gene pcyA encodes for phycocyanobilin: ferredoxin oxido-
reductase which catalyses the four-electron reduction of BV IXα to PCB via the 
intermediate 181,182-dihydrobiliverdin (181,182-DHBV, a.k.a. 18EtBV) (Fig. 8) 
(Frankenberg et al. 2001; Frankenberg and Lagarias 2003).

For a long time, PcyA was thought to be the only FDBR catalysing a four-
electron reduction. However, with two new phage-encoded FDBRs (Dammeyer 
et al. 2008a; Ledermann et al. 2016) and PUBS (Chen et al. 2012), a total of four 
four-electron reducing FDBRs are known to date.

Interestingly, not only cyanobacteria but also cyanophages, viruses that infect 
cyanobacteria, carry a pcyA gene (Dammeyer et  al. 2008a). In addition, PcyA 
homologues have also been identified in organisms that lack PBS and phytochromes. 
Among them are the green alga Chlamydomonas reinhardtii and the cyanobacte-
rium Prochlorococcus marinus. While in C. reinhardtii, PcyA seems to be involved 
in iron acquisition, oxidative stress response and retrograde signalling, the role in P. 
marinus remains elusive (Duanmu et al. 2013; Dammeyer et al. 2007).

PcyA is the best known member of the FDBR family, and several crystal struc-
tures from the cyanobacteria Synechocystis sp. PCC6803 and Nostoc sp. PCC7120 
have been solved (Hagiwara et al. 2006a, b; Tu et al. 2007). PcyA is a monomeric 
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Fig. 7  The family of ferredoxin-dependent bilin reductases. Overview of the catalysed reactions 
from biliverdin in photosynthetic organisms. Note HY2 is thus far only found in plants and 
lower eukaryotes. BVR is also reducing BV but with a different mechanism and with the help of 
reducing equivalents from NAD(P)H (shown only for completeness). BV, biliverdin; BVR, bili-
verdin reductase; DHBV, dihydrobiliverdin; PCB, phycocyanobilin; PEB, phycoerythrobilin; 
PΦB, phytochromobilin; PUB, phycourobilin; PUBS, PUB synthase; PVB, phycoviolobilin
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enzyme with an α-/β-/α-sandwich fold placing the substrate-binding pocket between 
the β-sheet and the C-terminal α-helix (Fig. 11). The cloning and characterisation of 
PcyA furthermore enabled for the first time the expression of holo-phytochromes 
and holo-phycobiliproteins in a heterologous host (Gambetta and Lagarias 2001; 
Tooley et al. 2001).

�Biosynthesis of Phycoerythrobilin

PEB is the second most abundant chromophore in cyanobacterial PBS and found in 
species that are adapted to light environments that are enriched in blue-green light 
(Ting et al. 2002). Although PEB is an isomer of PCB and its synthesis from BV 
requires four electron/proton transfers, the biosynthesis requires not one but two 
FDBRs. 15,16-DHBV:ferredoxin oxidoreductase (PebA) and PEB:ferredoxin oxi-
doreductase (PebB) act in sequence to convert BV into PEB.  Similar sequences 
have recently also been described in the cryptophyte Guillardia theta (Overkamp 
et al. 2014).

PebA uses BV as its substrate and converts it to 15,16-DHVB via a two-electron 
reduction step. As depicted earlier, PebA receives the electrons from ferredoxin, and 
the reduction occurs at the C15 methine bridge of BV (Fig. 9). However, it is not 
clear yet which residues of PebA direct the protons/electrons to the 15,16-double 
bond. The resulting 15,16-DHBV is very unstable and likely directly transferred to 
the next enzyme in the pathway, PebB. Although the process of bilin transfer is not 
yet completely elucidated, there are several hints for protein-protein interaction, and 
therefore metabolic channelling has been postulated (Dammeyer and Frankenberg-
Dinkel 2006).

PebB is thus far the only FDBR that does not use BV as its substrate (Frankenberg 
et al. 2001). The enzyme shows a very narrow substrate specificity towards 15,16-
DHVB and is unable to metabolise other bilins (Dammeyer and Frankenberg-Dinkel 
2006).

Fig. 8  The reaction catalysed by phycocyanobilin: ferredoxin oxidoreductase (PcyA). BV IXα is 
converted in a single four-electron reduction to 3Z-PCB. Although the intermediate 181,182-DHBV 
can be detected, it is most likely not released from the active site of the enzyme but rather directly 
converted to the final product
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After product channelling, PebB converts 15,16-DHBV into 3Z-PEB via a two-
electron reduction of the A-ring 2,3,3,31,32-diene system (Busch et  al. 2011a; 
Dammeyer and Frankenberg-Dinkel 2006). The newly produced chromophore is 
thought to be immediately picked up by phycobiliprotein lyases and transferred to 
PE. In general, the cyanobacterial genes for PEB synthesis are encoded on multi-
gene operons, often along with genes coding for HOs and phycobiliprotein subunits 
which suggest their functional connection (Frankenberg et  al. 2001; Dammeyer 
et al. 2007).

In the early 2000s, a new FDBR phycoerythrobilin synthase (PebS) has been 
discovered. PebS is encoded in the genome of the cyanophage P-SSM2, a virus 
infecting the marine cyanobacteria Prochlorococcus sp., and displays the highest 
sequence homology to cyanobacterial PebA sequences (Dammeyer et al. 2008a). 
Interestingly, PebS showed highly efficient BV turnover as it converts it in a four-
electron reduction directly to PEB. This is in contrast to the two-enzyme system of 
cyanobacteria although both reactions proceed via the same intermediate 15,16-
DHBV (Fig. 10) (Dammeyer et  al. 2008b). Thus far, pebS sequences were only 
detected on DNA scaffolds originating from phage and were shown to be induced 
during cyanobacterial infection. Although this observation points to a functional 
role during infection, it is not clear to what extent the synthesis of a light-harvesting 
pigment can increase the fitness of the phage (Dammeyer et al. 2008a).

The latest addition to the FDBR family is a sequence that has been discovered in 
publically available metagenomics datasets. Since this novel enzyme showed the 
highest homology to cyanobacterial PcyA, it was named PcyX. The pcyX gene is 
encoded in a mini-cassette along with a heme oxygenase (hemO) gene (Ledermann 
et al. 2016). Interestingly, the recombinant enzyme directly converted BV in a four-
electron reduction to 3Z-PEB, just like the cyanophage-encoded PebS. In contrast to 
PebS, the second reduction from 15,16-DHBV to PEB appears to be the rate-
limiting step. Since the amino acid sequence identity with PebS is rather low (only 
9%) and catalytically important amino acid residues of PebS are missing (e.g. 
Asp206), it was postulated that the PcyX reaction rather proceeds via a PcyA-like 
mechanism (see section “FDBR Structures and Mechanism”).

Fig. 9  Biosynthesis of phycoerythrobilin in cyanobacteria. The two FDBRs, 
15,16-DHBV:ferredoxin oxidoreductase (PebA) and PEB:ferredoxin oxidoreductase (PebB), con-
vert BV in two subsequent two-electron reductions via the intermediate 15,16-DHBV to the final 
product 3Z-PEB. In total, the reaction requires four electrons from ferredoxin
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Extensive phylogenetic analysis revealed that the pcyX sequence does not origi-
nate from cyanophages but rather bacteriophages infecting α-proteobacteria 
(Ledermann et al. 2016). This hypothesis led to the speculation of the role of PEB 
during infection of an alphaproteobacterium. To our current knowledge, all photo-
synthetic members of this group perform anoxygenic photosynthesis and do not 
employ phycobilins for light harvesting. Therefore, their role during infection 
remains enigmatic.

�FDBR Structures and Mechanism

The comparison of the thus far structurally solved FDBRs revealed an overall high 
structural similarity despite rather low sequence identity (Busch et  al. 2011a; 
Dammeyer et al. 2008b; Hagiwara et al. 2006a; Hagiwara et al. 2006b; Tu et al. 
2007) (Fig. 11). All FDBRs are composed of a seven-stranded antiparallel β-sheet 
which is flanked by six α-helices (α-/β-/α-sandwich fold).

The crystal structures in combination with site-directed mutagenesis and UV/
Vis-spectroscopy revealed numerous insights into the reaction mechanism of this 
family of enzymes (Busch et al. 2011a, b; Hagiwara et al. 2006a, b; Tu et al. 2008, 
2004, 2007; Unno et al. 2015). Due to the lack of metal and organic cofactors and 
the nature of the electron donor ferredoxin which only transfers one electron at a 
time, it was hypothesised that the reaction proceeds via substrate radical intermedi-
ates (Frankenberg and Lagarias 2003). Soon thereafter, the first substrate radicals 
were detected using electron paramagnetic resonance (EPR) spectroscopy (Tu et al. 
2004). Substrate radicals have been confirmed by almost all members of the family 
(Busch et al. 2011a, b; Tu et al. 2008, 2004).

PcyA is thus far the structurally and functionally best characterised member of 
the FDBR family. The reaction starts with the binding of BV IXα followed by sub-
sequent reduction of the exo-vinyl group at the D-ring position leading to a C18-
ethyl group (Frankenberg and Lagarias 2003; Tu et al. 2004). The substrate is bound 
in a more or less cyclic conformation with the propionate side chains facing the 

Fig. 10  Reaction catalysed by the two phage-encoded FDBRs PebS and PcyX. Both reactions are 
similar but seem to proceed via different catalytic mechanisms. In addition, the second reduction 
of the PcyX reaction is slower than that of cyanophage-encoded PebS (see text for details)
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solvent. For Nostoc PcyA it was shown that Asp105 and His88 are the important 
amino acid residues for BV reduction (Fig. 11a, right panel). The Asp105 residue is 
highly conserved in the whole FDBR family and thought to be important for initial 
BV protonation that would then favour electron transfer from ferredoxin. Exchange 

Fig. 11  Crystal structures of the three solved FDBRs with bound substrate BV (left side) and 
magnification of the substrate (right side) including important catalytic residues (see text for 
details). (a) Synechocystis sp. PCC6803 PcyA (PDB: 2D1E) with bound substrate (shown as green 
stick), (b) Synechococcus sp. WH8020 PebA (PDB: 2X9O) with bound substrate (shown as green 
stick) and (c) PebS from the cyanophage P-SSM2 (PDB: 2VCK) with bound substrate (shown as 
green stick). All structures are shown in cartoon representation coloured from blue to red starting 
from the N- to the C-terminus
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of this residue to an Asn results in the stabilisation of a substrate radical intermedi-
ate as shown for several FDBRs (Busch et al. 2011a, b; Tu et al. 2007, 2008). Recent 
neutron crystallography confirmed the role of Asp in the protonation of BV to form 
a BVH+ (Unno et al. 2015). This positively charged substrate and the deprotonated 
Asp105 facilitate the subsequent electron transfer to generate a neutral BVH radi-
cal. This radical undergoes a lactam-lactim tautomerisation, and the first proton for 
the D-ring reduction is then transferred from Glu76 accompanied with the second 
electron transfer. The second proton is transferred via a hydrogen bond coming 
from His88 to the lactim O1 of the A-ring. Intramolecular proton transfer between 
O1 lactim and O19 lactam finally leads to 181,182-DHBV (Fig. 12). Asp105 is 
thought to mediate proton and electron transfer between itself and the substrate as it 
was shown to display structural flexibility. Furthermore, the presence and impor-
tance of an axial water molecule (pyrrole water) has been demonstrated. The second 
part of the reaction will likely again start with the protonation of the intermediate 
181,182-DHBV with Asp105 and His88 being involved (Tu et al. 2007). Although 
the very initial step of the reaction seems to be similar in all FDBRs, only PcyA was 
shown to possess a proton shuttle pathway from bulk solvent to His88 (Tu et al. 
2004, 2007) (Fig. 11a). In this regard, the newly discovered PcyX enzyme, convert-
ing BV to PEB in a single four-electron reduction, also possesses homologues of 
Asp105, His88 and Glu76 of PcyA. Therefore, it has been postulated that the mech-
anism of PcyX might be similar to PcyX just targeting the 15,16-double bond of BV 
instead of the D-ring exo-vinyl group (Ledermann et al. 2016).

It is generally accepted that the initial step of the reaction appears to be quite 
similar in all FDBRs and involves the protonation of the substrate by the conserved 
Asp105 (of homologue thereof) which is located on the β-sheet side of the enzyme. 
In the Peb-subgroup (i.e. PebA, PebB and PebS), a second Asp is highly conserved 
which is positioned on the opposite side of the substrate-binding pocket (Fig. 11). 
Although this residue is conserved, it is only catalytically important for the two 
reductases that catalyse the A-ring reduction of 15,16-DHBV to PEB (i.e. PebS and 
PebB). Likely, this residue is a proton donor for the A-ring reduction (Busch et al. 
2011a, b). Based on the crystal structures of PebS and PebA, this observation can 
easily be explained. Asp206 can adopt multiple conformations in PebS indicating 
that a high structural flexibility of this residue might catalytically be important 
(deprotonation-reprotonation). The Asp206 homologue of PebA on the other hand 
is rotated outside of the active site and therefore not involved in catalysis (Busch 
et al. 2011a, b). Solving the crystal structures of cyanobacterial PebA and cyano-
phage PebS, however, did not completely answer the question why the PebA reac-
tion stops at the intermediate 15,16-DHBV and does not proceed further to PEB as 
PebS does. Parts of the answer might be the positioning of the substrate in the active 
site of the enzyme. While BV in PebS is bound in a helical, porphyrin-like confor-
mation, the BV in PebA adopts a roof-like conformation with the A- and D-rings 
tilted out of the plane. Possibly, the substrate/product is locked in the enzyme due to 
the architecture of the active site and thereby prevents further reduction or structural 
rearrangement to PEB (Busch et al. 2011a).
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�Biosynthesis of Bilirubin

Bilirubin is a common heme degradation product in mammals and for a long time 
was thought not to occur in cyanobacteria. Its occurrence was discovered by chance 
during a database search for bilin reductases using mammalian biliverdin reductase 
(BVR) as a bait (Schluchter and Glazer 1997).

Mammalian BVR is well studied and converts BV IXα to bilirubin IXα (BR) via 
a two-electron reduction of the C10 methine bridge with the help of reducing equiv-
alents from NAD(P)H (Maines 2005). The cyanobacterial counterpart is encoded by 
the open reading frame bvdR (slr1784) in Synechocystis sp. PCC6803 and shares 
about 21% amino acid sequence identity with the mammalian protein, and impor-
tant amino acid residues are conserved (Schluchter and Glazer 1997) (Fig. 7).

Contrary to the mammalian enzyme, BVR from Synechocystis is a dimeric 
enzyme with a strong preference for NADPH as its cofactor. Furthermore, the cya-
nobacterial BvdR has a very narrow substrate specificity, whereas the mammalian 
enzyme can also reduce various phycobilins to their respective rubin counterparts 
(i.e. PCB to phycocyanorubin). Deletion of the bvdR gene in Synechocystis sp. has 
a high regulatory impact on PBP synthesis since production of PBS core subunits is 
decreased and PC-related rod elements are absent. Nevertheless, the function and 
how BR is involved in the regulatory mechanism of cyanobacterial PBP biosynthe-
sis remains unclear (Schluchter and Glazer 1997).

�Biosynthesis of Phycourobilin and Phycoviolobilin

The range of phycobilins in cyanobacteria extends to more unusual chromophores, 
phycoviolobilin (PVB) and phycourobilin (PUB) (Fig. 7). These chromophores are 
found in cyanobacterial PBPs, but until today no corresponding biosynthesising 
FBDR has been discovered yet (Ong and Glazer 1991). The only exception is phy-
courobilin synthase (PUBS) which was recently discovered in the moss 
Physcomitrella patens where it seems to be involved in light sensing and photomor-
phogenesis. PUBS is a four-electron reducing FDBR and converts BV via 15,16-
DHBV to PUB (Chen et al. 2012) (Fig. 7). As PUBS homologues seem to be absent 
in cyanobacteria, the only way for them to produce these chromophores is via isom-
erisation of PEB and PCB, respectively (Blot et al. 2009; Shukla et al. 2012; Zhao 
et al. 2002). These reactions are catalysed by PBP lyases/isomerases and will be 
covered in the next section.

�The Assembly of Phycobilins into Phycobiliproteins

All phycobilins are covalently attached to the apoproteins via thioether bonds to 
conserved cysteine residues. While in the case of phytochrome-like photoreceptors, 
this reaction occurs in an autocatalytic reaction, the attachment in PBPs is mediated 
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by a class of enzymes called phycobiliprotein lyases (Scheer and Zhao 2008). PBP 
lyases are crucial enzymes as they provide the right regio- and stereospecificity for 
the chromophore attachment. A spontaneous attachment of bilins to PBPs has also 
been observed in vitro, but these reactions lack the fidelity and yield of the lyase-
mediated attachment (Arciero et al. 1988; Fairchild and Glazer 1994; Schluchter 
and Glazer 1999; Zhao et al. 2004). Addition of a phycobilin to Cys residues gener-
ates a new stereocenter at the C31 carbon of the bilin. Even in strains that only use 
PCB as a chromophore in their PBP, two different stereoisomers are observed. 
While the R-isomer is the most commonly found one, the S-isomer seems to be 
present at positions homologue to Cys155 of the β-subunits (Fig. 2b) (Schirmer 
et al. 1986). It is believed that the PBP lyases contribute to this stereospecific liga-
tion of the bilin. One exception for non-lyase-mediated ligation is the APC domain 
of the core-membrane linker LCM from Nostoc sp. PCC 7120 which is able to bind 
PCB in an autocatalytic reaction maintaining its native absorption and fluorescence 
features (Zhao et al. 2005).

For the attachment of bilins to the different conserved cysteine residues within 
the PBPs, different lyases are required. To this date three classes of lyases have been 
described. The E/F-type lyases, the S(U)-type lyases and T-type lyases (Table 3) 
with the E/F-type lyases being the best characterised ones. An overview of PBP 
lyase sequences can be found in the publically available database Cyanolyase. This 
is a manually curated sequence and amino acid motif database gathering all the dif-
ferent PBP lyases and related protein sequences available in public databases 
(Bretaudeau et al. 2013).

�The E/F-Type Lyases

The first characterised enzymes for the chromophore attachment in PBPs were the 
E/F-type lyases from Synechococcus sp. PCC7002. The heterodimeric enzyme 
(CpcE and CpcF) catalyses the attachment of PCB to Cys-84 of the α-subunit 
(CpcA) of PC (Zhou et al. 1992). A very interesting E/F-type lyase (PecE/PecF) was 
identified in Mastigocladus laminosus. It possesses lyase as well as isomerase activ-
ity (Zhao et al. 2002). The lyase catalyses the attachment of PCB to the α-subunit of 
PEC (PecA) as well as the subsequent isomerisation to PVB. Experiments with the 
isolated subunits of the lyase showed that PecE is responsible for the binding of the 
chromophore, whereas PecF catalyses the isomerisation to PVB during the attach-
ment to the PBP (Zhao et al. 2002).

Another example for a coupled lyase/isomerase activity can be found in 
Synechococcus sp. WH8102. This marine cyanobacterium deploys a unique 
trichromatic R-phycocyanin V, which absorbs almost the whole spectrum of visible 
light between 450 and 650 nm giving the organism an advantage in oceanic habi-
tats where only blue light penetrates deeply into the water column (Blot et  al. 
2009). R-PC V carries PUB, PCB as well as PEB chromophores. The formation of 
PUB from PEB and the attachment to α-Cys84 of R-PC V are catalysed by the 
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monomeric lyase/isomerase RpcG. This lyase is a fusion protein and possesses N- 
and C-termini that share a high homology to the PecE- and PecF-lyase subunits of 
Nostoc sp. PCC 7120 (Blot et al. 2009).

Another pair of E/F-type lyases that has been studied is CpeY and CpeZ from 
Fremyella diplosiphon. These lyases are responsible for the attachment of PEB to 
the α-subunit of PE (CpeA) at α-Cys 82. Experiments with purified proteins revealed 
that CpeY alone possesses lyase activity as it was able to attach PEB to 
CpeA. Nevertheless, the yields were low compared to the efficiency of the same 
reaction with added CpeZ. As the sequence of CpeY contains 429 amino acids, it is 
much larger than regular E/F-type lyases. Therefore, the authors suggested that 
CpeY is a fusion protein made up of the open reading frames (ORFs) of an E/F-type 
lyase pair which would also explain its ability to ligate PEB to CpeA without the 
addition of CpeZ (Biswas et al. 2011).

The CpeZ ortholog MpeZ is found in all Synechococcus strains that undergo type 
IV chromatic acclimation (CA4) (Shukla et al. 2012; Gutu and Kehoe 2012). This 
process is characterised by a reversible change in the chromophore composition of 
PE-I and PE-II to adapt to the ambient light conditions. During the acclimation 
three PEB molecules are exchanged by three PUB molecules and vice versa. Shukla 
and coworkers identified that MpeZ plays a key role in this process. The recombi-
nantly produced MpeZ from Synechococcus sp. RS9916 catalyses the attachment of 
PEB to Cys83 of the α-subunit of PE-II and the subsequent isomerisation to 
PUB. Furthermore, the authors were able to show that mpeZ mutants fail to nor-
mally adapt to changing light conditions, underlining the importance of this enzyme 
in the CA4 process (Shukla et al. 2012).

A common structural feature of all E/F-type lyases is a HEAT-repeat motif that 
occurs five to six times in their sequences (Schluchter et al. 2010). HEAT-repeat 
motifs are thought to promote protein-protein interactions and are often found in 
eukaryotic organisms (Andrade and Bork 1995; Andrade et al. 2001).

�The S/U-Type Lyases

The S/U-type lyases are unrelated to E/F-type lyases and have rather broad apopro-
tein as well as chromophore substrate specificity. In contrast to this, they possess a 
high specificity for the binding site and catalyse the ligation at the Cys-84 of the 
apo-PBP (Zhao et al. 2006). The S-type lyase CpcS from Nostoc sp. PCC 7120 is a 
universal lyase which binds both PCB and PEB and transfers the chromophores to 
Cys-84 of most PBPs of the PBS core and acts as a monomeric enzyme (Zhao et al. 
2006, 2007). Other members of the S-type lyases like CpcS from Synechococcus sp. 
PCC 7002 are inactive as monomers but active in a complex with CpcU (Saunée 
et al. 2008; Shen et al. 2008b). Another member of the S/U-type lyases is GtCPES 
from the eukaryotic cryptophyte Guillardia theta. GtCPES is a nuclear-encoded 
S-type lyase specific for bilins with a reduced 15,16-double bound (15,16-DHBV 
and PEB) (Overkamp et al. 2014). In this regard it shares biochemical properties of 
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the related CpeS PBP lyase from Prochlorococcus marinus MED4 (Wiethaus et al. 
2010b). In addition, both have in common that they bind the chromophore in a very 
fast reaction (kon ~ 2 μM−1 s−1) yielding a very stable and spectroscopically distinct 
complex. Based on the absorption properties of the CpeS/PEB complex, it has been 
suggested that the bilin is bound in an extended more stretched conformation 
(Overkamp et al. 2014; Wiethaus et al. 2010b). The subsequent transfer to the PBP 
is much slower (Overkamp et al. 2014; Wiethaus et al. 2010b).

The crystal structure of cryptophyte GtCPES revealed that the lyase folds into a 
10-stranded antiparallel β-barrel belonging to the structural family of fatty-acid-
binding proteins in the calycin superfamily which are known to bind small hydro-
phobic molecules (North 1990). The β-barrel obtains a calyx-like shape, and the 
bottom of the barrel is closed by an N-terminal α-helix that separates the inner of the 
barrel from the surrounding (Fig. 13).

�The T-Type Lyases

T-type lyases are ubiquitous in cyanobacteria and are distantly related to the S/U--
type lyases. The T-type lyase CpcT from Nostoc sp. PCC 7120 catalyses the attach-
ment of PCB to β-Cys155 of PC and PEC (Shen et al. 2006; Zhao et al. 2007). The 
first crystal structure of this lyase containing bound substrate has been published in 
2014. CpcT forms a dimer and folds into a calyx-shaped β-barrel ((Zhou et  al. 
2014); Fig. 14). The PCB chromophore is located in a deep cleft at the centre of the 
β-barrel. Interestingly, the PCB adopts the ZZZsss geometry in an M-helical con-
formation (Zhou et  al. 2014). In the dimer, the PCB chromophore is hardly 

Fig. 13  Crystal structure of the PBP lyase GtCPES from the cryptophyte Guillardia theta (PDB: 
4TQ2). (a) View from above inside the β-barrel with the N-terminal helix at the bottom that acts 
like a plug to seal the barrel. (b) Lateral view of the lyase
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accessible for the transfer to the apo-PBP. PCB becomes more accessible in the 
monomeric form of CpcT indicating that dimer dissociation might be important for 
releasing PCB.

Based on the work of Grubmayr and Wagner, who suggest the formation of the 
thioether bond between chromophore and apoprotein via an acylimmonium inter-
mediate (Grubmayr and Wagner 1988), Zhou et al. (2014) propose a reaction mech-
anism for the CpcT lyase. The first step of the mechanism is the protonation of the 
chromophore at C5 by the thiol group of the CpcB Cys155 which points towards the 
α-face of the bilin. The resulting N21-acylimmonium cation is stabilised by interac-
tion with the carboxylate group of Asp163 from CpcB which points at the β-face of 
the bilin. The thioether bond is then formed by a nucleophilic attack of the thiolate 
at C31 from the steric less hindered α-side of the chromophore leading to the 31(S) 
configuration. The last step of the proposed reaction mechanism is a protonation of 
the chromophore at C3 from the α-face yielding the 3(R)-configuration with the 
substituents at C2 and C3 in trans-position (see also Fig. 2b).

�Additional Post-translational Modifications 
of Phycobiliproteins

The second type of post-translational modifications of PBPs is the methylation of a 
conserved asparagine residue in almost all PBP β-subunits of cyanobacteria, red 
algae and cryptomonads (Apt et al. 1995; Ducret et al. 1996; Klotz and Glazer 1987; 
Klotz et al. 1986; Rümbeli et al. 1987; Wilbanks et al. 1989). The conserved aspara-
gine is located at the β-72 position (numbering of CpcB in Synechococcus sp. PCC 
7002), and despite the high structural similarity of the α- and β-subunits, 

Fig. 14  Crystal structure of the CpcT-lyase dimer (green) from Nostoc sp. PCC 7120 with bound 
PCB (blue) substrate (PDB: 4O4S)
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methylation only occurs in the β-subunit. Due to the positioning of β-Asn72 in close 
proximity to the chromophore bound at β-Cys 84, it has been speculated that meth-
ylation alters the absorbance and energy-emitting characteristics of the bilin. 
Mutants that are not able to methylate the β-Asn72 were shown to transfer less 
energy from PC to APC (Swanson and Glazer 1990) and therefore have a reduced 
electron flow through their PS2  in light conditions favouring the PBSs to absorb 
light (Thomas et al. 1993). Furthermore, these strains were shown to be sensitive 
towards high light intensities (Shen et al. 2008a). Based on these findings, it was 
concluded that the methylation minimises the non-radiative energy losses within the 
PBS (Schluchter et al. 2010). Miller et al. identified CpcM as the methyltransferase 
responsible for the methylation of the β-Asn72 at the γ-N (Miller et al. 2008).

�Light-Harvesting Genes in the Genomes of Oceanic Phages

Cyanophages, viruses that infect cyanobacteria, are abundant in the oceans with 
concentrations up to 106 plaque-forming units per ml seawater (Suttle and Chan 
1994). As the phages either lyse the hosts or reside in a continued persistent infec-
tion, there is a high potential of the exchange of genetic material between the organ-
isms, and the genetic information of both the host and the phage is shaped by this 
interaction (Marston et  al. 2013). Therefore it is conceivable that cyanophage 
genomes possess genetic material originating from cyanobacteria. Interestingly, the 
majority of cyanobacterial genes in phage genomes are related to photosynthesis, 
and it has been implicated that they contribute to phage fitness during infection 
(Lindell et al. 2004; Sullivan et al. 2005). One example for these so-called auxiliary 
metabolic genes (AMGs) is the psbA encoding the core reaction centre protein D1 
which was shown to be expressed during infection with the amount of phage D1 
protein increasing during infection (Lindell et al. 2004). In addition, many genes 
encoding enzymes involved in phycobilin biosynthesis have been identified 
(Dammeyer et al. 2008a).

Among them a member of the FDBR family, PebS, has been identified in the 
genome of the cyanophage P-SSM2 (see also section “Biosynthesis of 
Phycoerythrobilin”). Interestingly, the phage copy of this gene encodes a bifunc-
tional protein combining the activities of two cyanobacterial host genes. PebS effi-
ciently produces PEB from a BV precursor and is thus far solely found in genomes 
of cyanophages, often together with genes encoding a HO. Although it was shown 
that the genes are expressed during infection, their exact function still remains elu-
sive (Dammeyer et al. 2008a). The substitution of a two-enzyme system by a one-
enzyme reaction has the selective advantage of genome reduction for the phage. 
Furthermore, it has been speculated that their expression might also contribute to 
phage fitness by enhancing light-harvesting capacity. In this regard, the cyanophage 
S-PM2 was shown to induce increased synthesis of the light-harvesting PE in 
Synechococcus sp. WH7803 during infection. Inspection of the phages’ genome 
revealed that it contains only one gene related to light harvesting, cpeT. cpeT 
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encodes a putative phycobiliprotein lyase. CpeT belongs to the so-called T-type 
lyases, and PCB-specific homologues of CpeT (i.e. CpcT) were shown to specifi-
cally serve the position equivalent to cysteine 153 in the β-subunit of PC. Therefore, 
it is postulated that CpeT lyases serve the β-Cys153 of PE (see also section on 
T-type lyases).

Another recently discovered viral enzyme involved in the PEB biosynthesis is 
the FDBR PcyX (Ledermann et al. 2016). PcyX catalyses the same reaction as PebS 
but shares more similarity with the PcyA-like reductases (see also section 
“Biosynthesis of Phycoerythrobilin”). Further analyses of the scaffolds on which 
the pcyX were identified revealed that they most likely are derived from phages 
infecting alphaproteobacteria and not cyanobacteria (Ledermann et al. 2016). The 
biological function of PcyX remains unknown; however, a contribution to light-
harvesting efficiency of the host can be ruled out as alphaproteobacteria are unable 
to perform oxygenic photosynthesis.

�Assembly of the Phycobilisome

The correct assembly of the PBS is essential for its ability to efficiently transfer 
energy. While an isolated C-PC (αβ) monomer from Synechococcus sp. PCC 7002 
shows energy transfer rates among its chromophores between 50 and 500  ps 
(Debreczeny et al. 1993), APC (αβ)3 trimers show ~100-fold faster energy transfer 
(0.5–1 ps) (Beck and Sauer 1992).

Although the assembly of the PBS is crucial for its function, the process is not 
yet fully understood. The current view of the assembly is based on a model pro-
posed by Anderson and Toole which involves different assembly proteins, process-
ing enzymes as well as chaperones (Anderson and Toole 1998). The first step of this 
process is the biosynthesis of the PBP apoproteins. The PBP-coding genes in cya-
nobacteria are often organised in operons, allowing a simultaneous translation of 
the various apoproteins.

The second step of the assembly process is the interaction of the translated 
proteins with chaperones that foster the correct folding of the apoproteins, lead-
ing to transient state of free subunits. The third step of the assembly process is 
the PBP-lyase-mediated attachment of the phycobilin cofactors to the apopro-
teins. Interestingly, the attachment of the cofactors has to occur in a specific 
order with the β-Cys 155 positions being the first to be ligated with a chromo-
phore (Zhao et al. 2007).

The further process is thought to be mainly a self-assembly of the PBPs. The 
hypothesis is supported by the fact that several groups found PBP crystals in solu-
tions that were contaminated with high concentrations of other proteins leading to 
the conclusion that the PBPs have a strong tendency to self-assemble into ordered 
structures (Adir 2005). Moreover crystallisation experiments revealed that the 
discs formed by (αβ)6 hexamers self-assemble into large rods (Adir 2005). 
Therefore, a role of linker proteins in the termination of the rod elongation has 
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been postulated. This is strengthened by the observation that a 9 kDa linker protein 
of Synechococcus sp. PCC 7002 has an effect on the homogeneity of rod lengths 
(de Lorimier et al. 1990).

�Applications for Phycobiliproteins

Due to their bright colour, their high fluorescence and their solubility in water, PBPs 
are ideal candidates for the use as fluorophores in biological applications. They pos-
sess a bright fluorescence, a high fluorescence quantum yield (max. ϕ = 0.98) as 
well as a large Stokes shift (Lakowicz 1994). Consequently, several PBPs are com-
mercially available as free proteins or coupled to primary and secondary antibodies 
as well as streptavidin conjugates. PBPs are widely used as fluorescence labels in 
applications like fluorescence-activated cell sorting (FACS), confocal microscopy, 
immunodetection and fluorescence resonance energy transfer (FRET) assays. Thus 
far, the commercially available PBPs are all extracted from cyanobacteria or red 
algae as the recombinant production is not yet optimised for large-scale production 
(Cuellar-Bermudez et al. 2015).

Due to their bright colours, PBPs are widely used as natural colourants in 
the food as well as in the cosmetic industry. They provide a natural, nontoxic 
alternative to synthetic dyes and are used in products like chewing gum, dairy 
products, beverages, jellies, sweet decorations, ice cream as well as cosmetics. 
An advantageous property of the PBPs is their stability at low pH values. 
Therefore they are suitable as dyes in acidic foods like yoghurt (Sarada et al. 1999; 
Moreira et al. 2012).

Furthermore PBPs have an enormous potential for the use in pharmaceutical as 
well as nutraceutical applications. For example, it was shown that PC is a potent 
antioxidant which is capable to scavenge hydroxyl, alkoxyl as well as peroxyl 
radicals (Benedetti et al. 2004; Bermejo et al. 2008; Bhat and Madyastha 2000). 
Moreover, PC is able to inhibit microsomal lipid peroxidation caused by reactive 
oxygen species (ROS) (Delgado Roche et al. 2011) and is able to inhibit the cell 
proliferation of human leukaemia K562 cells (Subhashini et  al. 2004). PC was 
also shown to reduce the level of tumour necrosis factor-alpha in mice treated 
with an endotoxin (Romay et al. 2001) and has neuroprotective effects in rat cer-
ebellar granule cell cultures from potassium/serum withdrawal-induced apoptosis 
(Rimbau et al. 2001). APC was shown to inhibit enterovirus 71-induced apoptosis 
in human rhabdomyosarcoma cells as well as in African green monkey kidney 
cells (Shih et al. 2003). Another possible application of PBPs is their use as pho-
tosensitiser in the photodynamic cancer therapy (PDT). Huang and coworkers 
showed that R-PE is a suitable photosensitiser for the PDT as it inhibited the 
growth of human liver carcinoma cells SMC 7721 after irradiation with an argon 
laser (Bei et al. 2002).
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